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ABSTRACT 

 

Cofactors are required by many enzymes for catalysis and have been a target of 

research to better understand enzymatic reactivity and mechanisms. A specific class of 

enzymes, flavoproteins, bind flavin to facilitate reactions in vivo. Flavoenzymes are 

involved in a wide range of biological processes, including phototropism, cellular signaling 

and nitrogen fixation. Flavins are blue-light absorbing chromophores with rich redox 

activity, found in three redox states, and have the ability to transfer one or two electrons, 

which is crucial to its reactivity in most flavoproteins. Biologically, the most important are 

riboflavin (vitamin B2), flavin mononucleotide (FMN), and flavin adenine dinucleotide 

(FAD), the latter two which are utilized as catalytic cofactors in enzymes. The 

photochemistry and photophysics of flavins are of interest, mainly because some 

flavoproteins are light-activated.  

The intrinsically fluorescent nature of oxidized flavins (flavoquinones) are well-

established, with considerable emission both in proteins and in solution. While the two 

electron-reduced flavohydroquinone (HQ) is emissive in proteins to varying degrees, there 

is debate over whether they demonstrate detectable fluorescence emission. One argument 

for their lack of fluorescence is that reduced flavins undergo an ultrafast conformational 

rearrangement from a bent to a planar ground state, therefore emission is not likely. 

Reduced flavin studies are often troubled with artifactual data, often due to facile formation 

of photodegradation products. To elucidate the true nature of reduced flavin fluorescence 

emission in solution, steady-state spectroscopic studies of photoreduced FMN were 

performed. No reduced emission spectrum was detected and an upper limit to the 
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fluorescence quantum yield was estimated to be at least 3 orders of magnitude lower than 

that of oxidized flavin. Structurally-biased flavins, towards and away from the bent, 

reduced-like geometry, were explored for comparison.  

Recent excited state dynamic studies by our group revealed that photoexcitation of 

a modified FAD resulted in significant triplet formation, when compared to FAD. The 

mechanism of photoreduction occurs from the triplet state, so it was hypothesized that this 

modified FAD would readily undergo photoreduction, when compared to FAD. The 

protonation step of the photoreduction at higher pH created a kinetic bottleneck slowing 

the photoreduction of both flavins. As was described for FMN, no reduced fluorescence 

emission was observed.  

Most flavin-dependent enzymes utilize FAD (~75%) rather than FMN (~25%) as 

the cofactor. One fascinating example of a light-activated flavoenzyme is the DNA repair 

enzyme, DNA photolyase (PL). PLs repair photocyclized products of DNA, or cyclobutane 

pyrimidine dimers (CPDs), which can result from the absorption of UV-light. In the 

presence of photolyase, the CPD is base flipped out of the double helix for access and 

repair of the damaged DNA. For DNA repair to occur, DNA photolyase binds the dimer 

substrate and repairs it via photoinduced electron transfer (PET). The rate of this process 

is exponentially dependent on temperature, as described by the Marcus equation. 

Interestingly, this enzyme has been isolated from organisms that survive at thermal 

extremes, found not only in thermophiles, but psychrophiles as well. While the protein 

sequence and light-harvesting antenna chromophore of DNA photolyases vary by species, 

the catalytic FAD cofactor is conserved, making this a model protein to understand protein 

adaptations.  
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The thermal stability of PLs was addressed by determining the melting temperature, 

specifically the release of the catalytic and antenna cofactors, via fluorescence 

spectroscopy. As hypothesized, mesophilic proteins have lower thermal stability than 

thermophiles, but to explain this further protein-cofactor interactions and bulk protein 

structures were analyzed. Through use of a fluorescent-nucleobase analog (2-

Aminopurine, 2-Ap) complementary to the CPD, fluorescence spectroscopy can be used to 

characterize DNA binding, along with the environment near the DNA binding site and the 

extent to which the DNA is distorted. These protein-substrate interactions result in changes 

in the fluorescence intensity, line shape and emission wavelength. Interestingly, 

comparison of the mesophilic and thermophilic PLs revealed no changes in emission 

maxima or line shape, indicative of negligible differences in the environment of the base-

flipped 2-Ap. However, the intensity of the mesophilic PL was ~2x higher than that for the 

thermophile. Although it is difficult to ascribe this difference, as no thermophilic PLs 

bound to DNA have been resolved, conclusions can be drawn from the literature, revealing 

that DNA binding is thermodynamically less favorable for the thermophilic PL, with 

respect to the mesophile. Adaptations are responsible for the functional optimization, even 

at thermal extremes. This is demonstrated by crystal structure analysis of conserved 

residue-cofactor interactions and, most interestingly, the flavin-adenine distance, revealing 

a correlation with growth temperature of the organism. Importantly, both temperature and 

distance effect the rate of ET and, for PL, adaptations to tune this process is necessary. 
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CHAPTER 1 

INTRODUCTION 

 

1.1 Overview 

Flavin chromophores are found across all forms of life and have many biological 

functions. Some proteins, called flavoenzymes or flavoproteins, use flavins as cofactors to 

facilitate catalysis, due largely to their ability to be involved in one- and two-electron 

processes.1 Flavoproteins play roles in a variety of cellular functions, including circadian 

rhythm regulation, photosynthesis, and relief of oxidative stress. A subset of flavoproteins 

use light to function, therefore, investigation into spectroscopic and photophysical 

properties of flavins and their redox states have received wide attention.  

Oxidized flavin is highly fluorescent but there is debate over whether the reduced 

state has measurable emission. Conflicting results have populated the literature, from no 

fluorescence to significantly blue-shifted emission. This may be a result of 

photodegradation, especially when photoreduction is employed, as resulting photoproducts 

are fluorescent and exhibit similar spectral features. In this work, various flavins are 

analyzed under photoreducing conditions to determine spectroscopic properties of the 

reduced state, and, if possible, determine the reduced emission quantum yield. To support 

our findings, we also present results of conformationally-biased flavins, one of which is 

hypothesized to have increased Franck-Condon factors for reduced emission, along with a 

modified FAD, hypothesized to undergo fast photoreduction due to its high triplet yield.2  

As mentioned, some enzymes utilize flavins, namely FMN and FAD, as 

chromophores, resulting in light-driven catalysis. One example is DNA photolyase (PL), 
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which is responsible for the repair of ultraviolet (UV)-induced damage to DNA. PLs have 

been found in all three domains of life and isolated from organisms that span a wide range 

of environmental conditions, including pH, temperature, etc. PL non-covalently binds FAD 

as its catalytic cofactor, conserved across all PLs. PLs also bind a second light-harvesting 

antenna cofactor, which may be a pterin, or another flavin.  

After binding UV-damaged DNA, repair from the photoexcited flavin proceeds via 

electron transfer (ET) to the cyclobutane pyrimidine dimer (CPD) with subsequent back 

electron transfer and release of the repaired dimer.3 This process is described in more detail 

below. Given the temperature-dependence of these processes, structural adaptations likely 

play a role in tuning ET, stabilizing the flavin cofactor, as well as adaptations that maintain 

enzymatic function in an extreme environment.4,5  

To better understand the role of temperature in PL function, we first assessed the 

stability of both mesophilic E.coli PL (EcPL) and thermophilic Sulfolobus solfataricus PL 

(SsPL) using fluorescence spectroscopy to determine melting temperatures (Tm) of 

catalytic and antenna domains. With the use of published crystal structures, cofactor-

protein interactions were compared in mesophilic and thermophilic PLs. To determine if 

the antenna cofactor influences stability, mutant SsPL-Q39L, which only binds the catalytic 

FAD, is compared to SsPL.  

Although only the fully reduced state of FAD is capable of repair, DNA binding to 

PL can occur in all three oxidation states. CPD-binding results in base-flipping of the dimer 

out of the double helix and thus large local structural changes occur. To assess differences 

at the DNA-binding site, we explore structural perturbations of DNA via fluorescence 

spectroscopy, in the presence of both mesophilic and thermophilic PLs. 
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DNA photolyase is part of the cryptochrome/photolyase (CRY/PL) family (CPF). 

Within this family, flavin adenine dinucleotide (FAD) is employed as the catalytic cofactor, 

conserved across all known CRY/PLs, and structural homology is apparent.6,7 Although 

CRYs bear resemblance to PLs, this is not reflected in their function, as CRYs do not repair 

DNA (with the exception of CRY-DASH proteins, which have been shown to repair single-

stranded UV lesions),8 making their structural similarities, and differences, of interest.9 

Here, we use this protein family and some of their conserved structural features in an 

attempt to study adaptations of a protein family and its required cofactor over different 

temperatures and different functions.   

1.2 Flavins 

1.2.1 Flavin Structure and Function 

Flavins contain a 7,8-dimethylisoalloxazine tricyclic (isoalloxazine or flavin) ring 

system, comprised of fused pyrazine, xylene, and pyrimidine rings. Riboflavin (vitamin 

B2, RF) serves as the precursor for most organisms that utilize flavin mononucleotide 

(FMN) and flavin adenine dinucleotide (FAD) as enzymatic cofactors (Figure 1.1).10 The 

isoalloxazine ring of flavins can exist in the fully oxidized and one- and two-electron 

reduced states (Figure 1.2), which is inherently important for biological activity in most 

flavoproteins.11 In addition, each redox state can be found in three protonation states: 

cationic, neutral, and anionic. 

1.2.2 Spectroscopy of Flavins and Flavin Redox States 

Flavins have been widely characterized, both in solution and as cofactors in 

proteins. As mentioned, some flavoproteins use light in catalysis, therefore spectroscopic 

investigation has been crucial in understanding catalytic flavins and redox states. Here, we 
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will mainly discuss the oxidized and reduced states as the one-electron reduced 

semiquinone (SQ) species, although stabilized in proteins, is reactive and short-lived in 

solution. Oxidized flavin absorbs between 350-450 nm, whereas reduced flavin absorbs at 

~400 nm (Figure 1.3). 

Flavins are intrinsically fluorescent, with a peak emission at ~520 nm. For FMN, 

the oxidized state (flavoquinone) is highly fluorescent, both in proteins and in solution, 

with a quantum yield in the range of F = 0.23-0.26 (relative to quinine sulfate).12,13 This 

quantum yield is ~10x higher than that of FAD in solution (Figure 1.4).14,15 Most FAD-

dependent proteins bind FAD in an unstacked (planar) conformation. However, in some 

cases, like DNA photolyase, FAD is found in a stacked geometry, where the adenine and 

flavin moieties are in close proximity. In solution, ~80% of FAD is in the stacked 

conformation, while ~20% is unstacked.16,17 The lower fluorescence quantum yield, when 

compared to FMN, is attributed to quenching in the stacked geometry. The mechanism of 

quenching has been ascribed to ultrafast electron transfer from the adenine to the 

photoexcited flavin (Fl*) and subsequent back electron transfer to ground state FAD,14 and 

although widely accepted, few studies show evidence for these charge-separated states.15,18 

Recent excited state dynamic studies by our group found no evidence for these 

intermediates.2  

While reduced flavins are emissive to varying degrees in proteins, there are 

conflicting results regarding reduced flavin emission in solution. While some report 

negligible fluorescence others report blue-shifted emission spectra.19 To determine the true 

nature of reduced flavin emission, photoreduction of FMN to FMNH2 and FMNH− was 
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employed and an estimation of an upper limit to the quantum yield of reduced FMN was 

established. 

Considering their geometries, the isoalloxazine ring of the oxidized and one-

electron reduced species are planar in both ground and electronically excited state. The two 

electron-reduced flavohydroquinone (HQ) exhibits a bend about the N5-N10 axis, called 

the “butterfly” bend, in the ground state, although the electronically excited states are 

planar. Due to this change in geometry, Franck-Condon factors (FCFs) for emission are 

much lower for the reduced than the oxidized species. Planar and bent flavins have been 

synthesized to mimic geometries of the oxidized and reduced states, respectively.20,21,22 We 

hypothesized that using a synthetic flavin conformationally-biased towards the reduced 

geometry may increase the FCFs for reduced emission.  

1.2.3 Photoreduction and Photodegradation of Flavins 

Photo-induced reduction of flavins using exogenous reductants under aerobic and 

anaerobic conditions have been explored by many investigators. Under aerobic conditions, 

flavins are stable in the oxidized form and, in the presence of reducing agents, readily re-

oxidized. Under anaerobic conditions, flavins can be photoreduced using exogenous 

reducing agents, such as ethylenediamine tetraacetic acid (EDTA) and dithiothreitol 

(DTT).23 In general, the photoexcited flavin undergoes intersystem crossing to the triplet 

state and subsequent photoreduction occurs.24,25  

Photodegradation is a competing photochemical pathway with photoreduction of 

flavins, forming photoproducts including lumichrome and lumiflavin derivatives.26 These 

photoproducts are just as, or more emissive, than their oxidized flavin precursors, and, due 

to similar spectral features, their absorption and emission spectra can easily be confused.27 
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It is also the case that commercially available FMN, FAD, etc. can be contaminated with 

these photoproducts that become the dominant emitter. The discrepancies of reduced flavin 

emission, described above, could be attributed to photodegradation. 

1.3 DNA Photolyase 

1.3.1 UV-Induced Damage to DNA 

Ultraviolet (UV) radiation can be absorbed by DNA and can cause photodamage to 

occur, distorting DNA structure. These photoproducts include 6-4 photoproducts (6-4 PPs) 

and, of interest here, cyclobutane pyrimidine dimers (CPDs), both of which form between 

adjacent pyrimidines.28 CPDs are the result of the cyclization of the two adjacent 

pyrimidine bases, with the most common occurring between two thymines (Figure 1.5). 

These lesions can ultimately affect DNA transcription and replication, and can even cause 

cell death, if not repaired.29  

1.3.2 DNA Repair by DNA Photolyase 

DNA photolyase is a monomeric flavoprotein, which consists of two domains 

(Figure 1.6).30 The catalytic C-terminal domain is largely α-helical and non-covalently 

binds the catalytic FAD cofactor. The N-terminal α/β domain binds the antenna cofactor, 

which varies between organisms, and acts as a light harvesting chromophore that transfers 

absorbed energy to the catalytic FAD.31 Although presence of the second cofactor is not 

necessary for DNA repair,32,33 identified antenna chromophores include deazaflavins, 

folates and flavins.34 For example, E. coli PL (EcPL) binds methenyltetrahydrofolate 

(MTHF) as the antenna cofactor, whereas the PL of thermophilic archaeon, Sulfolobus 

solfataricus (SsPL), binds a second FAD.  
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When the UV-damaged DNA substrate binds PL, the CPD is base-flipped out of 

the double helix, proximal to the catalytic FAD.35,30 Upon photoexcitation of the catalytic 

FAD, an electron is transferred from *FADH− to the CPD. After bond cleavage occurs in 

the dimer, the electron is transferred back to the FAD and the repaired DNA is released.3  

1.3.3 Extremophilic PLs and Other Flavoenzymes 

In early life on Earth, the high UV flux made DNA more vulnerable to UV damage 

and, therefore, DNA repair must have been crucial to these organisms to proliferate.36 In 

addition, photolyases have not only been isolated from mesophilic hosts, but extremophilic 

organisms as well. Since the rate of electron transfer is exponentially dependent on 

temperature,37 it is important to consider the adaptations necessary to facilitate repair under 

thermal extremes. Although isolated from different environments, all PLs not only contain 

the conserved FAD, but they also have high structural homology, even though the sequence 

homology is relatively low in comparison.38 However, contacts to the catalytic FAD are 

highly conserved, regardless of the growth temperature of the organism. 

The homology of PLs allows it to serve as a model protein to study adaptations, 

especially when considering functional optimization and stability over a large temperature 

range. To assess the stability of both EcPL and SsPL, we determined the melting 

temperatures of these PLs and analyzed interactions within the cofactor binding sites. 

Using a mutation of SsPL (SsPL-Q39L) that only binds the catalytic FAD, we also 

evaluated the protein stability in the absence of the antenna cofactor and examined the 

structural interactions that are impacted by this. In addition, we determined differences in 

DNA binding to mesophilic and thermophilic PLs, through use of a fluorescent nucleobase 

analog, 2-aminopurine (2-Ap), embedded in the complementary strand opposing the CPD. 
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These results provide a measure of DNA distortion and the degree of binding around the 

CPD.35,39  

PLs are part of a larger family of flavoproteins, cryptochrome/photolyase 

(CRY/PL), which consist of PLs (CPD PLs), (6-4) PLs and cryptochromes (CRYs).38  Like 

PLs, cryptochromes are FAD-containing proteins, but instead of repairing UV-induced 

DNA damage, are involved in a wide variety of processes, including growth and 

development regulation and circadian rhythm signaling.40 Although their functions are 

different from that of PLs, high structural homology is observed.10 These evolutionary 

adaptations provide a great platform to understand protein structure/function relationship, 

while still maintaining conserved, and clearly necessary, residues and protein contacts. 

Using published crystal structures, we exploit structural features of the conserved FAD, 

along with conserved residues, in hopes of discerning their functional and evolutionary 

implications. 

  



9 
 

 

Figure 1.1: Structure of Riboflavin, FMN and FAD. The structure of flavin adenine 
dinucleotide (FAD) is shown with the riboflavin and flavin mononucleotide (FMN) 
labeled.  
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Figure 1.2: Redox States of the Isoalloxazine Ring. The three redox states of flavin are 
shown oxidized, one-electron reduced semiquinone (SQ) and two-electron reduced 
hydroquinone (HQ). The isoalloxazine ring of the oxidized state is shown with atom 
numbering, for reference. 
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Figure 1.3: Absorption Spectra of Oxidized and Reduced Flavin. The absorption 
spectra of oxidized FMN (solid line) and reduced FMNH2 (dotted line) are shown (pH 
5.0), plotted as extinction.   
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Figure 1.4: Relative Fluorescence of FMN and FAD. The emission spectra of oxidized 
flavin mononucleotide (FMN, black) and flavin adenine dinucleotide (FAD, red) at pH 
5.0. The spectra are normalized to the peak of FMN. 
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Figure 1.5: UV-Induced Formation of Cyclobutane Pyrimidine Dimers. The 
cyclization of two adjacent thymines to form a cyclobutane pyrimidine dimer (CPD), 
caused by the absorption of ultraviolet (UV) light. 
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Figure 1.6: Structure of DNA Photolyase. The crystal structure of DNA photolyase 
from Anacystis nidulans (PDB: 1TEZ)30 is shown bound to DNA substrate (blue). The C-
terminal α-helical domain is shown in purple with the catalytic FAD shown in yellow. 
The N- terminal α/β domain is shown in green with the catalytic cofactor, 8-hydoxy-5-
deazaflavin (8-HDF) shown in red. A DNA lesion is bound to photolyase are in situ 
repair, where the two thymine are base-flipped out of the double helix (rendered in 
Chimera 1.13.1).  
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CHAPTER 2 

IN SEARCH OF THE ELUSIVE REDUCED FLAVIN FLUORESCENCE 

SPECTRUM: INVESTIGATING FLAVIN MONONUCLEOTIDE AND 

CONFORMATIONALLY-BIASED FLAVINS 

 

2.1 Introduction 

Flavins are blue-light absorbing chromophores with rich redox activity. 

Biologically the most important are riboflavin (vitamin B2), flavin mononucleotide (FMN, 

Figure 2.1), and flavin adenine dinucleotide (FAD), the latter two of which are catalytic 

cofactors in enzymes. Flavins are found in oxidized, one electron- and two electron-

reduced forms (Figure 2.2). Some of these enzymes use light as a reagent to induce 

chemical bond formation or photoinduced electron transfer. Therefore, the photochemistry 

and physics of flavins have received wide attention. 

Oxidized flavin (flavoquinone) is highly fluorescent, both in proteins and in 

solution, with a quantum yield in the range of F = 0.23-0.26.1,2,3 For the oxidized species, 

both the ground and excited states have a planar geometry whereas the two electron-

reduced flavohydroquinone (HQ) is bent in the ground state and planar in the excited state 

(Figure 2.1).4,5 The flavin HQ and its anion are emissive in proteins to varying degrees, but 

in solution there is debate over whether they have detectable emission. Investigations into 

this issue are often fraught with artifactual data, depending on purity and preparation. This 

is particularly true when photoreduction is employed. 

Photo-induced reduction of flavins using exogenous reductants under aerobic and 

anaerobic conditions have been explored by many investigators. However, a second 



21 
 

photochemical pathway competes with photoredox, namely photodegradation. Blue-light 

induced photodegradation of riboflavin, FMN, and FAD yields primarily lumichrome (LC) 

along with various lumiflavin derivatives, including dihydroxymethyllumiflavin, 

formyllumiflavin, and lumiflavin-hydroxy-acetaldehyde.6 These photoproducts are also 

emissive, and their absorption and emission spectra can easily be confused with their flavin 

progenitors. It is also the case that commercially available FMN, FAD, etc. can be 

contaminated with lumichrome, or other degradation products, such that LC becomes the 

dominant emitter when reduced flavins are studied.  

Photoreduction begins with excitation of oxidized flavin (Fl, flavoquinone) to form 

the singlet excited state which undergoes rapid and efficient (~60%) evolution to the triplet 

state.3 Both states can undergo reduction by EDTA to form the flavosemiquinone anion, 

Fl− (or ASQ).  The ASQ will undergo rapid protonation at pH 5.0 to form the neutral 

semiquinone radical. Two FlSQ molecules dismutate generating one flavoquinone and one 

hydroquinone.7,8 The full mechanism is shown in Figure 2.3. Since the rate of this process 

is pH-dependent, it is necessary to consider the pKa for each pH-dependent step. For 

FlHFl−, pKa=8.3 and for FlH2FlH− the pKa=6.7.9  

The goal of these studies is to uncover the true reduced fluorescence emission, if 

any, and estimate upper limits to the quantum yields of FMNH2 and FMNH−. Here, the 

photoreduction of FMN is investigated at pH 5 and 8.5 using steady-state absorption and 

fluorescence spectroscopy, and high-pressure liquid chromatography (HPLC) for 

purification of flavins and analysis of photoproducts. Photoreduction was accomplished 

using excess EDTA under aerobic and anaerobic conditions. Exclusion of O2 was essential 

to avoid photoproduct formation, as was relatively low actinic light intensities. Under these 
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conditions, emission from oxidized FMN during photoreduction is the only spectral 

component present at either pH. 

For pH 5, FMN emission drops below the noise floor after ~ 500 seconds of 

irradiation. FMN at pH 8.5 has slower photoreduction kinetics but only oxidized emission 

is observed throughout the experiment. Importantly, there is no emission band below 510 

nm, as has been reported in some earlier studies. Based on these results we have obtained 

an upper limit of detection (LoD'). This affords an upper limit to F for FMNH2 (red) in 

solution. Because of incomplete photoreduction at pH 8.5, F for FMNH− could not be 

determined. The results for FMN photoreduction presented here are compared to 8,9,10-

trimethylflavin and 9,10-propanoflavin.10,11,12 These synthetic flavins have been biased 

towards or away from the geometry in the reduced state (i.e. butterfly bend, see Figure 

2.1).13,14 We hypothesized that the bent trimethylflavin will have a larger Franck-Condon 

factor for spontaneous emission in the reduced state and thus produce a measurable *FlH2 

emission spectrum. This study establishes, once and for all, that reduced flavins in solution 

do not exhibit measurable steady-state fluorescence probably due to ultrafast internal 

conversion. 

2.2 Material and Methods 

2.2.1 Sample Preparation 

Buffers at pH 5.0 and 8.5 were prepared using 200 mM sodium acetate or potassium 

phosphate, respectively. FMN (flavin mononucleotide, riboflavin 5’-phosphate sodium) 

was purchased from TCI Japan, HPLC tested for purity (≥97%) and was used as received. 

EDTA (ethylenediamine tetraacetic acid disodium salt dihydrate) was purchased from 

Thermo Fisher and used as received.  
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EDTA was added (200 mM) to the buffer and was stirred and sonicated and/or 

gently heated to dissolve. The EDTA-containing buffers were pH-adjusted, if necessary, 

and used immediately. To prepare the flavin stock solutions, a small amount of solid flavin 

was dissolved in the EDTA-containing buffer by vortexing, and subsequently filtered 

through a 0.22 μm syringe filter. Dilutions of the stock solutions were performed using 

filtered EDTA-containing buffer to obtain ~10 M samples. The concentration of oxidized 

flavin solutions were computed based on its UV-Vis spectrum by using the extinction 

coefficient at 445 nm (12,200 M-1 cm-1). UV-Vis spectra were taken on an Agilent 8452A 

or 8453A spectrometer at 2 nm resolution.  

These samples were made anoxic by purging ~ 2 mL of solution for one hour in a 

1 cm x 1 cm quartz cuvette fitted with a silicone septum using a vanadyl sulfate gas train 

as described by Englander et al.15 The anoxic sample was used immediately for these 

studies. 

8,9,10-trimethylflavin and 9,10-propanoflavin were used to represent flavins that 

are conformationally biased towards the reduced and oxidized geometries, respectively. 

The flavins were a generous gift from Professor Carmelo Rizzo of Vanderbilt 

University.10,11 Samples were prepared as described above for FMN, where the OD~0.1 at 

λex =364 nm. 

2.2.2 Steady-State Absorption Measurements 

UV-Vis spectra were acquired before and after purging, as described above. 

Photoreduction for UV-Vis extinction coefficient measurements was achieved using a 375 

nm LED (ThorLabs). Photoreduction of the anoxic samples at this fluence took < 5 

minutes. The extinction coefficients for the reduced spectra were obtained after 
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photoreduction by dividing the computed concentration, described above, into the 

measured absorbance, under the assumption that no change in flavin concentration occurs 

upon photoreduction. This assumption was confirmed by bubbling oxygen into the reduced 

solutions and comparing the re-oxidized spectrum with the initial oxidized spectrum. 

Triplicate measurements were made at each pH. 

2.2.3 Photoreduction and Fluorescence Spectroscopy 

Both photoreduction and measurements of the emission spectra were performed 

using a PTI QuantaMaster-3 fluorimeter with single-photon counting detection, a 

temperature-controlled cuvette holder (Quantum Northwest), and a 75W Xe arc lamp 

(Ushio). The cuvette chamber was purged with N2 gas to reduce flavin reoxidation. 

Emission scans were taken by exciting the sample at 364 nm (ex = 3 nm) and measuring 

the emission from 390 nm to 690 nm (em = 1.2 nm) in 3 nm steps for 0.4 seconds per 

step. The excitation wavelength was chosen to maximize the detection of emission of the 

reduced flavin species, FMNH2 and FMNH−.  

This emission measurement was immediately followed by a photoreduction step in 

the spectrometer, where the actinic light was centered at 364 nm with wide slits (ex = 

13.2 nm). For timing purposes, the emission monochromator was scanned as before for a 

total of 451 seconds (101 steps x 0.4 sec./step + 5 sec. for stepping between points). All 

measurements were made at 20C. The 10 M samples had an optical density of ~0.1 OD, 

that is, about 10% of incident photons were absorbed and concentration of photons is 

constant through the PR period. A minimum of two photoreduction time courses were 

taken at each pH. 
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To remove baseline effects, spectra of the actinic light on the buffer were taken 

under identical conditions. The buffer scans were subtracted from the flavin emission scans 

point by point and the buffer Raman peak, 411 nm, was used to assure no baseline offset 

occurred between scans. All spectra were taken using the instrument correction files to 

remove artifacts due to the construction of the fluorimeter and were corrected for lamp 

intensity fluctuations. 

Excitation spectra, before and after photoreduction, were obtained from 280-500 

nm with emission monitored at 520 nm. The excitation and emission monochromators were 

set to 3 nm and 1.25 nm respectively, and the excitation monochromator was stepped at 

=3 nm. Three scans with an integration time of 0.4 seconds/point were averaged 

together. The spectra are corrected by subtracting a buffer excitation scan taken under 

identical conditions.  

2.2.4 Deriving an Equation for the Relative Fluorescence Intensity 

The integrated emission spectra were used to determine the fluorescence quantum 

yield of reduced flavins, described below. To derive an equation for the relative 

fluorescence intensity, we start with the general equation (Equation 2.1)16 for integrated 

emission intensity, I:  

𝐼 = (1 − 10 )Φ 𝑔𝐼   Equation 2.1 

where A is the absorbance of the sample at the wavelength of excitation, Iex is the excitation 

intensity, g accounts for the instrumental properties, and F is the fluorescence quantum 

yield of the emitter. If both the oxidized and reduced species emit, the integrated emission 

after photoreduction time, t, can then be written in terms of the oxidized and reduced 

contributions: 
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𝐼(𝑡) = 1 − 10 ( ) Φ + 1 − 10 ( ) Φ𝑟𝑒𝑑 𝐼𝑒𝑥𝑔  (Equation 2.2) 

where Aox and Ared represent the absorption of the oxidized and reduced, respectively, and 

Φox and Φred are their respective quantum yields. The emission intensity at t = 0 sec., I0, is 

solely due to the oxidized species (i.e., no photoreduction has occurred). The assumption 

that I0 has no contribution from the reduced species was confirmed by comparing the initial 

emission spectrum with the initial excitation spectrum. With this, the integrated emission 

I(t) was then normalized to I0 to give: 

( )
=

( ) ( )

( )   (Equation 2.3) 

The absorbances of each species in terms of their respective concentrations are shown 

below: 

𝐴𝑜𝑥(𝑡) = 𝜀𝑜𝑥𝐶𝑜𝑥(𝑡)𝑙   (Equation 2.4) 

𝐴𝑟𝑒𝑑(𝑡) = 𝜀𝑟𝑒𝑑𝐶𝑟𝑒𝑑(𝑡)𝑙 (Equation 2.5) 

where l is the pathlength of the sample (1 cm), εox and εred are the oxidized and reduced 

extinctions for FMN (pH 5.0) at λex = 364 nm, respectively, and Cox and Cred are the 

concentrations of the oxidized and reduced species, respectively, after photoreduction time 

t. The assumption made above at t = 0 can be applied to the concentrations of the oxidized 

and reduced species at any time t in that the concentration of total flavin does not change 

during the experiment and the starting concentration, C0: 

𝐶0 = 𝐶𝑜𝑥(𝑡) + 𝐶𝑟𝑒𝑑(𝑡)  (Equation 2.6) 

The absorbance of the reduced flavin, Ared, at time t can be written in terms of the 

concentrations of the oxidized species, C0 and Cox(t): 

𝐴 (𝑡) = 𝜀 [𝐶 − 𝐶 (𝑡)]𝑙 (Equation 2.7) 
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Applying this to the normalized integrated emission, I(t)/I0, gives: 

( )
=

( ( ) )

( ) +
( [ ( )] )

( )

 (Equation 2.8) 

2.3 Results 

2.3.1 UV-Vis Spectra: Determination of Reduced Extinction Coefficients 

The absorption spectra of FMN and FMNH2, pH 5, and FMN and FMNH−, pH 8.5, 

are shown in Figure 2.4. The shaded region centered at 364 nm indicates the excitation 

bandwindth of the fluorimeter Xe arc lamp used for photoreduction during the fluorescence 

experiments. The FMN spectrum is scaled to  = 12,200 M-1 cm-1 at the maximum 

absorbance (~0.12 OD) for the SoS1 (S01) transition at approximately 445 nm, giving a 

concentration of ~10 M.  

For FMN at pH 5.0 (Figure 2.4, black), the extinction at the wavelength of 

photoreduction, 364 nm, was determined to be 10,011 ± 317 M-1 cm-1. Upon 

photoreduction, the spectrum changes to that of the flavohydroquinone, FMNH2, with a 

broad absorption band at ~400 nm, the S01 transition, and a stronger absorption band at 

~300 nm assigned as the S02 transition. The extinction of FMNH2 at 364 nm was computed, 

 = 3,030 ± 82 M-1 cm-1. 

For FMN at pH 8.5 (Figure 2.4, red), the oxidized extinction was determined to be 

9,692 ± 174 M-1 cm-1 at 364 nm. This value is identical to that obtained for FMN at pH 5, 

within experimental error. Inspection of the two spectra shows nearly identical line shapes. 

The same cannot be said of the hydroquinone and its anion. 
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The reduced FMNH− extinction at this wavelength is  = 3,910 ± 268 M-1 cm-1, 

nearly 30% more intense than for FMNH2. The FMNH− spectrum shows a stronger, blue-

shifted absorption band at ~350 nm for the S02 transition and a slightly blue-shifted (~10 

nm) S03 band at ~290 nm. The S01 transition at ~410 nm is not resolved at room 

temperatures. These transition assignments come from FMNH− linear dichroism studies by 

Siddiqui et al.17  

The spectral shifts observed for both pH 5.0 and pH 8.5 in the oxidized and reduced 

species, parallel what has been reported by Ghisla et al.14 and others. The blue-shifted 

absorption has been attributed to the degree of bending of the reduced species, where the 

anionic species is more bent, and thus more blue-shifted, and the neutral hydroquinone 

appearing more planar. This conformation reduces conjugation in the flavin and thus raises 

the energies of these transitions. 

2.3.2 Fluorescence Excitation Spectra 

The fluorescence excitation spectra at pH 5.0 and 8.5 confirm that the absorption 

line shape is unchanged for this pH range over the excitation wavelengths used (arrow 

indicates 364 nm), as shown in Figure 2.5. The plots were normalized at 446 nm for 

comparison. Representative error bars show the standard error of the mean.  

2.3.3 Photoreduction and Emission Spectra 

The goal of this study was to estimate the fluorescence quantum yield for reduced 

flavin. If no emission is detectable under the experimental conditions, then an upper limit 

to F can be obtained if the oxidized emission drops below the noise floor. Since the error 

in single photon counting obeys Poisson statistics, it is relatively straightforward to 
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estimate the LoD' for the emission from FMNox, and therefore derive an upper limit to F 

for FMNH2 (red) with only a few assumptions. 

Reaction conditions were set to obtain pseudo-first order kinetics with respect to 

the flavin. Representative emission scans of ~10 M FMN with 200 mM EDTA taken 

during photoreduction at pH 5.0 (acetate buffer) and 8.5 (phosphate buffer) are shown in 

Figure 2.5. It should be noted that, in the absence of O2 under these illumination conditions, 

no photodegradation was observed (data not shown). The emission maximum of oxidized 

FMN at pH 5.0 or 8.5 remains constant through the photoreduction, 5211 nm and 5201 

nm, respectively.  

The heavy line in Figure 2.6 represents FMN emission at t~500 s (tLoD'), which we 

assign as the LoD'. For emission spectra after tLoD', the spectra fall below the noise floor as 

diagnosed by negative integrated counts (gaps in the log plot, Figure 2.6) when the buffer-

corrected emission at various wavelengths become negative. These spectra are considered 

to be below the LoD'. Photoreduction was complete by ~ 495-540 s (tLoD') at pH 5.0, but 

incomplete for t= 675 s, the last scan, at pH 8.5. Therefore, we present the LoD' analysis 

and estimation of F for FMNH2 only.  

The photoreduction kinetics at pH 5.0 and 8.5 from the corrected integrated 

emission from 480-600 nm and the normalized integrated emission are shown in Figure 

2.7 top and bottom panels, respectively. The insets show the kinetics curves on a 

logarithmic scaling for clarity. It is evident that FMN at pH 5.0 has about 2x more emission 

than at pH 8.5 before PR. Others have seen this effect, including Ahmad et al.,18 who found 

that phosphate leads to a (more modest) fluorescence decrease in riboflavin solutions. The 

decreased emission at high pH does not seem to be due to accelerated photoreduction, as 
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the kinetics of PR in phosphate buffer are significantly slower than at pH 5.0. The intensity 

of the initial excitation scan was compared with the t=0 emission scan to confirm this (data 

not shown). More likely, this could be due to enhanced internal conversion of the excited 

state, thus avoiding triplet formation. The overall slower kinetics of PR at pH 8.5 is also 

due to slower protonation of the anionic flavosemiquinone, forming a kinetic bottleneck 

for the *FlSQFlHQ step (see Figure 2.3). 

Shown on a logarithmic scale (insets, Figure 2.7), the photoreduction kinetics show 

exponential behavior (green line) except at t=0 (positive curvature) and in the last 

photoreduction time points (negative curvature). We believe the positive deviation from 

exponential decay at t=0 represents residual oxygen in the solution leading to reoxidation 

of a small fraction of photoreduced FMN. The increasing photoreduction rate in the last 

time points is consistent with the loss of emission as the count rate falls below the noise 

floor of the experiment. 

2.3.4 Determination of an Upper Limit of the Fluorescence Quantum Yield 

(Φred) of Reduced FMN 

The buffer-corrected emission spectra throughout the photoreduction were 

normalized, at each time point, by the integrated area of each spectrum. Selected spectra 

for t < tLoD' are shown in Figure 2.8 as solid black lines. No spectral line shape is seen as 

the signal drops below the noise floor. The spectrum at the LoD', for this run tLoD' = 495 s, 

is shown as a heavy green line, confirming the full emission spectrum is being detected at 

this low count rate. Thus, the LoD' represents the lowest concentration of FMN detectable 

under these conditions. The emission after tLoD' (black dashed lines) reveals no discernable 

spectral structure. This observation, along with the LoD' and the normalized integrated 
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intensities (I/I0, Figure 2.7), was used to obtain an upper limit to the quantum yield of 

FMNH2.  

Since no new emission was detected, I/I0 only depends on the concentration of the 

oxidized species, and applying this to Equation 2.8, gives Equation 2.9. 

( )
=

( ( ) )

( )
  (Equation 2.9) 

To obtain Cox(t), the photoreduction decays (I/I0) were fit to a pseudo-first order 

kinetic model from t~ 45 sec. to t= 495 sec. (green line, Figure 2.7). Since only oxidized 

emission was observed the rate constant k from the fit was used with the initial 

concentration of oxidized flavin, C0, to construct a concentration profile of the oxidized 

species, cox(t), using Equation 2.10. 

𝐶 (𝑡) = 𝐶 𝑒  (Equation 2.10) 

The signal, I/I0, at the LoD' is the lowest signal observed in these measurements 

and therefore, if FMNH2 has any fluorescence emission, the signal would need to be at or 

above this level to be detected. Therefore, if the signal at the LoD', I(tLoD')/I0 is due solely 

to FMNH2 fluorescence, then an upper limit to its emission quantum yield, Φred, can be 

obtained by rearranging Equation 2.11 to obtain Equation 2.12: 

( )
=

( [ ] )

( )
   (Equation 2.11) 

Φ =
( )

( )

( )
  (Equation 2.12) 

where C0 ~10 μM, l = 1 cm, Φox = 0.255 and εox and εred are the experimentally determined 

extinction coefficients, 10,011 M-1cm-1 and 3,030 M-1cm-1, for the oxidized and reduced 

species, respectively. Using the concentration profile, cox(t), the concentration of cox(tLoD') 



32 
 

is determined. This analysis yielded Φred ≈ 2.83 x 10-4 (± 1.13 x 10-4). This upper limit is 

~3 orders of magnitude lower than that for oxidized flavin (Φox = 0.255, relative to quinine 

sulfate). 

2.3.5. Photoreduction Kinetics of Conformationally-Biased Flavins 

Rizzo’s group11,10,19 has explored how conformational biasing flavins can alter their 

reduction potential. They showed that the degree of planarity in the ground state affects 

their oxidation kinetics and redox potential. Of particular interest were 9,10-propanoflavin 

and 8,9,10-trimethylflavin, the former constrained to a planar geometry and the latter 

biased towards the N5-N10 butterfly-bent form.12 The experiments by Rizzo et al. were 

performed at pH 7.4 in 100 mM HEPES buffer at 30C.  The model flavins were reduced 

with sodium dithionite and then oxidized using Hg(II)EDTA. The reactions were run in 

pseudo-first order kinetics with respect to the flavin and the rate of oxidation was 

referenced to that of 1,5-dihydroriboflavin (HQ state). They found that oxidation of 9,10-

propanoflavin was 1.7x faster than for 1,5-dihydroriboflavin, and that 8,9,10-

trimethylflavin oxidized about 5x slower than 1,5-dihydroriboflavin. The slower oxidation 

rate of the trimethylflavin was ascribed to the methyl groups enforcing a bent structure due 

to steric crowding, thereby inhibiting oxidation to the planar state.  

We obtained samples of 9,10-propanoflavin (PPF) and 8,9,10-trimethylflavin 

(TMF) to see if their photoreduction kinetics were similarly influenced by conformational 

biasing. The absorption spectra of trimethylflavin and propanoflavin in acetate/EDTA 

buffer at pH 5.0 are shown in Figure 2.10. Under these conditions the trimethylflavin has 

a max = 392 nm ( = 14,200 M-1 cm-1 in 0.1 M NaOH)11 with a shoulder at ~442 nm. The 

planar propanoflavin absorption spectrum is similar to FMN, with bands at 372 nm and 
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438 nm (443=7,500 M-1 cm-1 in 0.1 M NaOH).10 For the photoreduction experiments, the 

TMF, PPF and FMN were prepared so that their absorption of at the wavelength of 

excitation were nearly the same (OD ~0.1). Note that neither conformationally-biased 

flavin has the ribityl-phosphate moiety present in FMN. 

Peak-normalized fluorescence emission and excitation spectra of TMF and PPF are 

shown with FMN for comparison (top, Figure 2.10). The emission maxima from both 

constrained flavins are red-shifted relative to FMN. The planar propanoflavin emission 

peaks at 537 nm while the bent trimethylflavin has an emission maximum at 543 nm. The 

emission spectra are also normalized by their fractional absorption, (1 − 10 ), for better 

comparison (bottom, Figure 2.10). The relative fluorescence of TMF and PPF is ~19x and 

~38x lower than FMN, respectively, based on the emission maxima described above. 

Trimethylflavin has ~2x the peak emission compared to propanoflavin. 

Based on the t = 0 emission spectra, we have estimated the quantum yield of TMF 

and PPF relative to FMN using the following Equation 2.13: 

Φ = Φ
( )

( )
   (Equation 2.13) 

where Φ  is the quantum yield of (trimethyl or propano)flavin, I0 is the integrated intensity 

(480-600 nm) of the superscripted flavin, and Iex is the excitation fluence, which is assumed 

to be negligible for these measurements. Using Φ = 0.255 from Penzkofer et al.1, we 

arrive at Φ = 0.016 and Φ = 0.008 for 8,9,10-trimethyl- and 9,10-propanoflavin, 

respectively.  

The photoreduction of TMF and PPF with EDTA at pH 5.0 (acetate buffer) were 

explored and the emission spectra are shown in Figure 2.11 (top). The intensity of the 

emission spectra decreased with photoreduction time but complete photoreduction was not 
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observed for either conformationally-biased flavin. The normalized integrated intensities 

(I/I0) with respect to photoreduction time are shown with FMN at pH 5.0 (bottom, Figure 

2.11). Direct comparisons between the I/I0 photoreduction decays cannot be made due to 

differences in sample concentration. Figure 2.12 presents the emission spectra of TMF 

(top) and PPF (bottom) normalized by the integrated emission at each photoreduction time 

point. For PPF, no changes in spectral line shape or emission maxima were evident 

throughout photoreduction. For TMF, the emission maximum remains constant (543 ± 2 

nm), but changes in the spectral line shape are evident. This could be attributed to 

photodegradation products, discussed below. 

2.4 Discussion 

The optical properties of flavins, particularly fluorescence, have long been used as 

a readout of oxidation state, or transitions between them, and thus have considerable 

importance in understanding the mechanism of flavoprotein catalysis. The objective of this 

study was to characterize emission from photoreduced FMN. FMN photoreduces to 

FMNH− (pH 8.5) more slowly than FMN to FMNH2 (pH 5.0). This could be attributed to 

protonation of the anionic semiquinone, where at pH 8.5, protonation is less likely and 

therefore creates a kinetic bottleneck. Importantly, no reduced flavin fluorescence is 

observed which affords estimation of an upper limit to the quantum yield. Using single 

photon counting, we have estimated an upper limit to the emission quantum yield for 

reduced flavins, Φred= 2.83 x 10-4, relative to ΦF= 0.2551 for oxidized FMN. It is shown 

that the red for FMNH2 is at least 3 orders of magnitude lower than that for oxidized FMN. 

Like the results presented here, others have shown that there is little to no reduced 

flavin fluorescence. In 1974, Ghisla et al. published a seminal paper on the fluorescence of 
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reduced flavins and flavoproteins.14 In that work, reduced flavins in simple solvents were 

considered to be non-fluorescent. Reduced flavins in frozen solvents at 77K were shown 

to have weak emission maxima over the range of 476-512 nm. The quantum yield for 

oxidized riboflavin in water is in the range of F ~ 0.23-0.26 relative to basic fluorescein20 

and quinine sulfate1, respectively. Fluorescence spectroscopy performed on reduced tetra-

acetylriboflavin in 77 K ethanolic glasses shows weak emission for the neutral 

hydroquinone (max = 495 nm) and anionic hydroquinone (max = 510 nm). This result has 

been used to justify emission seen in chemically reduced flavin in simple solvents at room 

temperature.21 Contrary to the results obtained in frozen solvents, many flavin-dependent 

proteins, in both FlH2 and FlH− forms, were found to have significant emission with 

maxima in the range of 500-530 nm, where the peak emission wavelength was protein 

dependent. Based on these results, observations of reduced flavin “emission” well below 

500 nm do not seem reasonable and may be a result of photodegradation. 

Photodegradation of flavins can compete with photoreduction, and photoproducts 

for FMN include lumichrome (LC), formyllumiflavin (FLF), dihydroxymethyllumiflavin 

(FLF-H2O) and lumiflavin-hydroxy-acetaldehyde (LF-HA).6 For this reason, 

photoproducts and their emission properties need to be considered. For example, 

lumichrome and lumiflavin (LF) share overlapping absorption and emission bands with 

FMN, making it difficult to discern between these photoproducts and FMN.22,23,24. Koziol 

et al showed that the emission maximum of LC excited at 365 nm in water ( ~ 6.0x103 M-

1cm-1) is around 476 nm.20 The solubility of LC is relatively low (~ 20 M) and the 

fluorescence quantum yield of LC in water, though not high, is F = 0.093 (relative to 

quinine sulfate). Penzkofer also reports a fluorescence quantum yield for LC (pH 4, 1 x 10-
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4 M HCl in water) excited at 350 nm to be about ~ 0.045-0.051 (relative to POPOP, F ~ 

0.85), with an emission maximum of 478 nm, and remains unchanged up to pH 10.25 

Compared to the quantum yield for reduced FMN, it would take less than 0.1% photo-

degradation for LC* emission to overwhelm any reduced FMN* emission. 

Calculations have shown that excitation of bent flavin with a * character leads 

to a planar excited state.4,5 This conformational change along the N5-N10 axis is thought 

to reduce the Franck-Condon factor for emission significantly. In addition, crystal 

structures of reduced flavoproteins have shown the ground state flavin to be bent along the 

N5-N10 axis (see Figure 2.1).13 We hypothesized that the use of conformationally-biased 

flavins, namely 8,9,10-trimethylflavin (TMF), would increase the Franck-Condon factor 

for reduced emission, since the geometry is biased towards the bent, reduced-like 

conformation. If a measurable reduced emission spectrum was obtained, a comparison to 

reports of reduced emission could be made.  

Based on the normalized emission spectra of the bent TMF (Figure 2.12), no major 

changes in the emission maximum (543 ± 2 nm) throughout photoreduction were observed. 

However, the blue edge of the spectra become slightly blue-shifted from the initial 

emission spectrum (t=0). This blue-shifted spectral broadening is enhanced towards the 

baseline of the blue edge, λem≈ 440-480 nm. Normalization of the spectra to the integrated 

emission (Figure 2.12) also allows us to determine if the whole spectrum is being measured 

at these low count rates, as was done in the LoD' analysis for FMN. Using this 

normalization technique for TMF, a relative decrease is seen after ~200 s of photoreduction 

and remains at the same level for the remainder of the emission spectra. We have observed 

these effects with FMN (data not shown) when small amounts of photodegradation occur, 
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as photoproducts, namely lumichrome, fluoresce in this region. It is possible that 

photodegradation, due to small amounts of residual oxygen, is responsible for the changes 

observed. Importantly, these spectral changes occur over the first ~200 seconds and, 

although photodegradation and the resulting photoproducts have not been characterized for 

TMF, the degree of spectral broadening in this region, with no measurable fluctuations at 

the emission peak, leads us to this assumption. Of course, the idea that this flavin could 

produce a reduced-like emission spectrum cannot be ruled out. However, due to the low 

quantum yield of oxidized TMF, ΦF =0.016, and the low signal to noise in the reduced and 

oxidized data, it is difficult to discern the spectral broadening from the noise in the data. 

Unfortunately, solubility was an issue with TMF (and PPF) and much higher 

concentrations (OD > 0.1) would cause inner filter effects in the fluorescence data. Again, 

the photodegradation of TMF must first be characterized, to ascertain identity, the amount 

of degradation, if any, and, namely, possible spectroscopic properties of possible 

photoproducts. If photoproducts of TMF are the same or, spectroscopically similar, to those 

for FMN, and photodegradation is indeed occurring, the fluorescence from reduced TMF 

would not be measurable, due to low the quantum yield. 

The quantum yields of both TMF and PPF are much lower than that of FMN. There 

are several possibilities that could explain these results. Since FMN is not conformationally 

constrained, this suggests that the initial Franck-Condon excited state geometry of FMN* 

evolves on the potential surface to reflect the relaxed excited state geometry and ground 

state geometries at the vertical (emission) transition energy (assuming the Born-

Oppenheimer approximation holds). If this is the case, the Franck-Condon factors for 

emission of TMF* and PPF* are much smaller. A second possibility is that the quantum 
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yields for triplet formation are greater for PPF and TMF, when compared to FMN (Φ >

 Φ ), making fluorescence less likely. A third possibility is that another non-radiative 

channel whose rate constant in FMN* is small but enhanced in PPF* and TMF* (e.g., a 

conical intersection) thereby reducing the Φ  relative to Φ . To distinguish between 

these possibilities, it will be necessary to follow the excited state evolution of the molecules 

using time-resolved spectroscopy.  

2.5 Conclusions 

The goal of this study was to measure the emission spectra of reduced flavins. To 

this end, we have presented photoreduction time courses for FMN at pH 5 and 8.5 at 20C 

using single-photon counting fluorescence spectroscopy with excitation at 364 nm and 

EDTA as a reductant. In anoxic samples, only oxidized flavin emission was observed, 

diminishing below the level of detection, without any change in spectral line shape. This 

contradicts reports over the last >15 years that the flavohydroquinone and its anion have 

emission below 500 nm. These results establish an upper limit for the fluorescence 

quantum yield of FMNH2 that is ~10-3 less than that of FMN. This means careful 

preparation is necessary to ensure that the photoreduced flavin under investigation is not 

mistaken for its highly emissive photodegradation counterparts. 

Conformationally-biased flavins were used to obtain better Franck-Condon factors 

for reduced emission to yield a measurable spectrum. However, these compounds showed 

incomplete photoreduction under our conditions and no reduced emission was detected. 

The presence of LC and other photoproducts of flavins, either through inadequate 

purification or photodecomposition of flavins, produces emission that have led to 

confounding reports as to the true nature of reduced flavin emission. Without care taken 
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regarding purity and preparation, flavin samples can be photodegraded, especially when 

photoreduction is employed. Furthermore, the reduced form does not exhibit measurable 

fluorescence, therefore these photoproducts could dominate the fluorescence spectra 

acquired. 



40 
 

 

Figure 2.1: Structures of FMN and Conformationally-Biased Flavins. The structures 
of flavin mononucleotide (FMN, top), 9,10-propanoflavin (PPF, middle) and 8,9,10-
trimethylflavin (TMF, bottom). The crystal structures of oxidized and reduced FMN in 
azoreductase of E. coli (PDBs: 2Z9D and 2Z9B, rendered in Chimera).13 The crystal 
structures of oxidized PPF and TMF were adapted from Reibenspies et. al.12  
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Figure 2.2: Redox Species of the Flavin Isoalloxazine Ring and its Protonation States. 
The oxidation states, and corresponding protonation states, of the isoalloxazine moiety 
(flavin) are shown with atom numbering on the oxidized form.  
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Figure 2.3: Photoreduction Mechanism of Flavin by EDTA. The photoreduction of 
flavin via exogenous reducing agent, ethylenediamine tetraacetic acid (EDTA) as described 
by Traber et. al.7 The structure of EDTA prior to oxidation is shown in the inset for 
reference.  
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Figure 2.4: Absorption Spectra of Oxidized and Reduced FMN. The absorption spectra 
of oxidized (solid lines) FMN at pH 5.0 (black) and pH 8.5 (red) along with the 
photoreduced spectra (dotted lines) of FMN2 (pH 5.0) and FMNH− (pH 8.5). The 
wavelength of excitation is shown (black arrow), the shaded region indicating the 
wavelength range used for photoreduction. Spectra are plotted in extinction (ε) and ε364 is 
annotated for clarity. 
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Figure 2.5: Excitation Spectra of Oxidized FMN. The excitation spectra of oxidized 
FMN at pH 5.0 (closed circles) and pH 8.5 (open circles) were normalized at 446 nm for 
comparison. The emission was monitored at 520 nm. 
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Figure 2.6: Fluorescence Emission Spectra of FMN During Photoreduction. The 
emission spectra of FMN at pH 5.0 (top) is shown from 0 sec. to 540 sec. and at pH 8.5 
(bottom) from 0 sec. to 675 sec. The heavy line in pH 5.0 data represents the scan at the 
LoD'.  
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Figure 2.7: Photoreduction Emission Decay of FMN. Top: The integrated emission 
intensity of FMN at pH 5.0 (black) and pH 8.5 (red) as a function of photoreduction time. 
For clarity, a log-scale plot is presented in the inset. Bottom: The integrated emission 
intensity normalized to the initial emission scan for FMN at pH 5.0 (black) and pH 8.5 
(red). A log-scale plot is also shown (inset) for clarity with the fit shown in green. 
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Figure 2.8: Normalized Photoreduction Emission Spectra to Determine the LoD'. The 
fluorescence spectra at representative times before the LoD' (solid black), at the LoD' 
(heavy green line) and after the LoD' (dashed black). These spectra were normalized to the 
integrated area of the respective spectra to discern spectral structure. 
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Figure 2.9: Absorption Spectra of Conformationally-Biased Flavins. The absorption 
spectra of 8,9,10-trimethylflavin (black) and 9,10-propanoflavin (red) are shown at pH 5.0. 
The excitation wavelength used in fluorescence measurements is shown (black arrow) and 
the shaded region (magenta) indicates the wavelength range used for photoreduction. 

  



49 
 

300 350 400 450 500 550 600 650
0

0.5

1

450 500 550 600 650
0

1000

2000

3000

N
o

rm
al

iz
ed

 E
m

is
si

on
 In

te
ns

ity  TMF (bent)
 PPF (planar)
 FMN

520
537

543

R
el

at
iv

e 
E

m
is

si
o

n 
In

te
n

si
ty

Wavelength (nm)

450 500 550 600 650
0

50

100

150

 

Figure 2.10: Fluorescence Comparison of FMN, 8,9,10-Trimethylflavin and 9,10-
Propanoflavin. Top: Normalized fluorescence excitation (λem=520 nm) and emission 
(λex=364 nm) spectra of 8,9,10-trimethylflavin (TMF, black) and 9,10-propanoflavin (PPF, 
red) compared to FMN (blue), with peaks shown as dashed lines. Bottom: Relative 
emission intensities of TMF and PPF compared to FMN, with a closer view of the emission 
spectra of TMF and PPF (inset).  
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Figure 2.11: Emission Decay of Conformationally-Biased Flavins. Top: The emission 
spectra of 8,9,10-trimethylflavin (TMF, left) and 9,10-propanoflavin (PPF, right) are 
shown throughout the photoreduction. Bottom: The normalized integrated emission 
intensities (I/I0) with respect to photoreduction time are shown, on a log-scale, for TMF 
(black), PPF (red) and FMN (blue).  
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Figure 2.12: Normalized Emission Spectra of 8,9,10-Trimethylflavin and 9,10-
Propanoflavin Throughout Photoreduction. Normalized emission spectra throughout 
photoreduction of 8,9,10-trimethylflavin (TMF, top) and 9,10-propanoflavin (PPF, 
bottom).  
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CHAPTER 3 

PHOTO-REDUCTION STUDIES OF FLAVIN ADENINE DINUCLEOTIDE AND 

FLAVIN 1,N6-ETHENOADENINE DINUCLEOTIDE 

 

3.1 Introduction 

Flavins are important biological chromophores that are comprised of a tricyclic ring 

(isoalloxazine or flavin). Vitamin B2, or riboflavin (RF), has a ribose group affixed at N10 

of the isoalloxazine ring. Two derivatives of RF include phosphorylated RF, namely flavin 

mononucleotide (FMN), and adenylated FMN, known as flavin adenine dinucleotide 

(FAD). FMN and FAD are found as vital cofactors involved in a variety of biological 

pathways and processes.1 The versatility of flavins as biological redox molecules lies in 

their ability to undergo one- or two-electron transfer (ET) and these redox states can be 

found in the neutral, cationic, or anionic forms (Figure 3.1).  

DNA photolyase (PL) is an example of a flavoprotein that undergoes photoinduced 

electron transfer (PET) when the FAD cofactor is photoexcited.2 This FAD cofactor is not 

only conserved throughout all known PLs, but in cryptochromes (CRYs) as well, which 

make up the CRY/PL family of proteins.3,4,5   

In CRY/PLs, FAD is found in a stacked conformation, where the flavin (Fl) and 

adenine (Ade) moieties are nearly coplanar and in close proximity (~5 Å) to one another, 

as shown by the stacked FAD structure from E. coli PL (Figure 3.2, adapted from PDB: 

1DNP)6. Although this orientation is rarely observed in other FAD-dependent proteins (see 

Figure 3.2 for thioredoxin reductase, showing the more typical planar conformation, PDB: 
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1TDF),7 the stacked conformation is observed in aqueous solutions at ~80%, while the 

other ~20% is present in the unstacked conformation.8,9  

Stacking quenches the emission of oxidized FAD, resulting in a lower fluorescence 

quantum yield (Φ ≈0.033),10 when compared to oxidized FMN (Φ ≈0.25).11 The 

mechanism for this quenching, shown in Equation 3.1, has been ascribed to ultrafast 

“photoreduction.” Upon photoexcitation of the Fl (Fl*), indicated by hν, forward electron 

transfer (FET) from the “reductant” adenine to Fl* occurs and then subsequent charge 

recombination occurs via back electron transfer (BET).  

 

𝐹𝑙 ∙∙∙ 𝐴𝑑𝑒 𝐹𝑙∗ ∙∙∙ 𝐴𝑑𝑒 ⎯ 𝐹𝑙• ∙∙∙ 𝐴𝑑𝑒• ⎯ 𝐹𝑙 ∙∙∙ 𝐴𝑑𝑒 

Equation 3.1: Proposed fluorescence quenching mechanism of FAD 

 

Although this mechanism is widely accepted, very few studies have shown direct, 

or indirect, evidence for these charge-separated states, namely the adenine radical cation 

(Ade•+) and the anionic flavosemiquinone (Fl•− or ASQ).12 By use of ultrafast transient 

absorption (TA) spectroscopy, our group’s recent investigation into this issue also failed to 

show the formation of radical intermediates.13 A modified FAD, known to exhibit this 

flavin–adenine stacking, was used to explore this photochemistry further.  

Chemical modification of adenine to 1, N6-ethenoadenine (εAde) was first 

performed by Kochetkov et al.14 and, subsequently, the nucleoside and nucleotides 

containing this etheno-bridge were synthesized.15,16,17 Incorporation of this adenine analog 

into FAD to give flavin 1, N6-ethenoadenine dinucleotide (εFAD, shown in Figure 3.2), 

was first presented by Harvey and Damle.18 εAde and its counterparts have been widely 
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characterized.9,15,17,18 In particular, εFAD has been studied, by our group13,19 and many 

others, as an FAD analog both in solution and incorporated into flavoproteins.  

As described above, work by our group found that oxidized FAD* did not show 

evidence for radical intermediates species, considered to be the mechanism of quenching 

(Equation 3.1). Under the same conditions, TA measurements of oxidized εFAD* 

suggested the presence of a charge transfer state and evidence of formation of a radical 

pair.13 Assuming that the excited state flavin population is stacked and unstacked with a 

ratio of 0.8:0.2, the excited state dynamics of unstacked FAD and εFAD were modeled 

after oxidized FMN*. A Jablonski diagram of the excited state evolution of FMN* is shown 

in Figure 3.3. To fit the stacked population, εFAD required a bifurcation to the triplet state 

(T1) via intersystem crossing (ISC), shown as the green dotted line (Figure 3.3), whereas 

FAD* does not undergo this excited state.  

To delve deeper, reduced flavin must also be analyzed. Anaerobic photo-induced 

reduction of flavins in the presence of exogenous reducing agents, namely EDTA, occurs 

upon photoexcitation of the flavin. Intersystem crossing from the singlet-excited state (S1) 

to the triplet state (T1) occurs. Subsequent reduction by EDTA can occur to form the 

anionic semiquinone (ASQ) and protonation of the anion yields the neutral semiquinone 

(SQ).20,21 Disproportionation, otherwise known as dismutation, can occur between two 

flavin semiquinone molecules to generate one fully reduced and one fully oxidized product.  

If PET from Ade to Fl* is indeed the mechanism responsible for quenching excited 

state FAD, it could be hypothesized that the rate of photoreduction would be much slower, 

when compared to FMN. The ultrafast ET and subsequent fast BET leaves the flavin in the 

ground state before it can form the requisite triplet intermediate state, and therefore is 
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unable to be reduced. Surprisingly, εFAD* does exhibit significant triplet formation, 

although not to the extent that it occurs in FMN. Here we present a comparison of photo-

induced reduction for FAD and εFAD. Photoreduction of εFAD is faster than that of FAD, 

and could be attributed to the triplet flavin formation, described above. 

3.2 Material and Methods 

3.2.1 Sample Preparation 

FAD (flavin adenine dinucleotide) was purchased from TCI, Japan. The purity was 

confirmed (>95%) via reversed-phase high pressure liquid chromatography (HPLC) and 

was used as received. EDTA (ethylenediamine tetraacetic acid disodium salt dihydrate) 

was purchased from Fisher Scientific and was used as received. εFAD (flavin 1,N6-

ethenoadenine dinucleotide) was prepared following the procedure of Barrio et al.,9 and 

purified as described by Walsh et al.22 by Dr. Kimberly Jacoby. The purified sample was 

divided into small aliquots, vacuum-dried, and stored at -20°C until used. 

Buffers at pH 5.0 (200 mM sodium acetate buffer) and pH 8.5 (200 mM potassium 

phosphate buffer) were prepared. EDTA (200 mM) was added to fresh buffer, sonicated 

and/or gently heated and stirred to dissolve. The pH was re-adjusted to pH 8.5 for 

potassium phosphate and pH 5.0 for sodium acetate, as needed, and used immediately after 

preparation. To prepare FAD and εFAD stock solutions, a small amount of solid flavin was 

dissolved in ~5 ml of EDTA-containing buffer by briefly vortexing, and then filtered 

through a 0.22 μm syringe filter to remove any particulates or undissolved flavin. Dilutions 

of the stock solutions were performed to obtain ~10 M samples, using syringe-filtered, 

EDTA-containing buffer. The concentration of oxidized flavin solutions were computed 
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based on its UV-Vis spectrum by using the extinction coefficient at ~445 nm (11,200 M-1 

cm-1). 

These flavin samples (~ 2 mL) were prepared in a four-window far UV quartz 

cuvette, with inner dimensions of 1x1 cm and threaded top. The cuvette was then fitted 

with a silicone septum and sealed with a PTFE screw cap and vacuum grease. The sample 

was made anoxic by purging for 1 hour via a needle, using a vanadyl sulfate/zinc gas train 

equipped with an Argon tank, as described by Englander et al.23 UV-Vis spectra of the 

anoxic samples were obtained after purging to confirm the concentration did not change 

due to evaporation, and samples were used immediately for photoreduction studies. 

3.2.2 Steady-State Spectroscopy and Photoreduction Measurements 

Prior to photoreduction, UV-Vis absorption spectra were obtained, and 

concentrations of each sample were determined, as described above. UV-Vis spectra were 

taken on an Agilent 8452A or 8453A diode array spectrophotometer with 2 nm or 1 nm 

resolution, respectively. The spectrometer was blanked with the appropriate EDTA-

containing buffer prior to acquisition of sample absorbance. This data is presented here as 

extinction spectra, after dividing the absorbance by the concentration of flavin.  

Photoreduction and emission scans were performed using a PTI QuantaMaster-3 

fluorimeter equipped with a 75W Xe arc lamp (Ushio) and single-photon counting 

detection. The sample was placed in a temperature-controlled cuvette holder (Quantum 

Northwest) set to 20°C and the cuvette chamber was purged with N2 gas to reduce 

reoxidation. Emission scans were taken by exciting the sample at 364 nm (ex = 3 nm). 

The emission was measured from 390 nm to 690 nm (em = 1.25 nm) in 3 nm steps for 
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0.4 seconds per step, giving a total irradiation time of 45±1 seconds. The excitation 

wavelength was chosen to maximize the detection of oxidized and reduced emission. 

The emission measurement was immediately followed by a photoreduction step, 

with the actinic light also centered at 364 nm but with ex = 13.25 nm slits. The light 

irradiance at the front face of the cuvette was ~20x higher for photoreduction than for probe 

emission scans, measured using a Newport 818-ST calibrated silicone photodetector. 

Control experiments determined that no significant photoreduction occurs during the probe 

emission scan step (data not shown). For timing purposes, the emission monochromator 

was scanned for a total of 451 seconds (101 steps x 0.4 seconds/step + 5 seconds for 

stepping between points).  

To remove baseline effects, spectra of the actinic light on the buffer were taken 

under identical conditions. The buffer scans were subsequently subtracted from the flavin 

emission scans point by point. All emission spectra were corrected for lamp intensity 

fluctuations and were taken using the instrument correction files to remove artifacts due to 

the wavelength responsivity of the fluorimeter. In addition, the water Raman peak at 411 

nm was used for reference to ensure no major offsets in the spectra occurred between scans. 

Excitation spectra, before and after photoreduction, were obtained from 280-500 

nm with emission monitored at 520 nm. The excitation and emission monochromator 

bandpass were set to ex = 3 nm and em = 1.25 nm, respectively, and the excitation 

monochromator was stepped at =3 nm. Three scans with an integration time of 0.4 

seconds/point were averaged together and were corrected by subtracting buffer excitation 

scans, point by point, taken under identical conditions.  
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3.3 Results 

3.3.1 Steady-State Absorption and Fluorescence Spectra  

The UV-Vis spectra of oxidized FAD and εFAD, plotted as extinction, are shown 

in Figure 3.5. The modification of Ade to εAde results in an increase of absorption at ~305 

nm, which is ~6 times the extinction of FAD at this wavelength (Figure 3.5, inset). As 

shown in previous comparisons between ε-adenosine (εAdo) and adenosine (Ado), the 

increase at this wavelength is a result of a red-shifted absorbance due to the etheno-bridge 

of εFAD.18 Otherwise, the spectra are nearly identical in the wavelength range of interest, 

especially at the excitation wavelength used for fluorescence measurements (ε364~8,300 M-

1cm-1). In addition, reduced FAD and εFAD have nearly the same extinction (ε364~3,500 

M-1cm-1) at the excitation wavelength (data not shown).  

Oxidized FAD and εFAD fluorescence emission spectra are shown in Figure 3.6. 

The emission of εFAD is quenched about 1.4x more than FAD, at both pHs. This is 

consistent with previous fluorescence measurements13,17 that show emission of FAD and 

εFAD are about 5x and 7x, respectively, more quenched than FMN. The maximum 

emission lies at about 520 nm, marked with a vertical line and the inset shows the 

normalized emission spectra of FAD and εFAD at pH 5.0 and 8.5. Normalization revealed 

no changes in the emission profile and line shape. 

3.3.2 Photoreduction of FAD and εFAD 

Probe emission scans for FAD and εFAD at pH 5.0 show a decrease in fluorescence 

signal after each photoreduction (PR) step (Figure 3.7). Importantly, no evidence for 

photodegradation was observed under these conditions. Lumichrome (LC), the primary 

photoproduct of FAD, has an absorption peak at the wavelength of excitation used in these 
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studies. LC is emissive and formation would result in a buildup of emission at ~460 nm 

and an isosbestic point would be evident. FAD is more photostable than FMN, requiring 

more than ten times the amount of light for similar photoproduct formation.11 As evidenced 

in Chapter 2, FMN did not show any indication of photodegradation under anoxic 

conditions. The emission maximum and overall line shape remained constant throughout 

the photoreduction period, as shown by the normalized emission spectra (Figure 3.7, inset). 

The emission scans for FAD and εFAD at pH 8.5 exhibit similar emission spectra 

throughout photoreduction and no change in line shape or emission maximum are evident 

(data not shown).   

These emission scans were integrated from 480-600 nm and each integrated 

fluorescence signal, I(t), was normalized to the integrated initial emission scan, I0, where 

at t=0, no photoreduction has occurred, representing the fully oxidized emission. The 

temporal fluorescence signals, I(t)/ I0, are shown for FAD and εFAD at pH 5.0, with 

calculated error bars (Figure 3.8). εFAD at pH 5.0 shows slightly faster photoreduction 

than FAD. FAD and εFAD show similar results at pH 8.5 (Figure 3.9), with εFAD 

undergoing slightly faster photoreduction.  

Comparisons of FAD (top) at pH 5.0 and pH 8.5 along with εFAD (bottom) at pH 

5.0 and pH 8.5 are shown in Figure 3.10, with error bars omitted for clarity. For both FAD 

and εFAD, slightly faster photoreduction is observed at pH 5.0 (solid lines), when 

compared to pH 8.5 (dashed lines).  This pH-dependence suggests that the protonation of 

the anionic semiquinone is limiting the rate of photoreduction.  
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3.4 Discussion 

The overall objective of this study was to characterize the photoreduced flavin 

cofactor, FAD, and εFAD. Like the photoreduction studies of FMN presented in Chapter 

2, no fluorescence is observed for photoreduced FAD and εFAD. This clearly points to a 

very low emission quantum yield for both FADH2 and FADH−, at pH 5.0 and 8.5, 

respectively, and εFADH2 and εFADH−, at pH 5.0 and 8.5, respectively, as the emission 

maxima for the reduced species should be different from the oxidized. The slower rate of 

photoreduction is to be expected, as suggested above. 

Previous TA studies by our group have shown that the excited state decay of 

oxidized εFAD differs from that of FAD.13 Not only are the decay rates different, but, for 

εFAD, some population (~30%) of those in the stacked conformation can bifurcate via 

intersystem crossing to the triplet state (green dashed arrow, Figure 3.3). As the 

photoreduction mechanism of flavins in the presence of EDTA occurs via the triplet state 

(Figure 3.2), we hypothesized that εFAD would undergo more facile photoreduction, 

compared to FAD. Based on the results presented here, εFAD photoreduces slightly faster 

than FAD, at both pH 5.0 and pH 8.5, and could be attributed to the enhanced triplet 

formation of εFAD*. 

For both FAD and εFAD, faster photoreduction was observed at pH 5.0, compared 

to pH 8.5. This could be attributed to the protonation of the anionic semiquinone (ASQ). 

At pH 8.5, the N5 of the isoalloxazine ring is not as readily protonated (pKa=8.3), which 

could slow down the photoreduction by creating a kinetic bottleneck at this step (Fl•−  

FlH•). Without fast protonation, relaxation of the triplet to the ground state (T1  S0) is 

more likely to occur, and, in turn, photoreduction would be less probable.  
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3.5 Conclusions 

The stacked conformation of FAD in solution is similar to FAD bound within some 

flavoproteins, namely PLs/CRYs, which are of interest to our group. The steady-state 

investigation presented here, along with the previously measured transient absorption 

study, provides insight into the excited state dynamics of FAD and εFAD. The faster 

photoreduction of εFAD can be attributed to the higher triplet quantum yield of the stacked 

conformation. The lack of any new emission features upon photoreduction suggest that the 

emission quantum yields of reduced FAD and εFAD are extremely low, and possibly even 

lower than for reduced FMN. 
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Figure 3.1: Redox States of Flavin. Relevant protonation states of the isoalloxazine 
(flavin) ring are shown in the oxidized, one-electron reduced (SQ/ASQ) and two-electron 
reduced (HQ/AHQ) states. 
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Figure 3.2: Structures of FAD and εFAD. Top: Structure of FAD with Ade and εAde 
moieties boxed. Bottom: Protein-bound FAD from crystal structures of E. coli PL (PDB: 
1DNP)6 and E. coli thioredoxin reductase (PDB: 1TDF)7, representing stacked (left) and 
unstacked (right) conformations, respectively. The flavin (C5) to adenine (N1) distances are 
shown (dashed line). Crystal structures were rendered in Chimera 1.13.1. 
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Figure 3.3: Excited State Decay Pathways of FAD and εFAD. Photoexcitation (purple 
arrows) and subsequent excited state decay pathways of the stacked (green arrows, left) 
and the unstacked (red arrows, right) conformations are shown as modeled in Jacoby et 
al.13 Solid arrows represent pathways of FAD and εFAD and the dotted arrow represent 
those unique to εFAD, namely bifurcation of stacked εFAD to the triplet (T1) state. The 
stacked “quenching” states (Q1 and Q2) represent ET and BET, for εFAD, and unassigned 
decay via possible conical intersection, for FAD, and are therefore not labeled explicitly. 
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Figure 3.4: Mechanism of Flavin Photoreduction with EDTA. In the presence of 
exogenous reducing agent, EDTA, photoexcitation of the flavin and subsequent 
intersystem crossing (ISC) to the triplet state results in photo-induced reduction of the 
flavin.20 
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Figure 3.5: Absorption Spectra of Oxidized FAD and εFAD. The extinction of FAD 
(black) and εFAD (red) vs. wavelength are shown at pH 5.0 (solid line) and pH 8.5 (dashed 
line) for comparison, highlighting spectral differences due to the εAde (inset). The 
wavelength of excitation (λex=364 nm) used in the fluorescence measurements is depicted 
with a vertical line (magenta).  
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Figure 3.6: Fluorescence Emission Comparison of FAD and εFAD. Emission spectra 
and relative intensities of oxidized FAD (black) and εFAD (red) at pH 5.0 (solid line) and 
pH 8.5 (dotted line) are shown. Normalized emission spectra are shown (inset) for 
comparison of spectral line shape and emission wavelength. The maximum emission, 
λem=520 nm, is shown on the plot (gray, dashed line). 
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Figure 3.7: Emission Spectra of FAD and εFAD at pH 5.0 Throughout 
Photoreduction. Emission scans of FAD (top) and εFAD (bottom) at pH 5.0 throughout 
photoreduction (PR). Normalized spectra are shown (inset) with a reference line (dashed, 
vertical line) of emission wavelength, λem=520 nm.   
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Figure 3.8: Photoreduction Emission Decay of FAD and εFAD at pH 5.0. The 
normalized emission intensities are shown for FAD (black) and εFAD (red) as a function 
of photoreduction time. The first few data points are shown (inset) on a log scale for better 
comparison. 

  



73 
 

0 100 200 300 400 500 600
0

0.2

0.4

0.6

0.8

1

N
o

rm
a

liz
ed

 In
te

g
ra

te
d 

In
te

ns
iti

es
 (

I/I
0)

Photoreduction time (s)

 FAD pH 8.5
 FAD pH 8.5

0 50 100 150 200

0.1

1

 

Figure 3.9: Photoreduction Emission Decsay of FAD and εFAD at pH 8.5. The 
temporal fluorescence signal of FAD (black) and εFAD (red) at pH 8.5 during 
photoreduction. The inset shows the first ~225 seconds of photoreduction on a logscale. 
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Figure 3.10: Photoreduction Comparison of FAD and εFAD. The emission intensities 
during photoreduction are shown for FAD (top) and εFAD at pH 5.0 (solid line) and pH 
8.5 (dashed line). The insets show the first ~225 seconds of photoreduction.  
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CHAPTER 4 

CHARACTERIZATION OF THE DNA REPAIR FLAVOENZYME: DNA 

PHOTOLYASE 

 

4.1 Introduction 

Flavoproteins are enzymes that bind flavins, namely flavin mononucleotide (FMN) 

and flavin adenine dinucleotide (FAD), as cofactors and are responsible for a wide variety 

of biological functions. Some of these proteins utilize light to function and catalyze 

reactions. These blue-light photoreceptors are generally classified into three families: light-

oxygen-voltage sensing (LOV) domains, blue-light sensing using FAD (BLUF) domains 

and, of particular interest here, the cryptochrome/photolyase family (CRY/PL, or 

CPF).1,2,3,4  

One of these CPF proteins is DNA photolyase (PL), a monomeric DNA-repair 

enzyme that catalyzes the repair of ultraviolet (UV)-damaged DNA.5 DNA repair is 

essential for life, as mutations, including UV-damage, can be detrimental. In an 

environment with increased UV radiation, absorption by DNA can cause adjacent 

pyrimidines to photocyclize, forming cyclobutane pyrimidine dimers (CPDs), shown in 

Figure 4.1.6,7  

As shown by the crystal structure of Anacystis nidulans photolyase bound to DNA 

substrate (Figure 4.2, PDB:1TEZ),8 the catalytic FAD cofactor is non-covalently bound in 

the C-terminal α-helical domain, in proximity to where substrate binding occurs. This 

catalytic FAD is conserved across all known photolyases. The N-terminal domain binds a 

second cofactor, a light-harvesting antenna that transfers the energy to the catalytic cofactor 
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upon absorption. This second cofactor can be another FAD molecule, deazaflavin or folate 

and varies depending on the organism from which the PL is isolated.9,10,11,12  

In the presence of PL, the CPD lesion is base-flipped out of the double helix to 

access and repair the damaged DNA.13,14,15 For DNA repair to occur, DNA photolyase 

binds the dimer substrate and, in the presence of blue-light, repairs it via photoinduced 

electron transfer (PET) from the catalytic, reduced FAD.15,14 Electron transfer processes 

are exponentially dependent on temperature as shown by the Marcus equation (Equation 

4.1).16  

𝑘 =  
ℏ

𝑒
√

𝑒
( ∘ )

 (Equation 4.1) 

Interestingly, photolyase has been found across all domains of life and vastly 

different environmental niches. The Stanley group and others have cloned and 

overexpressed PLs from mesophiles, hyperthermophiles and psychrophiles.17,18,19,20 While 

the protein sequence and light-harvesting antenna chromophore of DNA photolyases vary 

by species, the catalytic FAD cofactor and structural motif are conserved, even within 

extremophiles. This can be used as a platform to understand how Nature adapts enzymes 

to extreme environments.  

Here, the thermal stability, specifically denaturation temperature (Tm), of 

photolyase from hyperthermophilic archaea Sulfolobus solfataricus (SsPL) is explored. A 

mutant (SsPL-Q39L), which inhibits binding of the second FAD cofactor, is compared to 

wt-SsPL and analysis shows destabilization in the absence of the antenna chromophore. To 

investigate this further, published crystal structures of PLs were used to investigate 

cofactor-protein contacts. Fluorescence spectroscopy was utilized to assess the base-
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flipping of DNA substrate (CPD) and PL-DNA interaction of both SsPL-Q39L along with 

mesophilic Escherichia coli PL reconstituted with only the catalytic FAD, rEcPL.  

Although functionally different, the CRY/PL family of proteins share structural 

homology.21,10 Whereas PLs repair CPDs, (6-4) photolyases (6-4 PLs) are responsible for 

repairing a different type of UV-damaged DNA, namely (6-4) pyrimidine-pyrimidone 

photoproducts (Figure 4.1).22 On the other hand, cryptochromes (CRYs) regulate gene 

transcription via blue-light sensing, involved in processes like circadian (blue light) 

signaling in plants and animals.1 They are often referred to as PL-like proteins that lack or 

have reduced DNA repair activity. A subset of CRYs, referred to as CRY-DASH, consists 

of CRY proteins that can repair single-stranded DNA.23,24 Although PLs and 6-4 PLs are 

not functionally the same as CRYs, they are structurally homologous. All CRY/PLs 

possess the same overall structural motif of the two domains: housing the conserved 

catalytic FAD is the C-terminal α-helical domain and the N-terminal domain binds the 

antenna cofactor.  

In addition to the overall structural homology, a highly conserved salt bridge 

between aspartate and arginine (Asp-Arg) is found in all CRY/PL structures available to 

date. This salt bridge is thought to stabilize the semiquinone radical at the flavin C4a atom. 

A conserved N5-proximal residue has also been of interest, postulated to regulate redox 

and, specifically, FAD semiquinone reactivity, as well as its protonation state. This residue 

is conserved in PLs (Asn) and in CRYs (Asn/Asp/Cys). It is thought to be involved in 

tuning the reactivity of the semiquinone at N5 by adjusting the protonation state (residue 

dependent), discussed in more detail below.25 Through time resolved serial femtosecond 

X-ray crystallography, recent studies show redox-dependent structural changes around the 
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cofactor, including salt bridge- and Asn-distances.26 Through crystal structure analysis, we 

examine distances between these conserved features to discern any structural changes as a 

function of organism growth temperature. 

As discussed, PL repairs DNA via electron transfer. The details of the forward 

electron transfer in PL are not well understood, and conflicting views of the mechanism by 

which this proceeds. The PL-bound structure of FAD is unique in that the adenine and 

flavin moieties are stacked and in close proximity, unlike many other FAD-dependent 

proteins, which bind FAD in an extended configuration. As mentioned, the rate of electron 

transfer is exponentially dependent on temperature, but it is also dependent on the donor-

acceptor distance, rDA.16 Although the flavin is close enough to the CPD that direct ET 

(through space) is possible, the positioning of the adenine and its distance to the CPD has 

raised questions of its involvement in this process. Some have postulated that adenine can 

act as a true acceptor/donor intermediate, while others have hypothesized that this may 

occur through tunneling or superexchange through the adenine.27,28  

Although this issue is still up for debate, the catalytic FAD cofactor and its 

conserved binding configuration are crucial. Functionally, both temperature and distance 

affect the ET process and, for this reason, we have examined the distance between the 

flavin and adenine of PLs and ultimately correlated these distances with the growth 

temperatures of the organisms from which they were isolated.  

4.2 Material and Methods 

4.2.1 Growth and Overexpression of DNA Photolyase 

EcPL was overexpressed in MS09 cells purchased from the Yale University Cell 

Bank, as previously described.20 The phr gene for Sulfolobus solfataricus was previously 
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cloned into the pET14b vector and the mutation of the phr gene for Sulfolobus solfataricus 

to yield the SsPL-Q39L was previously mutated and cloned into the pET14b vector.29 The 

plasmids were transformed into Rosetta 2 DE3 competent cells (EMD Millipore) and 

plated onto LB-ampicillin (LB-amp) agar plates and incubated at 37°C until single colonies 

could be selected, typically about 16 hours. 

From the agar plates, single colonies were selected to inoculate sterile 3 mL LB-

amp culture and grown for ~6-8 hours at 37°C in a shaker at 250 rpm. From this, several 

25 mL LB-amp cultures were inoculated with 100 μL and grown overnight, about 16 hours, 

under the same conditions. Each culture was pelleted by centrifugation at 2,000x g for 15 

min and resuspended in fresh LB-amp, before inoculating 1 L LB-amp cultures with ~10 

mL of the overnight outgrowth. 

The 1 L cultures were monitored for growth at 600 nm using an Agilent 8452A or 

8453 Diode Array Spectrophotometer and were induced with 1 mM isopropylthio-β-

galactoside (IPTG) once an optical density of 0.6–0.8 was obtained. After induction, 

growth was monitored every 45 min and SDS-PAGE gel samples were also obtained at 

these time points to confirm overexpression. Once growth plateaued, typically ~4 hours 

after induction, cells were harvested by centrifugation at 6,000 rpm for 30 min. The cells 

were then homogenized on ice in lysis buffer and flash frozen in liquid nitrogen, before 

storing at -80°C. Typical yield obtained for overexpression was 4–8 g/L of wet cells.  

4.2.2 Purification of DNA Photolyase 

Frozen, homogenized cells were thawed at 4°C. Cells were stirred and incubated 

with 0.5 mg/mL recombinant human lysozyme (Lysobac, Invitria), 1 mM PMSF, trace 

RNAse and 0.05% (v/v) Triton X-100 for ~20 min at room temperature. Cell debri was 
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removed by pelleting via centrifugation at 16,000 rpm for 30 min at 4°C. To remove low-

molecular weight proteins, an ammonium sulfate precipitation (65%, 0.43 g/mL) was 

performed on the lysate supernatant. The pellet was resuspended in minimal Buffer A (50 

mM HEPES 50 mM NaCl 10 mM BME 10% glycerol pH 7.0) and desalted (PD 10 

desalting columns, GE Healthcare) at 4°C for buffer exchange and removal of ammonium 

sulfate. These samples were immediately purified, as described below. 

All purification processes were performed in a cold box at 4°C. Using a Blue 

Sepharose column equilibrated with Buffer A, the crude sample was loaded onto to the 

column using an EconoPump (BioRad). The column was washed with ~3 column volumes 

of Buffer B (50 mM HEPES 100 mM KCl 10 mM BME 10% glycerol pH 7.0) to remove 

any non-specifically bound proteins or contaminants. A gradient elution was performed 

from 100% Buffer B to 100% Buffer C (50 mM HEPES 2 M KCl 10 mM BME 10% 

glycerol pH 7.0) over ~3-5 column volumes. Eluant was collected in small fractions, ~2 

mL, and each fraction was individually analyzed via UV-Vis spectroscopy. Both the wash 

and gradient elution were performed using a BioRad Workstation. 

Fractions containing PL were buffer exchanged into Buffer A using PD-10 

desalting columns and then loaded onto a Heparin Sepharose 6 Fast Flow (GE Healthcare) 

column equilibrated with Buffer A. The column was then washed with ~3 column volumes 

of Buffer B. PL was eluted using a gradient from 100% Buffer B to 100% Buffer D (50 

mM HEPES 1 M KCl 10 mM BME 10% glycerol pH 7.0) over ~3-5 column volumes. 

Fractions (~2 mL) of the eluant were collected and were analyzed via UV-Vis.  

Those containing PL were concentrated and buffer exchanged into Buffer M (50 

mM MOPS 100 mM KCl 100 mM EDTA 10 mM TCEP 10% glycerol) using a PES 
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centrifugal concentrator with a 30 kD molecular weight cutoff (VivaSpin, Sartorius). 

Samples were aliquoted, flash frozen and stored at -80°C until needed. Lysis and both steps 

of the purification were verified via SDS-PAGE. Typical protein yields were ~0.5 mg/g of 

wet cells. 

4.2.3 Oxidation of Photolyase Samples 

As discussed previously, flavins have different spectroscopic properties depending 

on their redox state and this holds true for our denaturation, as these experiments are carried 

out via fluorescence spectroscopy. For example, if FADH− is released from the protein and 

is simultaneously being oxidized by the solvent, its emissive properties would change due 

to both the release from the protein as well as change in oxidation state. This would also 

produce a different result from cofactor bound in the SQ or oxidized form. Samples with 

mixed oxidation states proved difficult to analyze and deconvolute. In addition, repair of 

DNA substrate occurs from the flavin reduced state, and repair must be avoided for the 

base-flipping experiments presented in this work. Therefore, the FAD(s) must be fully 

oxidized prior to utilizing for these experiments. 

For purified SsPL and SsPL-Q39L, oxidation was achieved by stirring with ~1000x 

molar excess of potassium ferricyanide overnight (~16 hrs) at 4°C in 0.55 M trehalose 50 

mM HEPES (pH 7.0). Protein concentrations were ~30-40 uM. 

Different oxidation conditions were necessary for EcPL and rEcPL, as the 

conditions used for thermophilic PL did not show complete oxidation without significant 

loss in the MTHF antenna cofactor. Low concentrations (~20-30 μM) of EcPL containing 

~25x molar excess potassium ferricyanide in 0.55 M trehalose 50 mM HEPES (pH 7.0) 

was prepared in a low volume cuvette. This procedure was adapted from Wilson et al.13 
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and photo-oxidation was performed by placing a yellow LED lamp (Phillips, 8 W/125 mA 

bulb) about 2 inches from the top of the cuvette until oxidation was achieved, ~5 minutes. 

The measured output of the bulb was ~4 mW. The oxidation was monitored via UV-Vis 

spectroscopy.  

The ferricyanide was removed, in the case of all PL samples, by buffer exchanging 

into sample buffer via centrifugal filtration (10 kD Microcon, EMD Millipore). 

4.2.4 Thermal Denaturation of DNA Photolyase 

Sample buffer contained 50 mM HEPES (pH 7.0) 100 mM KCl, 10 mM BME, 10% 

glycerol. Samples were prepared in a low volume fluorescence cuvette and the 

concentrations were 5 μM with respect to FAD (2.5 μM SsPL, 5 μM SsPL-Q39L and 5 μM 

EcPL). Light mineral oil (1-2 mm) was added to the top of the sample to prevent 

evaporation and the cuvette was loosely capped. 

Fluorescence measurements were acquired with PTI QuantaMaster-3 fluorimeter 

(Horiba) with single-photon detection, a temperature-controlled cuvette holder (Quantum 

Northwest), and a 75W Xe arc lamp (Ushio). The cuvette chamber was purged with N2 gas 

to reduce fog on the windows of the cuvette until the dew point was reached. Emission 

scans were taken by exciting the sample at 450 nm (ex = 4 nm) and measuring the 

emission from 480 nm to 680 nm. Emission spectra were obtained at 0.5°C increments 

from 2°C-90°C, for SsPL and SsPL-Q39L, and 2°C-70°C, for EcPL. The sample was 

equilibrated at each temperature point for ~2.5 min before acquiring the emission scan to 

ensure equilibrium was achieved. For EcPL samples containing MTHF, emission spectra 

with excitation at 384 nm was also performed and the emission was measured from 405 

nm to 680 nm under the same conditions described above. 
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To correct for any temperature-dependent fluctuations of the emission intensity, 

control experiments with 5 μM FAD were also taken under the same conditions as 

described above. This data was then used to correct the emission scans of PLs. MTHF (5 

uM) was also obtained as a control for the 384 nm excitation of EcPL. Thermal degradation 

of MTHF was observed, therefore 5 uM MTHF was thermally degraded at ~90°C for 15 

minutes and degradation was monitored via UV-Vis. The temperature-dependent emission 

spectra of thermal degradation of MTHF were obtained under the conditions described 

above. 

4.2.5 Base Flipping Assay 

The sequences used for the base flipping experiments are shown below, with the 

important bases/modifications shown in bold. The T<>T indicates the presence of a CPD 

and the A* indicates the position of the 2-aminopurine (2-Ap) fluorescent base analog. 

CPD  5’ – GCAAGT<>TGGAG – 3’  

T1V1  5’ – GCAAGTTGGAG – 3’ 

2-Ap  3’ – CGTTCAA*CCTC – 5’ 

The double stranded CPD substrate (dsCPD/2-Ap) was prepared using 500 nM 2-Ap oligo 

and 700 nM CPD to ensure each 2-Ap containing strand was complemented by a CPD 

containing strand. The DNA was annealed in 50 mM KCl by heating to 70°C for 10 minutes 

and allowing to cool slowly to room temperature. The same concentration ratio and 

annealing procedure was used to prepare the undamaged duplex, dsT1V1/2-Ap. 

SsPL-Q39L and rEcPL samples were oxidized and buffer exchanged, as described 

above, into sample buffer prepared with 50 mM phosphate (pH 7.4), 100 mM KCl, 100 

mM EDTA, 10 mM DTT and 20% glycerol (Buffer T). The concentration of PL was 
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determined by UV-Vis. Samples of 700 nM PL containing the duplexed DNA substrate, 

dsCPD/2-Ap (700 nM/500 nM), were prepared in a 10 mm x 4 mm quartz fluorescence 

cuvette and used immediately. 

Fluorescence measurements were acquired using a PTI QuantaMaster-3 fluorimeter 

(Horiba) with single photon detection and a 75W Xe arc lamp (Ushio). The emission 

spectra were acquired exciting the sample at 310 nm (Δλex=4 nm) and measuring the 

emission from 330-600 nm (Δλem=4 nm) with 2 nm step size. All measurements were taken 

at 20°C using a temperature-controlled cuvette holder (Quantum Northwest). Each 

measurement was taken in triplicate and the scans were averaged by the software 

(FeliX32). Samples with only PL (700 nM), only dsCPD/2Ap (700 nM/500 nM) and buffer 

spectra were also obtained under the same parameters as controls. The spectra were 

corrected for emission of the buffer. 

4.2.6 Structural Analysis of Flavoenzymes 

All PDB files were obtained from the RCSB PDB database. Hydrogen bond 

interactions were calculated in Chimera (1.13.1, UCSF). The H-bond constraints were 

relaxed by 0.4Å and 20°. Noted in the latter sections, any protein sequence alignments were 

performed using Align (UniProt) and protein sequence parameters were determined using 

ProtParam (Expasy, Swiss Institute of Bioinformatics). Any structural alignments noted 

were performed using MatchMaker (Chimera 1.13.1, UCSF).  

The distance measurements were calculated in Chimera. The flavin-adenine 

distance of FAD was measured between C9 of the isoalloxazine ring and the N1a of the 

adenine, which represents the closest approach between the flavin and adenine moieties.  
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The distance between the two amino acids that form the salt bridge near the 

catalytic FAD was measured from the carbon of the carboxylic acid of aspartate (Asp) and 

the carbon of the guanidino group of arginine (Arg). In addition, the distance between the 

isoalloxazine ring and the Asp and Arg were measured. For Asp, the distance was 

calculated from the carboxylic carbon to N3 of the flavin ring. The distance between the 

guanidino carbon and the C4a of the isoalloxazine ring was measured.  

Asparagine (Asn)-flavin distance was measured from the amide carbon and the 

carbonyl oxygen to N5 of the isoalloxazine. These measurements provide a picture of 

whether or not the protein structure is changing along with the FAD structure, within the 

subclasses of CPF, within CPF as a whole and respective to growth temperatures. 

4.3 Results and Discussion 

4.3.1 Destabilization of the Catalytic Cofactor of SsPL-Q39L Mutant 

Here, our goal was to determine the denaturation temperature of a thermophilic PL 

(SsPL) from hyperthermophilic archaea, Sulfolobus solfataricus, along with the antenna-

less mutant, SsPL-Q39L. To assess the thermal denaturation temperatures of PL, the use of 

fluorescence spectroscopy was employed. The fluorescence of PL-bound FAD is quenched 

due to the FAD-side chain interactions, particularly tryptophan (Trp) residues. 

Interestingly, PLs are rich in Trp, having upwards of 14 Trp residues for a ~470 residue 

protein. Upon heating, the non-covalent interactions between the protein and FAD are 

weakened and eventually diminished when denatured. The reduced interactions and release 

of the FAD result in an increase in fluorescence.  

 For SsPL and SsPL-Q39L, the emission spectra at each temperature were 

integrated, corrected for temperature-dependent emission of FAD, and then normalized for 
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comparison. The integrated emission spectra at temperatures between 2°C and 90°C are 

shown in Figure 4.4. The temperature-dependent integrated emission spectra of FAD are 

shown as a contour plot in Figure 4.5 (top), for comparison.  

There are two transitions of the integrated area for SsPL occur at 55°C and 76°C, 

where the plateau between the two is ~65°C. SsPL-Q39L only contains the catalytic 

cofactor, hence only one transition is observed, resulting in a Tm ~ 65°C.  

For SsPL, the lack of the plateau at high temperatures suggests that the protein is 

not fully denatured within this temperature range (≤ 90°C). If we assume, however, that 

the signal at 90°C is the endpoint of denaturation, the point at which the curve for SsPL 

plateaus and the midpoint of the curve for SsPL-Q39L are both ~65°C. However, the 

plateau suggests that each cofactor in SsPL is released sequentially and that there is no 

simultaneous denaturation of the catalytic and antenna cofactor domains. The melting 

temperatures of SsPL are 55°C and 76°C, whereas for SsPL-Q39L it is 65°C. If we assume 

that the catalytic domain melts at the highest temperature observed, then binding of the 

antenna cofactor increases the melting temperature, ~10°C, and thus stabilizes the protein. 

These results suggest destabilization may occur in the absence of antenna cofactor 

and to further explore this possibility, we have turned to crystallographic data to gain 

insight. Photolyases from Thermus thermophilus (TtPL) and Methanosarcina mazei 

(MmPL) have both been crystallized with and without antenna cofactors. Both MmPL and 

TtPL bind the antenna chromophore, 8-hydroxy-5-deazaflavin (8-HDF). Thermus 

thermophilus is a thermophilic bacterium that can grow between 50-82°C while 

Methanosarcina mazei is a mesophilic archaeon that grows between 20-40°C. To quantify 

the interactions that may lead to stabilization, we analyzed H-bonding of the cofactors, 
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where total H-bonding interactions represents both the intermolecular and intramolecular 

H-bonds. In addition, the number of waters near the cofactor was quantified, subsequently 

removed and H-bonding interactions were re-calculated in the absence of water. This was 

performed for the crystal structures with and without antenna present at the catalytic 

cofactor. For crystal structures containing the antenna cofactor, these interactions were also 

analyzed at the antenna cofactor. These results are presented in Table 4.1.  

In the absence (PDB: 2XRY)30 and presence of antenna 8-HDF (PDB: 4CDN),31 

34 and 32 hydrogen bonding interactions were made with the catalytic cofactor, 

respectively. Removing water molecules reveals that intermolecular interactions at the 

catalytic FAD increases by one when the antenna is bound. In addition, there are 14 H-

bonding interactions at the antenna cofactor (excluding water). For TtPL crystallized with 

(PDB: 2J07)32 and without antenna cofactor (PDB: 1IQR),18 we find that the catalytic FAD 

exhibits 25 and 19 H-bonding interactions (16 and 17 excluding water molecules), 

respectively. Although the total number of interactions exhibits 1 more interaction in the 

case of antenna bound PL, the distribution between inter- and intramolecular interactions 

is changed. Antenna-bound TtPL exhibits 2 more intramolecular interactions and 1 less 

intermolecular interaction, compared to those without antenna. The 8-HDF is involved in 

14 H-bonding interactions (excluding water). Although the differences in the number of 

cofactor-protein interactions of the catalytic FAD may be negligible, destabilization of the 

protein within the antenna binding site could affect the stability of these proteins at the 

catalytic cofactor, especially when heated.  

In addition, negligible differences in overall structure are observed when the 

structures of TtPL (PDB: 1IQR and 2J07) are aligned with an RMSD ~0.32 Å. No major 
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structural changes are observed with regard to overall structure and catalytic FAD 

geometry. For the crystal structures of MmPL, the RMSD value of the structure alignment 

of the antenna-bound and the antenna-less protein is ~0.45 Å. Within 5 Å of the antenna 

binding site, antenna-less MmPL is populated with 22 water molecules, along with sulfate. 

This is in comparison to the 6 waters present in the binding site when 8-HDF is bound. The 

antenna binding site of TtPL has 10 water molecules and phosphate in the absence of 

antenna cofactor, compared to 7 waters when 8-HDF is bound. This could suggest that 

water molecules can interact at the antenna cofactor binding sites and possibly stabilize the 

protein under the crystallization conditions. It also suggests that for the thermophilic TtPL, 

protein tertiary structure may be more compact, and does not allow as much solvation in 

the cofactor binding pocket or has no need because the protein-protein interactions are rigid 

enough to stabilize the vacant cofactor binding pocket. To explore this further, we have 

explored the denaturation temperatures of thermophilic SsPL to the mesophilic PL of E. 

coli (EcPL). 

4.3.2 Assessing the Thermal Stability of a Thermophilic and Mesophilic 

Photolyase 

To investigate the stability of PLs with respect to growth temperature, the melting 

temperatures of PLs from mesophilic and thermophilic organisms are determined. Since 

destabilization occurs in the absence of antenna cofactor, only the denaturation of SsPL, 

presented above, is compared to EcPL.  

To probe solely the catalytic FAD of EcPL, the samples were excited at 450 nm. 

This data was integrated, corrected for the temperature-dependent emission quantum yield 
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of FAD and normalized, as discussed previously (Figure 4.6). The melting point of EcPL 

of the catalytic domain is ~35 ± 1°C. 

MTHF, the antenna cofactor of EcPL, absorbs at ~380 nm with an emission 

maximum ~480 nm. The flavin absorbs at this wavelength as well, but its extinction 

coefficient is smaller. In an attempt to determine the Tm of the antenna cofactor, EcPL 

samples were excited at 384 nm. A contour plot of this data is shown in Figure 4.7.  

The deconvolution of this data proved to be difficult. Below, we briefly describe 

our efforts towards analyzing this data along with an explanation of the processes which 

complicate the analysis. 

Control experiments under the same conditions were performed for FAD and 

MTHF in solution, with the hope that this data could be used to normalize the EcPL data. 

The contour plot of the FAD control experiment at λex=384 nm (bottom, Figure 4.5) closely 

resembles that of the λex=450 nm result (top, Figure 4.5). The result of the MTHF control 

experiment is shown as a contour plot (top, Figure 4.8). The fluorescence decreases over 

~2°C-20°C and begins to increase after ~50°C with blue-shifted emission, indicating 

degradation of MTHF. To determine the behavior of the degradation product, temperature 

dependent emission spectra were obtained for degraded MTHF (heated at 90°C for 15 

minutes) under the same conditions as the Tm studies (bottom, Figure 4.8). No change in 

the emission line shape was observed from 2°C-70°C although the emission intensity 

increased as the temperature increased.  

Unlike FAD, temperature-dependent collisional quenching is accompanied by 

thermal degradation of MTHF. As MTHF degrades, it initially forms a less fluorescent or 

non-fluorescent product and then forms a more fluorescent product, with respect to the 
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emission intensity of MTHF. The emission of the degradation products occurs in the same 

wavelength region as MTHF. Penzkofer’s group has observed MTHF degradation in room 

temperature samples at pH 8, over a few hours to days. They spectroscopically 

characterized these thermal degradation products and found that MTHF first degrades to 

less fluorescent 10-formyltetrahydrofolate (FTHF) which then degrades to 10-

formyldihydrofolate (FDHF), which is more fluorescent than MTHF. The absorption 

spectrum of the MTHF sample after the Tm experiment and the thermally degraded MTHF 

sample used closely matches that of FDHF (data not shown).  

In addition, energy transfer within EcPL, from the MTHF to the FAD, is likely, as 

most of the light will be absorbed by MTHF but significant flavin emission is still observed 

before MTHF is degraded. Jorns et al.12 estimates quantum efficiency of this process to be 

~90% in the presence of FADOX, resulting in quenching of the MTHF. If this is the case, 

when MTHF is released or degraded, the fluorescence from the flavin would likely 

decrease, as long as the catalytic domain has not started to denature. The antenna domain 

seems to denature first, as seen in SsPL, but the catalytic domain starts to denature before 

melting of the antenna domain is complete. This energy transfer can also accelerate the 

photoreduction of FAD*, which would quench the emission, until the folate is released. 

These complex processes, along with the overlapping emission of MTHF with its 

degradation products and simultaneous temperature-dependent collisional quenching 

effects, cannot be accounted for with the solution-based controls carried out here. 

Therefore, we were unable to obtain a melting temperature for the antenna cofactor. Using 

the λex= 384 nm EcPL data, integration near the FAD emission maximum (530-620 nm) 

yields a Tm of ~37°C (inset, Figure 4.6), which is a similar result to that obtained at λex= 
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450 nm (~35°C). The slight increase observed in the Tm for λex = 384 nm, although fairly 

negligible, may be due to some amount of photoreduction occurring. Although it could be 

assumed reduced flavin released from the protein into the bulk solution will be readily 

oxidized, if this is not the case (due to the presence of βME in the buffer), it could explain 

the modest discrepancy. 

Despite these challenges, presence of the antenna cofactor allows us to compare the 

melting temperature for the catalytic cofactor of EcPL to that of SsPL. As expected, the 

mesophilic PL (EcPL) has a much lower denaturation temperature for the catalytic FAD, 

36 ± 1°C, when compared to thermophilic SsPL, 76°C. The difference (~40°C) in melting 

temperatures of the catalytic FAD suggests very different cofactor binding interactions 

within the protein. Although, to-date, no crystal structure has been obtained for SsPL, a 

crystal structure of a photolyase from thermophilic archaeon (StPL), Sulfolobus tokodaii, 

has been resolved (PDB: 2E0I)19. The sequence alignment (UniProt) reveals >55% 

sequence identity and >80% sequence similarity between StPL and SsPL. This structure 

along with the crystal structure of EcPL (PDB: 1DNP)33 were used to analyze 

chromophore-protein interactions. These results are presented in Table 4.2. 

The antenna cofactor of EcPL, MTHF, is bound loosely with the glutamate tail 

extended out beyond the surface of the protein, making this cofactor more susceptible to 

degradation. MTHF has only 5 inter- and intra-molecular hydrogen bond interactions at its 

binding site. The antenna FAD of StPL is less solvent exposed and is more tightly bound, 

having 19 inter- and intra-molecular hydrogen bonds (including solvation interactions with 

water). Although we did not obtain a Tm of the antenna MTHF of EcPL, the 450 nm 
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excitation Tm data and the structural analysis suggests that this antenna cofactor does not 

contribute much to the overall stability of the protein. 

The catalytic FAD of EcPL is more solvent exposed than for StPL, having 16 H-

bonds with water, for a total of 33 hydrogen bonds, compared to 2 H-bonds with water and 

a total of 19 H-bonding interactions. Although the number of overall interactions is greater, 

EcPL has 10 water molecules <5Å from the catalytic FAD that all interact with the 

cofactor. This suggests that EcPL is more loosely bound especially at the catalytic cofactor 

binding site, allowing for solvation. In addition to more intermolecular interactions of 

FAD, StPL only contains 2 water molecules within 5Å of the catalytic FAD, suggesting 

that the protein in this region is more tightly packed and less solvent exposed than EcPL. 

Based on the entire protein structure, EcPL has 5x the number of water molecules than for 

StPL. The water molecules present in StPL make specific contacts with the protein or FAD 

molecules, whereas, in EcPL, some water molecules only form H-bonds with neighboring 

waters.  

The structural comparisons along with the thermal stability experiments reveal that 

the mesophilic PL (EcPL) is less thermally stable, as hypothesized, likely due to more 

solvated and less tightly packed structure when compared to thermophiles SsPL and StPL. 

The presence of more water molecules may lend to a less thermally stable protein, simply 

because the mesophilic structure is less dense than the thermophilic one.  

4.3.3 Base-Flipping of SsPL-Q39L Compared to rEcPL 

Damaged DNA, including CPDs, have been shown to base-flip out of the double-

helix. This was confirmed by our group with the use of a fluorescent based analog.15 PL 

was later crystallized in the presence of CPD substrate,8 revealing base-flipping into the 
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protein crystal structure (Figure 4.2). Our goal here is to characterize base-flipping by PL 

in the absence of antenna cofactor, using the thermophilic mutant SsPL-Q39L and 

mesophilic EcPL reconstituted with only catalytic FAD (rEcPL) to elucidate differences in 

substrate binding and distortion for the two enzymes.  

Using fluorescence spectroscopy and a fluorescent nucleobase analog, 2-

aminopurine (2-Ap), complementary to the CPD, it is possible to visualize the extent to 

which PL base-flips in the presence of damaged DNA. The fluorescence spectra of the 

undamaged dsT1V1/2-Ap and dsCPD/2-Ap with and without rEcPL and SsPL-Q39L, 

shown in Figures 4.9 and 4.10, respectively, were normalized to the peak of the dsCPD/2-

Ap fluorescence spectrum. The unnormalized counts are shown on the insets (Figures 4.9 

and 4.10). The spectra of dsCPD/2-Ap in the presence of PL was corrected for the catalytic 

FAD and Trp emission from the protein. 

The intensity of the spectrum of dsT1V1/2-Ap is lower than that of dsCPD/2-Ap in 

both cases. This is expected, as the CPD causes distortion (i.e., loss of base stacking) in the 

duplex DNA and therefore less quenching of the 2-Ap fluorescence. In addition, the 

dsT1V1/2-Ap is slightly red-shifted with the peak emission 373 ± 3 nm whereas the 

dsCPD/2-Ap emission peak is at 368 ± 2 nm (Table 4.3). There are no measurable changes 

in the emission maxima when PL is present, compared to the dsCPD/2-Ap, indicating there 

is not a large difference in the polarity within the duplex and at the DNA binding site of 

both PLs. The emission spectra of both PL:CPD complexes are shown in Figure 4.11 for 

comparison. The emission intensity in the presence of rEcPL is ~2x higher than for SsPL-

Q39L, but, upon normalization of the emission spectra (inset, Figure 4.11), the line shape 

is nearly identical. This could be indicative that the environment of the 2-Ap upon base-
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flipping is nearly the same, although both measurements were taken in the same aqueous 

buffer at the same temperature (20°C).   

To address changes in the fluorescence intensity, the emission spectra were 

integrated from 350-450 nm. Using these integration values, the ratio of PL:CPD complex 

to CPD only was calculated. The ratios obtained from the 350-450 nm integration were 

5.54 ± 0.42 and 2.71 ± 0.26 for rEcPL (BFrEcPL) and SsPL-Q39L (BFSsPL-Q39L), respectively 

(Table 4.3). Because no differences in emission maxima or line shape were observed, the 

ratio can serve as a measure of DNA binding and dissociation.  

Wilson et al.13 and Gindt et al.29 found that the Gibbs free energy of DNA (CPD) 

binding to EcPL is slightly more favorable than for binding to SsPL. This matches, 

qualitatively, what is observed in our experiments. In order to determine the effect that this 

~2 kJ/mol difference would have on our studies, we first assessed the binding constants. 

They report binding constants (KA) for both EcPL (KA = 1.0 x 106)13 and SsPL (KA = 5.09 

x 106)29. EcPL has about twice the binding constant when compared to SsPL, which is 

similar to the effect observed with our base-flipping data. the concentration of CPD is ~1.4x 

that of the PL, meaning that if dissociation occurs, the PL:CPD complex will readily re-

form. It should be emphasized that our steady-state measurements cannot discern binding 

from dissociation, but instead measure the average binding by monitoring the base-flipping 

of 2-Ap. A scheme for the overall reaction is shown in Equation 4.2. 

𝑃𝐿 + 𝑇 <> 𝑇: 𝐴 − 𝐴𝑝
      
⎯⎯⎯ 𝑃𝐿: (𝑇 <> 𝑇) /𝐴 − 𝐴𝑝 ∗  (Equation 4.2) 

The T<>T:A-Ap represents the CPD duplex whereas PL:(T<>T)BF represents the 

PL-bound, base-flipped CPD which increases the fluorescence of the 2-Ap, shown as A-

Ap*. The equilibrium constant for base-flipping, KBF, is defined by Equation 4.3. 
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𝐾 =
:( ) / ∗

:
  (Equation 4.3) 

If we use the values given for the Gibbs free energy of binding for EcPL and SsPL, ΔG°EcPL 

(-34.3 kJ/mol) and ΔG°SsPL (-32 kJ/mol), at 293 K, we can calculate the equilibrium 

constants, Keq, using Equation 4.4. 

Δ𝐺 = −𝑅𝑇𝑙𝑛𝐾   (Equation 4.4) 

This gives Keq values of 1.14 x 106 and 6.23 x 105 for EcPL and SsPL, respectively. For 

better comparison to our data, we can take the ratio of the Keq relative to EcPL. This yields 

a ratio, Keq(SsPL)/Keq(EcPL), of ~0.58.  

Before a comparison is made, it should be noted that our experiments used antenna-

less PL, whereas the ITC studies by Gindt et al. and Wilson et al. were performed on EcPL 

and wt-SsPL with both catalytic and antenna cofactors bound. In addition, the ΔG° values 

used for the above calculation were for that of the reduced FADH− cofactor with ssDNA. 

Although the difference in Gibbs free energy seems small, this can have a significant 

impact on the DNA-binding, especially in steady-state measurements. 

We found a ratio of BFSsPL-Q39L/BFrEcPL (0.49 ± 0.4), based on the integrated 

PL:CPD/CPD values listed in Table 4.3, meaning the magnitude of base-flipping observed 

in rEcPL is ~2x that of thermophilic SsPL-Q39L. Interestingly, this ratio is similar to the 

calculated ratio of equilibrium constants, suggesting that lack of the antenna chromophore 

may not impact the DNA-binding domain. Although direct conclusions will not be drawn 

from these analyses, one thing is clear: mesophilic substrate binding is different, and more 

favorable, when compared to thermophilic PL. As shown above, crystal structure analysis 

showed a decrease in water solvation in the case of the thermophiles, even on the surface. 

At high temperatures, collisions with surrounding molecules are more likely, thus, 
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unspecific surface interactions and/or binding might be avoided by the lack of available 

interaction sites. A crystal structure of a thermophilic PL with DNA bound has yet to be 

solved, and the strength and identity of these interactions may be the key to understanding 

the differences in binding. 

4.3.4 Correlating Intermolecular Flavoprotein Distances with Growth 

Temperature 

The goal of these analyses was to address the conserved contacts and residues near 

the flavin. If there is a correlation to different thermal environments, the magnitude of this 

adaptation will be addressed. If no correlation is apparent, we can determine their 

conservation within their subclass and the CRY/PL family.  

In addition to the overall structural motif similarities within the CRY/PL family, a 

salt bridge between aspartate and arginine (Asp—Arg) is observed. The distances for each 

subclass are shown in Tables 4.4 – 4.6, and the correlation with growth temperature for 

CPD PLs are plotted in Figure 4.13. For PL, there does not appear to be a correlation any 

of these distances with respect to growth temperature. The distance between the salt bridge 

itself is highly conserved (black, Figure 4.13). For the Arg-C4a and Asp-N3 distances, the 

correlation is less clear. Interestingly, the results for S. tokodaii, T. thermophilus and A. 

nidulans appear to have about the same distance between the Asp-N3, but the Arg-C4a 

distance decreases at higher growth temperatures. A more densely packed catalytic 

cofactor binding site, as suggested above, could explain this. Tables 4.4 – 4.6 reveal nearly 

the same average distance of the between the two salt-bridge forming residues (Asp-Arg) 

with low standard deviation. It can be assumed that this distance is essential to the structural 

integrity and possibly reactivity of these flavoenzymes. 
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The distances of Asn to the flavin are listed in Tables 4.7 – 4.9. The measured 

distances for PLs with respect to growth temperature is shown in Figure 4.14. The distance 

between the amide carbon to N5 of the isoalloxazine, Asn-N5 (C-N), was measured as a 

reference to the distance from the carbonyl oxygen to N5, Asn-N5 (O-N). The difference 

between these two distances would reveal a different orientation of the Asn. As shown in 

Table 4.7, the carbonyl of the Asn residue faces towards the flavin for all PL crystal 

structures (i.e., distance of Asn-N5 (C-N) > Asn-N5 (O-N)), except for A. nidulans (PDB: 

1QNF). This crystal structure was omitted in the average for the plot (Figure 4.14) but 

could suggest protonation or redox state differences in the crystal structure. 

As mentioned, recent time-resolved crystallography evaluated changes in the 

geometry of the isoalloxazine moiety and how they are mediated by this redox “triad”, 

upon reduction. The 1-electron reduction of the oxidized to anionic semiquinone, 

accompanied by buckling and twisting of the isoalloxazine, followed by protonation at N5 

where Arg is ascribed as the proton donor.26 Other previous work suggested that Asn is 

involved in this process.34 Although our analysis does not provide a mechanistic model, 

the distance between the Asp-Arg of the salt bridge is not only conserved throughout PLs 

but also CRYs and 6-4 PLs, and the distance to the isoalloxazine is fairly concerted. The 

differences in the Asn to flavin distance is also fairly conserved for PLs. For more insight, 

we need to look to the intra-flavin distances.  

As discussed, PLs bind FAD in a unique U-like conformation, similar to solution 

state FAD. To assess if the thermal adaptations modulate this distance, crystal structures 

of PLs were analyzed for solely the distance between the adenine and the flavin. These 

average distances are plotted respective to growth temperature of the organism (Figure 
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4.15). Interestingly, this distance decreases as growth temperature increases and a few 

hypotheses can be made from this result.  The first is that, for thermophilic PLs, this closer 

distance is indicative of the tighter packing around the catalytic FAD, as was discussed 

above. Tuning of the ET mechanism or rate by this distance is also a possibility. The 

smaller flavin-adenine distance could bias the ET towards a through-adenine mechanism 

whereas the larger distance could suggest a through-space direct ET. The crystal structures 

available for CRYs and 6-4 PLs do not encompass a wide range of growth temperatures so 

it is difficult to ascertain whether these trends seen for PLs are apparent throughout the 

family.  

4.4 Conclusions 

Here, we ascribe melting temperatures of the catalytic domain for thermophilic 

SsPL and SsPL-Q39L as 76°C and 65°C, respectively, with comparison to a mesophilic 

PL, EcPL, with a Tm of 35°C. It is evident that absence of the antenna cofactor in SsPL-

Q39L destabilizes the catalytic domain, leading to a more modest denaturation 

temperature, when compared to wt-SsPL. Crystal structures of PLs with and without 

antenna cofactor are analyzed for cofactor binding interactions, based on hydrogen bonds, 

which reveals that antenna cofactor binding can increase the number of hydrogen bonds 

present at the catalytic cofactor and that interactions of antenna cofactor may influence 

stabilization as well. Since both SsPL and EcPL both contain antenna cofactor, FAD and 

MTHF, respectively, we compared the melting temperatures at the catalytic FAD, 

revealing a ~40°C difference in the Tm. PL crystal structures of thermophilic StPL (>80% 

sequence similarity with SsPL) and EcPL were examined for hydrogen bonding 

interactions at both the catalytic and antenna cofactors. EcPL presents more intermolecular 



102 
 

hydrogen bonding of the catalytic FAD but is also more solvated with water than StPL. 

Both solvation at the cofactor binding site and the number of hydrogen bonding interactions 

impacts the melting temperature significantly. Further investigation into the residues 

involved and H-bond strengths at the cofactor binding sites could provide more insight to 

the nature of thermal stabilization.  

The magnitude of base-flipping observed for the mesophilic PL is twice that of the 

thermophile, corroborating results that reveal more favorable substrate binding in 

mesophilic PL. These studies were performed at 20°C and more experiments at various 

temperatures are necessary to discern this difference. It is possible that the binding site of 

the thermophilic PL is too rigid at this temperature and is inherently optimized for binding 

at higher temperatures. After correlation with growth temperatures, distances between the 

adenine and flavin moieties reveal shorter distances at higher temperatures, showing the 

most pronounced trend, and suggesting more dense packing around the catalytic cofactor. 

Together, these results could suggest a different mechanism of repair between the 

mesophile and the thermophile, thus resulting in differences in substrate binding.   
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Figure 4.1: UV-Induced Damage to DNA. Adjacent thymines can absorb light and 
formation of photoproducts, cyclobutane pyrimidine dimer (CPD) and (6-4) pyrimidine-
pyrimidone (6-4 PP) dimer, can occur. 
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Figure 4.2: Structure of Photolyase Bound to CPD after in situ Repair. The crystal 
structure of DNA photolyase from Anacystis nidulans (PDB: 1TEZ)8 is shown bound to 
DNA substrate (blue). The C-terminal α-helical domain is shown in purple with the 
catalytic FAD shown in yellow. The N- terminal α/β domain is shown in green with the 
catalytic cofactor, 8-hydoxy-5-deazaflavin (8-HDF) shown in red. The enlargement 
(bottom, outline in black) shows the FAD cofactor in the U-like conformation and the DNA 
lesion after in situ repair, where the two thymine are base-flipped out of the double helix 
(rendered in Chimera 1.13.1).  
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Figure 4.3: Absorption Spectra of Oxidized Photolyases. The absorption spectra of 
oxidized mesophilic E. coli photolyase (EcPL, black solid line) and EcPL reconstituted 
with only the catalytic FAD (rEcPL, black dotted line) along with thermophilic Sulfolobus 
solfataricus photolyase (SsPL, red solid line) and SsPL mutant that binds only the catalytic 
FAD (SsPL-Q39L, dotted red line) are plotted in terms of extinction.  
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Figure 4.4: Thermal Denaturation of Thermophilic Photolyase. The melting 
temperatures of SsPL (red) and SsPL-Q39L (yellow) as determined by fluorescence 
spectroscopy. The integrated emission spectra were corrected for FAD emission and 
normalized. Vertical lines indicate the transitions in the melting curves at the Tm, with each 
melting temperature indicated on the plot.   
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Figure 4.5: Temperature-Dependent Emission of FAD. The emission spectra of FAD 
are shown as a contour plot at λex=450 from 2°C-90°C (top) and λex=384 from 2°C-70°C 
(bottom). Note that the wavelength and temperature ranges are different for these two plots. 
This data was used to correct temperature-dependent flavin emission in the PL melting 
experiments.  
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Figure 4.6: Melting Temperature Determination of Mesophilic and Thermophilic 
Photolyases. The melting temperatures of the catalytic FAD of EcPL (black) and 
SsPL(red) were determined by fluorescence spectroscopy with λex=450 nm. The integrated 
(390-690 nm) emission was corrected by temperature-dependent emission of FAD and 
normalized. The inset shows a comparison of the catalytic FAD of EcPL as determined by 
excitation at 450 nm (filled circles, integrated 480-680 nm) and 384 nm (open circles, 
integrated 530-620 nm).  
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Figure 4.7: Temperature-Dependent Emission Spectra of EcPL with Excitation into 
the MTHF Antenna Cofactor. The emission spectra of EcPL are shown as a contour plot. 
The sample was excited at 384 nm.  
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Figure 4.8: Temperature-Dependent Emission of MTHF and Thermally Degraded 
MTHF. The emission spectra of MTHF (top) and thermally degraded MTHF (bottom) as 
a function of temperature are shown as a contour plot. Thermally degraded MTHF was 
heated for 15 min at 90°C before emission spectra were acquired.  
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Figure 4.9: Base-Flipping of DNA Substrate in the Presence of rEcPL Monitored via 
Fluorescence Spectroscopy. The emission spectra of dsCPD/2Ap in the presence of 
rEcPL (black) and undamaged dsT1V1/2Ap (blue) were normalized to the emission spectra 
of dsCPD/2Ap (red). The inset shows the raw emission counts of the data.  
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Figure 4.10: Fluorescence Spectra of Base-Flipping of CPD Substrate in the Presence 
of SsPL-Q39L. The emission spectra of dsCPD/2Ap (black) and dsT1V1/2Ap (blue) were 
normalized to dsCPD/2Ap (red). The raw emission intensity is shown in the inset. 
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Figure 4.11: Normalized Emission Spectra of CPD Substrate in the Presence of a 
Mesophilic and Thermophilic Photolyase. The fluorescence spectra of dsCPD/2-Ap in 
the presence of mesophilic rEcPL (solid line) and thermophilic SsPL-Q39L (dashed line). 
The spectra were normalized to the emission of dsCPD/2-Ap in the absence of PL. The 
spectra were then normalized to 1 at the peak emission (inset) for comparison of the line 
shape.  
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Figure 4.12: Temperature Dependence of Photolyase Flavin-Salt Bridge Distance. The 
Asp-Arg distance (black), Arg-C4a flavin distance (red) and Asp-N3 flavin distance (blue) 
are plotted against organism growth temperatures. 
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Figure 4.13: Growth Temperature Dependence of Photolyase Asparagine-Flavin 
Distance. The Asn-N5 distance was measured from the carbonyl oxygen (black) and the 
amide carbon (red) and to N5 of the isoalloxazine. These distances are plotted against the 
growth temperatures of the respective organism. 
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Figure 4.14: Growth Temperature Dependence of Flavin-Adenine Distance in 
Photolyases. The distance between flavin and adenine were calculated (Chimera 1.13.1) 
from crystal structures of PLs derived from various organisms. The relationship with the 
organism’s growth temperature is shown here.  
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Table 4.1: Photolyase Crystal Structure Analysis in the Absence and Presence of 
Antenna Cofactor. 

  Crystal 
structure 
without 
antenna 

 
Crystal structure 

with antenna 

 Cofactor interaction Catalytic Catalytic  Antenna  
    

Methanosarcina mazei    
Cofactor FAD FAD 8-HDF 

    
Total H-bonding interactions 34 32 23 

Intermolecular H-bonds 30 28 21 
Intramolecular H-bonds 4 4 2 

    
Total H-bonding excluding water 17 18 14 

Intermolecular H-bonds excluding water 13 14 12 
Intramolecular H-bonds excluding water 4 4 2 

 
Number of water molecules <5Å of cofactor 

 

 
16 

 
4 

 
6 

PDB 2XRY30 4CDN31 
    

Thermus thermophilus    
Cofactor FAD FAD 8-HDF 

    
Total H-bonding interactions 25 19 19 

Intermolecular H-bonds 21 13 18 
Intramolecular H-bonds 4 6 1 

    
Total H-bonding excluding water 16 17 14 

Intermolecular H-bonds excluding water 12 11 13 
Intramolecular H-bonds excluding water 4 6 1 

 
Number of water molecules <5Å of cofactor 

 

 
6 

 
2 

 
7 

PDB 1IQR18 2J0732 
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Table 4.2: Crystal Structure Comparison of a Mesophilic and a Thermophilic 
Photolyase. 

 

 

 

    
 Organism Escherichia coli Sulfolobous tokodaii 

   
Catalytic cofactor interactions   

Cofactor FAD FAD 
   

Total H-bonding interactions 33 19 
Intermolecular H-bonds 29 13 
Intramolecular H-bonds 4 6 

   
Total H-bonding excluding water 17 17 

Intermolecular H-bonds excluding water 13 11 
Intramolecular H-bonds excluding water 4 6 

   
Number of water molecules <5Å of cofactor 10 2 

H-bonds with water 16 2 
   

Antenna cofactor interactions   
Cofactor MTHF FAD 

   
Total H-bonding interactions 5 19 

Intermolecular H-bonds 5 18 
Intramolecular H-bonds 0 1 

   
Total H-bonding excluding water 5 14 

Intermolecular H-bonds excluding water 5 13 
Intramolecular H-bonds excluding water 0 1 

   
Number of water molecules <5Å of cofactor 8 7 

H-bonds with water 0 5 
   

PDB: 1DNP33 2E0I19 
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Table 4.3: Fluorescence Emission Maxima and Integrated Fluorescence Ratios of 2-
Aminopurine Containing Duplexes with rEcPL and SsPL-Q39L. 

 
   
 
 
rEcPL 

 
λemmax 

 
ICPD+PL/ICPD 

(350-450 nm) 
dsT1V1/2-Ap 373 ± 4 nm ─ 
dsCPD/2-Ap 368 ± 2 nm ─ 

dsCPD/2-Ap + PL 368 ± 1 nm 5.54 ± 0.42 
   

SsPL-Q39L   
dsT1V1/2-Ap 373 ± 3 nm ─ 
dsCPD/2-Ap 367 ± 2 nm ─ 

dsCPD/2-Ap + PL 368 ±1 nm 2.71 ± 0.26 
   

Ratio of SsPL-Q39L/rEcPL  0.49 ± 0.03 
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Table 4.4: Photolyase Flavin-Salt Bridge Distances. 

 

 

Protein 

 

Organism 

Average 
Growth T 

(°C) 

Asp-
Arg 

(Å) 

Arg-
C4a 

(Å) 

Asp-
N3 

(Å) 

 

PDB 

PL Sulfolobus tokodaii 90 4.07 4.19 3.78 2E0I19 

 Thermus thermophilus 68 4.06 4.36 3.66 1IQR18 

   4.10 4.35 3.71 1IQU18 

   4.08 4.40 3.73 2J0732 

   4.25 4.55 3.82 2J0832 

   4.14 4.40 3.82 2J0932 

 Methanosarcina mazei 39 4.06 4.31 3.37 2XRY30 

   4.17 4.30 3.41 2XRZ30 

   4.22 4.23 3.35 4CDM31 

   4.03 4.28 3.41 4CDN31 

   3.96 4.17 3.29 5ZCW35 

 Anacystis nidulans 38 4.14 4.33 3.85 1OWL36 

   4.22 4.49 3.72 1OWM36 

   4.27 4.47 3.80 1OWN36 

   4.19 4.49 3.72 1OWO36 

   4.21 4.43 3.76 1OWP36 

   4.07 4.52 3.71 1QNF37 

   4.05 4.36 4.01 1TEZ8 

 Escherichia coli 37 4.06 4.40 3.94 1DNP33 

 Oryza sativa 30 4.11 4.26 3.50 3UMV38 

       

PL 
Average 

  4.11 
± 0.04 

4.35 
±0.09 

3.67 
± 0.23 
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Table 4.5: 6-4 Photolyase Flavin-Salt Bridge Distances. 

 

 

Protein 

 

Organism 

Average 
Growth T 

(°C) 

Asp-
Arg 

(Å) 

Arg-
C4a 

(Å) 

Asp-
N3 

(Å) 

 

PDB 

6-4 PL Agrobacterium fabrum 26 4.02 4.47 3.71 4DJA39 

   4.17 4.37 3.74 6DD640 

 Agrobacterium tumefaciens 26 4.17 4.25 3.57 4U6341 

 Drosophila melanogaster 25 4.18 4.57 3.96 2WB242 

   4.21 4.62 3.68 2WQ643 

   4.17 4.62 3.68 2WQ743 

   4.23 4.55 3.68 3CVU44 

   4.09 4.50 3.73 3CVV44 

   4.08 4.66 3.80 3CVY44 

 Arabidopsis thaliana 22 4.13 4.54 3.82 3FY422 

       

6-4 PL 
Average 

  4.11 
± 0.04 

4.35 
± 0.09 

3.67 
± 0.23 

 

 

 

  



122 
 

Table 4.6: Cryptochrome Flavin-Salt Bridge Distances. 

 

 

Protein 

 

Organism 

Average 
Growth T 

(°C) 

Asp-
Arg 

(Å) 

Arg-
C4a 

(Å) 

Asp-
N3 

(Å) 

 

PDB 

CRY Synechocystis sp PCC6803 36 4.13 4.52 4.24 1NP723 

 Chlamydomonas reinhardtii 30 4.14 4.62 3.91 5ZM045 

   4.12 4.55 3.94 6FN045 

   4.20 4.74 3.93 6FN245 

   4.25 4.65 3.95 6FN345 

 Drosophila melanogaster 25 4.20 4.51 3.49 4GU546 

 Mus musculus 25 4.12 4.64 3.69 4I6G47 

 Arabidopsis thaliana 22 4.10 4.43 3.65 1U3C48 

   4.11 4.41 3.65 1U3D48 

   4.20 4.78 4.03 2IJG49 

   4.12 4.57 3.93 2VTB50 

       

CRY 
Average 

  4.16 
± 0.04 

4.58 
± 0.07 

3.73 
± 0.19 
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Table 4.7: Photolyase Flavin-Asparagine Distances. 

 

 

Protein 

 

Organism 

 

Growth 
T 

(°C) 

Asn-
N5  

(O-N) 

(Å) 

Asn-
N5  

(C-N) 

(Å) 

 

PDB 

PL Sulfolobus tokodaii 90 3.21 3.95 2E0I19 

 Thermus thermophilus 68 3.11 3.85 1IQR18 

   3.19 3.90 1IQU18 

   3.08 3.81 2J0732 

   3.62 4.11 2J0832 

   3.20 3.84 2J0932 

 Methanosarcina mazei 39 3.09 3.85 2XRY30 

   3.23 3.92 2XRZ30 

   3.16 3.95 4CDM31 

   3.19 3.92 4CDN31 

   3.25 4.12 5ZCW35 

 Anacystis nidulans 38 3.24 3.95 1OWL36 

   3.39 4.06 1OWM36 

   3.30 4.03 1OWN36 

   3.47 4.11 1OWO36 

   3.37 4.10 1OWP36 

   5.38 4.17 1QNF37 

   3.18 3.86 1TEZ37 

 Escherichia coli 37 3.33 4.06 1DNP33 

 Oryza sativa 30 3.01 3.77 3UMV38 

      

PL 
Average 

  3.27 
±0.20 

3.95 
± 0.10 
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Table 4.8: 6-4 Photolyase Flavin-Asparagine Distances. 

 

 

Protein 

 

Organism 

 

Growth T 

(°C) 

Asn-
N5  

(O-N) 

(Å) 

Asn-
N5  

(C-N) 

(Å) 

 

PDB 

6-4 PL Agrobacterium fabrum 26 5.65 4.70 4DJA39 

   5.63 4.67 6DD640 

 Agrobacterium tumefaciens 26 3.29 3.92 4U6341 

 Drosophila melanogaster 25 3.28 3.93 2WB242 

   3.20 3.85 2WQ643 

   3.13 3.82 2WQ743 

   3.22 3.91 3CVU44 

   3.37 3.94 3CVV44 

   3.12 3.85 3CVY44 

 Arabidopsis thaliana 22 2.96 3.65 3FY422 

      

6-4 PL 
Average 

  3.99 
± 0.40 

3.68 
± 1.02 
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Table 4.9: Cryptochrome Flavin-Asparagine Distances. 

 

 

Protein 

 

Organism 

 

Growth T 

(°C) 

Asn-
N5  

(O-N) 

(Å) 

Asn-
N5  

(C-N) 

(Å) 

 

PDB 

CRY Synechocystis sp PCC6803 36 3.08 3.76 1NP723 

 Chlamydomonas reinhardtii 30 3.32 43.89 5ZM045 

   5.02 3.90 6FN045 

   3.11 3.80 6FN245 

   3.34 3.92 6FN345 

 Mus musculus 25 3.36 3.99 4I6G47 

 Arabidopsis thaliana  2.83 3.53 2IJG49 

   3.29 4.03 2VTB50 

      

CRY 
Average 

  3.42 
± 0.67 

3.85 
±0.16 
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