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ABSTRACT 

 

FORMATION, DYNAMICS AND CHARACTERIZATION OF 

SUPPORTED LIPID BILAYERS ON SiO2 NANOPARTICLES 

 

by Selver Ahmed 

Doctor of Philosophy 

Temple University, 2011 

Doctoral Advisory Committee Chair: Dr. Stephanie L. Wunder 

 

This work is devoted to understanding the formation of supported lipid bilayers 

(SLBs) on curved surfaces as a function of lipid properties such as headgroup 

charge/charge density and alkyl chain length, and nanoparticle properties such as size and 

surface characteristics. In particular, the formation of SLBs on curved surfaces was 

studied by varying the size of the underlying substrate SiO2 nanoparticles with size range 

from 5-100 nm. Curvature-dependent shift in the phase transition behavior of these 

supported lipid bilayers was observed for the first time. We found that the phase 

transition temperature, Tm of the SLBs first decreased with decreasing the size of the 

underlying support, reached a minimum, and then increased when the size of the particles 

became comparable with the dimensions of the lipid bilayer thickness; the Tm was above 

that of the multilamellar vesicles (MLVs) of the same lipids. The increase in Tm indicated 

a stiffening of the supported bilayer, which was confirmed by Raman spectroscopic data.  
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Moreover, Raman data showed better lipid packing and increased lateral order and trans 

conformation for the SLBs with increasing the curvature of the underlying support and 

decrease of the gauche kinks for the terminal methyl groups at the center of the bilayer. 

These results were consistent with a model in which the high free volume and increased 

outer headgroup spacing of lipids on highly curved surfaces induced interdigitation in the 

supported lipids. These results also support the symmetric lipid exchange studies of the 

SLBs as a function of the curvature, which was found to be slower on surfaces with 

higher curvature. 

Further, the effect of surface properties on the formation of SLBs was studied by 

changing the silanol density on the surface of SiO2 via thermal/chemical treatment and 

monitoring fusion of zwitterionic lipids onto silica (SiO2) nanoparticles. Our findings 

showed that the formation of SLBs was faster on the surfaces with lower silanol density 

and concomitantly less bound water compared to surfaces with higher silanol density and 

more bound water. Since the two SiO2 nanoparticles were similar in other respects, in 

particular their size and charge (ionization), as determined by zeta potential 

measurements, differences in electrostatic interactions between the neutral DMPC and 

SiO2 could not account for the difference. Therefore the slower rate of SLB formation of 

DMPC onto SiO2 nanoparticles with higher silanol densities and more bound water was 

attributed to greater hydration repulsion of the more hydrated nanoparticles.  

Lastly, we have investigated the effect and modulation of the surface charge of 

vesicles on the formation of SLBs by using different ratios of zwitterionic and cationic 

DMPC/DMTAP lipids. Through these studies we discovered a procedure by which 

assemblies of supported lipid bilayer nanoparticles, composed of DMPC/DMTAP (50/50) 
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lipids on SiO2, can be collected and released from bilayer sacks as a function of the phase 

transition of these lipids. The lipids in these sacks and SLBs could be exchanged by lipids 

with lower Tm via lipid transfer. 

 

 iv



ACKNOWLEDGMENTS 
 
 

 
Many people have contributed to the work presented in this dissertation. 

Foremost, however, I would like to thank my advisor Prof. Stephanie L. Wunder for her 

support and mentorship throughout my years at Temple University. Working under her 

supervision has been a valuable and wonderful experience. Prof. Wunder’s enthusiasm 

for new research explorations and discovery, her scientific curiosity and ability to invoke 

new ideas is something I will cherish and will always influence my career. I would like 

also to thanks Prof. Wunder for her kindness and understanding and for her personal and 

professional advice. 

I am extremely grateful to our collaborators: To Prof. Geoffrey D. Bothun, from 

University of Rhode Island, whom I met in my first ACS conference, who believed in me 

and agreed to start a collaboration. To his student Dr. Yanjing Chen who helped us with 

the cryo-TEM images. Special thanks go to Dr. Zhorro Nickolov, from Drexel University 

for his kindness and agreement to collaborate and use his Raman Spectrometer as well as 

for his help and valuable discussions.  

I would like to thank Prof. Daniel Strongin for being very kind to me and letting 

me use his DLS and ATR-FTIR in his lab and also for agreeing to be in my committee. 

Many thanks go also to the students in his group, especially to Doug, Riley, Alex, Andro, 

for being kind and nice to me all those times in their lab, and don’t minding to open the 

door for me so many times in all those years.  

I would like to thank also to Prof. Marc Ilies, who also let me use his instruments 

such as DLS and Zeta sizer as well as DSC few times and for agreeing to be in my thesis 

 v



committee, and greatly appreciate the valuable discussions over the years that we had 

from science to everything else. 

Special thanks go to Prof. Spiridoula Matsika, which I admire a lot, for being in 

my committee and agreeing to write a recommendation letter for me. 

Furthermore, I appreciate the company of the former senior graduate students, Dr. 

Rauhul Ranade, Dr. Hanjun Zhang, Dr. Luna Zhang, Dr. Sunil Kulkarne and Dr. Rajesh 

Madathingal and current students: Yelena, Hairong, Rao, Dimitry, Sushma and new 

undergraduate students Javic and Kristina and many other undergrads that I had in tough 

and enjoyable times. Thank you all! 

I would like to thank also Dr. John Michel and Dr. Roy Keyer, who provided me 

with a TA all those years and with whom I had many valuable discussions and enjoyed 

great times.  

Special thanks go to the ladies in “the office” Regina, Bobi, Jannet, Sharon and 

Riddgi as well as the student workers for their help with the paper works and dealing with 

the academic bureaucracy. Many thanks also to Yelena from the store room for all her 

help and for the flower she gave me to put in the lab, which could not survive the “tough” 

environment!  

Special thanks also to my friends: Irena and her family: Yana and Marko for the 

good times spent together and discussing the science and future career paths, Teodora for 

always were being there for coffee times and Vassil for the nice chats.  

 vi



I am grateful to my family back in Bulgaria: Mom, Dad, and my brother and my 

sister in law, as well as my grandfather, who couldn’t live long to see the end, for their 

unconditional love, sacrifices and support throughout the years.  

Finally, I would like to thank to my “small” family here in America: my husband 

Ergin, who has been the wind beneath my wings, and daughter Aylin, my inspiration in 

life, who struggled the most from having the “mom-graduate student” and didn’t 

understand at times why she is missing often late at night and some weekends, but now 

old enough and very proud. Thank you guys for all your understanding and your help all 

these years! 

 vii



 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

To the wonderful people in my life 

 my daughter Aylin 

and my husband Ergin 

 viii



TABLE OF CONTENTS 
 

 Page 

ABSTRACT........................................................................................................................ ii 

ACKNOWLEDGMENTS ...................................................................................................v 

DEDICATION................................................................................................................. viii 

LIST OF TABLES ............................................................................................................xv 

LIST OF FIGURES ........................................................................................................ xvii  

 

1. INTRODUCTION .........................................................................................................1 

1.1 Introduction to supported lipid bilayers ..................................................................1 

1.2 Supported lipid bilayer preparation ........................................................................5 

1.3 Water layer between membrane and the underlying support...................................6 

1.4 Factors affecting the formation of SLBs .................................................................7 

1.5 Forces ......................................................................................................................8 

1.6 Characterizations of SLBs .....................................................................................11 

1.7 Different type of SLBs...........................................................................................12 

1.8 Mechanism of formation of SLBs .........................................................................13 

      1.8.1 On planar surfaces.........................................................................................13 

      1.8.2 Spherical surfaces, when RSUV < Rparticle.......................................................15 

      1.8.3 Spherical surfaces, when RSUV > Rparticle.......................................................17 

 ix



1.9 Differences between planar and colloidal nanoparticles ......................................18 

      1.10 Organization/objectives of the thesis ..................................................................20 

References....................................................................................................................27  

2. EXPERIMENTAL OVERVIEW.................................................................................38 

2.1 Materials used in this dissertation..........................................................................38 

2.1.1 Vesicles .........................................................................................................41 

2.1.2 Silica nanoparticles. ......................................................................................42 

2.2  Methods.................................................................................................................43   

2.2.1 Thermal/piranha modification of SiO2 ......................................................43 

2.2.2 Preparation of SiO2 nanopartcile ...............................................................44 

2.2.3 Preparation of vesicle solution...................................................................44 

2.2.4 Formation of  supported lipid bilayers on nanoparticles ...........................45     

2.3  Characterization ....................................................................................................47 

2.3.1 Thermogravimetric analysis (TGA)...........................................................47 

2.3.2 Dynamic Light Scattering (DLS) and ζ-potentials ....................................47 

2.3.3 Calorimetry ................................................................................................49 

2.3.4 Vibrational Spectroscopy...........................................................................50 

2.3.5 Raman Spectroscopy..................................................................................50 

2.3.6 BET Measurements....................................................................................51 

2.3.7 Cryogenic Transmission Electron Microscopy (Cryo-TEM) ....................52 

 x



References ...................................................................................................................53  

3. EFFECT OF HIGH SURFACE CURVATURE ON THE FORMATION AND MAIN 

PHASE TRANSITION OF SUPPORTED PHOSPHOLIPID BILAYERS ON SiO2 

NANOPARTICLES.....................................................................................................54 

3.1 Introduction............................................................................................................54 

3.2 Results....................................................................................................................59 

3.2.1 Bead size and characterization...................................................................59 

3.2.2 Formation of Nanoparticle Supported Lipid Bilayers and Stability ..........61 

3.2.3 Phase transitions of Nanoparticle Supported Lipid Bilayers .....................68 

3.2.4 Successive scans, scan rate effects and spiked lipids ................................76 

3.2.5 Spectroscopic data .....................................................................................78 

3.3 Discussion..............................................................................................................81 

3.4 Conclusion .............................................................................................................92 

References....................................................................................................................93  

4. EFFECT OF CURVATURE ON BILAYER PACKING, MORPHOLOGY AND 

CONFORMATIONAL ORDER OF NANOPARTICLE SUPPORTED LIPID 

BILAYERS INVESTIGATED BY RAMAN SPECTROSCOPY..............................98 

4.1 Introduction............................................................................................................98 

4.2 Results and Discussion ........................................................................................101 

4.2.1 Headgroup and C-C Vibrations ...............................................................101 

4.2.2 CH2 twisting/wagging/bending (1200-1600 cm-1) region........................110 

 xi



4.2.3 CH2 and CH3 stretching region 2750- 3100 cm-1 region .........................112 

4.3 Phase transitions of SLBs ....................................................................................116 

4.4 Lateral order.........................................................................................................119 

4.5 Comparison of SLBs with alkanes, MLVs and interdigitated structures ............123 

4.6 Smallest (4-5 nm) SLBs.......................................................................................126 

4.7 Conclusion ...........................................................................................................128 

References..................................................................................................................130 

5. EXCHANGE OF LIPID MOLECULES BETWEEN H/D- DMPC AND H/D-DPPC 

SUPPORTED LIPID BILAYERS.............................................................................134 

5.1 Introduction..........................................................................................................134 

5.1.1 Models of lipid transfer/exchange ...........................................................135 

5.1.2 Lipid transfer between vesicles................................................................138 

5.1.3 Effects of curvature..................................................................................141 

5.1.4 Our research .............................................................................................142 

5.2 Experimental ........................................................................................................143 

5.3 Analysis of mixing from NanoDSC data .............................................................145 

5.4 Results..................................................................................................................147 

5.5 Discussion............................................................................................................161 

5.6 Conclusion ...........................................................................................................164 

References..................................................................................................................166 

 xii



6. HYDRATION REPULSION EFFECTS ON THE FORMATION OF SUPPORTED 

LIPID BILAYERS.....................................................................................................169 

6.1 Introduction..........................................................................................................169 

6.2 Results..................................................................................................................173 

6.2.1 Characterization of nanoparticle ..............................................................173 

6.2.2 Characterization of SUVs and supported lipid bilayers...........................180 

6.3 Discussion............................................................................................................190 

6.4 Conclusion ...........................................................................................................200 

References..................................................................................................................202 

7. FORMATION OF LIPID SHEATHS THAT ENVELOPE AND RELEASE SiO2 

NANOPARTICLE SUPPORTED LIPID BILAYERS .............................................206 

7.1 Introduction..........................................................................................................206 

7.2 Results and Discussion ........................................................................................209 

7.2.1 MLVs and supported lipid bilayers (SLBs) of DMPC/DMTAP (100/0 to 

(0/100)):  SASUV/SASiO2 = 1/1 (single SLBs)...........................................209 

7.2.2 Effect of ionic strength on the phase transition temperature of mixed 

cationic/zwitterionic lipids.......................................................................217 

7.2.3 Supported lipid bilayers (SLBs) of DMPC/DMTAP (50/50): SASUV/SASiO2 

= 1/1 (single SLBs) ..................................................................................220 

7.2.4 DMPC/DMTAP (50/50): SASUV/SASiO2 = 2/1 (#SUVs ≈ # SLBs) .........225 

7.2.5 DMPC/DMTAP (50/50): SASUV/SASiO2  ≥  2/1, (#SUVs > # SLBs) ......230 

7.3 Conclusion ...........................................................................................................239 

 xiii



References..................................................................................................................241  

8. CONCLUSIONS........................................................................................................246 

8.1 Effect of high surface curvature on the formation and the main phase transition of 

supported phospholipid bilayers on SiO2 nanoparticles ......................................247 

8.2 Effect of curvature on bilayer packing, morphology and conformational order of 

nanoparticle supported lipid bilayers investigated by Raman spectroscopy .......248 

8.3 Exchange of lipid molecules between h/d- DMPC and h/d-DPPC supported lipid 

bilayers.................................................................................................................249 

8.4 Hydration repulsion effects on the formation of supported lipid bilayers ...........249 

8.5 Formation of lipid sheaths that envelope and release SiO2 nanoparticle supported 

lipid bilayers.........................................................................................................251 

BIBLIOGRAPHY......................................................................................................253  

 xiv



LIST OF TABLES 

Table Page 

1.1 Calorimetric data for DPPC vesicles interacting with SiO2 with 5-100 nm size 

range (after two weeks) ............................................................................................11 

3.1 Nanoparticle characterization by particle size analyser ............................................59 

3.2 Comparison of calculated and experimental DPPC bilayer coverage.......................62 

3.3 Comparison of experimental DPPC coverage using excess DPPC in solution, 

after rinsing................................................................................................................63 

3.4 Dependence of experimental DPPC coverage on rinse/time.....................................64 

3.5 Effect of vesicle size on the formation of DPPC SLBs on 20-30 nm beads .............65 

3.6 Phase transition temperatures, ΔT1/2 of MLVs and nanoparticle supported lipid 

bilayers. Tm and Tc data obtained using Cpcalc. After baseline selection, the 

area under the curve was integrated to obtain ΔT1/2 and software used was 

Universal Analysis ....................................................................................................76 

5.1 Thermodynamic parameters for d/h-DMPC and d/h-DPPC MLVs........................149 

5.2 Thermodynamic parameters for d/h-DPPC supported lipid bilayers on 5 and 

100 nm SiO2 nanoparticles ......................................................................................149 

 xv



5.3 Kinetic theoretical calculations data based on model of Thilo for lipid 

exchange for d/h-DMPC and d/h-DPPC SLBs on 5 and 100 nm SiO2 

nanoparticles (prepared with 1x excess lipid) .........................................................154 

5.4 Kinetic data for symmetric lipid transfer for 45 and 100 nm SiO2 supported 

lipid bilayers (prepared with 2x excess lipid) .........................................................158 

6.1 Dynamic light scattering, ζ-potential, TEM and TGA weight loss data for SiO2 ...175 

6.2 TGA weight loss and DLS data for SiO2 and DPPC SLBs on different batch of 

100nm Stöber thermally/chemically treated silica ..................................................181 

6.3 Phase transition temperatures and enthalpies for DMPC MLVs, SUVs and 

SLBs ........................................................................................................................184 

7.1 Phase transition temperatures of MLVs of DMPC/DMTAP at different ratios 

as a 2nd heating scans...............................................................................................212 

7.2 Phase transition temperatures of MLVs of DMPC/DMTAP at different ratios 

as a 1st cooling scans ...............................................................................................213 

7.3 Raman Spectroscopy data for DMPC, DMTAP, DMPC/DMTAP (50:50 mol 

ratio) MLV and SLBs..............................................................................................217 

7.4 Sizes and Zeta potentials of DMPC/DMTAP (50:50mol ratio) LUVs and 

suspensions with SLBs............................................................................................221 

 

 xvi



LIST OF FIGURES 

Figures Page 

1.1 Schematic of supported lipid bilayers on SiO2 nanoparticle ......................................7 

1.2 Interaction of DPPC vesicles in water: A) Thermograms of DPPC SUVs and 

SiO2 with 5-100 nm size range; B) Schematic of stabilization of vesicles by 

nanoparticle decoration ............................................................................................10 

1.3 Schematic of different stages of zwitterionic vesicle adsorption on a planar 

silica surface: A) adhesion, B) crowding, C-D) stress induced rupture and 

spreading of the bilayer patches, F-G) coalescence of high energy edges H) 

growth of patches into a continuous bilayer; further adsorption of vesicles to 

the bilayer is weak and does not lead to their rupture and spreading. Reprinted 

and adopted from [15], with permission ...................................................................14 

1.4 Schematic of formation of SLBs on spherical particles. Reprinted and  adopted 

from [34], with permission........................................................................................16 

2.1   Structure of the lipids used in this research. ..............................................................40 

2.2   Schematic of a vesicle. A) A schematic of phospholipid showing hydrophilic 

and hydrophobic parts. B) Schematic of unilamellar vesicle showing the two 

leaflets of the bilayer .................................................................................................41 

2.3   Silanol densities on the surface of SiO2 nanoparticles before and after thermal 

treatment ....................................................................................................................43 

 xvii



2.4   TGA plot of supported lipid bilayers on 40-50 nm SiO2 nanoparticles.....................48 

3.1 FTIR spectra of SiO2 as a function of bead size in SiOH stretching region..............60 

3.2 Titration of DPPC onto 40-50 nm SiO2 nanoparticles ..............................................64 

3.3 TGA plot of a representative bead (20-30 nm) and the nanoparticle supported 

DPPC lipid bilayers ...................................................................................................66 

3.4 Expected weight loss based on bilayer DPPC coverage versus experimental 

TA weight loss values for beads of different size .....................................................67 

3.5 NanoDSC thermograms for DMPC (second heating cycle with ramp 0.5 

oC/min) MLVs and nanoparticle supported lipid bilayers as a function of 

beads size...................................................................................................................70 

3.6 NanoDSC thermograms for DMPC (second cooling cycle with ramp 0.5 

oC/min) MLVs and nanoparticle supported lipid bilayers as a function of 

beads size...................................................................................................................71 

3.7 NanoDSC thermograms for DPPC (second heating cycle with ramp 0.5 

oC/min) MLVs and nanoparticle supported lipid bilayers as a function of 

beads size...................................................................................................................72 

3.8 NanoDSC thermograms for DPPC (second cooling cycle with ramp 0.5 

oC/min) MLVs and nanoparticle supported lipid bilayers as a function of 

beads size...................................................................................................................73 

 xviii



3.9 NanoDSC thermograms for DSPC (second heating cycle with ramp 0.5 

oC/min) MLVs and nanoparticle supported lipid bilayers as a function of 

beads size...................................................................................................................74 

3.10 NanoDSC thermograms for DSPC (second cooling cycle with ramp 0.5 

oC/min) MLVs and nanoparticle supported lipid bilayers as a function of 

beads size...................................................................................................................75 

3.11 Three successive cooling cycles of DPPC on 10-20nm beads ..................................77 

3.12 NanoDSC data (second cooling cycle) of DPPC nanoparticle supported lipid 

bilayers (blue) and same sample spiked with DPPC MLVs (pink)...........................78 

3.13 ATR-FTIR spectra of adsorbed DPPC as a function of bead size ............................79 

3.14 Raman spectra of DPPC nanoparticle supported lipid bilayers on 40-50 nm 

(cyan) and 4-5 nm (magenta) beads ..........................................................................80 

3.15 Plot of occupied area vs. available area for DMPC, DPPC, DSPC lipids as a 

function of bead size..................................................................................................81 

3.16 Schematic of a) formation of SLBs. b) interdigitation between inner and outer 

leaflet of bilayer on small beads................................................................................89 

4.1 Raman spectra at RT in the headgroup and skeletal optical (C-C stretch) 

region of (left) DPPC MLVs, SUVs and SLBs on 4-5, 10-20, 20-30, 40-50 nm 

SiO2, and in the liquid crystalline phase of MLVs; and (right) DSPC MLVs, 

 xix



SUVs and SLBs on 4-5, 10-20, 20-30, 40-50 and 100 nm SiO2. Dotted lines 

indicate spectral bands discussed in the chapter .....................................................102 

4.2 (Left) Plot of I1122/I1127 for DPPC and DSPC SLBs at RT as a function of SiO2 

size; (right) plot of I1090/I1062 for DPPC and DSPC SLBs at RT as a function of 

SiO2 size ..................................................................................................................105 

4.3 Schematics of: (top) lipids forming bilayers on a planar substrate (A) and on 

highly curved SiO2 nanoparticles (B), where the dimensions of the lipids 

become similar to the underlying support; (middle) alkyl chains with gauche 

kink at terminal methyl group (C) and interdigitated structures (D and E); 

(bottom F) (a) all trans chain, (b) chain with terminal methyl group and (c) 

chain with gauche defects separated by trans conformation. Cryo-TEM 

micrograph of  SLB on 100 nm SiO2 (bottom G) ...................................................107 

4.4 Raman spectra in the CH2 twisting, wagging and bending region at room 

temperarture for (left) DPPC MLVs, SUVs and SLBs on 4-5, 10-20, 20-30, 

and 40-50 nm SiO2 ; (right) DSPC MLVs, SUVs and SLBs on 4-5, 10-20, 20-

30, 40-50 nm and 100 nm SiO2. Dotted lines indicate spectral bands discussed 

in the text. ................................................................................................................111 

4.5 Raman spectra in the CH2 and CH3 region at room temperature for (left) 

DPPC MLVs, SUVs and SLBs on 4-5, 10-20, 20-30 and 40-50 nm SiO2 and 

in the melt of MLVs; (right) DSPC MLVs, SUVs and SLBs on 4-5, 10-20, 20-

30, 40-50 nm and 100 nm SiO2. Dotted lines indicate spectral bands discussed 

in the text .................................................................................................................114 

 xx



4.6 Temperature dependent Raman spectra of DPPC in the CH2 and CH3 

stretching region on 10-20 nm SiO2 ........................................................................115 

4.7 Plots of I2845/I2880, I2934/I2884, I2934/I2845, I2934/I2880 and Slateral = (I2880/I2845 – 

0.7)/1.5 as a function of temperature for DPPC SLBs on 4-5, 10-20, 20-30 and 

40-50 nm SiO2 .........................................................................................................119 

4.8 (left) Lateral order parameter (Slateral) for DPPC and DSPC at RT as a function 

of SiO2 size; (right) I[ν(C-C)G]/I[ν[(C-C)T] = I1090 /I1062 as a function of Slateral 

for DPPC and DSPC on 40-50 (45), 20-30 (25), 10-20 (15) and 4-5 (5) nm 

SiO2 .........................................................................................................................121 

4.9 Plot of I2934/I2845, as a measure of chain decoupling, versus I2880/I2845, a 

measure of lateral order for SLBs of DPPC on 4-5, 10-20, 20-30, 40-50 nm 

SiO2 as a function of temperature. Dashed line indicates gel-to-liquid 

crystalline phase transition temperature of DPPC MLVs .......................................123 

4.10 Schematic of lipids on 4-5 nm SiO2 showing proposed bridged and 

interdigitated structures between the NPs ...............................................................127 

4.11 (top) I2845/I2880 versus temperature for DPPC on 40-50 and 4-5 nm SiO2; 

(bottom) nanoDSC thermograms of the gel-to-liquid crystalline phase 

transition temperature for DPPC on 40-50 and 4-5 nm SiO2 ..................................128 

5.1 Schematic of models of lipid transfer in lipid bilayers. Reprinted and adopted 

from [14], with permission......................................................................................137 

 xxi



5.2 Nano-DSC thermograms of DMPC-d54 and DMPC MLVs, SLBs on 5 and 100 

nm  SiO2 ..................................................................................................................148 

5.3 Schematic of lipid exchange between d/h-PC nanoparticle supported lipid 

bilayers ....................................................................................................................151 

 

5.4 Nano-DSC endotherms of lipid exchange between d/h-DMPC SLBs on: A) 5 

nm SiO2; and B) 100 nm SiO2 at 35°C....................................................................152 

5.5 Nano-DSC endotherms of lipid exchange between d/h-DPPC SLBs on: A) 5 

nm SiO2; and B) 100 nm SiO2 at 55 °C...................................................................153 

5.6 Schematic of lipid exchange between DMPC-d54 SLBs and DMPC–h SUVs .......155 

5.7 Lipid transfer between DMPC-d54 SLBs and DMPC SUVs on: A) 5 nm SiO2 

and B) 100 nm SiO2.................................................................................................156 

5.8 Molar fractions χI and χII of DPPC in DPPC-d62 SLBs and DPPC-d62 in DPPC 

SLBs, respectively, during symmetric lipid transfer versus incubation time for 

45 nm SiO2 SLBs at 50 ºC, 60 ºC, and 70 ºC  incubation temperature ...................158 

5.9 Molar fractions χI and χII of DPPC in DPPC-d62 SLBs and  DPPC-d62 in DPPC 

SLBs, respectively, during symmetric lipid transfer versus incubation time for 

100 nm SiO2 SLBs at  65 ºC , and 70 ºC  incubation temperature ..........................159 

 xxii



5.10 Arrhenius plot representation of the rate constant ln(KDPPC) as a function of 

the inverse of temperature (1/Tinc) for DPPC SLBs on 45 nm SiO2. The EA = 

179 kJ/mol ...............................................................................................................160 

6.1 Cryo-TEM images of: (a) SiO2 heat treated to 600 °C + piranha, and (b) with 

added DMPC after incubation at 50 °C for 2 h; (c and d) 1000 °C + piranha 

SiO2 with added DMPC incubated at 50 °C for 2 h. Arrows indicate (c) lipid 

sheaths and (d) vesicles ...........................................................................................176 

6.2 FTIR spectra between 2750 and 4000 cm−1 of nominal 100 nm SiO2 

nanoparticles with different thermal/chemical treatments: (a) “as-is” (solid 

line), “as-is” + piranha (dashed line); (b) 600 °C” (blue solid line), 600 °C + 

piranha (dashed line); Nissan SiO2 (red solid line), and (c) 1000 °C (solid 

line), 1000 + piranha (dashed line)..........................................................................178 

6.3 TGA and DTGA (inset) weight loss of heat and piranha treated nominal 100 

nm SiO2, and nominal 100 nm Nissan SiO2, nanobeads .........................................179 

6.4 DTGA weight loss data of adsorbed DMPC lipid bilayers on nominal 100 nm 

SiO2 nanoparticles with different thermal/chemical treatments; Pr = piranha ........182 

6.5 Nano-DSC traces for nominal 100 nm, 600 °C + piranha SiO2 as a function of 

SADMPC/SASiO2.........................................................................................................186 

6.6 #SUVs/#SLBs as a function of time for nominal 100 nm SiO2 with different 

thermal/chemical treatments: “as-is”+ piranha, 600 °C + piranha, 1000 °C + 

piranha, and Nissan 100 nm SiO2. Nano-DSC data obtained after incubation of 

 xxiii



SiO2 with DMPC SUVs for 2 h at 50 °C. Measurement of peak height ratios 

of SUVs and SLBs converted to #SUVs/#SLBs by normalization using their 

respective enthalpies, ΔHm (SUVs) and ΔHm (SLBs) .............................................187 

6.7 Nano-DSC traces of SLB formation when SADMPC/SASiO2 = 1.5 as a function 

of time for nominal 50 nm DMPC SUVs incubated at 30 °C with nominal 100 

nm SiO2 and the following thermal/chemical treatments: (a) as is + piranha; 

(b) 600 °C + piranha; (c) 1000 °C + piranha...........................................................189 

6.8 Schematic of SLB formation of nominal 50 nm DMPC SUVs onto nominal 

100 nm SiO2 nanoparticles with different thermal/chemical treatments. The 

(left) “as-is” + piranha SiO2 had a higher silanol density and more bound 

water than the (right) 600 °C + piranha SiO2. The bound water is shown 

schematically (not to scale) as more ordered (dark blue) and more disordered 

(light blue). The increased hydration repulsion as the result of removal of 

more bound water from the more hydrated SiO2 results in decreased rate of 

SLB formation on the more hydrated SiO2. The ordered water around the 

SUVs is the same in both cases. After SLB formation, the ordered water is not 

shown for clarity. The nano-DSC thermograms at comparable times for the 

two SiO2 show more SLB formation for the less hydrated SiO2.............................196 

6.9 ATR-FTIR spectra of DPPC SLBs on thermally/chemically treated 100nm 

beads........................................................................................................................200 

 xxiv



7.1 Nano-DSC endotherms for (left0 DMPC/DMTAP multilamellar vesicles 

(MLVs), and (right) supported lipid bilayers (SLBs) with SASUV/SASiO2 = 1/1, 

as a function of composition ...................................................................................211 

7.2 Raman spectra (RT) for pure DMTAP, DMPC and DMPC/DMTAP (50/50) 

MLVs, and DMPC/DMTAP (50/50) SLBs with SASUV/SASiO2 = 1/1, 2/1 and 

3/1 in two spectral regions. Schematic shows packing of alkyl chains in 

DMTAP, DMPC and DMPC/DMTAP (50/50) vesicles .........................................215 

7.3 Derivative TGA (DTGA) plots of (purple) DMPC, green (DMTAP) and 

DMPC/DMTAP (50/50). The weight loss below 100 oC is due to water 

desorption. The headgroups of DMPC and DMTAP degrade at 248 and 193 

oC, respectively, and the peaks at ca 300 oC are degradation of the 

hydrocarbon tails, as previously reported for the DPPC/DPTAP system [31]. ......219 

7.4 Nano-DSC endotherms, 2nd heating (top) and exotherms, 1st cooling (bottom) 

of supported lipid bilayers prepared from 100 nm DMPC/DMTAP (50/50) 

vesicles with size 100nm (left) and 50nm (right) with 100nm SiO2 (incubated 

at 50 oC/2h) as a function of SASUV/SASiO2.............................................................222 

7.5 TGA weight loss data for SLBs in excess lipids: top) as a function of 

temperature; and bottom) as a function of surface coverage SASUV/SASiO2 ...........223 

7.6 Cryo-TEM images of SLBs of DMPC/DMTAP (50/50), prepared from 100 

nm SUVs and nominal 100 nm SiO2 (incubated at 50 oC/1 h), and quenched 

from RT, scalebar is 200 nm: (top) (a) SASUV/SASiO2 = 1/1, monomers and 

 xxv



dimers. At the intersection of two SLBs, there are usually two lipid bilayers, 

not one lipid bilayer “bridging” two SiO2 nanoparticles. This is apparent when 

the angle between the bilayers at contact is sharp; (b), (c), (d) SASUV/SASiO2 = 

1/1, larger aggregates:  occasionally, a portion of another (partial sheath) lipid 

bridges two SLBs or near contact with another particle, part of the SLB is 

missing and instead attaches to the adjacent SiO2 nanoparticle. In both these 

cases, the lipid between the two nanoparticles is curved. Note no SUVs are 

observed in any of the figures; (bottom)  (e) SASUV/SASiO2 = 2/1; separate 

bilayers of adjacent, touching but not “bridging” SLBs can be observed 

beneath the sheath; (f) SASUV/SASiO2 = 3/1; SUVs and possible a double SLB; 

(g) SASUV/SASiO2 = 3/1; clusters of SLBs with close-fitting lipid “sheath”, 

adjacent, not bridging bilayers; (h) SASUV/SASiO2 = 3/1 clusters of SLBs with 

close-fitting lipid “sheath”; indicates region where there is a double bilayer on 

the exterior of the aggregate ....................................................................................224 

7.7 DLS data for:  (top) nominal 100 nm SiO2; and (middle) 200 nm 

DMPC/DMTAP (50/50) SUVs and 100 nm SiO2, SASUV/SASiO2 = 2/1 after 

incubation for 1h at 50 oC showing SLBs and SUVs; and (bottom) after 

further cooling to 40 oC for 1 h, showing few isolated SLBs and larger 

aggregates................................................................................................................227 

7.8  CryoTEM images of DMPC/DMTAP (50/50), prepared from 50 nm SUVs 

and nominal 100 nm SiO2 (incubated at 50 oC/1 h), SASUV/SASiO2 = 2/1, and 

quenched from 50 oC, scalebar is 200 nm: (a) mixtures of large and small free 

vesicles, and extended, interconnected vesicle networks; (b) vesicles in the 

 xxvi



process of fusing; (c) single SLBs; (d) cluster of SLBs without sheath showing 

adjacent, nonbridging SLBs; (e) Two SLBs still surrounded by a partial 

bilayer sheath; (f) cluster of SLBs in which bilayer sheath is disintegrating, 

with some SLBs already removed; (g) cluster of SLBs, showing adjacent 

SLBs clearly separated by a separate  bilayer on each SiO2, and a partial 

sheath attached to SUVs; (h) cluster of SLBs where patchy outer bilayer 

(forming a double bilayer) can be observed; (i) cluster of SLBs showing 

patchy second bilayer sheath...................................................................................229 

7.9 Schematic of formation of SLB sheaths and release of the enclosed SLBs............234 

7.10 Exchange of DMPC/DMTAP (1:1) SLBs and sheaths with DOPC/DOTAP 

(1:1) LUVs: A) 2 nd heating scans; B) 2nd cooling scans.........................................238 

 xxvii



CHAPTER 1 

 

INTRODUCTION 

 

1.1 Introduction to supported lipid bilayers 

Nature has evolved many solutions to the problems of isolation and transport of 

components at the cellular and sub-cellular scale. Supramolecular assemblies formed by 

lipids, especially curved lipid bilayers, are the structures of choice in nature for isolation 

of life processes and components and for regulating traffic/transport of biomolecules 

across these boundaries. Artificial phospholipid vesicles formed by mechanical means 

such as extrusion or sonication, - small unilamellar vesicles (SUVs) and large unilamellar 

vesicles (LUVs) - have the potential to be surrogates for cell membranes, and can be used 

to study cellular processes and to transport drugs in vivo for various therapeutic 

applications. Liposomes have been pursued as non viral gene and drug delivery vesicles, 

and to investigate cell-cell and cell-membrane interactions in the immune system for 

several decades. However liposomes fuse with each other [1] with time, their mechanical 

stability is poor, their size distribution is not well controlled and their elaboration is 

hardly reproducible [2]. 

Self-assembled, artificial, substrate-supported lipid membranes have received 

considerable attention for their potential bio-applications and have taken a central role in 

membrane research due to a combination of factors such as ease of formation, control 
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over complexity, stability and the applicability of a large range of different analytical 

techniques, including highly sensitive surface probes. 

Supported lipid bilayers, originally developed for research on the interactions 

between living cells [3, 4] are of practical and scientific interest for several reasons. They 

enable biofunctionalization of inorganic surfaces such as semiconductors, gold covered 

surfaces, and optoelectronic devises as well as polymeric surfaces [5-8]. They provide a 

natural environment for immobilization of proteins (such as hormone receptors and 

antibodies) under nondenaturating conditions and in a well defined orientation [9-12]. 

They allow the preparation of ultrathin, high electric-resistance layers on conductors and 

the incorporation of receptors into these insulating layers for the design of biosensor and 

optical detection of ligand binding [13-15]. The design of new combinations of model 

membrane platforms and substrates holds promise for a wide range of biotechnological 

and medical applications that includes also biochips for medical diagnostics and drug 

screening, high electrical resistance films for biosensor design, biomimetic 

photosynthesis platforms and biocompatible surfaces [7, 16]. In order to realize such 

applications, which may depend critically on the model membrane’s architecture, an 

improved understanding of the forces that guide the self-assembly of these platforms is 

needed. [6, 17]. 

Phospholipid bilayers supported on solid substrates such as glass or silica are also 

of high interest for understanding cell-substrate interactions, for developing  (bio) 

chemical sensors, catalytic surfaces, or immobilized protein arrays, and as nanometer-

thick insulating layers on conducting surfaces [7, 9, 18-22]. They are also of general 
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fundamental interest for understanding complex colloidal systems, including nanoparticle 

dispersions. 

Supported lipid bilayers on particles are particularly interesting because they 

combine all the positive features of liposomes with those of supported bilayers (on planar 

surfaces) to those of colloidal particles [2, 23]. Supported lipid bilayers on nanoparticles 

resemble unilamellar vesicles and can be formed in a range of sizes that depend on the 

diameter of the solid particle, so that homogenous membrane structures can be formed 

when the supports are monodisperse. They also offer an opportunity for enhanced 

membrane stability because of the robust inorganic core, around which the bilayer 

membrane is wrapped. This makes them interesting materials that are useful for long-

term studies and for studies that require the modulations of pH, temperature, and so forth. 

In addition, SLBs on particles offer a high available specific surface area, which will 

significantly increase detection efficiency and speed. Suspension of membrane coated 

particles can also be concentrated into small detection volumes, which significantly 

improves the signal of spectroscopic techniques such as NMR [24], FT-IR [25-27], 

Raman [28-30], as well as DSC [25, 27], and enables investigation of structural as well as 

dynamic membrane features. Due to their mechanical stability and discrete size, it is 

possible to capture them in laser traps [31]. SLBs on particles can behave not only as 

mechanically stable discrete entities but also as colloidal particles that exhibit rich 

colloidal phase behavior, which can be used to monitor molecular interactions [32]. This 

requires careful adjustment of membrane composition so that the pair-interaction 

potential between individual membrane-coated beads poises the system near the 

transition between a dispersed and condensed phase. This effect enables amplified, label-
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free detection of cell-membrane processes with high sensitivity [23, 33].  Because 

supported lipid bilayers on nanoparticles are significantly easier to handle than their 

planar counterparts, they offer more freedom to use different microscopy and 

spectroscopy techniques [11, 23, 34, 35]. 

SLBs deposited on particles greater than 1μm, a size comparable to that of the 

biological cell, mimic the architecture and properties of cell membranes. They have been 

used to evaluate the permeability characteristics of artificial membranes, to study their 

ability to incorporate biological molecules of interest [9, 36], to determine the association 

constant between biologically active substances and biological membranes in order to 

carry out high throughput screening of drugs [37-41] and as a chromatographic support 

for separation of proteins from a protein mixture [32, 42]. 

SLBs on particles between hundreds of nanometers to 1μm have been used 

primarily for fundamental studies to understand the phenomena of lipid deposition onto 

particles, and to determine the experimental conditions necessary for the formation of the 

SLBs. They have been used to elucidate the physical properties (structure and dynamics) 

of the supported lipid bilayers and compared with those of vesicles [24-26, 43-52]. It was 

found that the phase transitions of the supported lipid were 2 º C lower than those of the 

vesicles. In addition, the pre-transition disappeared, and the transition enthalpy decreased 

by 25 % [25]. This was explained by different lateral tensions for the lipids in both 

systems and by a higher lateral stress due to the support in SLBs.  The exchange of lipid 

molecules between symmetric SLBs was slower than in case of vesicles [53] with the 

same composition and this was attributed to the attractive potential between lipids and 

support, which keeps the membrane adsorbed onto the solid surface [26]. 
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Formation of SLBs on 100nm SiO2 nanoparticles was visually demonstrated by 

cryo-TEM images [35] for the first time and showed clearly that the lipid bilayer follow 

very well the topography of the particle. There have also been a few studies by Carmona-

Ribeiro et.al. about the interaction of small unilamellar vesicles composed of different 

types of lipid with 50 nm fumed silica, where the authors investigated the lipid deposition 

by studying the maximal adsorption using adsorption isotherms [54-58]. Small size SLBs 

have potential applications in biomedical fields because of the ability of these sizes to be 

injectable into the cells [2, 59]. The possibility of modulating the size, lipid type and 

functionality of SLBs and their mechanical stability makes these rigid liposome-type 

structures very attractive candidates in biosensors, drug screening, separations and gene 

delivery-related applications. Due to their unique properties, SLBs prepared by vesicle 

fusion have therefore found applications in fundamental (from structural biology to 

physics) as well as applied (surface modifications, biosensor technology, biomedicine 

and biotechnology) research fields [2, 7, 60]. 

 

1.2 Supported lipid bilayer preparation 

Supported lipid bilayers are prepared mainly by two common methods: 1) by 

monolayer transfer from an air-water interface by using Langmuir-Blodgett film balance 

[18, 61] and 2) by lipid self-assembly via vesicle fusion and spreading [18, 24, 60]. The 

first method involves the transfer of a lower leaflet of lipids from the air-water interface 

by the Langmuir-Blodgett technique. This is followed by the transfer of an upper leaflet 

by the Langmuir–Schaefer procedure, which involves horizontally dipping the substrate 

to create the second layer [18]. This method is quantitative and controllable, and is useful 
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for the formation of asymmetric bilayers. However, this technique is slow, unscalable and 

it is highly sensitive to experimental conditions and it is labor intensive. This method is 

good for formation of SLBs only on planar surfaces. 

The second method, pioneered by McConnell et al. [9] involves spreading of 

small vesicles on hydrophilic solid supports via lipid self assembly. This process is a fast 

and reproducible approach to generate large areas of supported lipid bilayer membrane. 

This method is often preferred since it is simple and allows creating SLBs of different 

mixtures [62, 63].  It is versatile for creating SLBs on planar and spherical surfaces. It 

also allows spontaneous formation of protein embedded SLBs from direct fusion of 

vesicles containing proteins [64] and hormone receptors [65]. 

 

1.3 Water layer between membrane and the underlying support 

The lipid membrane and the underlying substrate surface are separated by a thin 

water layer of approximately 1.0-1.5 nm thickness (figure 1.1), which has been detected 

by NMR [24], neutron reflectivity [66, 67], fluorescence interference microscopy [68, 

69], and vibrational sum frequency spectroscopy (SFG) [70]. Vibrational SFG 

spectroscopy revealed that interfacial water molecules are highly ordered in comparison 

to bulk water. This two-dimensionally confined water layer acts as a lubricant allowing 

both leaflets of the bilayer to remain fluid and to readily move in the plane of the surface. 

As a result, the supported lipid bilayers retain many of the properties of free vesicles and 

cell membranes such as lateral mobility and self healing. The self-healing of lipid 

bilayers result from the free diffusion of lipids within the two leaflets of the lipid bilayer. 

It minimizes the defects on the surfaces during the process of formation of SLBs. Lateral 
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diffusion is critical for many biological functions because these functions often depend 

upon the lateral association or clustering of several components. Furthermore, living cells 

recognize components displayed on the surface of supported lipid membranes. Thus if 

appropriate components are present, the supported lipid membranes mimics a real cell 

membrane. The organization of water on these surfaces (interface) may also play role in 

the adsorption/ fusion process of lipids to form SLBs.  
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Figure 1.1 Schematic of supported lipid bilayers on SiO2 nanoparticle. 

 

 

1.4 Factors affecting the formation of SLBs 

The fusion process between small unilamellar vesicles (SUVs) and surfaces (both 

planar and spherical) has been investigated in detail and shown to depend on factors such 

as chemical [71, 72] and structural [72, 73] properties, nanotopography [74], charge 

density [75, 76]of the support, types [77, 78], the charge [17, 78], intrinsic curvature  

[79], composition [62, 80-83] of lipid used, vesicle size [71] and concentration [17], pH 

[58, 76, 84], temperature [84-87] and ionic strength [17, 58, 78, 84] or osmotic pressure 
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[88, 89], effect of mono and divalent ions [90]  and surface chemistry [91]. It is well 

documented that salt/buffer promotes the formation of SLBs [17, 90, 92] There have also 

been  mathematical models and simulations for the process of formation of SLBs [93, 

94]. 

 

1.5 Forces 

After 20 years of research on lipid adsorption, since the pioneering work of 

McConnell and coworker [3, 9, 18]  there is still no clear understanding of the forces and 

various stages that vesicles go through as they adhere, fuse, and spread on a solid surface 

[63, 78, 88, 95-98]. Interaction between membranes and solid substrate surfaces involve 

van der Waals, electrostatic, hydration, hydrophobic, thermal undulation and protrusion 

forces [99, 100]. These forces are different between bilayers in solution vs. bilayers 

interacting with solid, rigid, and chemically different substrate surfaces. An energetic 

minimum tightly traps the membranes near the surface. The process of phospholipid 

vesicle fusion with solid substrates seems to be governed by the same Derjaguin-Landau-

Verwey-Overbeek (DLVO) forces that are responsible for colloid aggregation and 

deposition [99]). The DLVO theory describes the forces in such systems as consisting of 

an electrostatic interaction acting in combination with van der Waals attraction. 

The driving force for adhesion (adsorption/spreading) of uncharged (zwitterionic) 

is considered to be the electrostatic attraction between the uncharged PC bilayers (as the 

lipids used in our studies) and the charged silica surface. The adhesion energy between 

neutral bilayers and the silica surface was found to be 0.5-1mJ/m2 [17]. These forces are 

larger than the adhesion of two lipid bilayers (~0.1mJ/m2) [19, 101] or the adhesion 
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predicted by van der Waals interaction between the bilayer and silica surface(~0.1 

mJ/m2). This strong electrostatic attraction between the bilayer and the silica surface 

explains why these lipid vesicles readily adhere, deform, rupture and spread as bilayers 

on silica but for example, do not adhere (or very weakly) [19, 101] or fuse to each other 

in solution and also why silica surfaces do not adhere to each other in aqueous solution. 

A detailed description of the theoretical analysis of neutral bilayer-charged substrate 

interactions can be found elsewhere [17].   

The rate of zwitterionic lipid adsorption to the silica decreases as the salt 

concentration is reduced [17]. In pure water the electrostatic double layer interaction 

between the lipid bilayer and silica surface are repulsive (large Debye length).  Therefore, 

in water vesicles adsorb very slowly, but do not rupture to form supported bilayers [17] 

or this process is very slow. This is shown in figure 1.2 and table 1.1 for DPPC 50 nm 

vesicles and SiO2 for 5-100 nm. Table 1.1 shows that ΔH is not changed after addition of 

the beads to the vesicles, confirming that there is no SLB formation. Instead in water 

vesicles are stabilized by nanoparticles via nanoparticle decoration [102, 103].   Samples 

with 50 nm DPPC SUVs and small size 10-20 nm and 4-5 nm beads, shown in figure 1.1, 

were stable at room temperature for ~2 years. Alone, SUVs fuse together to form LUVs 

and then MLVs below Tm in hours or days [1]  (DPPC Tm= 41.3 ºC). 
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Figure 1.2 Interaction of DPPC vesicles in water: A) Thermograms of DPPC SUVs and 

SiO2 with 5-100 nm size range; B) Schematic of stabilization of vesicles by nanoparticle 

decoration. 
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Table 1.1 Calorimetric data for DPPC vesicles interacting with SiO2 with 5-100 nm size 

range (after two weeks). 

DPPC + SiO2  nanoparticles  Tm 

 ( º C ) 

∆H 

(kcal/mol) 

MLVs 41.2 7.51 

LUVs-100nm 40.6 7.45 

LUVs+100nm beads 40.8 6.56 

LUVs+ 45nm beads 40.9 7.18 

LUVs + 5nm beads 41.1 7.35 

 

1.6 Characterizations of SLBs 

 The combination of fluidity and mechanical stability of the supported lipid 

bilayers offers distinct advantages of these systems over other types of lipid membranes 

and allows the use surface specific and analytical methods that are difficult or impossible 

to use with other model systems. For example, planar SLBs are characterized by methods 

such as total interference fluorescence [60, 104], nuclear magnetic resonance (NMR) 

[24], FT-IR [105], surface plasmon resonance [106], QCM-D and AFM [62, 78] and X-

ray and neutron scattering [66, 107, 108]  in order to probe structural and dynamic 

properties of SLBs. SLBs on particles are characterized by techniques that are also used 

for vesicles. These include DSC [25], TGA [109], Raman spectroscopy [28], zeta 

potentials[110], DLS [111], NMR [24], flow cytometry [112], and microscopy. Due to 

the ability to centrifuge and concentrate SLBs of particles, as a result of the stability, they 

offer much better sensitivity and detection efficiency compare to vesicles and help to 
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unravel questions that were not possible to study before, for example effect of curvature 

on the properties of the bilayers or lipid packing on highly curved surfaces. 

 

1.7 Different type of SLBs 
 

The biggest drawback of the supported lipid membrane is the proximity of the 

membrane to the bare solid surface onto which it is deposited. The bilayer–substrate 

distance is not sufficiently large to avoid direct contact between some biologically 

incorporated molecules such as transmembrane proteins and the solid surface, which may 

affect the properties and function of the molecules. In order to overcome this problem, 

the distance between the solid substrate and the supported lipid membrane has been 

increased by using different cushioning materials such as: i) polymers [113]; cushioning 

polymer thin films [7, 13, 49, 114-117] or direct tethering of the membrane to a lipid 

presenting polymer or peptide layer [118-122]; ii) proteins (adsorbed or bound) [123-

129], iii) polyelectrolytes [130-134] based on the functionalities that are needed. 

However the balance of attractive and repulsive interaction between the cushioning 

material and the lipid bilayer needs to be adjusted precisely to ensure the formation of a 

continuous bilayers with mobile lipids [13]. Tuning of this interaction is often delicate as 

is known from self-assembly of supported lipid bilayers [63, 88]. In addition attention has 

to be paid to the hydration, the roughness and thickness of the cushioning materials in 

order to obtain SLBs with desired properties. 
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1.8 Mechanism of formation of SLBs 

The mechanism by which supported lipid bilayers are formed at solid surfaces is 

not fully understood [2, 78]. Several groups have investigated the formation of SLBs 

from small lipid vesicles on planar monolithic substrates (glass, mica, or titanium 

dioxide) [17, 62, 88, 89, 135] and large silica beads [23, 35, 45]. Even thought many 

details of vesicle rupture were revealed the process is still not completely clear.  

 

1.8.1 On planar surfaces 

Several main vesicle deposition pathways have been identified for planner 

surfaces: i)Vesicles adsorb and rupture directly or with the need for only few neighboring 

vesicles, ii) vesicles adsorb and at a critical coverage of vesicles at the surface enough 

stress is exerted on the vesicles for the rupture processes to start, iii) vesicles adsorb and 

stay intact. In i) the adhesion is strong enough or the vesicle is in a stressed state (e.g., 

osmotically) [88] to deform the  vesicle and cause interbilayer stresses sufficient enough 

to cause the vesicles to rupture and form a bilayer island on the surface [97]. When the 

strength of the adhesion is not strong enough to rupture isolated vesicles on the surface, 

as is the case with zwitterionic bilayers on silica ii) pathway is taken. In this pathway the 

vesicles require additional stress from  cooperative action of neighboring vesicles to 

cause rupture and that is the critical vesicle concentration on silica [71] or so called 

critical coverage density [62] (shown in figure 1.3).  After initial rupture of vesicles, 

subsequent vesicles fuse with the unfavorable edges of the bilayer patches through 

hydrophobic interactions between the tails of the lipids in the highly curved regions of the 
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bilayer edge and stressed vesicle. This processes continue until the bilayer is complete, at 

which point excess lipid an water may be ejected back in solution [136]. 

 

 

 

Figure 1.3 Schematic of different stages of zwitterionic vesicle adsorption on a planar 

silica surface: A) adhesion, B) crowding, C-D) stress induced rupture and spreading of 

the bilayer patches, F-G) coalescence of high energy edges H) growth of patches into a 

continuous bilayer; further adsorption of vesicles to the bilayer is weak and does not lead 

to their rupture and spreading. Reprinted and adopted from [17], with permission. 

Copyright (2009) American Chemical Society. 
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1.8.2 Spherical surfaces, when RSUV < Rparticle

The interaction of small unilamellar vesicles on silica nanoparticles (SNPs) 

detailed by cryo-transmition electron microscopy (cryo-TEM) revealed the vesicle 

spreading  and the formation of  so called nanoSLBs faithfully following the surface of 

the particles [35]. This result showed that bilayer formation occurs upon interaction of 

vesicles either by direct adsorption to the silica particles or by interaction of preformed 

patches on the particles via the so-called “active edge” effect [96] as shown in figure 1.4. 

The cryo-TEM images revealed that SLBs follow very well (closely) the surface 

roughness of the particles. This information was not known from the formation of SLBs 

on planar surfaces. By observing the intermediate steps in the formation of SLBs by cryo-

TEM, it was possible to propose the whole sequence of events form the adsorption of 

single vesicle to the formation of complete SLBs. Mainly, a vesicle adsorbs on the 

surface of a silica particle, due to the adhesion forces as the contact area between the lipid 

surface and the substrate increases. Because of the limit in the deformation of the vesicle 

it ruptures. This leads to the formation of bilayer patches covering incompletely the silica 

nanoparticle. Then, the process proceeds via the subsequent adsorption, deformation and 

rupture of additional SUVs, either independently from the presence of preformed bilayer 

patches or by the edge of the bilayer patches activating the decomposition of adsorbed 

vesicles, as was shown by AFM on planar surfaces [62]. The completion of the formation 

of SLBs is assumed to involve the coalescence of neighboring bilayer patches when they 

come into contact, via the active edge effect [96]. Such a mechanism is consistent with 

previous experimental [62, 91, 96] and theoretical studies [137, 138]. 
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Figure 1.4 Schematic of formation of SLBs on spherical particles. Reprinted and adopted 

from [35], with permission. Copyright (2005) American Chemical Society 

 

 

Peter Brzezinski and co-workers [112] also studied the formation of SLBs on 

spherical particles with 600nm diameter by using flow cytometry and the lipid DOPC. 

Their data suggest that DOPC vesicles efficiently break upon interaction with the silica 

colloidal particle surface and only a small fraction of the adsorbed vesicles remain 

unbroken. They show that formation of the lipid bilayer at the surface was a cooperative 

process, where bilayer formation was catalyzed by previously bound membrane 

fragments [112]. This finding is consistent with previous observations that breaking of 

the lipid vesicles and formation of the bilayer is stimulated by already formed membrane 

patches at the particle surface [35, 96].  
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1.8.3 Spherical surfaces, when RSUV > Rparticle

The mechanism of formation of SLBs via vesicle fusion and spreading on planar 

surfaces and spherical particles from small unilamellar vesicles are found to be similar 

when the size of the SUVs < particle size. However it is not clear what are the pathways 

of the formation of SLBs in the case of small beads and larger vesicles [27, 111] or giant 

vesicle and colloidal particles [134], where SLBs are also shown to be formed. 

Theoretical models have been proposed to predict adhesion and wrapping for colloid-

vesicle complexes [139], where penetration is possible for vesicles with radii large 

compared to the particle radii [140]. We believe that it happens by internalization and 

engulfment of the small particle by the large vesicle (as shown with cryo-electron 

tomography) [141] due to the strong adhesion of the particle onto the vesicles. 

Simulations have shown that a strong binding between particles and the lipid bilayer is a 

prerequisite of the internalization process [142, 143]. The strong adhesion between the 

lipid bilayer and the nanoparticle trigger liposome deformation until the formation of 

curved neck. Then the rupture of this membrane neck leads to the complete engulfment 

of the nanoparticle. Simulations predict that  the coated particle then can stay tethered to 

or detach itself from the original membrane based on the homogeneity or heterogeneity 

of the membrane [139].  The interaction of liposomes with small nanoparticles can also 

lead to phase separation [144]. Therefore more experiments are needed to show the 

intermediate steps in the formation and kinetics of this process in order to be confirmed. 

We have observed by TGA experiments that ~ 90 % of the bilayer was formed in the 5 

min. of incubation of vesicles above their phase transition temperature with 40-50 nm 

SiO2 nanoparticle, but it took up to 2 hours for those particles to reach the plateau and be 
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covered completely with a continuous lipid bilayer. This implies that the initial kinetics 

of the process is very fast, but a longer time is needed to get the amount calculated for 

continuous bilayer, possibly due to rearrangements or defects of the SLBs in the initial 

stage. 

 

1.9 Differences between planar and colloidal nanoparticles 

In the case of supported lipid bilayer nanoparticles, it is also important to consider 

their colloidal stability. SUVs typically form suspensions that are stable for days, and 

nanoparticles similarly can form stable suspensions. However, when mixed, either stable 

suspensions or precipitates can form. 

It is well known that supported lipid bilayers on nanoparticles 

precipitate/flocculate after their formation in buffer/salt. The colloidal stabilization of 

supported lipid bilayers is not adequately described using Derjaguin-Landau-Verwey-

Overbeek (DLVO) theory. In the classical DLVO [145], only long-range van der Waals 

attractions and electrostatic repulsion ( double layer forces) are considered, so that with 

an increase in ionic strength, the attractive van der Waals forces remains constant but the 

electrostatic potential is screened, so that colloidal stability decreases. Although at large 

distance (ca 50 Å in water [146, 147]) DLVO theories are in good agreement with 

experiment [148], at smaller distances (ca 1-2 nm) other short range repulsive forces exist 

between two approaching hydrophilic surfaces in water. These short range interactions 

have been attributed to: (i) hydration forces, related to the energy needed to dehydrate 

interacting surfaces that contain ionic or polar species[149]; (ii) thermal undulation [150, 

151] and (iii) protrusion [152] forces. Undulation and protrusion forces of bilayers are 
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suppressed on solid surfaces, so that aggregation is predicted to be enhanced by 

membrane rigidification [153]. Thus, interaction between two approaching SLBs or an 

SLB and an SUV, will be different than between two SUVs or two SiO2 nanoparticles. 

The precipitation of continuous zwitterionic supported lipid bilayers on 

nanoparticles (SASUV/SASiO2 = 1) at higher ionic strength (I=75mM NaCl) can be 

attributed to two factors. One is decreased electrostatic repulsion between the SLBs, as 

was shown by reduced zeta potentials [17, 154]. 

The other factor causing precipitation is that lipid bilayers, now on solid supports 

no longer repel each other by effective undulatory/protrusion forces. Since zwitterionic 

SUVs with ζ ≈ 0 remain stable for days at high ionic strength, electrostatic shielding can 

not be the only reason for precipitation of the SLBs. The contribution of the repulsive 

forces due to undulation or protrusion will be different for SUVs than for SLBs, since 

solid surfaces tend to suppress these motions [7, 150]. Thus, in the latter case the two 

surfaces can come in close contact more easily, where they experience stronger van der 

Waals attraction that can promote aggregation [155, 156] The suppression of thermal 

undulation [7] and protrusion forces on lipids in the SLBs must also contribute to the 

aggregation of the SLBs. Steric/undulatory repulsion was shown to be suppressed for PC  

supported mica in the liquid crystalline state, stiffening the bilayer, so that the bilayers 

could come closer together and experience stronger van der Waals attractions[155, 156]. 

The contribution of repulsive forces due to undulation at T > Tm was suggested to occur 

for melted bilayers but not for bilayers adsorbed on a solid surface [150]. 

Flocculation/aggregation of SLBs at high ionic strength could be reversed, 

however by addition of excess SUVs. In this case, the suspensions remain stable due to 
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the steric/undulatory repulsion provided by the additional SUVs. In order to decrease the 

free energy of the system, the charged SLBs minimize their nearest neighbor interactions 

and are thus separated by the neutral SUVs. Therefore, the interaction between the SUVs 

would be one in which the short range undulatory/protrusion forces of the SUVs repel the 

SLBs when they approach each other, preventing aggregation/flocculation. 

Therefore, the flocculation/precipitation of SLBs on nanoparticles is due to 

shielding of the electrostatic charge of the SiO2 by the lipids and salt/buffer, and by 

suppression of undulatory/protrusion forces of lipid bilayers on solid substrates. Once the 

lipid bilayers fuse to the nanoparticles, the only forces keeping SLBs apart are their 

electrostatic repulsion, and the charge of the SiO2 is shielded by the zwitterionic lipid 

bilayer and the added salt/buffer, weaking this repulsive interaction. However, when 

excess SUVs are present, the undulatory/protrusion forces can be restored, and the SLBs 

resuspended. 

 

1.10 Organization/objectives of the thesis 

Experimental research on SLB particles has been limited mostly to micron size 

glass beads. Until recently, very little experimental data could be found concerning the 

membrane behavior on highly curved surfaces. In the case of nanoparticles, the effect of 

curvature must be taken into account, and may provide a platform for study of the effects 

of curvature on membrane composition and properties. There is some evidence that local 

curvature might mechanically control the spatial organization of membrane components 

[157]), as well as the ability of lipids to conform to topography/ defects on planar 

substrates [158]. Phase separated liquid –ordered (Lo) domains enriched in saturated 
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phosphatidylcholine (PC) lipids were observed to segregate in regions of low curvature, 

while domains enriched in unsaturated PC segregated into regions of high curvature 

[157]. Curvature was shown to affect the lateral stress, which has significant effect on the 

phase behavior, resulting in the shift of solidius and liquidus points during the transition 

[25, 43]. 

There may be a size limit to the features on solid supports or the radii of 

nanoparticles on which SLBs can form. Single lipid bilayers have been found to spread 

conformally on silica (SiO2) microgroves, in which the curvature radii of the sharp edges 

was ca. 50nm [159], on100 nm SiO2 nanobeads [35], on polysilicon nanowires over 50 

nm in diameter [160], on pitted surfaces of 110 nm and 190 nm diameter, and on silica 

xerogels with 50 ± 20 nm features [161]. Bilayer formation was found to be impeded on 

highly curved surfaces [162].  

The motivation to start this research was the curiosity driven by understanding 

whether there is a critical radius (size) of the underlying solid particle that will prevent 

the formation of supported lipid bilayers. For example, what would happen when the 

diameter of the bead is with the same dimensions as the thickness of the lipid bilayer? Do 

the SLBs still form? How the lipid molecules pack on those cases? What are the 

properties of the SLBs in terms of physical properties such as phase transition and lipid 

dynamics (exchange)? The goal of the dissertation is to investigate the formation of 

supported lipid bilayers on curved surfaces. Study the effects of the surface properties of 

the nanoparticles such as silanol density, bound water, and vesicle charge density on the 

formation of supported lipid bilayers as well as investigate and characterize their phase 

transitions, lipid packing, conformational order and morphology. 
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The organization of the dissertation is as follows: 

Chapter two presents the experimental procedures that has been developed to 

form SLBs as well as methods and techniques that were used to characterize the 

nanoparticle supported lipid bilayers. 

Investigation of the physical properties of highly curved membranes is important 

in biology, for example in fusion intermediates, and in pharmaceutical or 

chromatographic applications, where nanoscale features may affect substrate binding. 

However, vesicle fusion below 40nm precludes study of this size regime. In chapter 3, 

the effect of high surface curvature on the adsorption, physical properties of SLBs such 

as phase transition,  and morphology of phosphotidylcholine lipids with alkyl chain 

lengths of 14 (DMPC), 16 (DPPC), and 18 (DSPC) onto silica (SiO2) nanobeads was 

investigated by thermogravimetric analysis (TGA), high sensitivity nanocalorimetry, and 

vibrational spectroscopy. The SiO2 beads ranged in size from 5-100nm. Stable supported 

bilayers were formed on all bead sizes by vesicle fusion of the SUVs at temperatures 

above the main phase transition temperature (Tm) of the lipids. A downward shift in Tm, 

and a broadening (ΔT1/2) of the transition with respect to the MLVs of the same lipids 

was observed for the 100nm beads. With decreasing bead size, Tm first decreased, but 

then increased. On the smallest bead size, whose dimensions were comparable to those of 

the adsorbed lipids, Tms were higher than those of the parent MLVs. The increase in Tm 

indicated a stiffening of the supported bilayer, which was confirmed by Raman 

spectroscopic data.  Narrowing of the phase transition or the appearance of peak doublets 

occurred at the smaller bead sizes. The results were consistent with a model in which the 
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high free volume and increased outer headgroup spacing of lipids on highly curved 

surfaces induced interdigitation in the supported lipids. 

The lateral packing of lipids on silica (SiO2) nanoparticles (NPs), conformation 

and order parameters, investigated by Raman spectroscopy for 1,2-dipalmitoyl-sn-

glycero-3-phosphocholine (DPPC) and 1,2-distearoyl-sn-glycero-3-phosphocholine 

(DSPC) as a function of their size (curvature), for SiO2 NPs of 4-6, 10-20, 20-30, 40-50 

and 100 nm nominal diameter  is presented  in chapter 4. Raman spectral indicators in the 

C-C and C-H stretching regions were used to determine conformational order and alkyl 

chain packing for these systems. As the ratio of NP to lipid size decreases, packing in a 

normal bilayer configuration increases free volume and decreases hydrophobic 

interaction between the chains. For the 10-20, 20-30, 40-50 and 100 nm SiO2, for which 

single supported lipid bilayers (SLBs) are formed around the NPs, the Raman data 

indicate that there is increased interdigitation and increased lateral packing order between 

the chains with decreasing NP size, which improves hydrophobic association and 

decreases the voids that would occur for normal bilayers. For the same size NP, there is 

increased interdigitation and lateral packing for the DSPC compared with DPPC lipids, as 

expected based on the greater void volume that would be created for the longer alkyl 

chain lengths. Another mechanism for filling this void space is the formation of gauche 

kinks for the terminal methyl groups at the center of the bilayer, which can be monitored 

by a Raman band at 1122 cm-1. These gauche defects are most prevalent for the largest 

size (100 nm) NPs, but are observed for all NP sizes. For the 4-6 nm SLBs, which form 

aggregates, we hypothesize that both bilayer bridging and interdigitation can occur 

between the NPs. Compared with the 10-20 nm NPs, the order parameter increases but 
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there are fewer trans conformers, possibly due to chains that are loosely packed or 

isolated in the interstitial regions. 

In chapter 5 is presented the symmetric lipid exchange investigations between 

dueterated and hydrogenated DMPC and DPPC SLBs via lipid monomer transfer in 

solution on different size of SiO2 nanoparticles. The lipid exchange was studied by 

monitoring the shifts in the phase transition temperatures of the individual SLBs after 

mixing as a function of incubation time at preset temperature by using nanoDSC. Then a 

theoretical model was used to calculate the off rates of lipid exchange based on these 

shifts in phase transition temperatures. The exchange rate was found to be slower on 

SLBs on smaller nanoparticles. The activation energy, EA calculated based on Arrenhius 

plot was EA = 179 kJ/mol for DPPC SLBs on 45 nm beads, and EA = 164 kJ/mol for 

DPPC SLBs on 100nm beads. Lipid transfer between SLBs and small unilamellar 

vesicles, SUVs was also investigated. Exchange of lipid molecules between DMPC SLBs 

(prepared from lipid required to cover with one bilayer the surface of the beads) and 

SUVs was not observed (there were no shifts in Tm of SLB and SUV peaks with the 

time). Instead, the lipid molecules went to feed the SLBs on the nanoparticles (the peak 

height inensity of the SUV peak decreased with the time).  

In chapter 6th, the effects of surface properties of the solid substrate on the 

formation and kinetics of DMPC SLBs by changing the silanol density and therefore the 

amount of bound water on the surface of SiO2 nanoparticles were investigated. When 

zwitterionic lipids fuse onto substrates such as silica (SiO2), the water of hydration 

between the two approaching surfaces must be removed, giving rise to an effective 

hydration repulsion. Removal of water around the polar headgroups of the lipid and the 
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silanols (SiOH) of SiO2 allows supported lipid (SLB) bilayer formation, although an 

interstitial water layer remains between the lipid and surface. The importance of 

hydration repulsion in SLB formation is demonstrated by monitoring fusion of 

zwitterionic lipids onto silica (SiO2) nanoparticles heat treated to control the silanol group 

(SiOH) density and thus the amount of bound water. SLB formation, observed by cryo-

TEM and nano-differential scanning calorimetry, was found to be slower for the more 

hydrated surfaces. Although the SiOH density decreased with increasing heat treatment 

temperature, zeta potentials were the same for all the SiO2. This arose since at the pH = 8 

of the experiments, only isolated silanols, with a pKa = 4.9, and not hydrogen bonded 

silanols, with a pKa = 8.5, were dissociated/charged [163]. Since there were no 

differences in double layer forces between the SUVs and SiO2, which are the largest and 

most important interactions determining lipid fusion onto surfaces [17], [75], the slower 

rate of SLB formation of DMPC onto SiO2 nanoparticles with higher silanol densities and 

more bound water was therefore attributed to greater hydration repulsion of the more 

hydrated nanoparticles. For SiO2 heated to 1000oC, with only a few isolated silanols, little 

adsorbed water and many hydrophobic Si-O-Si groups, particle aggregation occurred and 

lipid sheaths formed around the nanoparticle aggregates. 

Chapter 7th describes the effect and modulation of surface charge of vesicles on 

the formation of SLBs. SLBs were formed for all ratios of DMPC/DMTAP. More 

specifically attention is paid to discovery  of  a procedure by which assemblies of 

supported lipid bilayer (SLB) nanoparticles, composed of DMPC/DMTAP (50/50) lipids 

on SiO2, can be collected and released from bilayer sacks. In the current work, the sacks 

are composed of the same lipid as the SLBs, and encapsulate ca 20 SLBs in a tight-fitting 
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sheath-like structure. These structures are formed upon cooling a nanosystem composed 

of equal populations of SLBs and small unilamellar vesicles (SUVs) below the main gel-

to-liquid phase transition temperature, Tm (~ 40 oC). We propose a mechanism for 

formation of the sheaths in which the SUVs adsorb to aggregates of SLBs just above Tm 

(as observed by DLS), and then fuse with each other (rather than to the underlying SLBs) 

upon cooling below Tm, forming a contiguous “peas in a pod” structure that precipitates, 

due to the absence of undulation/protrusion forces for the lipids attached to the solid 

support and charge shielding by the buffer/salt. The contents of the sacks can be released 

by heating the nanosystem above Tm. Although the lipid bilayer in direct contact with the 

SiO2 nanoparticles always remains attached to the support, the sheath is removed above 

Tm, forming vesicles that keep the released SLBs in suspension via undulation/protrusion 

forces. 

Replacement of the excess DMPC/DMTAP (50/50) SUVs with SUVs composed 

of DOPC/DOTAP (50/50), DMPC/DOTAP (50/50) or DOPC/DMTAP (50/50), all with 

phase transition temperatures below room temperature (RT), resulted in RT stabilization 

of the DMPC/DMTAP (50/50) SLBs. By changing the composition of the sheaths and 

internal SLBs, it may be possible to tune phase transition temperatures to trigger 

entrapment of contents (SLBs) at RT and release at higher (e.g. body) temperature. 

Chapter 8th presents the conclusions of the research studied in this dissertation. 

In summary, SLBs combine added stability, biomimetic properties of the lipid, 

defined localization and application of surface sensitive and on nanoscale localized 

measurement techniques, which ensures that they will continue to attract much attention 

and research efforts in the years to come. 
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CHAPTER 2 

 

EXPERIMENTAL OVERVIEW 

 

This chapter illustrates materials and an overview of the experimental techniques 

used to analyze and characterize in this research. 

 

2.1 Materials used in this dissertation 

Materials used are different phosphocholine and TAP lipids and different type and 

size of SiO2 nanoparticles. 1,2-Dimyristoyl-sn-Glycero-3-Phosphocholine (DMPC, 14:0 

PC), 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC; 16:0 PC) and 1,2-Distearoyl-

sn-Glycero-3-Phosphocholine (DSPC; 18:0 PC), 1,2-dioleoyl-sn-glycero-3-

phosphocholine (DOPC, 18:1 PC), 1,2-dimiristoyl-sn-glycero-3-phospho-(l'-rac-glycerol) 

(sodium salt) (DMPG 14:0 PG), 1,2- dimyristoyl-3-trimethylammonium- propane ( 

chloride salt)  (DMTAP 14:0 TAP), 1,2-dioleoyl-3-trimethylammonium-propane 

(chloride salt) (DOTAP 18:1 TAP) were obtained from Avanti Polar Lipids (Alabaster, 

AL) and used without further purification. The structures of all lipid used in this research 

are shown in figure 2.1. SnowtexTM colloidal silica (SiO2) beads in water suspension with 

nominal diameters of: (i) 4-6nm, ST-XS, 20.3wt % SiO2, lot 150509, pH 9.2, specific 

gravity 1.135; (ii) 10-20nm, ST-40, 40.8 wt % SiO2, lot 170916, pH 10.1, specific gravity 

1.308; (iii) 20-30nm, ST-50, 47.9 wt % SiO2, lot 170418, pH 8.9, specific gravity 1.372; 

(iv) 40-50nm, ST-20L, 20 wt% SiO2, lot 170211, pH =9.5-11.0, specific gravity 1.12-
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1.14 and (v) 100 nm, MP-1040, 40.7 wt % SiO2, lot 170425, pH 9.3, specific gravity 

1.300, were kindly donated by Nissan Chemical Industries, Ltd (Japan), and used as-

received. The SiO2 beads were prepared by the water glass process and had densities of 

2.4 g cm-3 (reported by manufacturer). Dry colloidal silica beads with 100nm nominal 

size, prepared by Stöber process with densities of 2.0 g cm-3 (reported by manufacturer) 

were purchased from Alfa Aesar Lancaster (Ward Hill, MA) and were used as received 

or after thermal and/or piranha treatment. All solutions/suspensions were prepared with 

HPLC grade water, methanol and chloroform, purchased from Fisher Chemicals 

(Fairlawn, NJ), as was the H2SO4 : H2O2  (70:30) used to make the piranha solution. A 

0.1 M, pH 8.0 buffer was made from Na2HPO4 · 7H2O and NaH2PO4 · H2O (PBS) and 75 

mM NaCl. An Avanti Mini-Extruder from Avanti Polar Lipids was used for extrusion of 

the lipids. Lipids in this research are chosen based on the most used lipid systems for 

model membranes, or based on their headgroup charge and chain length. 
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1,2-Dimyristoyl-sn-Glycero-3-Phosphocholine, DMPC (14:0 PC) 

 
1,2-dipalmitoyl-sn-glycero-3-phosphocholine, DPPC (16:0 PC) 

 
1,2-Distearoyl-sn-Glycero-3-Phosphocholine, DSPC (18:0 PC) 

 
1,2-dioleoyl-sn-glycero-3-phosphocholine, DOPC (18:1 PC) 

 
1,2- dimyristoyl-3-trimethylammonium- propane ( chloride salt), DMTAP (14:0 TAP)

 
1,2-dioleoyl-3-trimethylammonium-propane (chloride salt), DOTAP (18:1 TAP) 

 

Figure 2.1 Structure of the lipids used in this research. 
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2.1.1. Vesicles 

 Vesicles are made of phospholipids molecules that spontaneously self-assemble 

into spherically closed bilayer membranes [1-3], where the polar heads are hydrated with 

water, wheras the hydrophobic hydrocarbon chains of each leaflet of the bilayer core 

interact with each other (Figure 2.2). The thickness of the lipid bilayer of vesicles is 

typically about 5 nm and depends on the length of the lipid molecule.  The phospholipid 

composition of vesicle defines membrane surface properties [4]. Vesicles, whether 

unilamellar or multilammelar, are prepared by a variety of methods at a temperature 

above their gel-to-liquid transition temperature (Tm), and they vary in size from tens of 

nanometers to tens of micrometers, thus forming nano- or micro-spheres [1, 5].  

 

 

 

Figure 2.2 Schematic of a vesicle. A) A schematic of phospholipid showing hydrophilic 

and hydrophobic parts. B) Schematic of unilamellar vesicle showing the two leaflets of 

the bilayer. 
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 Vesicles mimic cell membranes as they form a lipid bilayer into which membrane 

proteins could be inserted. The advantages of using vesicles as membrane mimics are that 

they are fluid, thus allowing lateral mobility, and self-healing [1, 3]. The self-healing 

properties results from the free diffusion of lipids within the two leaflets of the lipid 

bilayer. However, using vesicles as biomimetic nano- or microspheres is problematic due 

to their instability. This can be overcome by adsorption of vesicles to form supported 

lipid bilayers or monolayer on nano- or microspheres as described below. 

In summary, the biomimetic properties of the vesicles and the ability to incorporate other 

biological molecules in the bilayer make them appealing biomembrane mimetic systems 

that can be further stabilized by adsorbing onto inorganic or organic surfaces for use in 

fundamental and applied research and industrial applications. 

 

2.1.2 Silica nanoparticles 

 Silica nanoparticles used in this research were prepared by Stöber process or 

water glass process. Silica colloidal particles have many properties that make them 

attractive for use in biotechnological, biomedical and biosensing applications. They are 

chemically inert, optically transparent, have low autofluorescenes, biocompatible, and 

their surface can be easily functionalized using organosilanes or chemical conjugates to 

biomolecules and lipid bilayer. Further, they can be self-assembled into two-dimensional 

(2D) or three-dimentional (3D) colloidal crystals, used in a development of photonic 

crystals [6, 7] of separation membranes [7] or in the conception of patterened surfaces 

[8].  To prepare biomimetic silica particles, liposomes in the form of unilamellar vesicles 

are first prepared and then they are used to coatt the silica colloidal particles. 
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2.2 Methods  

 

2.2.1 Thermal/piranha modification of SiO2

The SiO2 described as “as is” was used from the supplier as received. The “as is” 

SiO2 was thermally modified by heat treatment at 600 and 1000 °C for 7-8 hours. Figure 

2.3 shows the change of the silanol density on the surface of SiO2 nanoparticles after 

thermal treatment. Thermally modified beads were further heated in piranha solution at 

100 °C for 2-3 hours, and rinsed with distilled water until a pH of 7.0 was achieved. The 

“as-is”, “as-is” + piranha, 600oC and 600oC + piranha SiO2 could all be dispersed in 

buffer. Not all of the 1000oC or 1000oC + piranha SiO2 went into suspension. Only the 

material that was in suspension was used for subsequent use and characterization. The 

amount that did redisperse was obtained by centrifuging out the non-dispersed beads and 

measuring (by TGA) the amount of SiO2 in the supernatant; this weight percent was used 

to c

 

 

 

 

alculate the weight of lipid required for bilayer coverage. 

 

Silanol densities on the surface of SiO2 nanoparticles before and after thermal 

eatment. 

Figure 2.3 

tr
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2.2.2 Preparation of SiO2 nanopartcile 

The Nissan nanoparticles, which were already dispersed, were used as received or 

ere diluted in buffer to prepare the necessary concentrations. Dry silica particles were 

dispersed in buffer at a concentration of 2-4 mg ml-1 and were sonicated for 1hour in 

3 3 id film was 

then redispersed in buffer and incubated at a temperature (60oC for DMPC and DPPC, 

MTAP) above the Tm of the lipids for a minimum 

of 2 ho

w

order to separate and prepare homogenous colloidal solutions.  

 

2.2.3 Preparation of vesicle solution 

Appropriate amounts of lipid were dissolved in chloroform. Dry lipid films were 

formed after evaporation of the solutions under a stream of nitrogen and then in a vacuum 

oven overnight to remove any residual solvent. For the mixed lipids: Appropriate 

amounts of the two lipids were dissolved in CHCl  or CHCl /MeOH. The lip

70oC for DSPC, and 50 oC for DMPC/D

urs with periodic shaking to form hydrated multilamellar vesicles. MLVs with 

DMPC/DMTAP mole ratios of 100/0, 95/5, 90/10, 80/20, 70/30, 60/40, 50/50, 40/60, 

30/70, 10/90, 5/95 and 0/100 were prepared. Small unimolecular vesicles (SUVs) were 

obtained from MLVs by subjecting them to 5 freeze/thaw cycles followed by extrusion 

using a polycarbonate filter with a pore size of 50nm and 100nm (80nm, 200nm for 

vesicles size study). Approximately 1ml of a 7-10mg/ml lipid solution was passed back 

and forth for more than 50 times. Although a clear solution was obtained after 20 passes, 

the vesicles became more monodisperse as the number of passes increased (as determined 

by dynamic light scattering (DLS) data, see below). Assuming no loss of lipid during the 
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extrusion process, additional buffer was added to the extrusion product to yield vesicle 

solutions of 2mg/ml lipid. 

 

2.2.4 Formation of supported lipid bilayers on nanoparticles 

Formation of nanoparticle supported lipid bilayers were accomplished by addition 

of the SiO2 dispersions to the vesicle solutions held above Tm, so that there was 

approximately at least a two-fold, and up to a five-fold excess of lipid necessary to form a 

bilayer on the beads. The pH of the mixture remained buffered at pH =8.0. These 

and 65oC for DSPC, and 

then al

  mL = 0.00658 ML x mB /r (m) 

mixtures were incubated for 2hrs at 50oC for DMPC and DPPC, 

lowed to cool to room temperature (RT). The lipid coated beads were centrifuged 

at 3200-3900 RPM using a Fisher Scientific Marathon 3200 centrifuge, and the supernate 

decanted. Additional water/buffer was added to the pellet, and the centrifuge/washing 

steps repeated 2-6 times. The final pellet was redispersed in buffer/ HPLC graded 

H2O/D2O or dried in vacuum oven for further analysis. 

 The amount of lipid expected to adsorb to the nanoparticles, based on continuous 

bilayer coverage on a planar surface, is given by: 

where mL = mass lipid;   

ML = molar mass of lipid:  MDMPC = 677.94; MDPPC = 734.1; MDSPC = 790.15 

 mB = mass bead B

 r = radius of bead in meters, 
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the specific gravity of the beads was taken as 2.4 g cm-3 for Nissan beads and 2.0 g cm-3 

for Lan lecu

Å2 for DPPC and DSPC. The amount of lipid required for single bilayer coverage of the 

nanoparticles is achieved when the surface area of the SUVs (SASUV ) was equal of the 

2 (SASiO2 SUV SiO2 rages will be referred to as fractions or 

2

eadgroups (DMPC: 0.59 nm2 in the gel[9], 0.66 nm2 

in the l

caster beads, and the surface area per lipid mo le as 59 Å2 for DMPC and 63 

SiO ) SA / SA =1; other cove

multiples of this amount. 

For the DMPC/DMTAP experiments nominal 50, 100 or 200 nm SUVs 

(DMPC/DMTAP = 100/0…0/100) and nominal 100 nm SiO  were mixed and incubated 

at 50 oC for  2. The amount of lipid added was based on that required to form single 

bilayer coverage and was calculated for pure DMPC and pure DMTAP based on the 

surface area occupied by the lipid h

iquid crystalline phase [10]; DMTAP: 0.40 nm2 in gel [11] or 0.70 nm2 in liquid 

crystalline phase[10]) and the total surface area of the nanoparticles. The assumption was 

made that the headgroup areas of the individual lipid molecules on the SiO2 were the 

same for the neat lipids and for mixtures of DMPC and DMTAP. The surface area of the 

SiO2 was assumed to be planar, and a density of 2.4 g/cm3 was used for the nanoparticles. 

The amount of lipid required for single bilayer coverage of the nanoparticles is achieved 

when the surface area of the SUVs (SASUV) is equal to the surface area of the SiO2 

(SASiO2), SASUV/SASiO2 = 1/1, and when excess lipid is added, the coverage is reported as 

multiples of this quantity. For DMPC/DMTAP = 100/0 to 0/100, samples were prepared 

with SiO2 at SASUV/SASiO2 = 1.  For DMPC/DMTAP = 50/50, it has been reported that 

the headgroup area is reduced (vida infra) and the same for both lipids (0.59 nm2)[9]. In 

this case, samples were prepared using this headgroup area.  
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2.3 Characterization 

 

2.3.1 Thermogravimetric analysis (TGA) 

o

The amount of adsorbed lipid was determined using thermogravimetric analysis 

(TGA), using a TA Instruments 2950, scanned from 25 C to 800oC at a rate of 10oC/min. 

silanol condensation of the SiO2, the beads were heated separately 

ver the same temperature range at the same scan rate. TGA data of a representative bead 

C is presented in Figure 2.4. Unlike SiO2 

prepare

2

o scattering geometry and a 659nm diode laser. After ensuring 

at the buffer and cells were clean (count rates < 40-50cps), and after filtration through 

 to dilute the SiO2 beads or 

vesicles if needed. No dilution was required for the smallest bead size. For the other 

In order to account for 

o

(40-50nm), and the bead coated with DPP

d using the Stöber process, the beads formed using water glass processes do not 

further condense significantly. The amount of lipid adsorbed to the beads is determined 

by subtracting the weight loss of the beads from the weight loss due to the small 

condensation of the SiO2. Derivative plots of the TGA data (DTGA) show regions of 

maximum rate of weight loss as inflection points, and highlight details of the weight loss 

as separate thermal events. 

 

2.3.2 Dynamic Light Scattering (DLS) and ζ-potentials 

The SiO  beads and lipid vesicles were characterized for size and monodispersity 

with a 90 Plus Particle Size Analyzer from Brookhaven Instruments Corporation 

(Holtsville, NY), using a 90

th

0.2μm PTFE filters (Fisher), the filtered buffer was used
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beads, 150-300 μL of beads (unfiltered) were added to 30ml of filtered buffer, and for the 

largest bead size, a further similar dilution was required so that count rates between 200-

800cps were achieved. The suspensions were not sonicated. All of the particle size data 

was analyzed assuming a single exponential fit. However, a lognormal analysis was 

performed to determine whether there were larger aggregates in the system.  Large 

aggregates were not observed, indicating both that the samples were clean and that the 

beads did not agglomerate, although occasionally, mixtures of monomers and dimers 

were observed. 

95

100

 

0 100 200 300 400 500 600

80

85

90

 

weight loss of DPPC
SLBs on 40-50 nm SiO2

 

W
ei

gh
t (

%
)

Temperature (C)

 

 

Figure 2.4 TGA plot of supported lipid bilayers on 40-50nm SiO2 nanoparticles. 
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For some of the experiments Dynamic light scattering and ζ-petential 

measurements were obtained on Mallvern Zetasizer Nano-ZS (Malvern Instrument Ltd. 

Malvern, UK) at 25 ºC, with an electric field strength of 30 V cm-1 for the ζ-petentials. 

The natural (unbuffered) pH of the aqueous samples was used. The Smoluchowski 

equation was used to convert electrophoretic nobilities to ζ-potentials. 

 

2.3.3 Calorimetry 

Phase transition temperatures were obtained using both a TA Instruments 2850 

differential scanning calorimeter (DSC) and a Model CSC 6300 Nano-Differential 

Scanning Calorimeter III (now TA Instruments), using scan rates of 0.33oC/min, 

0.5oC/min and 1oC/min usually in the range  from 5 oC to 70oC.  The phase transitions of 

the nanosystems were determined by the additional heat added (i.e. the corresponding 

, which 

rovides a direct measure of the energy change associated with the transition. In order to 

determ

l-1) solutions were 

prepared separately, mixed at RT and immediately placed in nano-DSC, which was at 30 

ºC (to slow the kinetics) and incubated at various times. The cooling cycles were 

excess power) that was required to maintain a constant rate of temperature rise

p

ine the enthalpies of the phase transition of the flocculated/precipitated samples, a 

know amount of sample is inserted in the nanoDSC. 

For the time dependent runs (for the experiments with different silanol groups on 

surface of the SiO2) in chapter 6, suspensions with SASUV/SASiO2 = 1.5, that is 1.5 excess 

of SUVs, were used. The nanoparticle (4mg ml-1) and SUVs (2mg m
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measured at 1 º C min-1 from 30 º C to 10 º C, to obtain the snapshots of the fusion 

process

dison, WI) equipped with a 

MCT d

Raman spectroscopy analysis was performed using a micro-Raman spectrometer 

(Renishaw, RM 1000) with a 514.5 nm air-cooled Ar ion laser source and a 1800 

lines/mm grating polychromator with RenCam CCD detection, providing a resolution of 

1 cm . The laser source was focused on the sample nanoparticle suspension through a 

long working distance 50x objective to a spot size of approximately 2 um diameter and 

the Raman signal from the SLBs was collected in back scattering geometry. The samples 

 pans for differential scanning calorimetry (DSC), (TA 

Instrum

 to form SLBs.The sample was then re-ramped to 30  º C ( time approximately 1-2 

minutes) and re-cooled to 10 º C. The same procedure was repeated for times up11 h to 3 

days. 

 

2.3.4 Vibrational Spectroscopy 

The FTIR spectra of both SiO2 particles and the supported lipid bilayers on 

nanoparticles were characterized using Fourier transform infrared spectroscopy (FTIR) in 

the transmission mode, with 256 scans and a resolution of 2 cm-1 using a Mattson 

Research Series 1 spectrometer (Mattson Instruments, Ma

etector or a Nexus 670 FTIR with a Specac diamond ATR accessory, at 4cm-1 

resolution.  

 

2.3.5 Raman Spectroscopy 

-1

were studied in standard aluminum

ents). A Linkam THMS600 heating stage was used for temperature control with 

0.1 oC accuracy of the nanoparticle suspensions during phase transition studies. In those 
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cases Raman spectra were recorded after allowing for 10 min thermal equilibrium to be 

achieved at every temperature point. 

The acquisition time for Raman spectra was between 10 and 20 min depending on 

the strength of the Raman signals until a satisfactory signal-to-noise ratio was achieved. It 

was found that SLBs in smaller particle size suspensions, due to their higher surface areas 

much stronger Raman signals. Therefore the longer 

accumu

 

per unit volume, produce 

lation times were needed in the case of suspensions of bigger diameter 

nanoparticles and also when collecting spectra in the fingerprinting region 650 – 1800 

cm-1 where the band intensities of SLBs were much weaker than in the stretching region 

(2700 – 3200 cm-1). Possible laser heating effects during the Raman spectral collection 

were eliminated by limiting the argon laser power density to levels where it was proven 

that the SLB spectra are not affected by prolonged irradiation. Data analysis was 

performed using the Renishaw Wire 2.0 software.  

Calorimetric and Spectroscopic scans in the figures are off-scale and were not 

normalized. 

 

2.3.6 BET Measurements  

BET measurements were made on a model ASAP 2020 Micromeritics (Norcross, 

GA) Surface Area and Porosity Analyzer. Samples were ramped at 10oC/minute to 150oC 

or 180oC and held at those temperatures for 13-14 hrs and analyzed by both single point 

and 5 point methods. 
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2.3.7 Cryogenic Transmission Electron Microscopy (Cryo-TEM) 

The supported lipid bilayer suspensions were prepared for cryo-TEM at 25 °C 

using a Vitrobot (FEI Company), which is a PC-controlled robot for sample vitrification. 

Quantifoil grids were used with 2 μm carbon holes on 200 square mesh copper grids 

(Electron Microscopy Sciences, Hatfield, PA). The grid was immersed in the sample, 

blotted

 liquid nitrogen for storage. Imaging was performed using a cooled stage 

OL JEM-2100F TEM (Model 915, Gatan Inc., Pleasonton, CA) at 200 kV. 

 to reduce film thickness, and vitrified in liquid ethane. The sample was then 

transferred to

JE
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CHAPTER 3 

 

EFFECT OF HIGH SURFACE CURVATURE ON THE 

FORMATION AND MAIN PHASE TRANSITION OF SUPPORTED 

PHOSPHOLIPID BILAYERS ON SiO2 NANOPARTICLES 

 

3.1 Introduction 

Curved lipid membranes are ubiquitous in living systems and play an important 

role in many biological processes. Cellular membranes bend and curve into multitude of 

shapes as they perform various functions.  The effect of curvature on the packing and 

phase transitions of lipids is of fundamental interest and for a wide variety of practical 

applications. Lipid membranes of nonplanar shapes are abundant in nature. Biological 

membranes contain regions of high curvature or surface roughness on length scales 

between 10 nm and 1μm [1], which may result in selective partitioning of lipids and thus 

alter membrane properties and function [2]. There is not much experimental information 

available on the physical properties of the highly curved membrane regions that occur as 

fusion intermediates. In nature, membrane curvature is determined by the relative areas of 

the hydrophilic head groups and hydrophobic tails of the constituent lipids and the 

relative areas of the two halves of the bilayer, which in turn can be affected by 

insertion/adsorption of proteins and protein segments [3].  Adsorption and morphological 

properties of lipids on nanoparticles, in nanotubes and on the interior of capillary walls 

with high surface curvature may be a function of the radius, which in turn may affect use 
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properties such as coating uniformity for biosensor applications and chromatographic 

separations. Commercially available solid supported lipid membranes (TransilTM) have 

been used as tools for membrane affinity of pharmaceuticals in high-throughput 

screening [4-9]. Adsorption of lipids on fumed silica (also containing primary SiO2 

particles of high curvature) [10, 11], the mechanism of the adsorption and their use as 

interface agents [12], and in drug and vaccine delivery [13] have been investigated. Lipid 

coated beads have recently been used to detect molecular interactions by membrane 

bound proteins through a colloidal phase transition [14], and provide a sensitive method 

for detection of interactions between proteins and ligands [15]. 

The bilayer structure is the most common organization of lipids in membranes. 

The phase transition behavior of multilamellar or unilamellar phospholipids vesicles from 

the gel (Lβ′) to ripple (Pβ′) to the fluid (Lα) phase has been extensively investigated. 

However, lipids have also been shown to pack in the interdigitated state [16], in which 

case the membrane thickness is reduced and the head-group spacing is increased [17]. 

This morphology has consequences for the rate of ion transport [18] and increased 

permeability [19] of RNA [20] across the membrane, and will affect the membranes 

surface charge density, and the extent to which the membrane can bind charged species 

[17]. 

Curvature effects have previously been observed in the case of single unilamellar 

vesicles (SUVs).  Compared with essentially planar large multilamellar liposomes [21, 

22], highly curved, small unilamellar vesicles (SUVs) [22, 23]   have lower gel to liquid-

crystalline phase transition temperatures, Tm, enthalpies, ΔHm, and entropies, ΔSm. 

Raman studies [24] suggest that these differences arise from differences in packing of the 
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alkyl chains induced by the curvature. In addition, lipid packing is very different for the 

inner and outer layers of SUVs, with the area occupied/lipid head group 12-21 % larger 

for the outer compared with the inner layer [25]. 

However, SUVs have been found to be unstable below their Tm, fusing 

spontaneously to form larger vesicles [22, 26].  For example, in the case of DPPC, SUVs 

with diameters smaller than 40nm were found to be unstable below Tm and fused to form 

vesicles of 70 nm in diameter [22], although the actual size distributions depended on 

whether vesicles were prepared by sonication of by the French press method. Correlation 

of the Tms (scan rates of 15oC/hr) with electron micrograph images of DPPC vesicles 

suggested that Tm = 37 oC for vesicles with diameters (D) D = 21 nm (the smallest 

accessible with French press method) and Tm = 41.5 oC for vesicles with D > 700 nm, the 

same value obtained for multilamellar liposomes. Therefore, it has not been possible to 

investigate curvature effects below about 40 nm, and direct analysis of SUVs in the 20-70 

nm size range is complicated and indirect due to the effects of vesicle fusion. 

Recently, Bayerl proposed the use of spherical supported vesicles (SSVs) as 

model systems for membranes, due to their controllable size and geometry [27]. For 

DPPC lipids on planar and spherical solid supports, there was no pretransition from the 

Lβ to the Pβ’ (ripple) phase, the main phase transition was reduced by 2 oC, and the 

cooperativity of the main transition, as measured by the full width at half maximum 

(FWHM), was a factor of 5 lower compared with multilamellar vesicles (MLVs) [28, 29]. 

Similar broadening was observed on planar substrates [30]. The presence of a support 

adds an additional asymmetry to bilayers, since one leaflet is adjacent to the support, 

albeit covered with a thin water layer, and the other leaflet is proximal to bulk water, 
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which may affect the phase transition behavior. In particular, both coupling [28, 29, 31] 

/decoupling [30, 32, 33] of the leaflets and Tm increases [31, 34, 35] /decreases [31] or no 

difference [36] with respect to the behavior of MLVs have been reported.  DSC data of 

lipids on spherical SiO2 supports indicated no decoupling between the inner and outer 

leaflets of the bilayer, as manifest by a single transition temperature [28, 29]. However, 

DSC data for DPPC on chopped, planar mica, did show decoupling of the inner and outer 

leaflets [32]. This system was interpreted as that of a double bilayer, in which the outer 

bilayer had a single transition (40.4 oC), and the inner supported bilayer exhibited two 

transitions at higher temperature. Temperature controlled atomic force microscopy 

(AFM) data on DMPC bilayers on a mica substrate showed independent melting of each 

leaflet of the bilayer [30]. A secondary phase transition at ~5 oC above Tm, observed 

using AFM, for DMPC, DPPC and 1,2-dipentadecanoyl-sn-glycero-3-phosphocholine 

(diC15-PC) on mica supports has also been interpreted as arising from decoupling 

between the two leaflets of the bilayer due to enhanced stabilization of the lower leaflet 

[33]. For the case of dimyristoyl-sn-glycero-3-phpsphatidylcholine/distearoyl-sn-glycero-

3-phospatidylcholine (DMPC-d54/DSPC) (1:1), an increase in transition temperatures 

was also observed for planar SiO2 substrates (and a decrease for spherical SiO2 

substrates) compared with MLVs, but no decoupling of the leaflets was observed [31]. 

AFM studies of DMPC on planar mica substrates showed both a broader and a higher 

transition temperature than observed for DMPC vesicles in solution [34, 35], whereas 

sum-frequency vibrational spectroscopy (SFG) of DPPC, 1,2-diheptadecanoyl-sn-

glycero-phosphocholine (DHPC) and 1,2-distearoyl-sn-glycero-3-phosphocholine 

(DSPC) showed close agreement between Tm for the lipids on planar fused silica support 
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and literature DSC values, although with an increased breadth for the transition [36]. 

Curvature in SSVs [31] and microfabricated surfaces [37] containing two lipid or 

lipid/cholesterol species promoted their demixing.  

In this chapter, we have investigated the formation of supported 

phosphotidylcholine (PC) bilayers of different chain length on SiO2 beads of nominal 5, 

10-20, 20-30, 40-50, and 100 nm diameter and effect of the curvature on the phase 

transitions of those supported lipid bilayers. The questions that we were trying to answer 

were whether there is a critical radius that will prevent the formation of these supported 

lipid bilayers and how the curvature affects the physical properties such as the phase 

transition of the lipid bilayers.  The lipids investigated were 1,2-dimyristoyl-sn-glycero-

3-phosphocholine (DMPC) 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC), and 

1,2-distearoyl-sn-glycero-3-phosphocholine (DSPC), which had fatty acid chain lengths 

of 14, 16 and 18, respectively.  The lipid bilayers strongly adsorbed onto the silica beads, 

form continuous supported single lipid bilayers and were very stable for lengths of at 

least 2 months. In every case, for the smallest SiO2 particle, where the lipid dimensions 

(length) were of the same order as the bead size, the fatty acid chains adopted an 

interdigitated structure rather than the lamellar morphology observed on planar 

substrates. These results show for the first time how lipid bilayers adopt to high surface 

curvature in the case of a strongly adsorbing substrate. The packing of lipid bilayers on 

highly curved surfaces may affect other use properties in applications such as separations 

and sensing devices. In addition, the greater separation of the headgroups in the distal 

monolayer in the interdigitated lipids, and the hydrophobic voids created as the result of 
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the highly curved substrate may provide sites for hydrophilic and hydrophobic drugs, 

respectively, or proteins, in drug delivery application for the nanoparticles. 

 

3.2 Results  

 

3.2.1 Bead size and characterization 

In order to determine the amount of DPPC expected for bilayer adsorption, it is 

necessary to know the size and size distribution of the beads. The beads, as specified by 

the manufacturer, are expected to be fairly monodisperse, but to fall within the size range 

given in Table 3.1. Only one size was specified for the largest (100 nm) beads. The 

results of the dynamic light scattering (DLS) measurements, along with data obtained 

from the manufacturer, indicate that the sizes obtained from DLS fall within the expected 

range. The 100nm bead was in fact the most monodisperse. An increase in size measured 

from DLS compared with that obtained from dry measurements is expected, since the 

diffusion constant and thus the diameter measured in DLS is that of the hydrodynamic 

volume of the bead plus water moving with the bead. 

Table 3.1 Nanoparticle characterization by particle size analyser. 

Sample 
specification 

Nominal bead 
size, nm 

Mean diameter 
DLS 
nm 

Polydispersity 
DLS 

Diameter-other 
techniques* 

nm 

MP-1040 100 116 0.005  
ST-20L 40-50 45 0.119  
ST-50 20-30 26 0.064 21-BET 
ST-40 10-20 14 0.141 12-BET 
ST-XS 4-6 6-7 0.292 5-Sears method

*manufacturer specifications 
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Figure 3.1   FTIR spectra of SiO2 as a function of bead size in SiOH stretching region. 

 

The FTIR data for the SiO2 beads is shown in Figure 3.1. SiO2 readily adsorbs 

water, which exhibits a broad spectrum centered around 3400cm-1 that overlaps the SiOH 

vibrations, which occur between 3200-3800cm-1 [38]. The beads were evacuated 

overnight at 200oC, to remove the adsorbed water, but not condense surface silanols. The 

FTIR spectra of the beads show three bands, the highest frequency band at 3747cm-1 

originating from isolated silanols, the one around 3660cm-1 due to internal silanols (not 

accessible to a water molecule) and that at 3530cm-1 due to proton donor hydrogen 
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bonded silanols (either lying on vicinal sites or brought close together); a distinct 

absorption at 3715cm-1 due to terminal silanols (the last silanol in a network, which is a 

proton acceptor but not a proton donor) is not observed [39]. Except for the largest beads, 

where the spectra is weak due to the low surface area, the intensity of the isolated silanol 

peak increases relative to the hydrogen bonded peaks with decreasing bead size. This 

may arise due to the high curvature of the small beads, which increases the distance 

between the silanols to that greater than necessary for hydrogen bonding. 

 

3.2.2 Formation of Nanoparticle Supported Lipid Bilayers and Stability 

The amount of lipid expected to adsorb to the nanoparticles, in order to form 

continuous single supported lipid bilayer (based on continuous bilayer coverage on a 

planar surface), is given by: 

  mL = 0.00658 ML x mB /r (m) B

where mL = mass lipid;   

ML = molar mass of lipid:  MDMPC = 677.94; MDPPC = 734.1; MDSPC = 790.15 

 mB = mass bead B

 r = radius of bead in meters, 

the specific gravity of the beads was taken as 2.4, and the surface area per lipid molecule 

as 59 Å2 for DMPC and 63 Å2 for DPPC and DSPC. The results of this calculation are 

given in Table 3.2 for DPPC.  
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Table 3.2 Comparison of calculated and experimental DPPC bilayer coverage. 

Nominal 
Size Range 

(nm) 

Calculated amount of DPPC on bilayer 
(wt%) 

Experimental TGA weight loss  
(wt%) 

 from nominal 
bead size 

from measured bead size 

 lower upper DLS other techniques

bare 
nanoparticles 

lipid on 
nanoparticlesc

100 8.82 8.82 7.70 - 1.54 8.45 

40-50 19.52 16.21 17.63 - 1.21 17.4 + 0.3 

20-30 32.60 24.39 26.82 31.54a 1.62 31.09 

10-20 49.17 32.60 39.69 44.65a 1.45 45.45 

4-6 71.27 61.72 58.00 65.00b 1.99 60.50 

a from BET measurements,  bSears method, ccorrected for nanoparticle weight loss 

 

In order to ensure that the nanoparticles contained neither partial bilayers, 

multilayers or adsorbed vesicles on the beads, the weight loss was measured for beads 

exposed to solutions containing variable amounts of vesicles, and washed using 

increasing number of rinse cycles.  The results of these studies are given in Table 3.3 and 

3.4 for DPPC and figure 3.2. Figure 3.2 shows that at least 2x excess needed for 

continuous bilayer formation on spherical nanoparticles. The experimental and calculated 

DPPC coverage converged when approximately twice the amount of lipid needed for 

complete bilayer coverage was used. Increasing the number of rinses from 2 to 5 did not 

change the amount of DPPC on the beads. At least one rinse was always necessary, since 

the lipid coated beads were prepared in buffer. If not rinsed with distilled water, residual 

ions from the buffer, as well as residual vesicles in the solution could result in anomalous 
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TGA data. Therefore, at least 2x the calculated amount of DPPC was always used to 

prepare the lipid coated SiO2, and the centrifuged beads were typically rinsed at least 

twice. 

 

Table 3.3 Comparison of experimental DPPC coverage using excess DPPC in solution, 

after rinsing 

Nominal bead size 
(nm) 

Calculated 
coverage (wt%) 

Excess DPPC 
lipida

Experimental coverage 

(wt%) 

20-30 31.5%b 2x 31.1 

  3x 30.8 

  5x 31.3 

40-50 17.6%c 1x 10.8 

  1.25x 12.3 

  1.5x 13.3 

  1.75x 16.4 

  2x 17.6 

  5x 18.3 

abased on calculated bilayer coverage, bsize from BET, csize from DLS 
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Figure 3.2 Titration of DPPC onto 40-50 nm SiO2 nanoparticles. 

 
 Table 3.4 Dependence of experimental DPPC coverage on rinse/time 

Nominal nanoparticle 
size (nm) 

Number of 20 mL rinses Calculated 
coverage wt% 

Experimental 
coverage wt% 

4-6 2 65a 60.1 

 5  60.1 

40-50 2 17.6b 17.7 

 2 after 5 days @ 4oC  17.9 

 2 after 5 days @ 50oC  15.6 

 5  16.7 

    

100 2 8.8c 8.5 

 5  8.1 
asize based on Sears method, bsize based on DLS, csize based on TEM 
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In addition, the long-term stability of the lipid-coated beads was assessed by 

comparing the TGA weight loss immediately after preparation, and after storage in 

distilled water for 5 days, above and below the phase transition temperature of the DPPC. 

The results, also presented in Table 3.4 indicate that storage of the lipid coated beads 

below the phase transition temperature resulted in no lipid desorption, although a small 

weight loss was observed when stored above Tm. This may occur for the following 

reason: The lipid vesicles are adsorbed to the beads above Tm to form bilayers and then 

rinsed below Tm. Since the area/lipid is greater above Tm, upon cooling, it is possible that 

cracks form in the bilayer as has been observed for planar systems. When the lipid-coated 

beads are then stored above Tm, expansion of the lipid area (in regions outside cracks) 

results in some lipid desorption. Evaluation of samples stored in the refrigerator for at 

least one-month storage similarly showed no loss in lipid. No effect of vesicle size on the 

formation of supported lipid bilayer for the vesicle sizes we studied was found as shown 

in Table 3.5. 

Table 3.5 Effect of vesicle size on the formation of DPPC SLBs on 20-30 nm beads. 

Membrane 

pore size, nm 

Vesicle 

size,* nm 

Coverage, wt% 

Experimental 

Calculated: 31.54 

50 67 28.57 

80 102 30.47 

100 97 29.99 

800 225 28.18 
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Typical TGA plot of a representative bead (20-30nm), and the DPPC supported 

lipid bilayers with DPPC is presented in Figure 3.3. The effect of bead size on DPPC 

adsorption is presented in Table 3.2, and a plot of experimental versus calculated values 

of weight loss is displayed graphically in Figure 3.4. The calculated values were based on 

the amount of lipid expected using the different measures of bead size. A linear plot of 

the experimental coverage versus the average of these calculated values shows that the 

smallest bead size has less than the expected coverage. However, within the uncertainty 

of the measurements (error bar for uncertainty of repeated measurements of TGA weight 

loss on shown graph), the linearity of the plot indicates that only DPPC bilayers remained 

on the beads after rinsing. 
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Figure 3.3 TGA plot of a representative bead (20-30 nm) and the nanoparticle supported 

DPPC lipid bilayers. 
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Figure 3.4 Expected weight loss based on bilayer DPPC coverage versus experimental 

TA weight loss values for beads of different size. 

 

There is good agreement between the expected and calculated values for the lipid 

on the beads. Except for the smallest bead size, the weight losses fall within those 

calculated from the nominal size ranges. The experimental data agree most closely for 

weight losses calculated based on the “dry” measurement of bead size, namely the BET 

and the Sears methods. The results from DLS, where the measured bead diameter is (and 

is expected to be) larger than for the “dry” measurements (due to diffusion of the 

hydrated spheres), predict slightly less lipid coverage. The data strongly suggests that 
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bilayers and not multilayers are on the beads after rinsing. The weight loss expected for 

multilayers is far outside the errors associated with the measurement of either weight loss 

or bead size. However, the calculated weight losses are all based on those expected for 

planar bilayers, where the head-group of both leaflets occupies the same area. This will 

be discussed in more detail below.  

 

3.2.3 Phase transitions of Nanoparticle Supported Lipid Bilayers 

Phospholipid bilayers as a model for membranes exhibit different phases that 

depend on temperature, pressure and hydration, and structural properties such as the 

length of hydrocarbon tails, degree of unsaturation and composition of the headgroup. 

The low-temperature phase is the subgel Lc, in which hydrocarbon chains are highly 

ordered and show a tilt with respect to the bilayer [40]. Upon heating the subgel 

transforms to a lamellar gel phase Lβ’ (for phosphatidylcholines). In this gel phase, the 

bilayer is more hydrated than in the Lc phase and the hydrocarbon tails still show a high 

order, the chains assume a nearly all-trans conformation and pack in a hexagonal array 

with strong van der Waals contacts and show a tilt angle with respect to the bilayer 

normal. With increasing the temperature, the gel phase undergoes a transition to the Lα  

phase, which is called the liquid crystalline or fluid phase. During this transition, which is 

also called the main phase transition, the hydrocarbon chains cooperatively “melt” in an 

endothermic event caused by introduction of gauche conformations into the hydro carbon 

chains, with associated weakening of van der Waals chain contact, and by changes in the 

hydration and polar interactions of the phospholipids headgroups. These processes result 

in lateral expansion within the plane of the bilayer on melting that is accompanied by a 
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thinning of the membrane in the liquid–crystaline phase. In Lα  the chains are disordered 

and do not show any tilt. This Lα  phase is physiologically the most important phase. And 

therefore it is of great interest to study it for supported lipid bilayers, since, in the fluid 

state, the supported lipid bilayers provide a lateral fluidity to the system in the plane of 

the substrate.  

For Phosphatidylcholine lipids, studied in this chapter, the transition from ordered 

gel phase to the disordered liquid crystalline phase Lβ’→ Lα occurs in two steps. First, a 

transition from the gel phase to the ripple phase Pβ’   takes place, which is called the 

pretrantision, then this is followed by the melting of the bilayer from the Pβ’ to the Lα 

phase, called the main phase transition. The ripple phase is characterized by a long- 

wavelength rippling of the bilayer and (anomalous) swelling of the bilayer. The 

hydrocarbon tails are ordered and there is preferred tilt angle with respect to the bilayer 

normal. However, it is not very clear if the anomalous swelling of the membrane is 

coupled to the formation of the ripple phase [41-43] and if the rippled phase only exist in 

multilayers or if it is also present in a single bilayer system [44, 45]. Calorimetric studies 

show that the transitions from crystal to liquid and crystal to liquid crystal are well 

defined, isothermal and reversible.  For such processes the change in entropy (ΔS) equals 

q~v/T, where qrev is the heat absorbed or latent heat and T is the temperature (K) For a 

first order transition at constant pressure the free energy change is zero so that the latent 

heat becomes equal to the enthalpy change (ΔH) and hence ΔH-TΔS. 

 

 

 69



10 20 30 40

 

 

En
do

te
rm

in
g 

he
at

 fl
ow

Temperature (°C)

 MLV
 100nm
 40-50nm
 20-30nm
 10-20nm
 4-6nm

Pretransition

Figure 3.5 NanoDSC thermograms for DMPC (second heating cycle with ramp 0.5 

oC/min) MLVs and nanoparticle supported lipid bilayers as a function of beads size. 

 

Figures 3.5 and 3.6 show the second heating and second cooling cycle, 

respectively, for DMPC supported lipid bilayers as a function of bead size, as well as the 

transitions for DMPC MLVs. As previously observed, the supported lipid bilayers do not 

exhibit a pretransition, and the bandwidth is significantly broadened with respect to that 

of the MLVs; ΔT1/2 for all bead sizes was significantly larger (by factor of at least 4x) 

than for the MLVs. In addition, while there was close (0.1oC for DMPC and DPPC, 0.4oC 

for DSPC) agreement between the gel to liquid crystal phase transition temperature 

observed during the heating (Tm) and cooling (Tc) cycles for the MLVs, this difference 
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increased (to 0.4oC to 3.7oC) for the supported lipid bilayers, suggesting decreased rates 

for the transition on the solid supports. In addition, this difference increased in the order 

DSPC > DPPC > DMPC, suggesting that the kinetics of the transition was slower for the 

longer acyl chain lipid on the solid supports.  
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Figure 3.6 NanoDSC thermograms for DMPC (second cooling cycle with ramp 0.5 

oC/min) MLVs and nanoparticle supported lipid bilayers as a function of beads size. 
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There is another effect that has not been previously observed, namely that the 

peak transition temperatures, Tm or Tc, first decrease and then increase with decreasing 

bead size. Strikingly, for the smallest size bead, both Tm and Tc are greater than that of 

the MLVs. The bandwidth (ΔT1/2) first broadens, and then narrows again for the smallest 

bead size.  Figures 3.7 and 3.8, and Figures 3.9 and 3.10, the second heating endotherms 

and second cooling exotherms for DPPC and DSPC, respectively, show similar trends.  
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Figure 3.7 NanoDSC thermograms for DPPC (second heating cycle with ramp 0.5 

oC/min) MLVs and nanoparticle supported lipid bilayers as a function of beads size. 
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Figure 3.8 NanoDSC thermograms for DPPC (second cooling cycle with ramp 0.5 

oC/min) MLVs and nanoparticle supported lipid bilayers as a function of beads size. 
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Figure 3.9 NanoDSC thermograms for DSPC (second heating cycle with ramp 0.5 

oC/min) MLVs and nanoparticle supported lipid bilayers as a function of beads size. 
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Figure 3.10 NanoDSC thermograms for DSPC (second cooling cycle with ramp 0.5 

oC/min) MLVs and nanoparticle supported lipid bilayers as a function of beads size. 

  

For DPPC, data were obtained using both the DSC and nanocalorimeter, as well 

after a 100-fold dilution, and the trends (not shown) in the data were similar. Although 

there are differences in the absolute values of Tm or Tc measured using the TA 

Instruments DSC or the nanocalorimeter, the same trends exist for both data sets. The 

discrepancies occur due to the large difference in sensitivity between the instruments, and 

to the very different amounts of lipid on the samples depending on bead size. NanoDSC 

data measured for DPPC coated beads at least 2 months after their preparation exhibited 

nearly identical calorimetry traces and trends. 
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Table 3.6 Phase transition temperatures, ΔT1/2 of MLVs and nanoparticle supported lipid 

bilayers. Tm and Tc data obtained using Cpcalc. After baseline selection, the area under 

the curve was integrated to obtain ΔT1/2 and software used was Universal Analysis.

Lipid Bead size 
(nm) 

Tp (heat) 
°C 

Tm (heat) 
°C 

ΔT1/2 (heat)
°C 

Tp (cool) 
°C 

Tc (cool) 
°C 

ΔT1/2 (cool)
°C 

MLVs 14.7 23.7 0.56 10.7 23.8 0.64 

100  22.1 2.24  21.5 2.22 

40-50  21.2 1.87  20.9 1.76 

20-30  22.4 3.52  21.9 2.80 

10-20  22.6 7.59  21.7 5.64 

DMPC 

4-5  25.2 3.55  25.0 4.29 

MLVs 34.4 41.3 0.59 30.7 41.2 0.88 

100  39.8 1.79  39.0 1.62 

40-50  38.7 2.77  37.9 1.55 

20-30  39.3 4.73  37.7 3.03 

10-20  39.9 4.52  37.9 5.09 

DPPC 

4-5  42.0 3.74  42.0 2.84 

MLVs 49.4 54.1 0.96 45.0 53.7 0.81 

100  52.8 1.96  51.7 1.54 

40-50  51.9 2.25  50.1 1.86 

20-30  50.8 5.24  50.0 3.22 

10-20  54.5 4.88  50.8 4.49 

DSPC 

4-5  54.6 2.55  54.4 2.56 
 
 

 

3.2.4 Successive scans, scan rate effects and spiked lipids  

Scans were obtained for DMPC at scan rates of 0.125, 0.5 and 1 oC/min and were 

superimposable. In general, repetitive scans (typically obtained at 0.5 oC/min) were also 
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superimposable after the second scan cycle for DMPC. Figure 3.11, showing successive 

cooling cycles of DPPC on 10-20 nm beads, is the most pronounced example where the 

main characteristics of the nanoDSC plots remain the same, namely two separate peaks, 

but there is a slight change in the relative intensities as a function of scan cycle. In order 

to eliminate the possibility that MLVs in the solution caused peak doublets, nanoDSC 

scans were obtained with added parent MLVs. Figure 3.12 shows an example for addition 

of DPPC MLVs to DPPC supported lipid bilayers on 20-30nm beads, where there are 

three peaks in the spiked sample, one (at the highest temperature) due to the MLVs and 

the lower two to the DPPC on the supported lipid. Similar results were obtained for 

spiked DSPC samples. 
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Fiure 3.11 Three successive cooling cycles of DPPC on 10-20 nm beads. 
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Figure 3.12 NanoDSC data (second cooling cycle) of DPPC Nanoparticle supported lipid 

bilayers (blue) and same sample spiked with DPPC MLVs (pink). 

 

3.2.5 Spectroscopic data 

ATR-FTIR data for the lipid bilayers on the nanobeads, shown in Figure 3.13 

were all the same, and showed a predominance of trans conformations for the alkyl 

chain. The symmetric stretch (d+) has vibrational frequencies between 2846 to 2850 cm-1, 

and the antisymmetric stretch (d-) has frequencies between 2915 and 2918 cm-1, in the all 

trans conformation, which shift to 2856 cm-1 and 2928 cm-1 when gauche conformers are  
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Figure 3.13 ATR-FTIR spectra of adsorbed DPPC as a function of bead size. 

 

introduced [46, 47]. The Raman spectra, presented in Figure 3.14, for DPPC on the 10-

20nm and 4-5 nm beads show a change in intensity ratio for the 2850 cm-1/2880 cm-1 

bands. The ratios were 0.94 for the former and 0.85 for the latter. This intensity ratio 

decreased from 0.75 to 0.65 for interdigitated DPPC MLVs (in perdeuterated glycerol) 

compared with noninterdigitated DPPC MLVs, and was interpreted as an increase in 

chain-chain lateral interactions and a larger entropy of transition, for the interdigitated 

structure [48]. The larger values for the supported lipid bilayers result from their smaller 
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size compared with MLVs. Figure 3.15 shows geometric considerations of the lipid 

packing as a function of the beads curvature. 
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Figure 3.14 Raman spectra of DPPC nanoparticle supported lipid bilayers on 40-50 nm 

(cyan) and 4-5 nm (magenta) beads. 
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Figure 3. 15 Plot of occupied area vs. available area for DMPC, DPPC, DSPC lipids as a 

function of bead size. 

 

3.3 Discussion 

The DMPC, DPPC and DSPC lipids used in this investigation had a strong 

binding affinity for the silica, independent of the bead size, and formed stable supported 

vesicles.  These results are consistent with AFM data on spreading of lipids at scratched 

(and thus curved) portions of planar substrates, which although slower, still occurred 

[49]. The FTIR spectra of the silica exhibited both isolated and hydrogen bonded silanols. 

Although the smaller beads had a greater proportion of isolated compared with hydrogen-
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bonded silanols, all the beads exhibited strong adsorption for the DMPC, DPPC and 

DSPC lipids. The nanoparticle supported lipid bilayers could withstand many rinse cycles 

and were stable at 4oC for periods up to at least two months. TGA weight loss remained 

constant over this period, as did calorimetry traces and Raman spectra, although very 

small changes in weight loss would not be observable. Successive DSC traces over a two-

day period, after the first cycle, remained constant and showed little evidence of MLV 

formation.  These results are consisted with those in the literature, which indicate that at 

75 mM NaCl, the concentrations of lipid used were above those needed to be in the 

plateau region of the adsorption isotherms [50]. Although one previous NMR study of 

SSVs on silica beads indicated that part of the bilayer detached from the support during 

the transition from the liquid crystal to gel phase [27], no detachment was observed in 

subsequent studies using SiO2 beads [28], in agreement with our TGA data. In addition, 

the loss of lipids from supported bilayers has been shown to be a very slow process [51], 

since, due to the hydrophobic effect, the concentration of free lipid in solution is expected 

to be very small (1-100molecules/μm3) [52]. 

The TGA data of the rinsed beads, as well as the absence of a ripple transition 

[29], strongly suggests that only bilayers and not double bilayers remained after rinsing. 

The absence of a pretransition temperature is a feature previously reported for supported 

lipids bilayers, and has been attributed to the lateral stress acquired at the transition from 

the fluid to gel phase due to the 5-8 % reduction in volume that occurs for the lipid but 

not for the underlying support, preventing the formation of the ripple phase [29]. Since 

the existence of a ripple phase has been observed for the top bilayer of supported double 
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DPPC bilayers [44, 53], this absence again suggests that we observe only single bilayers 

on the beads. 

In the current investigation, first a decrease, followed by an increase in Tm is 

observed with decreasing bead size, and the lipid bilayers adsorbed onto the smallest 

beads have a Tm greater by ~1oC than the parent lipids. The downward shifts of 1.6o, 1.5 

and 1.3oC (on heating, Tm) and 2.3, 2.2 and 2.0 oC (on cooling, Tc) observed for DMPC, 

DPPC and DSPC, respectively, for the 100nm beads compared with the parent MLVs, are 

consistent with previous investigations for the 2oC decreases in Tc for d-DPPC on 400nm 

SiO2 beads [54], the 3oC decrease for d-DMPC on both 640 and 60 nm SiO2 beads [31], 

and the decrease of 2oC and 3oC for DSPC on 640 nm and 60 nm SiO2 beads [31]. 

Similar bandwidth broadening (1-2oC increases) was observed for the DPPC or DMPC 

coated 100nm beads as reported for the 400-600 nm beads in the literature. 

However, anomalous bandwidth and Tm/Tc changes were observed in the current 

investigation with decreasing bead size, and in the case of DPPC and DSPC, two distinct 

transitions were observed. The unique changes in Tm, Tc and the corresponding ΔT1/2 in 

the current investigation, namely the minima in Tm and Tc, and the maxima in ΔT1/2, have 

not been previously observed. While ΔT1/2 increases are always observed for supported 

lipid bilayers, both increases in Tm [for lipids on planar or larger (> 60nm) spherical 

supports], or decreases in Tm [for lipids on higher curvature spherical supports] have been 

reported [31]. 

Several mechanisms can contribute to these results. The shifts in Tm/Tc can be 

attributed to: (1) curvature of the lipid; (2) the effect of the underlying substrate; and (3) 

interdigitation of the bilayer. 
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(1) While it is not possible to investigate Tm as a function of vesicle size for vesicles 

smaller than ~ 40 nm, due to their tendency to fuse[22], Tm has been observed to 

decrease with decreasing vesicle size [26]. The absence of a size dependence for 

Tm for D > 70 nm was attributed to the vanishing curvature of the vesicles [22]. 

By analogy with the vesicle data, we would expect a continuous decrease in Tm 

with decreasing bead size, which is not what we observe.  Interestingly, an 

anomalous size dependence on Tm for vesicles below 70 nm, with a steeper slope 

for vesicles above, rather than below 40 nm was suggested to be the result of a 

different, possibly polygonal [55] packing arrangement for the smaller vesicles.  

On solid supports, changes in Tm have been explained by differences in 

curvature or the effect of constant area. A model in which the intrinsic lateral 

pressure (π), representing a balance between the polar headgroup and acyl chain 

intrinsic pressures, decreased with increasing curvature, was used to explain the 

decrease in the liquidus (high temperature end of endotherm) point for lipids 

(DMPC and DSPC) on solid supports [31].  By contrast, planar supported vesicles 

experience an increased lateral pressure, since the phase transition occurs at 

constant support area, and the chains undergo a ~10% area reduction at Tm, which 

results in an increase in Tm  [31]. 

(2) There is not sufficient data in the literature to determine whether interactions of 

lipids with solid supports increase or decrease the phase transition temperature, 

since curvature effects are also involved. In the case of solid supported vesicles on 

planar mica, polished silicon surfaces, ATR crystals, or low curvature (1.5 μm 

diameter) glass beads, Tm is close to or above that of the respective MLVs, as 
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measured by FTIR for DSPC and d-DMPC [31], NMR for DMPC [27], and AFM 

of DMPC [34]. By contrast, for spherical SiO2 surfaces with higher curvature, 

only decreases in Tm have been reported, e.g. for DPPC on 640 nm SiO2 using 

DSC [56], DMPC and DSPC on 640 and 60 nm beads by FTIR and DSC [31].  

(3) Increases in Tm above those reported for MLVs have also been attributed to lipid 

interdigitation, which is believed to stiffen the bilayer [57-59]. Lipid 

interdigitation results when there is an increase in the area/headgroup. For 

example, in gel-phase DPPC membranes, the area per lipid headgroup has been 

reported as 52 A2 [60], which increases by a factor of 1.7 (to 90+ 10 A2) for the 

same interdigitated lipids [61]. In the case of small DPPC vesicles prepared by 

sonication, either lipid interdigitation or alkyl chain bends could account for 1H 

NMR cross-relaxation data, which indicated close proximity between head group 

and terminal methyl protons [62]. However, lipid interdigitation is more typically 

induced in the gel phase [63-65] by certain surface-active molecules, for example 

in PC and phosphatidylglycerol (PG) lipids by addition of a variety of small 

amphiphilic molecules[16] such as ethanol. These are believed to replace water in 

the interfacial region, where the presence of the additional hydrophobic moiety 

favors an increase in area per lipid head group [66, 67]. Interdigitation in 

phosphatidylcholine (PC) lipids has also been induced by increases in hydrostatic 

pressure, since the increased pressure drives the equilibrium towards the lower 

volume (interdigitated) phase[16]. Lastly, Tm increases have also been observed 

for d-DPPC on 400 nm SiO2 silanated with octadecyl-di-methyl-mono-

chlorosilane[54]. In this case, an explanation of interdigitation was discarded, but 
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not ruled out. However, in later neutron reflectivity work on a Langmuir Blodgett 

(LB) DMPC monolayer deposited onto a layer of octadecyltrichlorosilane (OTS), 

extensive interdigitation was observed [68]. 

 

In the current investigation, the increase in the headgroup spacing arises due to 

the greater curvature of the outer compared with the inner leaflet of the bilayer, and we 

suggest that the increases in Tm/Tc above those of the MLVs arise due to interdigitation. 

The difference in Tm and Tc was smallest for all lipid bilayers for the smallest bead size. 

One possible reason is that high free volume accessible to the lipid bilayers on the high 

curvature surface promotes rapid equilibration of the lipids from the liquid crystal to 

interdigitated state. 

The anomalous bandwidth effects are more difficult to unambiguously attribute to 

a single effect. Broadening, and/or splitting of the phase transition can be due to: (1) 

curvature effects with concommitent loss of cooperativity; (2) decoupling of the two 

halves of the bilayer, with separate transitions either observed or poorly resolved 

depending on the temperature difference of the transitions for both leaflets; (3) 

development of a new phase, i.e. one that is interdigitated, with growth of the 

interdigitated phase increasing with increasing curvature. After evaluation of the possible 

contributions, as discussed below, the interdigitation mechanism appears the most 

compelling, possibly accompanied by decoupling of the bilayer. 

(1) The breadth of the phase transition, i.e. the temperature range over which ordered 

and fluid lipid co-exist, has been found to be greater in SUVs compared with 

MLVs [69, 70] due to a decrease in cooperativity of the transition, which is in 
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turn connected with the size of the cooperative unit, and thus the vesicle size [69] 

or from a decrease in transition enthalpy with decreasing size [70]. In the latter 

case, the broader and weaker phase transition in SUVs (~ one-third that for 

MLVs) compared with larger liposomes was attributed to packing constraints, and 

possible lattice defects, in the smaller vesicles due to the strong curvature [70, 

71]. However, in the current work, a narrowing of the phase transition is observed 

for the smallest bead sizes, suggesting that a decrease in cooperativity with 

decreasing bead size is not the dominant mechanism to explain our results. 

(2) Although earlier work suggested that there was no decoupling between the two 

lipid leaflets of supported bilayers during the main phase transition [28, 29], more 

recent investigations suggest that this decoupling can occur. DSCs studies of 

double bilayers of DPPC on pulverized mica surfaces showed a single transition 

for the top bilayer (near Tm of vesicles) and two transitions at higher temperature, 

the lower temperature transition due to melting of the upper leaflet of the bottom 

bilayer (near the top bilayer) and the higher temperature transition due to the 

leaflet near the mica surface [32]. Temperature dependent AFM data on single 

bilayers of DMPC, diPC-15 and DPPC on mica were consistent with a model in 

which the top bilayer underwent the gel-fluid transition before the bottom layer; 

the melting of the outer leaflet, which occured at 5oC above the main Tm, could 

either result in a DSC scan with two separate peaks, or one broadened peak at 

higher Tm [33].   

(3) If we assume that the two peaks observed for DPPC and DSPC arise from 

decoupling of the inner and outer leaflets, then, with decreasing bead size, there 
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would be more lipid in the outer leaflet. However, it has been suggested that the 

higher temperature peak arises from the layer closer to the substrate, where it is 

more restricted, and thus has a higher Tm [33]. Since we observe the opposite 

trend, namely that the higher temperature peak increases as the relative amount of 

lipid in the inner leaflet is decreasing, it is more plausible that the higher 

temperature peak arises as the outer leaflet of the bilayer increasingly becomes 

interdigitated with the inner leaflet. This can include both more lipid molecules 

participating in the interdigitation, as well as increased depth of penetration of the 

outer with the inner bilayer, as shown schematically in Figure 3.16.  

Geometric arguments also suggest that interdigitation is needed to increase the 

hydrophobic interactions of the lipid chains as the curvature increases. High curvature 

increases the differences between the inner and outer leaflets of the bilayer. It has 

previously been shown that the head-group spacing increases to a greater extent for the 

outer compared with the inner bilayer of SUVs; the area occupied by the head-groups 

was found to be 12-21% greater for the outer compared with the inner leaflet of the 

bilayer, depending on the lipid [25]. For DPPC the area/head-group at the inner surface is 

68 Å2 [72], close to the value for planar bilayers [73], but 76 Å2 at the outer surface, 

corresponding to a 6-10 % linear expansion or ~1 Å increase in separation for the outer 

head-groups, weakening the electrostatic interaction between them [25]. This corresponds 

to lower interfacial pressure (π) for the outermost monolayer on a curved substrate. 
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Figure 3.16 Schematic of a) formation of SLBs. b) interdigitation between inner and 

outer leaflet of bilayer on small beads. 
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However, the head-group spacing of the outer leaflet cannot continuously 

increase. In addition to the weakened electrostatic interaction, the decrease in 

hydrophobic attraction would become larger, more so for the outer compared with the 

inner leaflet. This can be seen from strictly geometric considerations, keeping in mind 

that the supported lipid bilayers are different in other additional respects from vesicles. In 

particular, there is an asymmetry between the inner and outer leaflets, since the inner 

membrane is attached through a narrow, possibly ordered water layer to the solid support, 

whereas the outer leaflet interfaces with bulk water.  In addition, the number of lipid 

molecules does not change during the phase transition (from the TGA data), and are on 

solid supports with fixed surface area, so that the phase change occurs at constant surface 

area, not at constant surface tension. 

If it is assumed that the head-group spacing of the inner leaflet remains constant, 

and occupies the available area of the bead surface, then the wedge created between the 

alkyl chains of the attached lipid monolayer increases with decreasing bead size, and 

splays outward. Similarly, the wedge formed by the outer leaflet also increases with 

decreasing bead size, but splays inward with respect to the head-groups, and more of the 

lipid partitions into the outer leaflet. A plot of occupied versus free volume is plotted in 

Figure 3.15 for the lipid bilayers as a function of bead size, where it is assumed that the 

bilayer is the length it would adopt on a planar substrate. For bead sizes below 20nm, 

there is a dramatic increase in available volume. In order to avoid the hydrophobic 

repulsion that results from these wedges, the system needs some mechanism to minimize 

the free energy. The prohibitively high-energy cost of hydrophobic voids has recently 

been discussed in the context of stalk formation during membrane fusion [74, 75]. In the 
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current system, one structure that can form to avoid the hydrophobic voids is the partial 

or whole interdigitation of the upper into the lower leaflet, which increases with 

decreasing bead size, as shown schematically in Figure 3.16. The inwardly splayed alkyl 

chains of the upper layer could be accommodated by the oppositely configured voids 

formed by the outwardly splayed chains of the inner leaflet. The resulting interdigitation 

would result in an upward shift of Tm for small bead sizes, as observed. The Raman 

spectrum of DPPC on the 4-5 nm beads also confirms that the lipid is interdigitated. In 

both cases, these trends are due to improved packing in the interdigitated phase. 

We note further that the observed effects are a function of alkyl chain length, as 

would be expected based again on simple geometric considerations. The free volume 

generated in the “wedges” is greater for the longer alkyl chains, in the approximation that 

the number of lipid molecules adsorbed on the beads is determined by the area occupied 

by the head group (which is approximately the same for all the lipids considered here). 

Therefore, if hydrophobic attractions drive the interdigitation, these would be expected to 

occur at a larger bead size for DPPC and DSPC compared with DMPC (where there is no 

peak splitting), as observed.  

Although interdigitation is the most plausible explanation for the increase in 

Tm/Tc, and the peak splitting, for small bead sizes, we cannot exclude the possibility of 

curvature dependent decoupling of the inner and outer leaflets of the bilayer, but it is not 

possible to distinguish these effects at present for these highly curved surfaces.  
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3.4 Conclusion  

The formation of supported bilayers of saturated lipids of different alkyl chain 

lengths, DMPC, DPPC and DSPC onto SiO2 beads with diameters between 5 and 100nm 

was investigated by TGA, nanoDSC, FTIR and Raman spectroscopy. Bilayer coverage 

was obtained for all the lipids on all bead sizes. The results are best explained in terms of 

a model in which there are differences in the curvature of the inner and outer leaflets of 

the bilayer. This difference increases as the bead size decreases.  For beads between 100 

to ~ 40 nm, the decrease in lateral pressure arising from the increased curvature (23) 

results in a decrease in Tm/Tc with decreasing bead size.  For beads smaller than 20-30 

nm, anomalous changes in Tm and Tc are observed. For DMPC, there is an increase in Tm 

and decrease in ΔT1/2 with decreasing bead size. For DPPC and DSCP, there is also an 

increase in Tm above that of the parent MLVs, a splitting of the peak and an increase in 

the area of the high temperature peak compared with the lower temperature peak. The 

high curvature and increased spacing between head groups favors lipid interdigitation. 

The better alkyl chain packing of the interdigitated lipids results in higher Tms and a 

Raman spectrum characteristic of a more ordered state. These results show that on highly 

curved surfaces, in order to maximize hydrophobic interactions, lipids form bilayers that 

adopt a morphology different than that on planar surfaces. These results could have 

implications for highly curved membranes in biology, such as those that occur as fusion 

intermediates. It may be possibly to exploit this morphology for drug/DNA delivery 

applications. 
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CHAPTER 4 

 

EFFECT OF CURVATURE ON BILAYER PACKING, 

MORPHOLOGY AND CONFORMATIONAL ORDER OF 

NANOPARTICLE SUPPORTED LIPID BILAYERS INVESTIGATED 

BY RAMAN SPECTROSCOPY 

 

4.1 Introduction 

Raman spectroscopy has frequently been used to investigate the conformational 

order, packing and phase transition temperatures of lipid multilamellar (MLVs) and small 

unilamellar (SUVs) vesicles, due to the weak Raman scattering of water compared with 

its strong IR absorption [1-4]. The advantages of this technique over many other physical 

methods lies in the sensibility of the vibrational spectra of lipid assemblies to bilayer 

reorganizations and to the changes in populations of various bond conformations 

(gauche/trans ratios). The backbone skeletal (C-C) vibrations have been used as 

indicators of trans-gauche isomerization [5], and the CH stretching region at 2800-3100 

cm-1 has been shown to be sensitive to both intra-and inter-chain effects [6]. The recent 

interest in inorganic nanoparticles and their interaction with lipids also makes Raman 

scattering a technique of choice for monitoring phase transitions, conformational order 

and packing of lipids on supported lipid bilayers (SLBs), since materials such as silica 

(SiO2) also have strong IR absorptions but are weak Raman scatterers. Planar supported 

lipid bilayers have been investigated by total internal reflection (TIR) Raman 
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spectroscopy [7], and a micro-Raman/atomic force microscope (AFM) system has been 

developed that can measure the Raman spectra of multibilayers [8]. However, the high 

surface area of nanoparticles significantly enhances the ability to measure the Raman 

spectra of lipids on these surfaces and to investigate the effects of surface curvature. 

The packing of lipids as a function of curvature is important for biological events 

such as budding and fusion of cellular membranes, for which lipid vesicles are often used 

as surrogates. There thus has been interest in the different packing of lipids on high 

curvature SUVs compared with low curvature MLVs. Until recently, no bilayer systems 

were available which exhibit a uniform curvature that can be varied by the researchers 

and which are suitable for spectroscopic and thermodynamic studies.  Early work 

comparing Raman spectra of MLVs and SUVs, where the latter have smaller radii of 

curvature, indicated only slightly lower but broader gel-to-liquid crystal phase transition 

temperatures (Tm) for the SUVs [9] and greater trans-gauche isomerization for the SUVs 

in the gel phase, as monitored by the C-C skeletal vibrations [10, 11]. Further, in the 

2800-3100 cm-1 spectral region, which is sensitive to both intra- and inter-chain effects, 

MLVs exhibited greater lateral packing order [10-12]. Phase transition temperatures and 

enthalpies were lower for SUVs compared with their fusion products, large unilamellar 

vesicles (LUVs), both of which were different than MLVs [13, 14]. However, SUVs fuse 

with time [13, 15, 16], making it more difficult to maintain their size and measure size 

dependent effects. By contrast, nanoparticles have fixed geometries, so that it is possible 

to investigate the packing and order of lipid molecules as a function of curvature. 

There is some evidence that curvature can induce lipid interdigitation [17], 

although interdigitation is typically induced by addition of small molecules that separate 
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the headgroups [18]. For lipids on solid nanoparticle (NP) supports, as the underlying 

curvature increases and the nanoparticle and lipid dimensions become similar, the 

minimum energy configuration is not one in which the lipids form a traditional bilayer 

around the nanoparticles. The latter packing arrangement becomes increasingly unstable 

due to the large free volume increase if the lipids pack in a “stokes on a wheel” geometry, 

exposing the hydrophobic alkyl tails to the surrounding aqueous media. One way of 

mitigating this effect is for lipid interdigitation to occur, as we have proposed using data 

from nano-differential scanning calorimetry (nano-DSC) [19]. Lipid interdigitation has 

been investigated by Raman spectroscopy for glycerol induced interdigitation [20], where 

increased lateral order was observed for the interdigitated structures, and for binary 

mixtures of 1-stearoyl-2-caprylphosphatidylcholine(DSPC) 

/dimyristoylphosphatidylcholine (DMPC), where mixed interdigitated phases (3 acyl 

chains/headgroup) were proposed [21]. Another mechanism to fill the free volume void is 

for the ends of the chains near the bilayer center to deviate from a trans configuration of 

the alkyl chains. 

In this chapter, Raman spectroscopic studies of conformational order and packing 

investigated for 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC) and 1,2-distearoyl-

sn-glycero-3-phosphocholine (DSPC) supported lipid bilayers (SLBs) on monolithic 

silica (SiO2) nanoparticles with nominal diameters of 4-5, 10-20, 20-30, 40-50 and 100 

nm will be discussed . In particular, the conformationally dependent bands in the optical 

skeletal region, and the bands in the methylene bending and stretching regions that are 

sensitive to lateral packing order are investigated. We have paid particular attention to a 

vibration at 1122 cm-1, attributed to alkyl chains with a single gauche rotation of the 
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terminal methyl group near the bilayer center [22], and to a comparison of lateral packing 

for alkyl chains both as a function of nanoparticle size, and for different length alkyl 

chains on the same size SiO2. 

 

4.2 Results and Discussion 

 

4.2.1 Headgroup and C-C Vibrations 

The most intense head group vibration in phosphatidyl cholines (PC) is a C-N 

stretching mode, which appears between ca 714 cm-1- 722 cm-1, and which we observe 

for DMPC, DPPC, DSPC MLVs, SUVs and their SLBs at 718-722 cm-1 (Figure 4.1). The 

frequency of this band is insensitive to any conformational change of the alky chains 

associated with melting for the MLVs, SUVs and SLBs. However, choline vibrations are 

sensitive to the conformation of the O-C-C-N+ backbone. The totally symmetric stretch 

of C-N for the quaternary ammonium group appears at 720 cm-1 for the gauche and at 

770 cm-1 for the trans conformation [23]. Here, the intensity of the 720 cm-1 vibration is 

greater than that of a very weak 770 cm-1 vibration in all the Raman spectra, indicating 

that the orientation is predominantly gauche around the O-C-C-N+ group, consistent with 

previous observations [23].  

The hydrocarbon skeletal C-C stretching region, which extends from 1000 – 1150 

cm-1, provides the most convenient spectral region for observing changes of the acyl 

chains in phosphatidylcholine bilayers [3-5], although there is also a minor contribution 

from the PO2
- symmetric stretch in the 1100 cm-1 region [3]. The ν(C-C) modes are 

sensitive to true gauche and trans conformations of the methylene chain, and are much 
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less affected by methylene rotations or other bond deformations [24]. In this study 

(Figure 4.1), vibrations at 1061, 1100 (DSPC) or 1096 (DPPC), consistent with the chain 

length dependence of the middle peak [25], and 1121/1127 cm-1 are observed in the gel 

phase of DPPC and DSPC, and at 1065cm-1, 1087 cm-1, 1122 cm-1 in the liquid 

crystalline phase. 
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Figure 4.1 Raman spectra at RT in the headgroup and skeletal optical (C-C stretch) 

region of (left) DPPC MLVs, SUVs and SLBs on 4-5, 10-20, 20-30, 40-50 nm SiO2, and 

in the liquid crystalline phase of MLVs; and (right) DSPC MLVs, SUVs and SLBs on 4-

5, 10-20, 20-30, 40-50 and 100 nm SiO2. Dotted lines indicate spectral bands discussed in 

the chapter. 
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Band assignments have been made for IR and Raman vibrations of short and long 

CH3-(CH2-CH2)n-CH3 chains, where n is the number of ethylene units, using normal 

coordinate analysis [26-28], and by analogy, with lipid bilayers [3]. In the case of all 

trans chains, the chain length independent vibrations occur at ca 1062 (out-of-phase, 

asymmetric C-C stretch) and 1127 cm-1 (in-phase, symmetric C-C stretch) [28]. The 

1127cm-1 band arises from all-trans segments [28], while the 1062 cm-1 band is sensitive 

to the presence of gauche defects [29]. There is also a weak mode between 1075 and 

1100 cm-1 that increases with n. In the gel phase of hydrated, saturated lipids, three peaks 

are usually observed, at 1062, 1000 and 1127 cm-1, with the assignments of the 

1062/1127 cm-1 bands the same as for alkanes, and the 1100 cm-1 band attributed to all 

trans chains with a single gauche defect [25]. The presence of this peak in the gel phase 

indicates that DPPC (or DSPC) is never “all-trans”, but possesses some gauche 

conformers that have been suggested to be located at the end of the acyl chains, and thus 

at the bilayer center [25]. IR CD2 substitution data combined with models of disorder in 

the hexagonal (rotator) phase of alkanes indicate that disorder is the result of g-t-g′ kinks, 

in which the probability of occurrence is greatest at the ends [30].  

Upon melting of alkane/polyethylene chains, or at the gel-to-liquid crystal 

transition in lipids, the intensity of the 1064 and 1130 cm-1 bands decrease, and the 

1101cm-1 band shifts and merges with a new broad intense band at 1090 cm-1, as shown 

here for DPPC in the high temperature fluid phase. These changes occur due to a 

decrease in the number of all trans segments and to the appearance of chain segments 
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containing gauche rotations along the chain [31]. Ab initio calculations indicate that eight 

to ten contiguous CH2 units are required in order that a sequence contribute most of its 

intensity to the 1064/1130 cm-1 vibrations; shorter sequences make intensity contributions 

to these vibrations as well as to the 1090 cm-1 mode [32]. Further, it has been shown that 

intensity reduction is greater for the 1130 cm-1 than for the 1062 cm-1 vibration with 

introduction of gauche defects [33]; for example, the intensity of the 1130 cm-1 

wavenumber band was reduced for alkyl chains on transition from the orthorhombic to 

the hexagonal phase, but the decrease was not linearly proportional to the number of 

gauche bonds introduced, but instead resulted from a low concentration of gauche bonds 

[34]. MD simulations and IR data that are based on spatially localized C-C vibrations 

indicate that Raman spectra in this region overestimate the number of gauche bonds [34]. 

Further, these calculations indicate that for constrained alkyl chains in lipids compared 

with unconstrained alkanes, the short conformational sequences are similar, but there are 

more long all-trans sequences for the lipids [34]. 

The amount of alkyl chain disorder is often taken as the relative number of 

gauche/trans conformers, measured by their Raman intensity ratios I[ν(C-C)G]/ I[ν(C-

C)T] = I1090/I1062. This is shown in Figure 4.2 (right) for DPPC and DSPC SLBs at room 

temperature as a function of SiO2 size. Unlike alkanes such as octadecane, where the 

number of gauche bonds is zero in the crystalline phase [24], all of the SLBs have gauche 

conformations in the room temperature gel phase. The number of gauche rotamers 

increases as the nanoparticle size increases, with the exception of the smallest 

nanoparticle size, and is greater for DPPC than for DSPC for the same size nanoparticle. 

Thus there are more trans segments on the smaller NP SiO2 and for longer alkyl chains. 
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One way to understand these trends is based on the necessity of increasing hydrophobic 

interactions between the alkyl chains. As shown schematically in Figure 4.3, if both the 

lipid headgroups and alkyl chains pack as on a planar surface, the resultant “spokes on a 

wheel” geometry would decrease the hydrophobic interactions between the alkyl chains. 

Since free volume increases as the lipid dimensions approach the NP dimensions, the 

chains must adopt configurations that mitigate this effect.  
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Figure 4.2 (Left) Plot of I1122/I1127 for DPPC and DSPC SLBs at RT as a function of SiO2 

size; (right) plot of I1090/I1062 for DPPC and DSPC SLBs at RT as a function of SiO2 size. 
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One way to fill the “voids” is the formation of interdigitated structures [19], 

which have a greater proportion of trans segments. However, the Raman data suggest that 

the alkyl tails thus increasingly interdigitate with decreasing NP size, resulting in more 

trans segments. Since for the same size SiO2 NP, there is increasing void space for the 

longer alkyl chains, increased interdigitation, with the concomitant increased proportion 

of trans bonds, is expected and observed. 
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Figure 4.3 Schematics of: (top) lipids forming bilayers on a planar substrate (A) and on 

highly curved SiO2 nanoparticles (B), where the dimensions of the lipids become similar 

to the underlying support; (middle) alkyl chains with gauche kink at terminal methyl 

group (C) and interdigitated structures (D and E); (bottom F) (a) all trans chain, (b) chain 

with terminal methyl group and (c) chain with gauche defects separated by trans 

conformation. Cryo-TEM micrograph of SLB on 100 nm SiO2 (bottom G). 
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A band at 1122 cm-1 is also recorded in the spectra of SUVs and SLBs, either as a 

distinct band or as a shoulder on the 1127 cm-1 vibration. A vibration at ca 1122 cm-1 has 

previously been observed in DMPC, DPPC and DSPC lipid bilayers at temperatures just 

below Tm and has been assigned on the basis of normal coordinate treatments [31] as an 

acyl C-C stretching mode to the formation of a single gauche bond rotation of the 

terminal methyl group oriented toward the center of the bilayer [6, 22, 35, 36]. What is 

interesting here is that we observed distinct differences in the intensity ratio of these two 

bands, I1122/I1127, between the MLVs and SUVs of the same lipid and for the lipid on 

different size nanoparticles. Only the 1127 cm-1 vibration is observed in hydrated MLV 

spectra at room temperature for both DPPC and DSPC, indicating a predominance of all 

trans-chains, while both bands are observed for the DPPC and DSPC SUVs, indicating a 

greater proportion of chains with a gauche bond rotation of the terminal methyl group. 

MLVs that have also been freeze thawed, and thus reduced in size, have I1122/I1127 ratios 

intermediate between as prepared MLVs and SUVs (not shown). The appearance of a 

feature at 1122 cm-1 suggests that the gauche rotamers involve the therminal methyl 

groups toward the center of the bilayer. 

In view of its assignment to a terminal gauche defect, it is reasonable that 

I1122/I1127 is less (more all trans chains) for the MLVs than the SUVs. The large (ca 1000 

nm) MLVs, with almost planar geometries compared with the area of single lipids, have 

less need to form a terminal gauche defect in the chain to achieve packing of the 

hydrophobic tails, compared with the ca 50 nm SUVs. The formation of this terminal 

defect may thus be a mechanism by which hydrophobic interchain interactions are 

increased in the high curvature SUVS. Although previous Raman [12] and deuterium 
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NMR [37] studies showed no differences in trans-gauche isomerism between SUVs and 

MLVs, other Raman studies suggested that sonication (producing SUVs) decreased 

interchain interactions, possibly due to imperfect packing towards the center of the 

bilayer [12], and the gel-to-liquid crystalline phase transition was broader for SUVs 

compared with MLVs [9]. 

For the SLBs, I1122/I1127 decreases for DPPC and DSPC with a decrease in 

nanoparticle size (Figure 4.2, A) (except for the smallest size nanoparticles), which also 

reflect packing differences for lipids as a function of SiO2 curvature. The decrease in 

intensity ratio, I1122/I1127, with decreasing bead size indicates that there are fewer terminal 

gauche defects and more all-trans segments on the smaller size SiO2 nanoparticles. This 

initially seems counter-intuitive, since it might be expected, as mentioned in the 

comparison between MLVs and SUVs where the opposite was observed, that it would be 

harder to organize the lipids (in straight chain segments) on the smaller size 

nanoparticles, resulting in more terminal gauche segments. However, unlike MLVs and 

SUVs, the SLBs are affected by the constraints of the underlying support, in particular, 

that the headgroups pack as on a planar surface. Therefore, as discussed above for the 

I[ν(C-C)G]/ I[ν(C-C)T] ratio, and previously reported using nanoDSC data [19], there is 

increasing interdigitation (and thus more trans segments) for lipids on SiO2 nanoparticles 

with decreasing nanoparticle size. This suggests that there are two ways the alkyl chains 

can increase their hydrophobic interactions when packed on solid supports, namely 

interdigitation, and also the formation of gauche conformers at the ends of the chain that 

serve to fill in the void space. The latter is more prevalent for the large size SiO2 NPs, as 

 109



is apparent for DSPC on the 100 nm SiO2, where the 1122 cm-1 vibration is the most 

intense band in this spectral region. 

 

4.2.2 CH2 twisting/wagging/bending (1200-1600 cm-1) region 

The bands in this spectral region (Figure 4.4) arise from twisting, wagging and 

bending modes of the CH2 group.  The band at 1295 cm-1 is the CH2 twist [6] and the 

weak band at 1370 cm-1 is a CH2 wagging motion  [38]. The CH2 bending region is a 

unique indicator of the lattice structure of lipids. It is affected by intramolecular as well 

as intermolecular Fermi resonance (FR) interactions. Isotopic dilution studies of single all 

trans alkane chains in a deuterated matrix [39] and model calculations [40] indicate that 

Fermi resonance interactions between rocking fundamentals (723-735 cm-1) and the 

unperturbed bending fundamental (1442 cm-1) result in a strong Raman band at 1431 cm-1 

(methylene bend or scissor) and a weaker, broader one (asymmetric methyl bend) at 1458 

cm-1 for the all trans chain. These two vibrations are the only ones observed in a 

hexagonal lattice [41], while in a monoclinic or orthorhombic lattice, there are further 

crystal field splitting interactions resulting in an additional band at 1418 cm-1 [39, 41]. 

Thus, the spectra of the MLVs, SUVs and SLBs for DPPC and DSPC all indicate that the 

alkyl chains are in a hexagonal lattice. For alkane chain an increase in the peak area ratio 

of the asymmetric methyl bend compared to the methylene bend reveals increased 

intramolecular freedom of motion and chain decoupling, as well as increasing gauche 

conformers [24].  In the melt, a single broad asymmetric Raman peak at 1440 cm-1 is 

observed, since there are neither inter- nor intra-molecular FR interactions when gauche 
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bonds are introduced; the asymmetry may arise due to residual trans sequences for the 

lipids in a confined geometry. 
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Figure 4.4 Raman spectra in the CH2 twisting, wagging and bending region at room 

temperarture for (left) DPPC MLVs, SUVs and SLBs on 4-5, 10-20, 20-30, and 40-50 nm 

SiO2 ; (right) DSPC MLVs, SUVs and SLBs on 4-5, 10-20, 20-30, 40-50 nm and 100 nm 

SiO2. Dotted lines indicate spectral bands discussed in the text. 
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4.2.3 CH2 and CH3 stretching region 2750- 3100 cm-1 region  

Both the CH2 and CH3 vibrations are in the 2750-3100 cm-1 spectral region 

(Figure 4.5). The weak band at 2871, νs(CH3)FR, and the one at 2935 cm-1, (νs(CH3)FR, are 

the methyl symmetric stretches (r+) in Fermi resonance with an overtone transition of the 

CH3 asymmetric deformation mode [42]. The antisymmetric methyl stretches, 

νa(CH3) appear at 2952 cm-1 (rb
-, out-of-skeletal plane asymmetric stretch) and 2964 cm-1 

(ra
-, in-skeletal plane asymmetric stretch) [39], while the antisymmetric methyl stretch of 

the choline headgroup appears at 3042 cm-1 [3, 43].  

The methylene vibrations are sensitive to conformational changes as well as 

intermolecular interactions of alkanes, polyethylene and the alky chains of lipids. The 

CH2 antisymmetric stretch (d-) is coupled to rigid rotations/torsional vibrations [44, 45], 

so that it broadens considerably as the temperature increases, as observed in the 

hexagonal, and then melt phase [44], and increases continuously in frequency, from 2884 

cm-1 (crystal) to 2898 cm-1 (melt)  as gauche conformers are introduced [44]. 

The symmetric CH2 stretch (d+) is complex due to extensive Fermi resonance 

interactions between the symmetric stretching fundamental and a continuum of overtones 

of the bending modes both for the extended [46] and disordered chain [47], as well as 

from interchain interactions. For single (isotopically isolated), all trans chains, the Fermi 

resonance interactions result in a strong 2845 cm-1 band (d+
FR), and two broader bands, at 

2890 cm-1 (d+
FR) (underlying the asymmetric stretch) and a less intense band at ca 2930 

cm-1 (d+
FR); most of the intensity of the symmetric stretch is in the broad bands [39]. In 

the isotropic spectra of highly oriented polyethylene (few CH3 groups) or CD3 terminated 
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alkanes, the bands occur near 2850, 2900 and 2925 cm-1, and at similar frequencies in the 

melt, but with different intensity ratios [47].  Thus the broad band often referred to as 

2935 cm-1 has contributions from Fermi resonances of the symmetric methylene stretch at 

2922 cm-1 (d+
FR), which is affected by methylene chain conformation [40], and the 

methyl stretch (r+
FR) of the alkyl chains at 2938 cm-1, which is not [42, 47]. In particular, 

the 2922 cm-1 (d+
FR) component of the symmetric CH2 stretch increases with respect to 

the 2950 cm-1 (d+
FR) component as gauche conformers are introduced in the chains [47], 

as shown here for DPPC MLVs (Figure 4.5) or SLBs (Figure 4.6).  

In the hexagonal phase, the Raman spectrum is intermediate between that of the 

orthorhombic crystal and an isotopically diluted all trans chain, suggesting some (but less 

than for orthorhombic) perpendicular dispersion [39], and is most similar to that of lipid 

vesicles. As in the case of the CH2 bending region, the CH stretching region indicates that 

the alkyl chains are in a hexagonal packing arrangement in the MLVs, SUVs and SLBs 

for DPPC and DSPC.  

 

 113



2800 2900 3000 3100

2934 cm-1

2880 cm-1
 SLBs on  4-  5 nm
 SLBs on 10- 20 nm
 SLBs on 20- 30 nm
 SLBs on 40-50 nm
 SUVs
 MLVs- gel
 MLVs-fluid

 

 

In
te

ns
ity

 (A
rb

itr
ar

y 
un

its
)

Raman shift (cm-1)

DPPC
2845 cm-1

2800 2900 3000 3100

2934 cm-1

2880 cm-1

2845 cm-1

 

 

DSPC  SLBs on  4-  5 nm
 SLBs on 10- 20 nm
 SLBs on 20- 30 nm
 SLBs on 40-50 nm
 SLBs on 100nm
 SUVs
 MLVs- gel

 

 

 

Figure 4.5 Raman spectra in the CH2 and CH3 region at room temperature for (left) 

DPPC MLVs, SUVs and SLBs on 4-5, 10-20, 20-30 and 40-50 nm SiO2 and in the melt 

of MLVs; (right) DSPC MLVs, SUVs and SLBs on 4-5, 10-20, 20-30, 40-50 nm and 100 

nm SiO2. Dotted lines indicate spectral bands discussed in the text. 

 

Although the ν (C-H) region (2750-3050) is complex for alkanes as a result of 

numerous described above spectral bands and Fermi resonance splittings, conformational 

order information can be obtained empirically from peak intensity ratios. For example, 

the peak intensity ratio I[νa( CH2)/I[νs( CH2)], (I2880/I2845) is sensitive to subtle changes in 
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conformational order from rotations, kinks, twist, and bends of the alkane chains, and 

changes for any variation from perfect all trans conformations [2, 39]. The peak intensirty 

ratio of I[νs( CH3)/I [νs( CH2)], (I2934/I2845) gives information about the chain decoupling, 

as the chain decouple ( intermolecular interaction decrease), the terminal methyl groups 

experience increased rotational and vibrational freedom, and this intensity ratio increases. 
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Figure 4.6 Temperature dependent Raman spectra of DPPC in the CH2 and CH3 

stretching region on 10-20 nm SiO2. 
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4.3 Phase transitions of SLBs 

The main phase transition is a gel/fluid transition attributed to the melting of 

lipids’ carbon chain. This transition is of great interest, since, in the fluid (melted) state, 

the supported lipid bilayers provide a lateral fluidity to the system in the plane of the 

substrate. When lipid assemblies are heated above their characteristic phase transition, 

they undergo a highly cooperative endothermic phase transition from gel to liguid 

crystalline state [48]. Thermodinamically, this phase transition is characterized by 

increase in entropy; conformationally, it is described by an abrupt increase in 

intramolecular acyl chain disorder accompanied by a simultaneous decrease in chain-

chain contact interactions. The application of Raman spectroscopy in studying the bilayer 

gel-fluid phase transition is particularly revealing, since the phase transition behavior is 

monitored by temperature-dependent changes in the frequencies and intensities of 

appropriate vibrational modes which reflect alterations within either the head-group, 

interface, or acyl chain region of the bilayer. Temperature dependent Raman spectra in 

the CH stretching region are shown in Figure 4.6 for DPPC supported lipid bilayers on 

10-20 nm SiO2. As has been observed for MLVs, with increased temperature the 

antisymmetric CH2 stretch, νa (CH2), at 2884 cm-1 increases in frequency to 2890 cm-1, 

and is reduced in height with dramatic broadening compared with one component of the 

symmetric CH2 stretch, νs
FR (CH2), at 2845 cm-1. This νs

FR (CH2) vibration increases in 

frequency from 2847 to 2852 cm-1 with increasing temperature. The νs
FR (CH2, CH3) 

symmetric stretch at 2922-2935 cm-1 (also contains CH3 component) significantly 

increases in intensity with respect to both the νs
FR (CH2) = 2845 and νa (CH2) = 2884 cm-

1 bands. The decreased height of the νa (CH2) = 2884 cm-1 vibration arises both from 
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temperature induced broadening and also because of Fermi resonance changes in the 

symmetric stretches, which result in reduction in intensity of the νs
FR (CH2) = 2900 cm-1 

band (thus lowering the 2884 cm-1 band that sits on top of the νs
FR (CH2) = 2900 cm-1 

mode) and an increase in the intensity of the νs
FR (CH2, CH3) = 2922-2935 cm-1 band. 

The νs
FR (CH2) = 2922 cm-1 band increases with respect to the νs

FR (CH2) = 2845 cm-1 as 

gauche conformers are introduced into the chain, due to FR effects [45] and to the 

upward shift in frequency and broadening of the νa (CH2) = 2884 cm-1 band. At high (ca 

60 oC) temperatures after melting (Tm = 39-41 oC), it is difficult to distinguish the νa 

(CH2) = 2890 cm-1 and the νs
FR (CH2) = 2900 cm-1 vibrations. These changes in C-H 

stretching peaks reflect increased chain decoupling and rotational disorder [24]. In 

addition, changes in the 2880 cm-1 peak are sensitive to increasing gauche content in the 

lipid bilayer.  

Spectroscopic determination of phase transition temperatures is often derived 

from intensity ratios of bands in the CH stretching region, since these are the most intense 

vibrations in the Raman spectra of alkyl chains [6, 49]. The intensity ratios often used are 

I2845/I2884 = I[νs
FR(CH2)]/[I(νa(CH2)], I2934/I2884 = I[νs

FR(CH2,CH3)/ I(νa (CH2)], and 

I2934/I2845 = I[νs
FR(CH2,CH3)/ I(νs

FR (CH2)]. All these three parameters essentially provide 

the same characteristics for the phase transition and differ slightly in the region below the 

transition temperature i.i. in the pretransition region [50]. Alternatively, a lateral order 

parameter [11]: 

5.1
7.0−

= sample
lateral

r
S ,   

2845

2880

I
Ir =  
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is defined, so that S = 1 for a chain in a crystal (r = 2.2) and S = 0 for a chain in the liquid 

state (r = 0.7) [11], although there are difficulties with use of this relationship [39, 49], 

and all of the indicators are only qualitative measures of lateral order or packing. 

Plots of the above spectral indicators for DPPC on 4-5, 10-20, 20-30 and 40-50 

nm SiO2 as a function of temperature are shown in Figure 4.7. The I2845/I2880 peak 

intensity ratio is indicative of acyl chain lateral packing density and is more responsive to 

this packing than the C-C stretching region. The I2934/I2845 is uniquely sensitive to 

interchain coupling (as this ratio increases there is more freedom of motion and rotational 

disorder). Further more, the I2934/I2880 peak intensity ratio gives an overall indication of 

both intramolecular (gauche/trans) and intermolecular (packing order) and is therefore 

often used to show the main transition [29, 50, 51]. In comparison with data for MLVs, 

which all exhibit a more pronounced sigmoidal character over a narrower temperature 

range [52], all of the plots show changes over a broader temperature range, at phase 

transition temperatures around 39-40 oC, in the temperature range expected based on 

previous nano-differential scanning calorimetry data [19]. These results are in agreement 

with phase transitions measured by Raman spectroscopy for DMPC planar supported 

lipid bilayers [7], which exhibited broader transition widths than MLVs, and with earlier 

Raman data for DMPC and DPPC SUVs, in which the transitions were broader for SUVs 

than for MLVs and without pretransitions [11].  
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Figure 4.7 Plots of I2845/I2880, I2934/I2884, I2934/I2845, I2934/I2880 and Slateral = (I2880/I2845 – 

0.7)/1.5 as a function of temperature for DPPC SLBs on 4-5, 10-20, 20-30 and 40-50 nm 

SiO2. 

 

4.4 Lateral order 

Lateral order parameter as defined above provides a semi quantitative estimate of 

the lateral crystal –like order between the chains [11].The origins of the changes in 

intensity ratios of the 2890 cm-1 to 2850 cm-1 bands were attributed to an increase of the 

relative “looseness” of lateral chain order [2]. The total relative intensity (Itot = I2890/I2850) 

 119



of a highly ordered crystalline hydrocarbon lattice can be broken into three parts: Iliquid = 

0.7, the residual intensity in the liquid; Irotamer, the differences between the intensity of a 

liquid and that of an isolated all-trans chain; and Ilateral, that due to vibrational coupling 

between the adjacent chains in the hydrocarbon crystal; or Itot = Iliquid + Irotamer + Ilateral. 

Experimentally the two contributions to Itot can be differentiated by the associated 

frequency change. Ilateral does not involve a frequency change, while there is an increase 

of ~ 10 cm-1 to 2890 cm-1 in going from the isolated chain to the melted state. The 

contribution due to rotamer broadening can be estimated qualitatively from the amount of 

frequency shift. When the lateral equation is applied in the domain for which the 

frequency of the asymmetric CH2 stretch remains constant, Slateral provides a high 

sensitivity for quantitative description of the degree of lateral order interaction  and 

packing density [11, 53].The degree of lateral order, Slateral is compared as a function of 

nanoparticle size at room temperature (RT) for both DPPC and DSPC SLBs, and is 

observed to increase with decreasing SiO2 size, Figure 4.8 (left). For the same size SiO2 

nanoparticle, lateral order is greater for the longer alkyl chain DSPC than for the shorter 

alkyl chain DPPC. In order to correlate conformational disorder to lateral packing, I1062 

/I1090 (or the inverse) versus Slateral can be plotted [24, 54]. When conformational disorder 

is measured by gauche bond content, I[ν(C-C)G]/I[ν[(C-C)T],  and plotted as a function of 

Slateral for different size NP at RT (Figure 4.8, right), the lateral order decreases/increases 

as more gauche/trans bonds are introduced, except for the smallest SiO2 NPs. Further, for 

each nanoparticle size, there is more lateral order and more trans bonds for DSPC 

compared with DPPC. The same trends are observed (not shown) from plots of 

I(1122)/I(1127) vs Slateral. 
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Figure 4.8 (left) Lateral order parameter (Slateral) for DPPC and DSPC at RT as a function 

of SiO2 size; (right) I[ν (C-C)G]/I[ν [(C-C)T] = I1090 /I1060 as a function of Slateral for DPPC 

and DSPC on 40-50 (45), 20-30 (25), 10-20 (15) and 4-5 (5) nm SiO2. 

 

Correlation of rotational disorder with intermolecular interactions can also be 

viewed by plotting I[(νs
FR(CH2,CH3)]/I[(νs

FR(CH2)] = I2934/I2845 versus 

I[(νa(CH2)]/I[(νs
FR(CH2)] = I2884/I2850 [24], as shown for DPPC as a function of 

temperature in Figure 4.9. Here, temperature dependent decoupling and intermolecular 

interactions are monitored. The peak intensity ratio of  I2884/I2850,  sensitive to chain 
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decoupling and rotational disorder, is the most frequently used measure of lateral 

disorder, although it measures different quantities in different phases [47]. I2880 decreases 

in peak height with respect to the I2845, broadens and shifts up in frequency as the chains 

are in a less ordered environment. The I2934/I2845, indicator of intermolecular chain 

coupling,  increases with increased chain decoupling (decreased intermolecular 

interactions) as more gauche rotamers are introduced into the chain [45] and as the 

terminal methyl groups have increased rotational and vibrational freedom [47], but this 

ratio does not directly indicate the gauche/trans ratio. Figure 4.9 shows that for all size 

nanoparticles, lateral disorder increases with increasing chain decoupling, induced by 

increases in temperature. With the increase of the temperature alkane chains spread out 

sufficiently that rotational disorder becomes extensive. At the temperature close to the 

phase transition temperature, the chains are sufficiently decoupled to allow the gauche 

conformers to be formed. Decoupling of the chains and rotational disorder continues in 

the fluid state with increased thermal energy. The dashed line indicates the phase 

transition temperature (41.5 oC) of the DPPC MLVs. 
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Figure 4.9 Plot of I2934/I2845, as a measure of chain decoupling, versus I2880/I2845, a 

measure of lateral order for SLBs of DPPC on 4-5, 10-20, 20-30, 40-50 nm SiO2 as a 

function of temperature. Dashed line indicates gel-to-liquid crystalline phase transition 

temperature of DPPC MLVs.  

 

4.5 Comparison of SLBs with alkanes, MLVs and interdigitated structures 

It is useful to compare order parameters for alkanes in the low temperature 

crystalline and high temperature melt phases, and for lipids in the low temperature gel 

and high temperature liquid crystalline states. Of particular interest are values for 
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interdigitated lipids. In the low T phases, values of Slateral for alkanes are by definition 1 

[11]. In the case of DPPC MLVs values of ca 0.4 for Slateral at RT have been measured 

[10, 11, 20, 53, 55], while for SUVs, Slateral ≈ 0.24 [10, 11]. In the current work, we have 

measured Slateral = 0.29 for the MLVs, lower than previously reported. This may be due to 

differences in baseline subtraction, or to freeze/thawing that decreases the MLV size. For 

the SLBs, Slateral increases from 0.24 (40-50 nm SiO2) to 0.27 (4-5 nm SiO2) for DPPC 

and from 0.30 (100 nm SiO2) to 0.36 (4-5 nm SiO2) for DSPC. These values are close to 

that of Slateral = 0.31 measured for interdigitated di-O-hexadecylglycerophosphocholine 

[56]. Greater differences in Slateral were observed (at T = 0oC) between vesicles of DPPC 

(Slateral = 0.42) and fully interdigitated DPPC induced by glycerol (Slateral = 0.46) [20]. 

This suggests that although interdigitation increases with decreasing NP size for the 

SLBs, none of the structures are fully interdigitated. 

In the high temperature phases, Slateral (alkanes) = 0, by definition. At 50 oC for 

DPPC, Slateral (0.14 for MLVs[11, 55]) > Slateral (0.04 for SUVs[11]) > (0.03 for SLBs). 

This indicates that the alkanes upon melting have more conformational freedom than do 

SUVs or MLVs, which are constrained by their bilayer structures. Further, the melt of the 

SUVs and SLBs is more disordered than melt of MLVs, indicating that more order is 

preserved in more planar lipid gels compared with the highly curved SUVs and SLBs, 

which may result from their greater free volume at melting.  

The picture that emerges from the Raman data is shown schematically in Figure 

4.3. The alkyl chains on the nanoparticle SLBs cannot adopt a bilayer structure due to the 

high curvature of the underlying supports. Unlike MLVs or SLVs, the inner leaflet is 

attached, albeit with an intervening ca 1-2 nm water layer, to the SiO2 substrate, and it 
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may be reasonable to assume that the headgroup of the inner layer facing the SiO2 has a 

packing arrangement similar to that on planar supported bilayers. As the curvature of the 

underlying SiO2 increases, the alkyl chains would have increasingly large voids between 

the chains, decreasing their hydrophobic interactions. This packing problem would be 

worse for the lipid on the outer leaflet of the bilayer. We propose that for the 100 nm 

SiO2 (data could only be obtained for DSPC SLBs) this space is filled by the terminal 

gauche kink of the methyl groups, as indicated by the large 1122 cm-1 band (Figure 4.1). 

This kink fills the “void” space, but at the expense of decreased lateral packing of the 

chains. As the SiO2 size decreases and the wedge shaped “void” space increases, it 

becomes increasingly favorable for the two halves of the bilayer to interdigitate. Thus, as 

observed from the Raman data, lateral packing (as measured by Slateral) and trans bonds 

(as measured by I1062/I1090 (trans/gauche) and I1127/I1122 (trans/gauche methyl kink)) 

increase with decreasing SiO2 size. The trends for our data suggest increased 

interdigitation with decreasing nanoparticle size. However, although the value of Slateral is 

greater for DSPC SLBs than for DSPC MLVs (as expected for interdigitated structures),  

and comparable to interdigitated DHPC vesicles [56], it is less for DPPC SLBs than for 

gel-phase MLV dispersions of DPPC. This can be the result of the constraints imposed by 

the SiO2 substrate, and/or to only partially interdigitated structures.  

The “kink” produced by the terminal methyl group persists for all size SiO2 SLBs, 

but it is not possible to determine if it is on only one of the two acyl chains, or 

preferentially on the inner or outer leaflet of the bilayer. In MD simulations of lipids in 

the gel phase, correlations were found between the two bilayers, such that an 

exceptionally ordered region of one monolayer faced an exceptionally disordered region 
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in the opposing monolayer [57]. The observed decrease in lateral packing of SUVs 

compared with MLVs was suggested to arise from changes in the packing of the chains 

towards the center of the bilayers [12]. In view of the assignment of the 1122 cm-1 

vibration to the gauche bond rotation of the terminal methyl group (i.e. at the bilayer 

center), this conformation can not then also contribute to the broad gauche 1090 cm-1 

mode. The conformations contributing to this band are thus more likely due to gauche 

conformers (Figure 4.3) that maintain the orientation of the acyl chains in a direction 

normal to surface of the bilayer [58, 59]. 

 

4.6 Smallest (4-5 nm) SLBs 

As discussed above, the trends observed for I1090/I1062 (gauche/trans) and 

I1122/I1127 (terminal gauche/trans) (Figure 4.2) do not apply for the smallest (4-5 nm SiO2) 

nanoparticles, although the smallest NP does follow the trend for lateral packing order 

(Figure 4.8). Unlike the 10-20, 20-30, 40-50 and 100 nm SLBs, where a single SLB was 

observed to surround each nanoparticle [19, 60, 61], consistent with other reported data 

[62], dynamic light scattering (DLS) showed that the 4-5 nm SLBs formed large 

aggregates [61]. This suggests that the lipids on the 4-5 nm SiO2 form interdigitated 

SLBs or extended networks of bridged NPs, in which each half of the bilayer is on an 

adjacent NP, accounting for the high lateral packing order (Figure 4.10). Loosely packed 

or isolated chains in the interstitial regions account for the slight increase in gauche 

bonds and chains with gauche defects at the terminal methyl groups for the 4-5 compared 

with 10-20 nm SLBs. This structure is also suggested by the different behavior (Figure 

4.9) observed for the 4-5 nm SiO2 when chain decoupling, reflecting both gauche 
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rotamers and dynamics, is plotted versus lateral order parameter. There is a more abrupt 

change in this ratio, and it occurs at a higher temperature, for the 4-5 nm SLBs than for 

the other SiO2 sizes. Similarly, the gel-to-liquid crystalline transition, monitored by 

Raman spectroscopy, occurs at a higher temperature and over a broader temperature 

range, for the 4-5 compared with the 10-20, 20-30 and 40-50 nm SLBs, as reported 

previously [19] and shown along with nano-differential scanning calorimetry data that 

exhibit the same behavior (Figure 4.11). 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.10 Schematic of lipids on 4-5 nm SiO2 showing proposed bridged and 

interdigitated structures between the NPs. 
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Figure 4.11 (top) I2845/I2880 versus temperature for DPPC on 40-50 and 4-5 nm SiO2; 

(bottom) nanoDSC thermograms of the gel-to-liquid crystalline phase transition 

temperature for DPPC on 40-50 and 4-5 nm SiO2. 

 

4.7 Conclusion 

In this chapter we have present our Raman spectroscopy studies of  

conformational order and alkyl chain packing of supported lipid bilayers (SLBs) of 

phosphatidyl choline (PC) lipids with different alkyl chain length (C16 and C18) on SiO2 

nanoparticles with sizes between 5 and 100 nm. There are major differences found in the 

intrachain (trans-gauche) and interchain (lateral packing) of the alkyl chains of the SLBs 

as a function of NP size. This is shown by ν(C-C) and ν(C-H) stretching modes of the 
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adsorbed lipids on the surface of the nanoparticles. The hydrocarbon chains of SLBs 

reflect more highly ordered, trans chain conformations (lower values of I1090/I1062 and 

I1122/I1127) on smaller size (10- 20 nm) nanoparticles, with the chains becoming more 

disordered in terms of lateral packing and gauche defects with increasing bead size (100 

nm). Further, for the same size NP, the chains were more disordered for the shorter 

(DPPC, 16 carbon) compared with the longer alkyl (DSPC, 18 carbon) chain lipid. These 

results were interpreted as arising from increased interdigitation of the alkyl chains as 

their dimensions approached those of the NPs, and arose from the necessity of avoiding 

the high free volume that would result from a bilayer structure, which would expose the 

hydrophobic chains to an aqueous environment. Another way to fill this free volume, and 

increase hydrophobic interactions, was the formation of chains with a single gauche 

defect (1122 cm-1 vibration) at the terminal methyl group. The smallest, 4-5 nm SLBs 

formed aggregates, in which we propose that bilayer bridging and interdigitation between 

NPs can occur. 
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CHAPTER 5 

 

EXCHANGE OF LIPID MOLECULES BETWEEN H/D- DMPC AND 

H/D-DPPC SUPPORTED LIPID BILAYERS 

 

5.1 Introduction 

Lipid transfer or exchange between cell membranes, lipid vesicles, supported lipid 

bilayers (SLBs) and between supported bilayers and membranes is important in a variety 

of areas, including those that have biologically relevance or technological applications. 

For example, it is essential in energy supply to and communication between cells and for 

the function of a large fraction of drugs. The study of lipid transfer between lipid 

membranes allows fundamental understanding of this complex and important process [1] 

and also provides a new method for the in situ modification  [2]  and as well as allows 

control of surface charge of SLBs [3]. The possibility to induce lipid transfer between 

vesicles and SLBs or SLBs and SLBs can open up new ways of modifying the lipid 

content of supported bilayers, which can be interesting both for biosensing [4] and cell 

studies [5, 6] involving SLBs. Although membrane-membrane interactions can be 

modeled by supported lipid bilayers, there are important differences between them, in 

particular, the presence of an underlying solid support in the latter case, and different 

lipid exchange kinetics. One aspect of this problem that has not been addressed in detail 

is the effect of curvature on the rate and mechanism of lipid transfer. Surface curvature of 

cell membranes may play an important role in processes such as budding, exo- and 
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endocytosis, formation of tubes and fusion in cells.  The permeation of cells by vesicles is 

dependent on their size [7]. The phase-separated domain structure of cholesterol and 

phospholipid mixtures is affected by curvature in double bilayer solid supported systems, 

where the upper bilayer has mobility similar to that of vesicles, suggesting that coupling 

between mechanical bending and chemical organization may be important in biological 

membranes [8, 9]. 

In addition, the adsorption of lipids onto substrates is important in a range of 

applications such as sensing and separations. Patterned supported membranes have been 

formed by exchange of oppositely charged lipids [10]. Lipid exchange between free 

vesicles and supported lipid bilayers on nanoparticles was shown to help reduce defects 

and control the surface charge of the supported lipid bilayers [3]. This exchange process 

may also be affected by curvature, in particular the relative size of the adsorbing lipid to 

the surface topographical length scale, as well as the chemistry of the underlying 

substrate. In studies of diffusion barriers for membrane corrals, radii of curvature << 10 

nm were required to prevent lipid transport over the barriers [11]. Continuous lipid 

coverage on silica surfaces dotted with silica nanobeads of varying size was interrupted 

by particles of less than 22 nm [12, 13]. If the kinetics of lipid transfer is affected by the 

curvature of the underlying substrate, then it may be possibly to modulate kinetic events 

by use of supported lipids on beads of different sizes. 

 

5.1.1 Models of lipid transfer/exchange 

The mechanism by which lipid transfer occurs in bilayers is the subject of much 

theoretical and experimental research. There are several models proposed in the literature 
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attempting to explain exchange/transfer of lipid molecules between lipid bilayers [14] 

(Figure 7): (i) a monomer transfer model, [1] (ii) a transient collision model, [1, 15, 16] 

(iii) a hemifusion model, [1] and (iv) an insertion model, [17] which is a variant of (ii). In 

(i), lipid molecules are transferred by desorption from a donor membrane, followed by 

diffusion through the bulk aqueous phase, and eventually incorporation into an acceptor 

membrane. In the transient collision model [15, 16], lipid molecules are transferred 

between two lipid membranes that are brought into close contact (approximately 1.5 nm) 

in a transient collision. The transfer is enhanced by the proximity of the hydrated donor 

and acceptor membranes; that is, the monomer does not have to completely, or at all, 

leave the donor membrane as in (i) before insertion into the acceptor membrane. As a 

consequence, the activation energy for the transient collision process is likely to be lower 

compared to (i). In the hemifusion model, the donor and acceptor membranes of the 

facing leaflets of the two membranes fuse, and lipid molecules are transferred by lateral 

diffusion within the common leaflet. Here, the activation energy for the process is most 

likely associated with the initial formation of the hemifused structure, since once it is 

formed; the diffusion in a leaflet is very fast. Alternatively, for the hemifusion case, the 

rate limiting step could be the reverse process, namely, the retraction of the hemifused 

structure into two separated membranes making vesicle detachment possible. In the 

insertion model (iv), which resembles (ii), lipid molecules are transferred directly from 

the outer leaflet of the vesicle to the lower leaflet of the SLB by lipid monomer insertion 

steps; that is, they are guided directly through the SLB to the surface without change of 

orientation (i.e., without flip-flop, which would be required in (ii)). In cases (i), (ii), and 

(iv), the two membranes retain their integrity throughout the whole transfer process, in 
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contrast to (iii). A more detailed presentation of these models is given by Brown [1] 

(monomer transfer, transient collisions, and hemifusion model) and Zhdanov and Kasemo 

[17] (insertion model). In Arrhenius type language, reaction rates are determined by the 

product of the pre-exponential factor and the activation energy factor of the Arrhenius 

rate expression, for the rate limiting step(s). Since each of the mechanisms (i)-(iv) above  

are likely to have different activation energies and different pre-exponential factors, 

which are all poorly  known, it is difficult to even estimate the ranking of the 

corresponding transfer rates. 

 

 

Figure 5.1 Schematic of models of lipid transfer in lipid bilayers. Reprinted and adopted 

from [14], with permission. Copyright (2009) American Chemical Society 
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In lipid exchange, there are two principal two rates, the flip-flop rate the distal and 

proximal monolayers, and the off rate for removal of a lipid from the distal monolayer 

into the solution. The question is therefore what is the rate-limiting step in the exchange 

process. In the case of vesicles, both the inner and outer leaflets are exposed to aqueous 

media. The equilibration between the inner and outer monolayers of DMPC SUVs was 

shown to be a very slow process, with an estimated half-time of days at 30 oC [18]. 

 

5.1.2 Lipid transfer between vesicles 

 In previous work on both symmetric and asymmetric exchange between PC lipids 

(DMPC and DPPC), information on the flip-flop rates was inferred from the splitting of 

the transition endotherms. In the case of symmetric lipid transfer in vesicles (h-DMPC/d-

DMPC) at 35oC, both transitions were initially broadened and shifted towards the center. 

After ~5hrs, the peaks became doublets, and eventually merged into a single but 

asymmetric peak. The lack of splitting of the transition endotherms at the initial stages of 

transfer was interpreted by assuming that the lipid flip-flop rate was fast enough to 

equilibrate imbalances of lipid composition between the inner and outer monolayers and 

implied that the off rate of h,d -DMPC was lower than the flip-flop rate between the 

monolayers of the vesicles [19]; this however, is in disagreement with previous work 

which indicated that the flip flop rate was much slower. At later stages, a splitting in ΔH 

was observed, suggesting that there might be a slow self-healing of defects and vacancies 

in the outer monolayer by lipid transfer. 

For asymmetric lipid exchange between DMPC and DPPC, there was an initial 

splitting of the higher temperature transition peak, suggested to be due to an imbalance in 
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distribution of DMPC between the inner and outer monolayer of the DPPC acceptor 

vesicles [19]. Since koff
DPPC ~ 0.1 koff

DMPC, and t1/2 (DMPC) >> t1/2 (flip-flop), the outer 

monolayer of the acceptor vesicles accepts more DMPC than can be equilibrated by the 

flip-flop mechanism, resulting in tighter packing of the lipids in the outer monolayer 

and/or by insertion into vacancies and defects, in agreement with the increase in the Ro/I 

observed. After saturation, when the outer monolayer has increased the amount of lipid 

by 30%, the flip-flop rate increased [19] 

.  In the case of vesicles in the bulk solvent, it has generally been believed that 

transfer occurs by diffusion of the monomers through the aqueous media or by vesicle 

collisions, thought to occur at higher temperatures and concentrations [15, 16, 19]. 

Studies of symmetric exchange, where the vesicle populations consisted of the deuterated 

and hydrogenated versions of the same lipid (the cases studied were DMPC and DPPC) 

lipid transfer rates between vesicle populations were nearly equal, and occurred only if all 

the lipids were in the liquid-crystalline state [19]. The transfer kinetics, indicated by the 

half-time, t1/2, after which 50 mol % of lipids were transferred, increased exponentially 

with increasing temperature, decreased exponentially with lipid chain length, were 

independent of total lipid concentration (between 0.2 and 3 mg/mL) and lipid ratio of the 

two populations. Also, exchange rate was slower with 20 % for the symmetric lipids 

compared to asymmetric lipid transfer. The calculated off rate of lipid molecule escape 

from DMPC vesicle in the initial stage of exchange was 4.5x10-5 s-1 for symmetric and 

5.6x10-5 s-1 asymmetric exchange with DPPC at 35 ºC [19].  

By contrast with SUVs, larger vesicles prepared by detergent dialysis exchanged 

lipids by vesicle fusion [19]. In the case of negatively charged giant unilamellar vesicles 
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(GUVs) interacting with positively charged GUVs [20] or sonicated small unilamellar 

vesicles (SUVs) [21] through strong electrostatic interactions, lipid exchange resulted 

from hemifusion or fusion events that occurred after vesicle adhesion; fusion did not 

occur at low charge densities. 

There has been recent interest in the exchange of SUVs in solution with supported 

lipid bilayers (SLBs), alternatively called solid supported vesicles (SSVs), in order to 

modify the lipid composition of the supported bilayers [2, 22], that is based on attractive 

electrostatic interactions between oppositely charged membranes. In addition, lipid 

exchange is useful for the formation of stable, asymmetric lipid bilayers on solid 

substrate via lipid transfer from sonicated vesicles [23], where the intermolecular forces 

determine the asymmetry in supported bilayers. The great body of literature on the 

mechanism of formation of SLBs will not be discussed here.  In exchange experiments 

between zwitterionic lipids (DMPC-d54) on a planar support and SUVs (zwitterionic, 

anionic and cationic), exchange was found to be an order of magnitude faster for the 

charged lipids [23]. Exchange experiments between charged SUVs and oppositely 

charged SLBs were shown to proceed through a sequential process of attachment-

transfer-detachment [22-24]. The initial electrostatic attraction leads to adsorption, 

followed by lipid transfer between the two contacting bilayers on the time scale of a few 

to many tens of minutes, and finally vesicle detachment, with compositionally modified 

SLBs and vesicles [14, 25]. However, no attachment and thus lipid transfer occurs at low 

charge densities. The mechanism of lipid transfer was suggested to be monomer insertion 

or hemifusion [25].  
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Lastly, there has been one report of the exchange of zwitterionic lipids (DMPC 

and d64-DMPC) on spherical supports (640 nm silica beads), in which both lipid 

populations were on the solid support [26]. The exchange process was symmetric with a 

half-time 3-4 times longer than for SUVs of DMPC at the same temperature. The reason 

for that was suggested to be the inhibition of collisions in the supported lipid bilayers 

compared to vesicles and/or the activation potential that keeps the bilayer adsorbed to the 

solid support by increasing the activation energy for the desorption of the lipid molecules 

from the supported lipid bilayer. The mechanism was suggested to be that of single 

monomer diffusion through the aqueous media. 

 

5.1.3 Effects of curvature 

We have shown that small unilamellar DMPC, DPPC and DSPC vesicles between 

50 and 180 nm in buffer/salt form complete bilayers on SiO2 nanoparticles ranging in size 

from 5-100 nm [27], but did not investigate the kinetics of transfer between the supported 

bilayers. In other studies, complete bilayers were formed on surfaces containing 

nanometer scale topographical features (110 and 190 nm diameter pits), but the rate of 

adsorption of 30 nm/100 nm unilamellar vesicles of 1-palmitoyl-2-oleoyl-sn-glycero-3-

phosphocholine (POPC) was decreased/increased, compared with a planar surface [28]. 

Supported lipid bilayers also are assembled on highly curved amorphous silicon 

nanowires, grown around carbon nanotubes cores with diameter ranging from 20 to 

200nm. Lipid diffusion coefficients of these high-curvature tubular supported lipid 

bilayers were comparable to the values reported for planar SLBs and increased slightly 

with decreasing nanowire diameter. However, the free space diffusion model which 
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adequately described the effect of bilayer curvature on the lipid mobility for nanowire 

substrates with diameter greater than 50 nm, were reported to show significant deviations 

from the experimental values for smaller diameter nanowires [29]. Therefore, the kinetics 

of lipid exchange is maybe affected by curvature as well. Our Raman studies of SLBs on 

different size of nanoparticles (discussed in chapter 4) showed that the trans 

conformation of the alkyl chains of the lipid molecules increases with increasing the 

curvature of the underling substrate. This is due to the increase of the free volume with 

decreasing the nanoparticle size that makes favorable the interdigitation of the outer lipid 

layer towards the inner lipid layer as the nanoparticle size decreases. Therefore as the size 

of the nanoparticles decreases the interdigitation increases. Thus, the morphology of the 

lipid bilayers as was shown by Raman spectra is different on different curved surfaces 

and deviates from SLBs on planar surfaces [30]. Hence, these differences in the 

morphology of the SLBs may also affect the lipid mobility and in turns may affect the 

lipid exchange of the SLBs on the surfaces with different curvatures. 

 

5.1.4 Our Research 

In this chapter the relative rate of symmetric lipid transfer between deuterated and 

hydrogenated  phosphocholine lipids are presented for the following systems: i) SLBs on 

5 nm and 100nm SiO2 (prepared by 1x excess lipid); ii) SLBs on 45nm and 100nm 

(prepared from 2x excess lipids) and iii) d-DMPC SLBs and h-DMPC SUVs. In 

particular, h-PC and d-PC supported bilayers (h-DMPC/5-SiO2), (d-DMPC/5-SiO2), (h-

DMPC/100-SiO2), (d-DMPC/100-SiO2)  (h-DPPC/5-SiO2), (d-DPPC/5-SiO2), (h-

DPPC/45-SiO2), (d-DPPC/45-SiO2) and (h-DPPC/100-SiO2), (d-DPPC/100-SiO2) are 
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prepared separately, followed by mixing of equal amounts of same size beads. The use of 

phospholipids with perdeuterated chains allows the study of the exchange of lipids 

between SLBs and SLBs and SUVs of equal composition. The rate of exchange, 

monitored by the merging of the initially separate calorimetric phase transition peaks, is 

faster by two times for the supported bilayers on the larger (100nm SiO2) compared with 

the smaller  (or 45 nm SiO2) beads at similar temperatures; the exchange for both sizes is  

slower than the exchange of SUVs.  In addition, the off rates of the lipids dissociated 

from the SLBs were calculated by using kinetic model developed by Thilo (1977) [31], 

which describe adequately the initial stage of lipid exchange [19]. The activation energy 

for the dissociation EA,DPPC, of the DPPC lipid molecule from SLBs was also obtained for  

SLBs on 45 nm and 100 nm SiO2. 

 

5.2 Experimental 

The exchange experiments were conducted by first separately preparing the 

supported h-DMPC/SiO2-5 or 100, and the d-DMPC/SiO2-5, 45 or 100 bilayers as 

described in chapter 2. MLVs were prepared from dried lipid to which PBS buffer was 

added with concentration 10mg/ml. The lipids to be used for fusion to the beads were 

first extruded using 100nm porous filters at a temperature above that of the gel-liquid 

crystal phase transition temperature, Tm, of the lipids, as described previously [27]. The 

required amount of SiO2 was added to lipid vesicles in PBS buffer calculated to achieve 

continuous single bilayer coverage, (or used in excess lipid and washed after incubation) 

and incubated for 2 hours above Tm of the lipids. In buffer, all of the samples 

flocculate/precipitate. Previous work showed that under these conditions, there was only 
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a single transition representative adsorbed lipid. The supported bilayers were then either 

used immediately, or stored at 4oC. 

In order to obtain values of ΔHm or ΔHc for the supported lipids, it was necessary 

to prepare samples where the exact amount of lipid in the nanocalorimeter was known. In 

the case of the MLVs, which stay in suspension, the concentration of the lipid and the 

volume in which transitions are measured (0.299 mL) is known, and therefore ΔHm or 

ΔHc are routinely obtained. In the case of the supported lipids, it was assumed that when 

lipid was added in a 1/1 ratio (i.e. enough lipid to only form a single bilayer on the 

beads), all of the added lipid precipitated with the beads. Small samples were prepared 

such that the whole sample could be added to the calorimeter; this ensured that a known 

quantity of lipid was in the nano-DSC chamber, so that ΔHm or ΔHc could be calculated. 

Two types of exchange experiments were performed. In both, equimolar amounts 

of h-DMPC/SiO2-5 and d-DMPC/SiO2-5 or h-DMPC/SiO2-100 and d-DMPC/SiO2-100 

were mixed. In both experiments, the separate samples, stored at 4oC, were mixed at 4oC, 

temperature at which the two species do not exchange, and transferred to the nano-DSC 

at 4oC. In one experiment, the mixed sample was then cycled successively between 4oC 

and a temperature higher than that of the highest Tm of the mixture, and held at that 

temperature for a preset time. In the case of DMPC, a Tmax of 35oC was chosen; higher 

temperatures produced transfer rates that were too fast.  In the case of DPPC, Tmax = 50oC 

was chosen for the same reason.  The heating and cooling scans were obtained at 

1oC/min. In the other experiment, newly mixed samples were placed in the nanoDSC at 

4oC, the instrument was set to the prechosen incubation temperature, and held at that 

temperature for a preset time and the cooling cycle, at 1 oC/min monitored; a new sample 
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was used for each incubation time. In both cases, the experiments were stopped when no 

further change in the nanocalorimetry trace was observed. 

In separate experiments, 50/50 d-DMPC/h-DMPC or d-DPPC/h-DPPC MLVs 

were mixed together initially. SUVs were prepared and adsorbed to the 5, 100nm SiO2 as 

above in order to measure their calorimetric spectra for reference. 

Faster scan rates were used in order to obtain as “static” a picture of the lipid 

exchange as possible; as the scan proceeded, higher temperature resulted in more 

exchange. Although the second method is traditionally used to obtain kinetic data, the 

successive scanning method provides qualitatively similar data, and almost the same 

results. This is because no exchange is expected below the phase transition temperature. 

Therefore, the only difference between the two methods is the 5-10 minute time period 

that the sample cools from Tmax to Tc, and the fact that in the first case the total 

incubation time is interrupted by cooling cycles. 

The same exchange experiments were performed using equimolar amounts of 

deuterated supported substrates, d-DMPC/SiO2-100 or d-DMPC/SiO2 –5, and 

hydrogenated SUVs, h-DMPC. Although, upon exchange, the d-DMPC/SiO2 is expected 

to increase upon incorporation of h-DMPC, and the h-DMPC is expected to decrease 

upon incorporation of d-DMPC, the initial separation is greater than if the beads had 

hydrogenated DMPC and the SUVs were composed of deuterated DMPC. 

 

5.3 Analysis of mixing from NanoDSC data 

The exchange rate was determined by the method proposed by Bayerl and 

Sackmann [19], where the mole fraction mixed was calculated from the shift in Tm values 
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at successive incubations times after mixing. In the current case, the two vesicle 

populations at t = 0 were d-DMPC/SiO2 and h-DMPC/SiO2, and had the transition 

temperatures of the pure materials. Here, we will refer to them only as d and h.  

B  ↔ h, A ↔ d 

After an incubation time t, there were also 2 vesicle populations, I and II, which 

contained combinations of d and h, where Th > Td, so that TI increases and TII decreases: 
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The off rate constants,  (for d-DMPC dissociated from vesicle population I) and  

(for h-DMPC dissociated from vesicle population II), were obtained according to the 

method of Bayerl and Sackmann [

d
offk h

offk

19], based on the kinetic model of Thilo (1977) [31], 

which was based on the assumption that the rate at which lipid monomers in the bulk 

solution are captured by the vesicles is proportional to the product of the monomer 

concentration, and the total bilayer surface area in a unit volume, also proportional to the 

concentration of lipids in the vesicle. In addition, the model assumes that other processes 

such as lipid flip-flop are not rate limiting, and that the on and off rate constants are 

independent of the lipid composition of the vesicles.  
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In this case, from each pair of values of  and  at incubation time, t, and for the 

condition that equal populations of vesicles were used at time t = 0, 
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1 , 

d
offk  and  evaluated for the initial stages of the exchange for each pair at t such that the 

amount of exchanged lipid was less than 20mol%, and averaged. 

h
offk

Since the vesicle populations of h and d are essentially the same, . d
off

h
off kk =

 

5.4 Results 

The nanoDSC endotherms for h-DMPC MLVs and supported h-DMPC/SiO2-5 

and h-DMPC/SiO2(100) bilayers, and for d-DMPC MLVs and supported d-DMPC/SiO2-

5 and d-DMPC/SiO2-100 bilayers are shown in Figure 5.2. Note that in buffer, all of 

these samples flocculate/precipitate. The phase transition temperatures and enthalpies of 

the transitions for d/h –DMPC and d/h-DPPC are presented in Table 5.1. As previously 

reported, the transition temperatures for d-DMPC < h-DMPC by ~ 4.0-4.5oC, and this 

difference permits the monitoring of the exchange of lipid between the two populations 

of supported bilayers.  The phase transition temperatures and enthalpies of the transitions 

for the d/h–DPPC SLBs are given in Table 5.2. The enthalpy of h-DPPC and d-DPPC 

MLVs are similar, and are greater by ~ 50 % than the enthalpies of the supported 
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bilayers, (h-DPPC/5-SiO2), (d-DPPC/5-SiO2), and by~ 25 % than the enthalpies of the 

supported bilayers  (h-DPPC/100-SiO2), (d-DPPC/100-SiO2). 
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Figure 5.2 Nano-DSC thermograms of DMPC-d54 and DMPC MLVs, SLBs on 5 and 

100 nm  SiO2. 
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Table 5.1 Thermodynamic parameters for d/h-DMPC and d/h-DPPC MLVs. 

PC lipid 
Tp

(° C) 

Tm

(° C) 

ΔH 

(kcal/mol) 

H-DMPC 14.8 23.6 5.88 

D-DMPC 8.7 19.4 6.07 

H-DPPC 34.6 41.2 7.51 

D-DPPC 31.1 36.8 7.59 

 

 

Table 5.2 Thermodynamic parameters for d/h-DPPC supported lipid bilayers on 5 and 

100 nm SiO2 nanoparticles. 

 

DPPC SLBs 

Tm

oC 

ΔHm

kcal/mol 

Tc

oC 

ΔHm

kcal/mol 

h-DPPC/SiO2-100 40.1 4.6 39.5 5.00 

h-DPPC/SiO2-5 41.2 3.42 41.2 3.15 

d-DPPC/SiO2-100 35.6 4.84 35.1 5.02 

d-DPPC/SiO2-5 36.9 3.46 36.9 3.55 
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Figure 5.3 shows the schematic of lipid exchange between d/h- DMPC or DPPC 

nanoparticle supported lipid bilayers. SLB on particle “A” represents deuterated DMPC 

and SLB on particle “B” represents hydrogenated DMPC. Equimolar mixture of both 

samples were mixed, and incubated for time t, after which exchange was observed by 

using Nano-DSC by monitoring the shifts in the phase transition temperature as a 

function of time. Figures 5.4 and 5.5 show the time dependent changes of Nano-DSC 

traces for mixtures of supported 5 nm beads compared with supported 100 nm beads for 

DMPC and DPPC SLBs after incubation at 35 °C and 55°C for DMPC and DPPC 

respectively. The results from theoretical model calculations of these data by using the 

method of Thilo for the kinetics of lipid molecule exchange are given in Table 5.3.   

It is clear from the experimental data and the theoretical calculations that the 

exchange rate is much greater for the 100 nm beads (although maybe it is not that 

obvious for DMPC SLBs on 5 nm beads due to very broad transition of the individual 

peaks). A single symmetric peak is expected for a 50/50 mole ratio of h-DMPC/d-DMPC, 

since these lipids form a miscible mixture in all proportions. This was confirmed by 

fusing extruded SUVs composed of a 50/50 molar ratio of h-DMPC/d-DMPC onto the 5 

and 100nm beads (control); the same peak was observed. For DPPC SLBs both the 

experimental data and the calculated rates, clearly show that the exchange of lipid 

molecule is faster on the larger beads. 
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Figure 5.3 Schematic of lipid exchange between d/h-PC nanoparticle supported lipid 

bilayers. 
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Figure 5.4 Nano-DSC endotherms of lipid exchange between d/h-DMPC SLBs on: A) 5 

nm SiO2; and B) 100 nm SiO2 at 35°C. 
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Figure 5.5 Nano-DSC endotherms of lipid exchange between d/h-DPPC SLBs on: A) 5 

nm SiO2; and B) 100 nm SiO2 at 55 °C. 
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Table 5.3 Kinetic theoretical calculations data based on model of Thilo for lipid 

exchange for d/h-DMPC and d/h-DPPC SLBs on 5 nm and 100 nm SiO2 nanoparticles 

r temperature 
(°C) 

Beads 
size, nm 

Rate 
kA

off (s-1) 

(prepared with 1x excess lipid). 

Lipid A Lipid B 
Incubation 

d62-DPPC h-DPPC 0.5 5 0.90x10-455 

d  0  62-DPPC h-DPPC .5 55 100 3.47 x10-4

d54-DMPC h-DMPC 0.5 35 5 1.09 x10-4

d54-DMPC h-DMPC 0.5 35 100 2.49 x10-4

 

 

A second set of experiments were performed in order to elucidate the exchange of 

pid molecules between DMPC-d54 SLBs and DMPC SUVs for two sizes of 

nanopa

li

rticles: 5 and 100nm SiO2. Figure 5.6 shows the schematic of this process and 

figure 5.7 shows the nano-DSC thermograms for the lipid.exchange: A) for 5nm and B) 

for 100nm DMPC-d54 SLBs on SiO2 prepared with 1x excess as function of time. The 

size of the DMPC SUVs was 100nm. This data shows that height of the intensity of SUV 

peak decreases with time; however Tm of the phase transition is not shifted. On the other 

hand,  Tm of the phase transition of the DMPC-d54 SLB peak is constant for 100 nm SiO2 

SLBs and slightly shifts to higher temperature for  5 nm SiO2 SLBs after some time. This 

implies that lipid from the SUVs goes to feed the SLBs and /or cure the defects, and that 

1x excess of lipid is not enough to form continuous lipid bilayer on curved surfaces, 

where the area of the lipid molecule is assumed as for planner surfaces. Since the 

curvature increases with decreasing the size, there is more room for lipid from SUVs to 
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fill SLBs on 5nm beads. Therefore the small shift of the Tm of the SLBs on 5 nm SiO2 

that were observed is due to the increased amount of DMPC in DMPC-d54 SLBs. 

 

 

 

 

 

 

igure 5.6 Schematic of lipid exchange between DMPC-d54 SLBs and DMPC–h SUVs. F

 

 

 

 155



 

 

 

 

 

 

 

 

 

 

 

 

igure 5.7 Lipid transfer between DMPC-d

nd B) 100 nm SiO2. 

10 15 20 25 30 35

 

En
do

th
er

m
ic

 h
ea

t f
lo

w

Temperature (°C)

 

  0      h
  0.33 h
  0.83 h
  1.66 h
  5nm-SLBs-

-d-DMPC

A

 

 

 

 

 

 

 

 

 

F 54 SLBs and DMPC SUVs on: A) 5 nm SiO2 

a

5 10 15 20 25 30 35

 

 0      h
 0.33 h
 0.83 h

 

En
do

th
er

m
ic

 h
ea

t f
lo

w

Temperature (°C)

B

 4.11 h
 7.40 h
 100nm-SLBs-

       -d-DMPC

 156



In order to form continuous lipid bilayers and prevent formation of defects of 

nuous bilayers were used in preparation of the SLBs. DPPC and 

DPPC-

SLBs, third set of experiments were performed, where 2x excess of the required amount 

of lipid to form conti

d62 SLBs were prepared on 45 nm and 100 nm SiO2 nanoparticles. The results of 

the lipid exchange of these experiments are given Table 5.4 and figures 5.8 and 5.9. The 

molar fractions of exchanged lipid due to the symmetric exchange versus incubation time 

t are shown in figure 5.8 for 100 nm and figure 5.9 for 45 nm SiO2 SLBs. An estimate of 

the activation energy of the lipid transfer process can be obtained by plotting the initial 

rate constant ln(KDPPC) vs. 1/Tinc ( Arrhenius plot). This plot shown in figure 5.10 gives 

straight line with a slope corresponding to EA,DPPC (45nm) = 179 kJ/mol. The activation 

energy, calculated for DPPC SLBs on 100 nm SiO2 based on the two incubation 

temperatures was found to be EA, DPPC (100nm) = 164 kJ/mol. The kinetics of lipid 

transfer from these experiments is slower compared to data from the first set of 

experiments, where maybe there were defects in the supported lipid bilayers due to not 

having enough lipids on the surface. Therefore, these experiments emphasize the effects 

of the defects on the kinetics of lipid exchange. 
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Table 5.4 Kinetic data for symmetric lipid transfer for 45 and 100 nm SiO2 supported 

ilayers (prepared with 2x excess lipid). lipid b

Incubation Beads Rate Lipid A Lipid B r temperature (°C) size, nm kAoff (s-1)  

d62-DPPC h-DPPC 0.5 50 45 1.15x10-6

d62-DPPC h-DPPC 0.5 60 45 1.18x10-5

d  0  -5
62-DPPC h-DPPC .5 70 45 5.56x10

d62-DPPC h-DPPC 0.5 65 100 5.35x10-5

d62-DPPC h-DPPC 0.5 70 100 1.25x10-4
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Figure 5.9 Molar fractions χI and χII of DPPC in DPPC-d62 SLBs and  DPPC-d62 in 

DPPC SLBs, respectively, during symmetric lipid transfer versus incubation time for 

100 nm SiO2 SLBs at  65 ºC, and 70 ºC incubation temperature. 
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Figure 5.10 Arrhenius plot representation of the rate constant ln(KDPPC) as a function of 

the inverse of temperature (1/Tinc) for DPPC SLBs on 45 nm SiO2. The EA = 179 kJ/mol. 

 

Previous results for supported DPPC bilayers showed a 25 % decrease (7.5 to 5.5 

kcal/mol) in ΔHm compared with MLVs [26]. The possibility that this reduction was 

caused by the non-participation of the inner leaflet during the transition due to interaction 

with the silica surface was refuted by 31 P (headgroup region) and 2H (tail region) NMR 

measurements showing that all the phospholipids were in the same liquid crystalline 

state, and temperature dependent 2H-NMR (first moments) of MLVs and SSVs showing 

that the average orientational order in the gel phase was similar [32]. Instead, the 

reduction in ΔH was suggested to be the result of lateral stress along the bilayer plane due 

to the abrupt change of the molecular area (5-8 % reduction, on cooling, per molecule) at 
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Tm [26]. The lateral stress that large unilamellar vesicles can withstand before 

disintegration results from an approximate 10 % decrease in area. However, removal of 

lipids from the SSV was not previously observed [26], and was not observed in the 

current investigation. 

Reductions in ΔH have been observed for modulations of intermolecular 

interaction between phospholipid tails, as can occur upon addition of steroid molecules 

such as cholesterol or bile salts. Therefore, the reduction in ΔH for the SLBs could be the 

result of the combination of curvature effects of the underlying support and 

intermolecular interaction of the phospholipids. 

 

5.5 Discussion 

Because of the ideal mixing behavior of DMPC-d54 and DMPC-h [19], as well as 

DPPC-d62 and DPPC-h, the initial Tm of each population of SLBs on given size beads 

undergo symmetric shift toward the center with increasing the incubation time at 

temperature above Tm and finally coalesce into one peak as a result of the lipid transfer.  

Although both monomer diffusion and collision can contribute to lipid exchange, 

in the current work, the h-DMPC/SiO2 and d-DMPC/SiO2 precipitated from solution, so 

that collisional exchange is not likely. In addition, under the conditions used, namely, 

high salt, the lipids strongly adsorb to the silica beads. Therefore, we expect that the 

exchange between the outer monolayer will proceed faster than for the inner monolayer, 

and the flip-flop rate will be slower than the koff rate. Thus, the mechanism of exchange 
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between SLBs and SLBs is likely to be single molecule transfer, and it will be faster than 

the flip-flop rate. 

The experiments presented here highlighted variables that can affect the process 

of lipid exchange between solid-supported lipids or between solid-supported lipids and 

SUVs. One is the curvature of the underlying support, where we have shown that for 

similar substrates, in this case SiO2, the exchange rate is slower between lipids on the 

more highly curved surfaces. There are two possible factors that can contribute to this 

effect. One is greater interaction energy between the lipids on the smaller size SLBs. We 

have previously shown that Tm is larger for the 5 nm supported lipids than for the 100 nm 

supported lipids. We interpreted this as possibly due to lipid interdigitation. In any case, a 

higher Tm suggests better packing of the alkyl chains. Therefore, it might be expected, as 

observed, that the off rate for the lipids on the 5 nm beads would be lower than for the 

100 nm beads. Secondly, the relative proportion of lipids in the outer monolayer is 

greater for smaller SLBs, and thus a greater fraction of the lipids will be accessible to 

direct removal to the solvent, increasing the rate. The void created by removal of an outer 

lipid might in turn increase the flip-flop rate for the smaller SLBs. 

The calculated off rate with which DPPC molecules escape from the DPPC SLBs 

on 45 nm SiO2 was two times slower than the escape of DPPC molecules of SLBs on 100 

nm SiO2 at 70 ºC (see table 5.4). This confirms that the kinetic of lipid transfer/exchange 

becomes slower with decreasing the size of the underlying nanoparticles.  However, in 

contrast to small unilamellar vesicles studied previously [19] where the calculated off rate 

were found 2.3x10-6 for the escape of DPPC molecules from DPPC vesicles at 55 ºC, the 

calculated off rate in our experiments for SLBs on 45 nm are 1.15x10-6  at 50 ºC. 
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Therefore the lipid transfer is two times slower in DPPC SLBs on 45 nm SiO2 compare to 

lipid transfer in SUVs at similar temperatures. These results are in agreement with 

previous findings about symmetric lipid exchange between DMPC-d54 and DMPC so 

called spherical supported vesicles [26]. 

It was noted previously that symmetric lipid exchange occurs only when both 

populations are in fluid state or above their phase transition temperature, Tm. The effects 

of change in the incubation temperature were similar on both symmetric and asymmetric 

lipid transfer in vesicles [19]. The effect of the temperature on lipid exchange in SLBs 

can be inferred from Table 5.4 and figure 5.10. With increasing the incubation 

temperature by 10 degrees the rate of lipid dissociation kA
off increases with one order of 

magnitude. 

In the case of mixed SUVs and SLBs, we observe a doubling of the SLB peak at 

the beginning of the experiment. This initial splitting of the DMPC-d54 transition peak 

might be caused also by an imbalance in distribution of DMPC-h lipid molecules 

(coming from the vesicles) between the inner and the outer monolayer of the DMPC-d54 

acceptor SLBs as has been shown for the case with asymmetric vesicle exchange. It was 

reported that the equilibrium of lipids between both monolayers by flip-flop is a slow 

process [18], especially in this case when the lipids from the vesicles are feeding the 

SLBs. After saturation of the outer monolayer of the acceptor DMPC-d54 SLBs, the flip-

flop rate increases as an evident by disappearance of the splittings after some time. In this 

case, the SLBs are immobile and the SUVs are mobile, presumably undergoing Brownian 

motion, although the mixture produces a suspension rather than a precipitate. The 

Brownian motion permits collisions of the SUVs with the SLBs. Unlike the soft 
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collisions of water (or buffer) filled SUVs, these collisions are between a soft and a 

relatively hard SLB. 

For asymmetric exchange, there was a net transfer of lipids from the vesicle 

fraction with the lower lipid chain melting temperature, Tm, to that with the higher Tm, 

even if the latter were in the gel state [19].  

Previous exchange experiments between two populations (h-DMPC and d-DMPC) of 

spherical supported vesicles on 640 nm silica beads showed that the half-time for the 

exchange was 3-4 times higher than for small sonicated DMPC vesicles [33]. The 

exchange of lipids was symmetric. We note that these fusion and exchange experiments 

were performed in water without buffer or salt, conditions where we do not observe (for 

100 nm beads) complete vesicle fusion [33]. 

 

5.6 Conclusion 
 

In this chapter, we have shown the symmetric exchange of lipid molecules 

between supported lipid bilayers on different size of SiO2 nanoparticles. We have also 

used a theoretical model to calculated kinetics of lipid transfer based on Thilo’s method. 

Both the experimental data and the kinetic calculations showed that kinetics of lipid 

transfer is faster between supported lipid bilayers on larger size nanoparticles. This 

occurs since there are stronger intermolecular interactions between lipids on the smaller 

SLBs, as evidenced by their higher Tms, indicating some lipid interdigitation, and more 

lipids molecules in the outer monolayer.  The interdigitation provides tighter alkyl chain 

packing and stronger interaction, making it more difficult to transfer a lipid monomer to 

the solution. For all studied sizes, SLBs exchange to form 50/50 h/d-SLBs. In terms of 
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the mechanism of the transfer, we think that the transfer occurs via monomer transfer 

between the two bilayers, but we cannot exclude hemifusion structures or other concerted 

place exchange. 
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CHAPTER 6 

 

HYDRATION REPULSION EFFECTS ON THE FORMATION OF 

SUPPORTED LIPID BILAYERS 

 

6.1 Introduction 

Supported lipid bilayers (SLBs) on nanoparticles are of importance as a method of 

biofunctionalizing solid surfaces for drug delivery and can provide a platform to 

investigate membrane proteins. They have been formed on micron sized spherical [1] and 

nanoparticle [2-5] surfaces, and been investigated by molecular dynamics (MD) 

simulations [6]. SLBs can be formed on planar and curved surfaces by the fusion of small 

unilamellar vesicles (SUVs) [7] on a variety of inorganic and organic supports. Fusion 

can occur by a process of adsorption and rupture, or by a single rupture step, and can 

depend on factors such as the ionic strength of the medium, type of buffer and solid 

support [8]. While critical densities of SUVs can be required for fusion onto planar 

surfaces, vesicles appear to rupture one by one on SiO2 nanoparticles [2]. 

The effects of nanotopography of the substrate [9] and the substrate type [10]  

have been investigated by techniques such as quartz crystal microbalance with dissipation 

monitoring (QCM-D), where simultaneous measurements of the shift in frequency and 

the change in energy dissipation provide information on whether intact vesicle adsorption 

or vesicle fusion occurs. For zwitterionic lipids, only intact vesicles adsorb onto oxidized 

gold [11, 12],  oxidized platinum [12] and TiO2 [12] solid supports, and in the low 

coverage regime where there is only intact adsorption, the flattening deformation due to 
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collapse of the SUVs was much larger on SiO2. Supported lipid bilayer formation occurs 

for SiO2 and Si3N4 at higher coverage [11, 12]. Although the most common inorganic 

support is silica (SiO2), SLBs also form on borosilicate glass, silicon wafers, mica [13, 

14], TiO2 (rutile) [15], and SrTiO3 single crystals [15] (although this has been suggested 

to be due to SiO2 impurities [15, 16]. In the case of Al2O3, deposition does not occur via a 

vesicle rupture process but SLBs can be formed by bubble collapse deposition [17]. The 

difference between SiO2 and TiO2 was attributed to the higher charge density of the 

former, due to its lower isoelectric point [18]. SLBs also form on planar polymer supports 

[19, 20]. Therefore surface properties of the solid support plays an important role in the 

formation of SLBs. The interaction between lipids and support appears complex and 

good understanding on the molecular level is still lacking. More experimental work is 

necessary to elucidate the nature of the thin solvent layer that separates the lipid bilayer 

from the solid support [21, 22] and its effect on the diffusion of lipid molecules in each of 

the two bilayer leaflets.  

Although the substrate itself affects bilayer formation, there are water layers on 

both the lipid and substrate that must be removed before a SLB can be formed. Not all of 

the water is removed, since after formation of the SLBs on silica substrates the lipid 

bilayer is separated from the SiO2 support by a water layer 1.5-2.0 nm thick [1, 21].  The 

organization of water on these surfaces may play a role in the adsorption/fusion process 

of lipids to form SLBs. In particular, as the two surfaces approach each other, the water 

of hydration must be removed from the polar headgroups of the lipid [23] and the surface 

water on the inorganic substrate, giving rise to an effective hydration repulsion [24],  

supported also by simulations [25], which can be affected by the nature of the water 
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layers on the lipid and inorganic surfaces. In the case of hydrophilic planar surfaces, 

phospholipid bilayers spread by sliding over surfaces with a thin lubricating water film 

[26]. 

NMR and molecular dynamic (MD) simulations of water around fully hydrated 

DMPC showed both a more mobile, clathrate like hydration shell of ca 5-6 hydrogen-

bonded water around the positively charged N(CH3) choline moiety and “frozen”, less 

mobile, hydrogen bond water (1-2 water molecules) with the oxygen of the phosphate 

Hydrogen bonding structure and dynamics of water at the 

dimyristoylphosphatidylcholine lipid bilayer surface from a molecular dynamics 

simulation [27, 28]. Dynamic AFM studies of SLBs of 1,2-dipalmitoyl-sn-glycero-3-

phosphocholine (DPPC) and 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) 

phospholipids SLBs showed that in the gel phase, up to 5 ordered water layers (1-3 layers 

more frequently observed) with spacings of ca. 0.29 ± 0.6 nm each between the carbon 

nanotube tip and the SLB, could be successively removed; the layers closer to the lipid 

required more force to remove. Whether the structured water arose from inherent 

hydration layers around the lipid and/or tip or from induced confinement between the two 

could not be determined [29]. Molecular dynamics simulations indicated that one or two 

ordered water layers extended from the DPPC headgroup [30]. 

Water is believed to have an organized structure with perturbations compared 

with bulk water about 1.0-1.5 nm from a mineral interface [30, 31]. Up to seven confined 

water layers with spacings of 0.252 ± 0.048 nm, roughly the diameter of a water 

molecule, could be measured on a mica surface by off-resonance AFM, with dynamics 

slowed down as the confining separation was reduced [31]. The stable molecular water 
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layers on hydrophilic silica [31] were suggested to be responsible for the hydration 

repulsion that has been shown to exist below 5 nm from the silica surface [32].  Thus, the 

energy penalty for removing water layers from both the lipid headgroup and inorganic 

surface can affect the rate of SLB formation.  

In this chapter, we describe our investigation of the effects of surface water and 

silanol density of nominal 100 nm SiO2 nanoparticles on the formation of supported lipid 

bilayers from 1, 2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC) small unilamellar 

vesicles (SUVs). The silanol densities were varied by heat (600 oC and 1000 oC) and 

piranha treatments and the nanoparticles characterized by dynamic light scattering (DLS), 

zeta potential measurements, transmission electron microscopy (TEM), FTIR 

spectroscopy and thermogravimateric analysis (TGA). Unexpectedly, we found that the 

kinetics of formation of SLBs were faster on nanoparticles heated to 600 oC than on fully 

hydroxylated (“as-is”) SiO2 nanoparticles. This was associated with a higher amount of 

bound water on the fully hydroxylated SiO2 due to more hydrogen bonded silanols which 

results to increase in the hydration repulsion forces. The increased affinity of the SUVs 

for the nanoparticles with less adsorbed water was suggested to be due to the different 

structures of the interfacial water layers on the nanoparticles. Both nanoparticles were 

suggested to have 1-2 monolayers of an ordered “ice-like” water layer that was hydrogen 

bonded to the SiOH groups, with a greater amount of disordered water around the “as-is” 

nanoparticles. Since the zeta potentials of the nanoparticles were all the same (-45 ± 5 

mV), indicating similar electrostatic interactions between the SUVs and the 

nanoparticles, the decreased affinity/fusability of the SUVs for the “as-is” SiO2 was 

attributed to greater hydration repulsion between them, due to the necessity of removing 
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more disordered water from the more hydrated SiO2. The SiO2 heat treated to 1000oC had 

so few SiOH groups that hydrophobic clustering of the nanoparticles occurred. 

 

6.2 Results 
 

6.2.1 Characterization of nanoparticles 

The results of the nanoparticle characterization by DLS, zeta potential (ζ), BET 

measurements, TGA and TEM analysis are presented in Table 6.1, and representative 

cryo-TEM micrographs of the 600 oC particles are shown in Figure 6.1a. The 

nanoparticles from Lancaster are not monodisperse even before heat-treatment. There 

was a combination of single particles with diameters of about 125 nm, as well as 

“doubles”, particles that appeared to have fused during the manufacturing process, with 

dimensions of about 125 x 200 nm, and occasionally “triples”. This was also observed for 

the “as-is” SiO2 and SiO2 heat-treated to 1000 oC, with a greater proportion of “doubles” 

for the 1000 oC SiO2. Not all of the 1000 oC or 1000 oC + piranha SiO2 could be 

redispersed in water. TGA data indicated that approximately 50 % of the original heat-

treated sample could be redispersed, and TEM, DLS and zeta potential data was obtained 

only for the dispersed fraction. The water content of the “as-is”, “as-is” + piranha, and 

Nissan SiO2 precluded accurate BET measurements due to adsorbed water (which 

desorbed and affected pressure measurements), so only BET measurements for the 

600oC,  600oC + piranha, 1000oC and Piranha + 1000oC SiO2, which had little, or 

effectively no adsorbed water (vida infra), are reported. Even BET data for the 600oC + 

piranha gives dimensions that are too small for the same reason. DLS data is reported as 

the z-average, which assumes single exponential decay of the correlation function and 
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preferentially weights larger size particles. The DLS data was also analyzed and reported 

by number and surface area averages. The closeness in size between the “singles” and 

“doubles” makes it difficult to separate them by DLS. The Nissan nanobeads are more 

uniform, and smaller in size, ca 110 nm in diameter by DLS, with no “dimers”. When 

calculating SASUV/SASiO2 ratios, diameters based on DLS surface areas were used, since 

surface area is the parameter required for the amount of lipid needed for coverage of the 

SiO2. Values of 125 nm for the “as-is” and 600 oC SiO2, 185 nm for the 1000 oC SiO2 and 

105 nm for the monodisperse Nissan SiO2, were used in the calculations. Zeta potential 

data for the nanoparticles indicate that all the Lancaster beads, whatever the heat/piranha 

treatment, as well as the Nissan beads, had similar zeta potentials of around -45 ± 5 mV. 

The solutions were diluted until constant values of the zeta potentials were obtained. 
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Table 6.1 Dynamic light scattering, ζ-potential, TEM and TGA weight loss data for SiO2. 

and SLB. 

Diameters of SiO2 Nanoparticles, [nm] SiO2 Nanoparticles SiO2 + SLBs 

DLSb
Particle 

ζ-PotentialType 
BETa

z Av. 
( ±10 ) 

PdIc
Media

n 
Numb
er Av.
( ±5 ) 

SAd 
Av.  

( ±5 ) 

TEM 

( ±5 ) 

[mV] 

TGA 
% 

Wt. loss 

TGA 
% 

Wt.  
loss 

Calc.e 

% 
Wt. 
loss 

“as is”  168 0.12 137 108 125 125±5 
125x200 -45.5 ±5.5 7.1 5.9 8.3 

“as is”+ Prf  162 0.12     -38.0 ±6.8 5.0 6.3 8.3 

600°C 105 173 0.14 140 100 125  -40.2 ± 7.5 0.06 8.2 8.3 

600°C+ Prf 90 163 0.11 130 105 120 105±10 
105x160 -43.00 ±9.70 0.84 8.1 8.3 

1000°C 160 192 0.05 178 162 173  -44.05 ±6.42 0.009 3.7 5.8 

1000°C+Prf 170 198 0.03 195 190 193 120±5 
110x190 -45.63 ± 6.4 0.040 4.3 5.8 

100 nm Nissan  116 0.02   110  -45.2±11.0 1.5 7.2 7.6 

SUVs  60      0 ± 0.5   

 
 

aBET surface area converted into spherical particles with diameter D 
bDLS = dynamic light scattering 
cPDI = polydispersity index 
dSA = surface area 
dafter 2 h incubation 
ebased on 125 nm diameter “as-is” and 600 oC SiO2, 185 nm diameter 1000 oC SiO2, with 

densities of 2.0 g/cm3;  and 110 nm diameter Nissan SiO2 with densities of 2.4 g/cm3. 
fPr = Pirahna 
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Figure 6.1 Cryo-TEM images of: (a) SiO2 heat treated to 600 °C + piranha, and (b) with 

added DMPC after incubation at 50 °C for 2 h; (c and d) 1000 °C + piranha SiO2 with 

added DMPC incubated at 50 °C for 2 h. Arrows indicate (c) lipid sheaths and (d) 

vesicles. 
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             Figure 6.2 shows the FTIR spectra of the “as-is”, “as-is” + piranha, 600 oC, 600 

oC + piranha, 1000 oC,  1000 oC + piranha, and Nissan SiO2. The nanoparticles were 

vacuum dried overnight and then heated for ca 4 h at 150 oC before the IR spectra were 

measured. The bands observed are the isolated silanol vibrations at 3740cm-1, the 

hydrogen-bonded silanols at 3600 cm-1, and bands associated with adsorbed water (3400-

3500 cm-1) [33]. For the “as-is” SiO2, made from condensation of TEOS, residual bands 

associated with the methyl and methylene vibrations of (CH2CH2O)- can be observed 

[34]. Acid treatment removes these bands, suggesting that they were mainly on the 

surface of the nanoparticles. Heat treatment at 600 oC and 1000 oC also results in removal 

of the hydrocarbons. In addition, as the heat treatment temperature increases, the silanol 

density decreases the ratio of the isolated/H-bonded SiOH increases, and the amount of 

adsorbed water decreases. Subsequent acid treatment of the heat-treated samples recovers 

some of the H-bonded silanols, but never to levels comparable to the “as-is” SiO2. The 

“as-is” SiO2 from Nissan, made by a water-glass process, has no organic component, and 

has an FTIR spectra most comparable to the 600oC + piranha treated SiO2.  

The amount of hydrogen bonded silanols is higher on “as-is” compare to 600 oC + 

piranha and changes in the following order: “as-is” > 600 oC + piranha > 1000 oC + 

piranha as a consequence of the heat /chemical treatment. Because the hydrogen bond 

between O and H atoms in the silanol promotes polarization in the other O-H group, the 

amount of hydrogen-bonded molecular water on slilica surface increases. The surface 

layer of hydrogen-bonded molecular water on the silica particles causes an additional 

hydration repulsion forces between the particles [35]. Thus, the hydration repulsion 

forces increases in the following order: “as-is + piranha” > 600 oC + piranha > 1000 oC + 
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piranha on the surface of the treated particles. This also explain the differences in the 

colloidal stability of these particles [35]. 

3000 3500 3000 3500 3000 3500

c)b)

 

A
bs

or
ba

nc
e 

(A
rb

itr
ar

y 
un

its
)

Wavenumber (cm-1)

a)

 

 

 

 

  
 

 

Figure 6.2 FTIR spectra between 2750 and 4000 cm−1 of nominal 100 nm SiO2 

nanoparticles with different thermal/chemical treatments: (a) “as-is” (solid line), “as-is” + 

piranha (dashed line); (b) 600 °C” (blue solid line), 600 °C + piranha (dashed line); 

Nissan SiO2 (red solid line), and (c) 1000 °C (solid line), 1000 + piranha (dashed line). 
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The trends observed in the FTIR data are confirmed by TGA analysis of the SiO2, 

shown in Figure 6.3 and summarized in Table 6.1. The inset in Figure 6.3 shows 

derivative (DTGA) weight loss data for the SiO2. Weight losses are greatest for the “as-

is” nanobeads, and decrease to minimal amounts for the nanobeads heat-treated at 1000 

oC. The weight loss due to physically adsorbed water, which occurs below ca 100 oC is 

greatest for the “as-is” nanobeads and least for the nanobeads heat-treated at 1000 oC.  

Piranha treatment increases the surface silanol density and thus weight loss, at each heat-

treatment temperature, as well as the amount of physically adsorbed water. The former  
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Figure 6.3 TGA and DTGA (inset) weight loss of heat and piranha treated nominal 100 

nm SiO2, and nominal 100 nm Nissan SiO2, nanobeads. 
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statement is true except for the “as-is” SiO2 compared with the “as-is” + piranha SiO2 and 

is due to the replacement of the higher mass hydrophobic groups with SiOH. 

 

6.2.2 Characterization of SUVs and supported lipid bilayers 

The SUVs had z-average diameters of 60 nm ± 5 nm and zeta potentials of 0 ± 0.5 

mV (Table 6.1). TGA weight loss data for the lipids + nanoparticles (incubated for 2 h at 

50 oC) are presented in Table 6.1, and compared with calculated values based on 125 nm 

(“as-is” and 600 oC), 185 nm (1000 oC) and 110 nm (Nissan) diameters. Both the 600 oC 

and Nissan SiO2 have the expected weight losses, but the 1000 oC has 64-74 % less and 

the “as-is” sample has 70-75 % less, than the calculated values, respectively. Similar 

trend was observed for DPPC supported lipid bilayers on similarly thermally/chemically 

treated 100 nm Lancaster beads, used from different batch. The results from these studies 

are represented in table 2. Derivative TGA data for the nanobeads with adsorbed lipids 

are shown in Figure 6.4, where the peaks originating from water loss clearly show the 

order “as-is” + piranha > “as-is” > 600oC + piranha > 600oC > (1000oC + piranha ~ 

1000oC) ≈ 0, the same order as for the pure nanoparticles. The peaks at 240-270 oC and 

300 oC in the DTGA traces, attributed to lipid decomposition of the head-group and 

hydrocarbon tail, respectively [36], are similar in appearance for the 600oC, 600oC + 

piranha, 1000oC and 1000oC + piranha. The lipid peaks on the Nissan nanoparticles are 

also narrow, but shifted down in temperature. For the “as-is” and “as-is” + piranha, the 

peaks are broader and occur at higher temperature; this cannot be attributed to the 

underlying SiO2 since the derivative weight loss peaks (inset Figure 6.3) show no features 
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in this temperature region. It is possible that some of the chains, once water is removed, 

can adsorb to the silica surface, spreading out the range of decomposition temperatures.  

 

Table 6.2 TGA weight loss and DLS data for SiO2 and DPPC SLBs on different batch of 

100 nm Stöber thermally/chemically treated silica. 

Experimental weight loss by TGA, wt% 

 

Type of 

treatment 

Particle size, nm 

(Polydispersity) 

DLS** 

Calculated 

amount of 

Lipid 

bilayer, 

wt %* 

Bare 

nanoparticles 

Nanoparticles   

+ 

adsorbed bilayer 

Adsorbed 

lipid 

As is 117 (0.06) 8.6 – 10.0 7.9 13.31 5.23-check

Heated @ 

600°C 
121 (0.01) 8.6 – 10.0 0.51 9.31 8.80 

Heated @ 

1000 °C 
140 (0.013) 8.6 – 10.0 0.04 3.72 3.68 

Heated @ 

1000 °C 

+ Piranha 

202 (0.085) 8.6 – 10.0 0.26 3.36 3.10 
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Figure 6.4 DTGA weight loss data of adsorbed DMPC lipid bilayers on nominal 100 nm 

SiO2 nanoparticles with different thermal/chemical treatments; Pr = piranha. 
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 In order to investigate the effect of surface water on lipid fusion to form SLBs, nano-

DSC traces were obtained as a function of SADMPC/SASiO2 for the “as-is” + piranha, 600 

oC + piranha, 1000 oC + piranha, and the Nissan “as-is” SiO2. The piranha treated SiO2 

were used, since they provided a range of surface properties, and the piranha treatment 

was likely to hydrolyze interparticle silanol condensation of the nanoparticles after heat 

treatment. The gel-to-liquid phase transition temperatures of DMPC on supported lipid 

bilayers has been previously identified [3]. These transitions on heating (Tm) and cooling 

(Tc), and their respective enthalpies, ΔHm and ΔHc, are presented in Table 6.3. For 

comparison, the same thermodynamic data is presented for DMPC MLVs and SUVs. The 

melt and crystallization temperatures of the SUVs are very slightly higher than those of 

the MLVs, as we have previously observed [4]. The SLBs have Tms decreased by 1.7-

2.6oC and Tcs decreased by 2.3-4 oC compared with the MLVs and SUVs. In general, Tc 

≈ Tm for the MLVs and SUVs, but Tm > Tc for the SLBs; this occurs since equilibrium is 

reached more quickly for lipids in MLVs and SUVs than lipids on the solid supports [3]. 

Although the effect is small, Tm, Tc (Nissan) > Tm, Tc (600 oC + piranha) > Tm, Tc (“as-is” 

+ piranha) > Tm, Tc (1000oC + piranha). The average values of the transition enthalpies, 

ΔHm and ΔHc, are smaller for the SLBs than for the SUVs by 64 % and 57 % 

respectively. 
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Table 6.3 Phase transition temperatures and enthalpies for DMPC MLVs, SUVs and 

SLBs. 

SUVs, MLVs and SLBs T m/°C ΔHm/kcal mol−1 T c/°C ΔHc/kcal mol−1

MLVs  24.0 5.43 23.8 5.41 

SUVs  24.2 5.26 24.4 5.27 

SLBs      

 Nissan 22.5 3.20 22.1 3.24 

 As is + piranha 21.7 2.57 21.0 2.75 

 600 °C + piranha 21.9 2.75 21.4 2.77 

 1000 + °C + piranha 21.6 4.89 20.4 3.39 

   〈3.35〉  〈3.03〉 

   3.35/5.26 = 63.6%  3.03/5.27 = 57% 

 

 

 

Figure 6.5 shows nano-DSC traces for the 600 oC + piranha SiO2 incubated for 2 h at 50 

oC as a function of SADMPC/SASiO2 for the 2nd cooling cycle. Below SADMPC/SASiO2 = 1, 

only a single transition is observed, which originates from the gel-to-liquid transition of 

DMPC on supported lipid bilayers (SLBs) [3, 37]. For SADMPC/SASiO2 > 1, the peak due 

to Tc from DMPC SUVs is observed, which increases with increasing amount of DMPC 

in the suspension. The peak height or area ratio of the SLB peak, ISLB, to that of the total, 

ISLB/(ISLB + ISUV) is proportional to the amount of excess SUVs that are in the suspension. 
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However, the enthalpy of the transition for SLBs is 64 – 57 % of that for SUVs. 

Therefore, 

                   ISLB/ITot = ΔHSLB (#SLBs)/[ ΔHSLB (#SLBs) + ΔHSUV (#SUVs)], 

                                   = 0.6 (#SLBs)/[ 0.6 (#SLBs) + (#SUVs)], 

if an average of ΔHSLB = 0.6 ΔHB SUV is used. For example, if SASUV/SASiO2 = 1.5, there 

would be 1 SLB and 0.5 SUV, so that ISLB/ITot = 0.56. This is approximately what is 

observed for the SASUV/SASiO2 = 1.5 sample. However, these results are only 

qualitatively correct for several reasons. In addition to the errors inherent in determining 

the sizes of the nanoparticles, the SASUV/SASiO2 ratio was calculated based on planar 

surfaces. In fact, the particles, due to their curvature can accommodate more than the 

calculated amount of lipid [ ]. 3
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Figure 6.5 Nano-DSC traces for nominal 100 nm, 600 °C + piranha SiO2 as a function of 

SADMPC/SASiO2. 

 

A plot of #SUVs/#SLBs for the “as-is” + piranha, 600 oC + piranha, 1000 oC + piranha, 

and Nissan beads obtained after a 2 h incubation at 50 oC is shown in Figure 6.6. The 

intensities were corrected in order to obtain the ratio for the number of SUVs to the 

number of SLBs (#SUVs/#SLBs). We had first expected that the SiO2 with the highest 

SiOH density would have the greatest adsorption of DMPC, and the SiO2 with the lowest 

SiOH density would have the least DMPC adsorption at comparable #SUVs/#SLBs 
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ratios. The SiO2 heated to 1000 oC with very few silanols did have the least SLB 

formation. However, the SiO2 heated at 600 oC + piranha had greater adsorbed DMPC 

than the “as-is” + piranha for the same ratio of #SUVs/#SLBs. 
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Figure 6.6 #SUVs/#SLBs as a function of time for nominal 100 nm SiO2 with different 

thermal/chemical treatments: “as-is”+ piranha, 600 °C + piranha, 1000 °C + piranha, and 

Nissan 100 nm SiO2. Nano-DSC data obtained after incubation of SiO2 with DMPC 

SUVs for 2 h at 50 °C. Measurement of peak height ratios of SUVs and SLBs converted 

to #SUVs/#SLBs by normalization using their respective enthalpies, ΔHm (SUVs) and 

ΔHm (SLBs). 
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Time dependent adsorption experiments confirmed this trend. Figure 6.7 presents 

nano-DSC plots on cooling of the “as-is” + piranha, 600oC + piranha, 1000oC + piranha 

with SASUV/SASiO2 = 1.5 as a function of time.  Since excess SUVs were always present, 

the transition attributed to Tc (SUVs) never disappeared. At fixed SASUV/SUSiO2, the 

intensity ratio of SUVs/SLBs was greatest for the 1000 oC + piranha SiO2, and was 

greater for the “as-is” + piranha than for the 600oC + piranha at comparable times. The 

peak attributed to SUVs was always larger than the SLB peak for the 1000oC + piranha 

SiO2. The reverse was true for the 600oC + piranha SiO2: the SLB peak was always 

greater than the SUV peak. By contrast, the greatest change occurred for the “as is” + 

piranha SiO2, where the SUV peak was initially larger, and was finally slightly lower 

than the SLB transition. Since as discussed above for the SASUV/SASiO2 = 1.5, the ratio of 

intensities, ISLB/ITot, for the 600oC + piranha is approximately what is expected based on 

the measured ΔH, there is never complete SLB formation for either the 1000oC + piranha 

or “as is” + piranha SiO2, in agreement with the TGA results. 
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Figure 6.7 Nano-DSC traces of SLB formation when SADMPC/SASiO2 = 1.5 as a function 

of time for nominal 50 nm DMPC SUVs incubated at 30 °C with nominal 100 nm SiO2 

and the following thermal/chemical treatments: (a) as is + piranha; (b) 600 °C + piranha; 

(c) 1000 °C + piranha. 

 

There are other interesting observations that can be made from this data. Much of 

the SLB formation occurs at relatively short times for both 600oC + piranha and 1000oC 

+ piranha SiO2. SLB formation on the 1000oC + piranha SiO2 was small, and changed 

little with time for periods up to 4 days. Similarly, much of the SLB formation had 

occurred after 2 minutes for the 600oC + piranha SiO2. However, for the as is + piranha 
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SiO2, although there was significant SLB formation after 2 minutes, more SLB did occur 

for another 3-4 hours, and then remained constant. This clearly indicates that some SLB 

formation occurs very quickly for all the SiO2, but that the rate of SLB formation 

becomes slower for the as is + piranha SiO2 compared with the 600 oC + piranha SiO2.  

Cryo-TEM data for the 600 oC + piranha SiO2 are presented in Figure 6.1b, and 

show SLB formation around the nanoparticles with no SUVs present. The 1000 oC + 

piranha sample (Figure 6.1c and 6.1d) shows what appears to be clusters of nanoparticles 

surrounded by a lipid membrane sheath, as well as 50-60 nm SUVs, and larger SUVs 

adsorbed but not fused to the nanoparticles. Comparatively, the 600oC + piranha shows 

individual nanoparticles surrounded almost completely by SLBs with little evidence of 

free SUVs. This comparison is consistent with Figures 6.6 and 6.7, which show greater 

SLB formation and fewer free SUVs for 600oC + piranha than for 1000 oC + piranha. 

 

6.3 Discussion 
The effect of surface water on nominal 100 nm SiO2 nanoparticles, which had 

been heated to various temperatures and treated with piranha solution, on the 

adhesion/fusion of SUVs of zwitterionic DMPC, was investigated. Thermal/chemical 

treatments affected the silanol densities and thus the amount of bound water to the silica 

surface. Although we expected that both the amount and rate of SUV fusion to form 

SLBs would increase with increasing silanol density, it was found instead that the surface 

with a lower silanol density (600oC + piranha) had a higher rate of vesicle fusion 

compared with the surface with higher (“as-is” + piranha) silanol density, and had higher 

coverage, as monitored by TGA, after a 2 h incubation, as well as by time dependent 

nano-DSC thermograms. If only the number of “contact points,” in this case charged 
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silanol groups, between the SUVs and surface determined vesicle rupture [38]  the order 

would be reversed. This suggests that the organization of water next to a solid surface 

plays an important role in lipid fusion onto the surface.  The water around the lipid 

headgroup is expected to be the same in all cases. 

In order to understand the effects of water, it is useful to review the interactions 

that exist between SUVs- SUVs, SiO2-SiO2 and SUVs-SiO2. Zwitterionic SUVs interact 

with each other through weak van der Waals (attractive) and thermal 

undulation/protrusion (repulsive) forces. The dominant interaction between negatively 

charged SiO2 is electrostatic in origin, but hydrophobic attraction of Si-O-Si groups can 

occur on highly dehydroxylated surfaces. In the case of SUV-SiO2 interactions, the 

attractive van der Waals and thermal undulation/protrusion repulsive forces would 

expected to be similar, but electrical double layer and hydration forces might be expected 

to be different as the SiO2 surface properties changed. 

The fusion of zwitterionic lipids to form supported lipid bilayers may thus be 

affected by both electrical double layer and hydration forces. In  fact, the major driving 

force for adhesion between SUVs and silica was suggested to be the electrostatic 

attraction between the two surfaces, which for zwitterionic lipids (with zero potential) 

was proportional to the square of the zeta potential, ζ, or charge density, σ,  of the silica 

[39]. Although the isoelectric point of zwitterionic egg phosphatydylcholine (PC), pHiso = 

4.13 [40], might suggest that the DMPC would have a slightly negative charge at pH = 8, 

and thus be repelled by the negatively charged SiO2 surface, the measured ζ potentials of 

the DMPC SUVs investigated here were zero within experimental error, and thus should 

not affect the electrostatic interaction. More importantly, we do not see much difference 
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between ζ of the “as-is” or heat treated silicas, with or without piranha treatment, which 

were all ca -45 ± 5 mV. The same zeta potentials were measured although the total 

silanol densities were very different, as determined both by FTIR and TGA data. 

Similarity in ζs could occur if only the isolated SiOHs contributed to the zeta potential, 

which would happen if only the isolated SiOH, and not the hydrogen-bonded silanols, 

dissociated to give a negatively charged surface.  

Evidence that this is the case comes from second harmonic generation (SHG) 

data. Silanol densities on fully hydroxylated silica surfaces are reported to be about 4.9 

SiOH/nm2 [33, 41], composed of isolated silanols and hydrogen-bonded silanols, where 

the latter can be directly hydrogen bonded with each other (46 %), or through a bridging 

water molecule (35 %) [42].  The surface populations of the isolated and hydrogen 

bonded SiOH inferred from SHG data were estimated to be 19 % and 81%, respectively, 

with pKa values of 4.9 and 8.5 [42] consistent with the view that isolated silanols can 

more readily dissociate compared with the hydrogen-bonded silanols [33]. In the current 

investigation, at the pH = 7, where the zeta potentials of the SiO2 in pure water were 

obtained or at pH = 8.0, where the fusion experiments were performed, only the isolated 

silanols would be expected to dissociate on any of the SiO2 surfaces, resulting in similar 

charge densities. In addition, for the buffered solutions at pH = 8, there is charge 

shielding of the nanoparticles. The surface charge density at this pH has been reported as 

0.2 C/m2 [33, 42].  

Since surface charge density differences, and thus electrostatic interactions 

between the neutral SUVs and similarly charged SiO2 surfaces are therefore not expected 

to play a major role in the differences between the adsorption/fusion processes, what is 
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left is only hydration repulsion between the SUVs and SiO2 or hydrophobic attraction 

between the SiO2. The former interaction is critical to explain the difference between the 

“as-is” SiO2 and the SiO2 heat treated to 600 oC. For the SiO2 heat treated to 1000 oC, 

which will be discussed first, there were few silanols and little adsorbed water, so that 

hydrophobic interactions between the nanoparticles are important. 

At very low silanol densities, when there were mainly isolated surface silanols as 

shown by FTIR and TGA data, it was difficult to form supported lipid bilayers. TGA data 

indicated that less than the expected lipid coverage was found on the nanoparticles. Cryo-

TEM data showed that the SiO2 formed aggregates in suspension, surrounded by a 

supported lipid bilayer sheath. SUVs could be observed adsorbed to, but not forming a 

SLB on some of the nanoparticles. At these low SiOH densities for SiO2 heat treated at 

1000oC, the silica has many hydrophobic surface Si-O-Si groups. In fact, only 

approximately 50 % of the 1000 oC SiO2 could be resuspended, indicating that the 

remainder was so hydrophobic that it could not be wet by water. The SiO2 that could be 

resuspended was found to form clusters due to hydrophobic interactions between the 

nanoparticles, with some silanols on the exterior of the clusters promoting SLB formation 

around the whole cluster. On fully hydrated planar silica surfaces, it has been shown that 

isolated silanols separated by > 120 Å2 were about 12 % of the isolated silanols [43]. 

After heat treatment, this number should increase, leaving large hydrophobic areas that 

can associate. It has also been suggested, and may be the case here that for silica heated 

above 650 oC, the adsorption/fusion of DMPC does not occur through a water-mediated 

interaction. Instead, there is direct adsorption of DMPC headgroups to defect sites, which 
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have been observed as pits on a planar SLB silica surface that disrupted lateral assembly 

of the bilayer  [44]. 

The increased attraction between the SUVs and 600 oC SiO2 compared with the 

“as-is” SiO2 can be explained by increase hydration repulsion in the latter case, due to the 

differences in adsorbed water on the two SiO2 surface. Hydration repulsion is a short 

range force that exists between two approaching hydrophilic surfaces in water, and has 

been attributed to the energy needed to remove the water of hydration between 

interacting surfaces that contain ionic or polar species [24, 45]. Water near a silica 

surface is known to be different than that of bulk water, and this interfacial water layer, 

which has been extensively investigated at both the solid/air and solid/liquid interface 

[46]  can be affected by the properties of the underlying silica surface [47, 48], in 

particular by the type, number and distribution of silanol groups. Using ab initio 

calculations of cluster models of SiO2, with one or two (neighboring) SiOH on the 

surface as surrogates for isolated and hydrogen bonded silanols, a stable water layer was 

found with two SiOH, which disappeared when there was only one SiOH, although water 

molecules were still found around the isolated SiOH [44].  

Optical SFG has been extremely useful in characterizing the adsorbed water layer 

on SiO2. Both disordered and quasi-ice like or ice-like properties of water have been 

observed near amorphous silica [47] and crystalline quartz surfaces [48]. Fused quartz or 

silica, with a pKa of 3, can have varying degrees of ionization, depending on the pH [33]. 

When the silanols of quartz are neutral (undissociated, pH < 2-3) or fully ionized (all 

dissociated pH > 10), the structure of water at the surface is ice-like, as determined by 

optical SFG, with fewer ordered H2O layers (1-2) when the weaker hydrogen bonding 
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compared with the stronger electrostatic field force (3-5 ordered water layers) provides 

the ordering of the interfacial water layer [49]. Since the orientation of water at the 

surface was found to be opposite for the two extreme cases, with the dipoles of water 

oriented into the solid (oxygens pointing away from the surface) at high pH, and with the 

oxygens oriented towards the surface at low pH, at intermediate pHs, disordering of the 

water occurred as a function of the degree of ionization, due the competing alignment 

effects [49]. The more disordered water had a maximum at pH = 8 [50], so that at the pH 

= 8 of the current experiments, the effects of the “water-like” H2O are expected to be 

most pronounced. We postulate that it this disordered layer that must be removed before 

fusion of the DMPC SUVs to the SiO2 surface can occur, and that there is a greater 

amount of disordered water on the fully hydrated (as-is) than on the partially condensed 

(600 oC) SiO2. This is shown schematically in Figure 6.8. 

Thus, although the substrate material affects the formation process and character 

of adsorbed/fused bilayers, the interaction must be mediated by the structure of this water 

layer, which in turn is affected by the underlying substrate. The decrease in hydrogen-

bonded compared with isolated silanols and the corresponding decrease in adsorbed 

water with increase in heat-treatment temperature is clearly observed for the SiO2 

nanoparticles in the current investigation by both TGA and FTIR spectroscopy. This 

effect has also observed for Stöber SiO2 (8 and 260 nm) nanoparticles, where the ratio of 

hydrogen bonded to isolated silanols decreased with decreasing particle size, and where 

the amount of hydrogen bonded water to the silicas (as measured using NIR 

spectroscopy) also decreased [35]. This effect was explained by polarization differences 

between silanols: Hydrogen bonding between SiOH on the silica resulted in polarization  
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Figure 6.8 Schematic of SLB formation of nominal 50 nm DMPC SUVs onto nominal 

100 nm SiO2 nanoparticles with different thermal/chemical treatments. The (left) “as-is” 

+ piranha SiO2 had a higher silanol density and more bound water than the (right) 600 °C 

+ piranha SiO2. The bound water is shown schematically (not to scale) as more ordered 

(dark blue) and more disordered (light blue). The increased hydration repulsion as the 

result of removal of more bound water from the more hydrated SiO2 results in decreased 

rate of SLB formation on the more hydrated SiO2. The ordered water around the SUVs is 

the same in both cases. After SLB formation, the ordered water is not shown for clarity. 

The nano-DSC thermograms at comparable times for the two SiO2 show more SLB 

formation for the less hydrated SiO2. 
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in other SiOH, promoting hydrogen-bonding with water molecules. Since polarization of 

isolated silanol groups was less than for hydrogen-bonded SiOH, there was less hydrogen 

bonded water [35]. 

The increased hydration repulsion between the SUVs and the “as-is” compared 

with the 600 oC  SiO2 can thus be explained by a model in which both contain a more 

tightly bound “ice-like” water layer, with a more disordered water layer that is greater for 

the “as-is” SiO2. When the SUVs approach the SiO2 surface, more energy must be 

expended to remove this greater amount of water from the “as-is” SiO2. Although it 

might be expected that the entropy gain would be greater for the more hydrated silica 

surfaces, and thus the interaction should be more favorable for these surfaces, we 

observed the opposite. Therefore, this entropy gain is not sufficient to offset the 

unfavorable hydration repulsion for the more hydrated surfaces. 

The water from the DMPC headgroups must also be removed. However, removal 

of this water would be the same in all cases considered here. Further, it has been shown 

by dynamic AFM measurements that the water surrounding lipid bilayers is more 

disordered in the liquid crystalline compared with the gel phase, and requires lower force 

for removal [29]. This may partially explain why SLB formation is typically 

accomplished (as has been done in this investigation) by incubating the DMPC with the 

SiO2 nanoparticles above the Tm of the lipids. 

The proposed model is consistent with SHG data of neutral lipid egg 

phosphatidylcholine (egg PC) on SiO2 at all pH values, which showed that the strength of 

the ice-like mode was very similar to the bare quartz surface, but the water-like mode 

oscillator strength was suppressed [50]. The data were interpreted as resulting from PC 
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replacement of the liquid-like interfacial water, leaving the 1-2 layers of ice-like water 

[51, 52]. The current results are also in agreement with a study of DMPC adsorption onto 

planar hydrophilic SiO2 surfaces in which the silanol density was reduced by temperature 

induced dehydroxylation. In this case, water contact angles were between <5o (as 

prepared) and 67o (700 oC/1h), where 90o is regarded as the boundary between 

“hydrophilic” and “hydrophobic” surfaces. The SLBs had a higher affinity for the less 

hydrophilic surface and the formation of SLBs of DMPC was accelerated as the SiOH 

density decreased [44, 53]. 

Hydration repulsion has been shown to be important in vesicle-vesicle and 

vesicle-surface interactions. The hydration shells in zwitterionic lipid MLVs, where water 

layers alternate between the bilayers, were estimated to occupy a layer about 0.5 nm thick 

around the polar headgroups, leaving a layer of ca 1.7 nm of "free water" in the center of 

the inter-bilayer space free [23]. The overall structure was shown to be determined by a 

balance between long-range attractive forces, van der Waals interactions between the 

lamellae, and repulsive hydration forces [24], which decayed exponentially with a decay 

distance of ca 0.2 nm [23]. Hydration repulsion was also used to account for the decrease 

in aggregation of Stöber SiO2 (8 and 260 nm) with increasing particle size, where there 

was an increase in the hydrogen-bonded water layer for the larger particles that increased 

the repulsive hydration force between them [35].  

A similar effect, in which ions instead of water needed to be removed from the 

space between SUVs and a surface, has been invoked to explain the absence of SLB 

formation of zwitterionic lipids onto charged surfaces when the large molecular ion of the 

buffer was of opposite charge to that of the surface. In this case, there was high entropic 
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or osmotic repulsion (electric double layer repulsion) as the two surfaces approached 

each other, since the counterions had to be squeezed into a smaller and smaller space, 

which was more difficult the larger the counterion [38]. 

Although the current investigation has pointed out the effects of the water layer 

on SiO2 substrates on the formation of SLBs, most silica used to form SLBs has sufficient 

adsorbed water that SLB formation occurs readily, although the formation times may be 

different depending on the type of SiO2 used. The water structure on other substrate 

materials may play a similar role. Lastly, there are slight differences in transition 

temperatures between the Nissan (made by a water-glass process) and Lancaster (made 

by a Stöber process) SiO2. The higher Tm and Tc of the Nissan nanoparticles by 0.6 to 0.9 

oC and 0.7 to 1.7, respectively, suggests better lipid packing for the Nissan nanoparticles, 

but we are not sure of the reason. The FTIR spectra of the Nissan SiO2 and the Lancaster 

600 oC + piranha treated SiO2 are close in appearance, and these two samples in fact 

behave most similarly (e.g. their calculated and observed lipid TGA weight losses are 

equal, the Tm and Tc values and the amount of adsorbed water are closest), confirming the 

importance of the underlying surface and water structure. The slight decrease in Tm and 

Tc for 600 oC > “as is” > 1000oC SiO2 may reflect the decreased amount of lipid on the 

nanoparticles, which can result in defects at the edges of regions without lipids. The 

DTGA data suggests that whatever lipid is on the 1000 oC is similar to what was on the 

other samples, i.e. in SLB form. This was also confirmed by FTIR data represented in 

Figure 6.9 for DPPC on the four types of SiO2, which showed the all-trans symmetric 

and asymmetric CH2 stretches at the same wavenumbers, albeit weaker, for DPPC on the 

1000 oC SiO2.  
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Figure 6.9 ATR-FTIR spectra of DPPC SLBs on thermally/chemically treated 100 nm 

beads. 

 

6.4 Conclusion 

Silica nanoparticles of nominal 100 nm diameter size were characterized by 

dynamic light scattering, FTIR and zeta potential measurements. They were heat or heat 

and piranha treated to 1000 oC to vary the silanol density. Increasing heat-treatment 

temperature decreased the total silanol density, increased the relative amount of isolated 
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compared with hydrogen bonded silanols and decreased the amount of adsorbed water. 

Piranha treatment recovered some but not all the silanols condensed at a particular 

temperature. Zeta potential measurements were similar for all the SiO2, consistent with 

SHG data from the literature indicating that at pH = 8, ionization occurred only for the 

isolated silanols. Adsorption/fusion of 60 nm DMPC SUVs onto fully hydrated SiO2 

(“as-is”), and SiO2 dehydroxylated by heat treatment, was measured after 2 h incubation 

with the SUVs and as a function of time. The fusion process was measured by monitoring 

the intensities of the gel-to-liquid crystal phase transition temperatures on the cooling 

cycle (Tc) for the SUVs and SLBs, which differed in temperature by approximately 2 oC. 

Since the enthalpy of the transition ΔH (SLB) ≈ 0.6 ΔH (SUV), the ratio of the 

#SUVs/#SLBs was corrected by this amount. SLB formation occurred more slowly on 

the fully hydroxylated SiO2 than on SiO2 heated/piranha treated at 600o. Since the two 

SiO2 were similar in other respects, in particular their charge (ionization), as determined 

by zeta potential measurements, differences in electrostatic interactions between the 

neutral DMPC and SiO2 could not account for the difference. Therefore, the increased 

rate for the less hydroxylated surface was attributed to decreased hydration repulsion. 

Cryo-TEM data confirmed SLB formation. The decreased amount of SLB formation for 

the 1000 oC + piranha SiO2 was attributed to hydrophobic association of the drastically 

dehydroxylated SiO2 surfaces that contained Si-O-Si hydrophobic patches. Cryo-TEM 

images showed SiO2 aggregates surrounded by lipid sheaths, SUVs and SUVs adsorbed 

but not fused to the nanoparticles. 
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CHAPTER 7 

 

FORMATION OF LIPID SHEATHS THAT ENVELOPE AND 

RELEASE SiO2 NANOPARTICLE SUPPORTED LIPID BILAYERS 

 

7.1 Introduction 
 

Controlled flocculation of nanoparticles to produce a wide variety of nano- and 

micron- sized structures with different shapes, sizes and aggregate morphologies, has 

been motivated by their potential application for the preparation of advanced functional 

materials. It is hoped that controlled assembly will enable formation of nanocomposites 

with enhanced electrical, optical and/or mechanical properties [1]. Charge neutralization 

and interparticle polymer bridges often nonselectively and nondirectionally flocculate 

oppositely charged nanoparticles [2]. Thus, recent efforts have focused on modulation of 

enthalpic [1], entropic [1] and selective interactions between functional groups [3] on 

nanoparticles and polymers to spatially control nanoparticle assemblies. For example, 

gold nanoparticles flocculated with poly-L-lysine formed spherical aggregates, which 

were encapsulated with SiO2 nanoparticles to produce hollow microcapsules [4], and 

nanoparticle-filled “nano-bags” and “micro-pouches” have been prepared by a 

flocculation-based process using a polyelectrolyte, a multivalent ion and nanoparticles, in 

which loading and floc size could be controlled [5]. Drugs have been encapsulated within 

self-assembled structures formed by thermoresponsive molecules. 

 206



Although the encapsulating species has predominantly been polymeric, 

nanoparticle assembles have similarly been observed using lipids, where they have 

produced necklace-like chains of hybrid spheres with enclosed Pd nanocrystal [6, 7]; 

alternatively, nanoparticles have induced pearling in lipid vesicles [8] and magnetic 

nanoparticles have induced reversible cross-linking of vesicle aggregates into patterned 

assemblies [9]. In the case of lipids, research has also focused on drug delivery systems, 

and the process by which nanoparticles transmigrate across cells or liposomes (as 

surrogate cells) [6]. Light sensitive lipid-gold nanoparticle complexes, formed by 

controlled NP aggregation, were proposed as drug-delivery vehicles since remote heating 

of the Au nanoparticles heated the liposomes to above Tm, inducing content release [10]. 

The mechanism by which nanoparticles enter cells has been shown to depend on 

nanoparticle size [11] and domain structure [12]. Silica nanoparticles were shown to enter 

neutral vesicles by an internalization process in which they were “invaginated” [6]. The 

bilayer membrane of the vesicle surrounded the SiO2, forming a supported lipid bilayer 

(SLB) that budded off internally in the vesicle [6]. Interestingly, silica nanoparticles 

already covered with a zwitterionic bilayer did not enter the liposomes. In contrast, SLBs 

composed of mixed lipids, one of which was cationic, were able to enter mammalian cells 

by endocytosis [13]. However, in-plane organization of lipids in small nanoscopic 

domains has been suggested to play a role in endocytosis [12]. Thus, the possible 

mechanisms for internalization/encapsulation of nanoparticles and SLB are still not fully 

understood. 

Supported lipid bilayers (SLBs) have many potential applications in drug/DNA 

delivery systems and in sensor applications [14]. Cationic lipids have a intrinsic positive 
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charge at neutral pH and physiological environment. This allows for a strong Coulomb 

interaction with many of the mostly negative charged components of a biological cell. 

Since this interaction is long range at the length scale of intermolecular forces, cationic 

lipids embedded in a membrane environment may be considered as molecular sensing 

devices for the coupling of biomolecules. Supported lipid bilayers formed from mixtures 

of zwitterionic and cationic lipids are of interest since varying the molar ratios allows 

modulation of the surface charge. Systems composed of cationic/zwitterionic lipids are of 

further interest since they compact DNA for transfection applications [15]. In order to 

decouple lipids from the underlying solid substrate to make the top layer comparable to 

that of vesicles and cells, polymer cushions [14] or multiple supported bilayers have been 

proposed. However, for charged lipids, there have been reports that double SLBs could 

[16] or could not [17] be formed. 

In this chapter, we present our studies for the effect of the surface charge of the 

vesicles on the formation of SLBs by varying the amount of the cationic lipid DMTAP in 

the zwiterionic/cationic mixture of DMPC/DMTAP. Also, we describe a new method to 

encapsulate and release nanoparticles, and investigate the mechanism responsible for the 

formation of the SLBs encapsulated sacks and their temperature dependent release. The 

systems used for this study as was mentioned above are mixed zwitterionic/cationic lipids 

composed of 1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC) and 1,2-dimyristoyl-

3-trimethylammonium-propane (chloride salt) (DMTAP), or lipids with the same 

saturated tails, but with different headgroups (PC and TAP). DMPC/DMTAP 

multilamellar vesicles (MLVs) and supported lipid bilayers (SLBs) were investigated as a 

function of molar composition. In mixtures composed of equimolar amounts of 
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DMPC/DMTAP (50/50), there is believed to be a 1/1 pairing of the cationic 

trimethylammonium (TAP) and zwitterionic phosphocholine (PC) headgroups of the two 

lipids [18] so that phase separation (raft formation) should not occur. For this system, 

small unilamellar vesicles (SUVs) of DMPC/DMTAP (50/50) were incubated with 100 

nm SiO2 nanoparticles as a function of surface area of the lipids (SASUV) to the surface 

area of the SiO2 (SASiO2). At equal surface area coverage, SASUV/SASiO2 = 1/1, or with 

excess lipid present, SASUV/SASiO2 ≈ 2/1, supported lipid bilayer (SLB) formation, or the 

morphology of the aggregates, respectively, were investigated, by nano-differential 

scanning calorimetry, thermogravimetric analysis, dynamic light scattering and cryo-

TEM. 

 

7.2 Results and Discussion 

 

7.2.1 MLVs and supported lipid bilayers (SLBs) of DMPC/DMTAP (100/0 to 

(0/100)):  SASUV/SASiO2 = 1/1 (single SLBs) 

 In an aqueous environment, lipid molecules are held tightly together by a balance 

of hydrophilic (between their head groups) and hydrophobic interaction (between their 

nonpolar chain), that determines their well known bilayer structure [19]. Such bilayer 

undergoes reversible ordered-to-fluid transformation when it is heated above its phase 

transition temperature, Tm as was discused in the previous chapters. This transition is 

accompanied by increase in the mobility of the lipid hydrocarbon chains and in the 

molecular area occupied by each lipid molecule. This change in structure is associated 

with heat adsorption that can be measured using DSC. DSC has extensively been applied 
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to the study of thermal behavior of lipids in biological membranes and related model 

systems [20-22]. 

Nano-DSC traces of DMPC/DMTAP MLVs and DMPC/DMTAP SLBs formed 

on 100 nm SiO2 (SASUV/SASiO2 = 1/1) are shown in Figure 7.1 as a function of 

DMPC/DMTAP molar ratio; the phase transition temperatures for heating and cooling 

scans are presented in Table 7.1 and Table 7.2, respectively. As expected for pure lipids, 

the plot for the heat flow versus temperature exhibited a narrow enthalpic transition for 

DMPC (100/0 ratio) and was in good agreement with previous measurements [23]. On 

the other hand, the peak of DMTAP was found broad, one reasonable explanation may be 

that the DMTAP assembly was not only in multilamellar state, which results in 

complicated lipid phase transition.detection. It was previously shown that narrow peaks 

have been displayed for multilamellar vesicles, whereas small unilamellar vesicles gave 

broader transition [24]. As a result of the electrostatic repulsions by cationic heads of the 

DMTAP, the superposition of DMTAP bilayers may be more difficult. This can be 

correlated with spontaneous formation of small vesicle from cationic lipids [25]. The 

addition of DMTAP in DMPC formulations led to peaks with broader transition and 

increase in Tm’s. With increasing the cationic ratio, the main transition temperature 

shifted to higher temperature and exhibited a high temperature shoulder.  The highest Tm 

and narrowest transition width were observed for the DMPC/DMTAP (50/50) 

composition, as has been reported previously for this same system [26], and for other 

saturated zwitterionic/cationic lipid mixtures of (1,2-dipalmitoyl-sn-glycero-3-

phosphocholine) DPPC/DPTAP [27, 28] and DPPC/DODAB (di-octadecyldimethyl-

ammonium-bromide) MLVs [29, 30]. Then, by increasing the amount of DMTAP in 
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formulation, the peaks become broader again and the phase transitions were lower than 

that for (50/50) ratio, but higher than that for pure lipids. Similar behavior was observed 

with supported lipid bilayers, but the phase transitions were shifted to lower temperature 

by few degree as previously was observed for SLBs compared to MLVs of same ratio 

[23, 31]. 

 

 

 

 

 

 

 

 

 

  

  

 

10 20 30 40 50

 

 

En
do

th
er

m
ic

 h
ea

t f
lo

w

Temperature (°C)

100/0

95/5

90/10

80/20

70/30

60/40

50/50

40/60

30/70

10/90

5/95

0/100

DMPC/DMTAPMLVs

10 20 30 40 50
 

 

 

 
100/0

95/5

90/10

85/15

80/20

75/25

50/50

40/60

30/70

20/80

15/85

0/100
DMPC/DMTAPSLBs

 

Figure 7.1 Nano-DSC endotherms for (left0 DMPC/DMTAP multilamellar vesicles 

(MLVs), and (right) supported lipid bilayers (SLBs) with SASUV/SASiO2 = 1/1, as a 

function of composition. 
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Table 7.1 Phase transition temperatures of MLVs of DMPC/DMTAP at different ratios 

as a 2nd heating scans. 

DMTAP 
% 

in MLVs 

Tpret , (ºC) 
1st peak 

Tm, (ºC) 
2nd peak 

∆H, 
kcal/mol 

0.0 14.8 23.6 6.37 

5 
20.2( prêt)    
26.6(real 

peak) 

28.73(real 
peak) 6.79 

10 27.6 31.26 6.67 

20 26.42 35.8 6.40 

30  38.2 6.33 

40  38.9 6.10 

50  39.8 7.58 

60  38.7 5.64 

70  38.6 5.49 

90  37.4 2.94 

95  38.5 6.15 

100  31.8 5.40 
 

. 
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Table 7.2 Phase transition temperatures of MLVs of DMPC/DMTAP at different ratios 

as a 1st cooling scans. 

DMTAP 
% 
 

MLVs 

Tpret , (ºC) 
1st peak 

Tc, (ºC) 
2nd peak 

∆H, 
kcal/mol 

0.0   6.00 

5 26.3 28.60 6.32 

10 27.3 31.23 5.70 

20 27.91 35.9 6.39 

30  38.1 6.17 

40  38.6 6.06 

50  38.3 7.49 

60  38.4 5.63 

70  38.1 5.28 

90  36.8 2.94 

95  37.6 6.14 

100  31.4 5.17 

 

 

It is interesting that 50/50 ratio mixture for MLVs and SLBs has maximum phase 

transition and the sharpness of the phase transition is similar to that of pure lipids. This 

behavior reflects molecular packing phenomena and cooperative interactions between 

both lipids. The increase in the phase transition temperature for 50/50 ratio to maximum 

temperature suggests that the energy required to go from a “gel” state (where the acyl 

chains of the lipid molecules are closely packed and “interacting”) to a “fluid” state 
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(where the acyl chains are disorganized) is higher than that in pure lipds. Since the 

hydrocarbon chains (C16:0) of both lipids are identical, the thermoprotic behavior of the 

mixtures only depends on the interaction between their polar headgroups. The narrow and 

increased Tm was due to electrostatic-rather than hydrogen bonding interaction [18] and 

suggested to arise from a more cooperative transition and better molecular packing of the 

alkyl tails [32], as the result of a 1/1 pairing, alternation and alignment of the positively 

charged quaternary ammonium TAP headgroups (N+) with the negatively charged 

phosphate (P-) of the zwitterionic headgroup [33].   

However, Raman spectra, Figure 7.2, for pure DMTAP, DMPC and 

DMPC/DMTAP (50/50) MLVs show that DMTAP crystallizes in an orthorhombic 

lattice, as indicated by the crystal field splitting interactions in the CH2 bending (1400 

cm-1) and stretching (2800 cm-1) regions, but the DMPC and DMPC/DMTAP (50/50) 

mixture crystallize in an hexagonal lattice [34]. Further, pure DMTAP has fewer gauche 

bonds, as indicated by the lower intensity in the 1090 cm-1 region, compared with the 

DMPC or DMPC/DMTAP (50/50) MLVs, indicating that the alkyl chain packing is 

highest for pure DMTAP, and comparable for pure DMPC and DMPC/DMTAP (50/50) 

[35]; this is true although the 1090 cm-1 vibration in DMPC also contains a component of 

the PO2
- symmetric stretching vibration [36].  
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Figure 7.2 Raman spectra (RT) for pure DMTAP, DMPC and DMPC/DMTAP (50/50) 

MLVs, and DMPC/DMTAP (50/50) SLBs with SASUV/SASiO2 = 1/1, 2/1 and 3/1 in two 

spectral regions. Schematic shows packing of alkyl chains in DMTAP, DMPC and 

DMPC/DMTAP (50/50) vesicles. 
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DMPC contains both choline and phosphate groups, but DMTAP contains only 

the former. The choline vibrations are sensitive to the conformation of the O-C-C-N+ 

backbone. The totally symmetric stretch of the C-N for the quaternary ammonium group 

appears at 720 cm-1 for the gauche and at 770 cm-1 for the trans conformation [37]. For 

DMPC, the intensity of the 720 cm-1 vibration is greater than that of the 770 cm-1 

vibration, indicating that the orientation is predominantly gauche, consistent with 

previous observations [37]. For the DMTAP, there is only a 770 cm-1 mode, indicating 

that the O-C-C-N+ backbone is in the trans conformation. The 770 cm-1 had also been 

assigned to O-P-O diester symmetric stretch [36], but the presence of the band in 

DMTAP, which has no phosphates, rules out this assignment. In the case of the 

DMPC/DMTAP (50/50) mixtures, the 720 and 770 cm-1 vibrations are observed with 

equal intensity. Therefore, the higher Tm for the latter must thus be attributed to 

headgroup reorientation and packing, as shown schematically in Figure 7.2. Table 7.3 

shows the data from spectroscopic studies. 

Finally, the progressive decrease of the amount of zwitterionic lipid, DMPC in  

the formulation increases the Coulomb repulsions between adjacent cationic headgroups. 

The charged headgroups repel each other more and more, and as consequence the area 

occupied by their polar head increases. 
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Table 7.3 Raman Spectroscopy data for DMPC, DMTAP, DMPC/DMTAP (50:50 mol 

ratio) MLV and SLBs.  

Probe I2845/I2880 I2800/I2845 I2934/I2845 I2934/I2880 
Strans

(I2880/I2845 
- 0.7) /1.5 

DMTAP 
MLVs 0.68 1.46 0.50 0.34 0.51 

DMPC-
MLVs 0.94 1.06 0.57 0.60 0.242 

DMPC/TAP-
MLVs 0.93 1.06 0.49 0.51 0.25 

1x SLBs 0.90 1.10 0.67 0.61 0.27 

2x excess 0.98 1.01 0.59 0.58 0.21 

3x excess 0.90 1.10 0.56 0.50 0.27 

 

 

7.2.2 Effect of ionic strength on the phase transition temperature of mixed 

cationic/zwitterionic lipids 

         The phase transition temperature of pure DMTAP vesicles and SLBs in our 

experiments were much higher than that of the phase transition temperature of DMTAP 

vesicles in pure water [26].  Thermoprotic behavior of the cationic lipid as well as a 

mixture of cationic and zwiterionic lipid is affected by experimental conditions such as 

the ionic strength. This results in a significant increase in lipid transition temperature. 

These electrostatic effects on the phase transition were described previously in the 

literature [38], where they postulated that the shift of the transition temperature due to a 

change from neutral to charged system was expressed as a function of Δf, the variation in 

the molecular surface area: 
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                                                         ΔTm =-KΔf/f 

with K as a function of the dissociation degree and  f as the molecular surface area of a 

lipid molecule. The mutual repulsion of cationic groups favors the expansion of the 

membrane, which results in decreasing of the transition temperature. The addition of salt 

screens the cationic charges, which results to higher transition temperature due to 

reduction of the expansion (Δf). This shift is more pronounced in the pure cationic system 

because of the variation in the molecular surface area with addition of salt is most 

significant. 

 The same phase behavior was observed when DMPC/DMTAP (0/100) to (100/0) 

was incubated with 100 nm SiO2, except that in all cases, the gel-to-liquid crystalline 

phase transition temperatures were decreased relative to the MLVs [39], and the 

transition enthalpies were also lower (see Table 7.1). This strongly suggests that SLBs 

were formed, as has been previously reported for DMPC SLBs on SiO2 [23, 39]. 

Figure 7.3 shows the derivative of Thermogravimetric analysis (DTGA) curves 

for SLB coverage of the 50/50 composition, as well as for pure DMPC and DMTAP. 

These curves are often useful in revealing details, such as small events which would not 

be seen on the TGA curves themselves. Moreover, DTGA curves are used to determine 

inflection points on the TGA curves in order to provide reference point for weight change 

measurements in systems where the weight losses are not completely resolved.  DTGA 

plots (Figure 7.3) show that the peaks for the headgroups of DMPC (248 oC) and 

DMTAP (193oC) are shifted to higher temperatures in the DMPC/DMTAP 50/50 

mixtures (277 oC for DMPC, 214 oC for DMTAP), but are minimally shifted for the alkyl 

tails (298, 310 and 314 for DMPC, DMTAP and 50/50 mixture, respectively). This 
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supports the view that the higher Tm for the DMPC/DMTAP (50/50) compared with the 

pure components is the result of electrostatic interaction between the headgroups, not 

alkyl chain packing. 
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Figure 7.3 Derivative TGA (DTGA) plots of (purple) DMPC, green (DMTAP) and 

DMPC/DMTAP (50/50). The weight loss below 100 oC is due to water desorption. The 

headgroups of DMPC and DMTAP degrade at 248 and 193 oC, respectively, and the 

peaks at ca 300 oC are degradation of the hydrocarbon tails, as previously reported for the 

DPPC/DPTAP system [28]. 
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Further, all of these nanosystems (positively charged DMPC/DMTAP SUVs of 

any composition and 100 nm negatively charged SiO2 at SASUV/SASiO2 = 1) precipitated 

above and below Tm of the SLBs with a clear supernatant in both cases, and reheating the 

SLBs to temperatures above Tm did not result in resuspension, suggesting that the lipid 

remained on the SiO2 support above and below Tm (since the supernatant appears cloudy 

when there are vesicles). This strong interaction is in agreement with previous adsorption 

studies of positively charged vesicles onto negatively charged planar SiO2 surfaces, 

which resulted in spontaneous rupture and fusion of the vesicles [40, 41], and MD 

simulations showing that the DMTAP orients the DMPC dipole from an orientation 

parallel to one vertical to the membrane surface, leaving the N+ of DMPC protruding 

from the bilayer, in a position to strongly couple to the negatively charged SiO2 [33]. 

 

7.2.3 Supported lipid bilayers (SLBs) of DMPC/DMTAP (50/50): SASUV/SASiO2 = 1/1 

(single SLBs) 

DMPC/DMTAP (50/50) SLBs were investigated in more detail, since at this 

composition, where there was 1/1 pairing of the lipids, it was not likely that phase 

separated domains (rafts) would occur, as confirmed by the single high and narrow phase 

transition temperatures measured for the MLVs, SUVs and SLBs. The similar sizes and 

zeta potentials of the SUVs in water and PBS buffer (Table 7.4) are in agreement with 

molecular dynamics (MD) simulations, which predicted no effect of salt at this 

composition due to this headgroup pairing [42]. 
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Table 7.4 Sizes and Zeta potentials of DMPC/DMTAP (50:50mol ratio) LUVs and 

suspensions with SLBs. 

Sample T, (ºC) Stabilityb
D,  

z-ave 
(nm) 

D,  
vol-ave 

(nm) 

% 
volume 

ζ 
mV 

in water 

ζ 
mV 

in PBS 
SiO2 beads RTa S 95 110 100 -45 -45 

DMPC/DMTAP 
(50:50  ratio) 

LUVs 
RT S  196.3 100 +38.2  

  S  198.4 100  +37.9 
 45 S  196.1 100 +38.1  
  S  198.5 100  +38.0 

DMPC/DMTAP 
(50:50  ratio) 
SASUV/SASiO2

50 S  117.0 65.5 +14.1 +13.8 

 45 S  113.0 
199.0 

68.4 
31.6 +13.9 +14.8 

 40 S  134.0 
650.0 

2.0 
98.0 +11.2 +12.1 

 35 P   100 … ….. 
 30 P   100 ….. ….. 

 

aRT= room temperature 

bStability: S= stable suspention; P= precipitate 

 

A single SLB peak was observed for DMPC/DMTAP (50/50) at or below 

SASUV/SASiO2 = 1/1 coverage (Figure 7.4). There was further confirmation of SLB 

formation for DMPC/DMTAP (50/50) by TGA weight loss data presented in Figure 7.5, 

which showed that the amount of adsorbed lipid was that expected for a single bilayer on 

nominal 100 nm SiO2 nanoparticles, and by cryo-TEM images (Figure 7.6 a-d) and lipid 

weight loss increased with increasing the excess lipid. The cryo-TEM images for 

SASUV/SASiO2 = 1 clearly show a single SLB around each nanoparticle whether it was by 

itself or in a cluster of nanoparticles. No SUVs were observed. Although bilayers on SiO2  
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Figure 7.4 Nano-DSC endotherms, 2nd heating (top) and exotherms, 1st cooling (bottom) 

of supported lipid bilayers prepared from 100 nm DMPC/DMTAP (50/50) vesicles with 

size 100nm (left) and 50nm (right) with 100nm SiO2 (incubated at 50 oC/2h) as a function 

of SASUV/SASiO2. 

of supported lipid bilayers prepared from 100 nm DMPC/DMTAP (50/50) vesicles with 

size 100nm (left) and 50nm (right) with 100nm SiO

  

nanoparticles can be seen to touch the bilayers on adjacent SLBs, there was no lipid 
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nanoparticles, part of the SLB is missing from one, and instead the bilayer continues on 
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and attaches to the adjacent nanoparticle, or some excess lipid bridges the two SLBs. The 

fact that there were mainly clusters and not isolated nanoparticles suggests that the SLBs 

were nearly neutral. Similar sized aggregates have been observed in two dimensional 

colloids of 5 μm SiO2 for neutral or slightly negative SLBs [43]. 
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Figure 7.5 TGA weight loss data for SLBs in excess lipids: top) as a function of 

temperature; and bottom) as a function of surface coverage SASUV/SASiO2. 
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Figure 7.6 Cryo-TEM images of SLBs of DMPC/DMTAP (50/50), prepared from 100 

nm SUVs and nominal 100 nm SiO2 (incubated at 50 oC/1 h), and quenched from RT, 

scalebar is 200 nm: (top) (a) SASUV/SASiO2 = 1/1, monomers and dimers. At the 

intersection of two SLBs, there are usually two lipid bilayers, not one lipid bilayer 

“bridging” two SiO2 nanoparticles. This is apparent when the angle between the bilayers 

at contact is sharp; (b), (c), (d) SASUV/SASiO2 = 1/1, larger aggregates:  occasionally, a 

portion of another (partial sheath) lipid bridges two SLBs or near contact with another 

particle, part of the SLB is missing and instead attaches to the adjacent SiO2 nanoparticle. 

In both these cases, the lipid between the two nanoparticles is curved. Note no SUVs are 

observed in any of the figures; (bottom)  (e) SASUV/SASiO2 = 2/1; separate bilayers of 

adjacent, touching but not “bridging” SLBs can be observed beneath the sheath; (f) 

SASUV/SASiO2 = 3/1; SUVs and possible a double SLB; (g) SASUV/SASiO2 = 3/1; clusters 

of SLBs with close-fitting lipid “sheath”, adjacent, not bridging bilayers; (h) 

SASUV/SASiO2 = 3/1 clusters of SLBs with close-fitting lipid “sheath”; indicates region 

where there is a double bilayer on the exterior of the aggregate. 
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7.2.4 DMPC/DMTAP (50/50): SASUV/SASiO2 = 2/1 (#SUVs ≈ # SLBs) 

The DMPC/DMTAP (50/50) composition was further investigated with a view, as 

discussed below (vida infra), to determine the structures formed when excess SUVs were 

incubated with 100 nm SiO2. For ca 100 nm SUVs and SASUV/SASiO2 ≈ 2/1, there are 

expected to be equal populations of SUVs and SLBs. This system was stable (remained 

in suspension) at 50 oC system, but precipitated at room temperature. The suspension at 

50 oC looked relatively clear, consistent with a system composed of nanoparticles that 

were smaller than the wavelength of visible light. The nano-DSC thermograms for 

DMPC/DMTAP (50/50) at SASUV/SASiO2 = 2/1 (Figure 7.4) show two peaks, one at the 

temperature of the SLB transition (32 oC) and another at almost the same temperature as 

that observed for MLVs/SUVs (39.0). However, unlike the case of DMPC SLBs, where 

the excess vesicles stay in solution and can be washed and removed by centrifugation, 

here the peaks that appear similar to those of MLVs were associated with species that 

had precipitated. This was confirmed by cryo-TEM images (Figure 7.6e), for samples 

quenched from room temperature, which showed clusters of SLBs covered by a well-

fitting bilayer “sheath”. The sheath-like structure closely followed the contours of the 

SLBs. As in the case of the single SLBs, no bilayer bridging was observed. Unlike the 

case for adsorbed vesicles, this sheath could not be removed by rinsing with water at RT. 

After this rinsing procedure, TGA data confirmed that there was almost twice as much 

lipid as expected based on two double SLBs. 

The precipitated SASUV/SASiO2 = 2/1 nanosystem could be resuspended when 

reheated to 50 oC. However, unlike the clear suspension formed at 50 oC, the resuspended 

nanosystem appeared more turbid, suggesting the formation of larger structures that could 
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scatter visible light. DLS (Table 7.4) data were obtained to understand the reason(s) for 

the stabilization. In this case, SUVs with 200 nm diameters were used, in order to be able 

to distinguish the 200 nm SUVs from the nominal 100 nm SLBs by DLS. When first 

prepared at 50 oC and incubated for 1 h, it is possible to clearly distinguish both the SLBs 

and SUVs (Figure 7). The diameter of the SLBs is what would be expected for ca 100 nm 

SiO2 surrounded by a bilayer of lipid (ca 8 nm), as previously observed [44], and the 200 

nm SUVs are the same size as the vesicles in the absence of SLBs. The peak height ratios 

(SLBs/SUVs) are ≈ 4/1, consistent with the ratio expected for SASUV/SASiO2 = 2/1 (based 

on geometry one 200 nm SUV can cover 4 SiO2). However, we are not attempting to 

quantify these populations here.  

Cooling the SASUV/SASiO2 = 2/1 nanosystem from 50 to 40 oC, a temperature still 

above the Tms of both the SUVs and SLBs, results in the formation of large, stable 

aggregates (Figure 7.7). These aggregates are stable for several hours (the longest times 

monitored). This interesting result clearly indicates that the aggregates observed by cryo-

TEM start to form in the stable suspension above the Tms of either the SUVs or SLBs. 

Further, if reheated back above Tm from 40 oC (before precipitation), there is partial 

reversibility: both the SLB peaks as well as peaks with larger sizes are recovered (see 

Table 7.4). When cooled below Tm, immediate precipitation occurs, as discussed above. 

However, after reheating the precipitates to a temperature above Tm (here 50 oC) only 

large aggregates (> 1000 nm) are observed (Table 7.4), consistent with the visual 

observation of turbidity in the reheated nanosystems. DLS data also show that when the 

precipitated aggregates are monitored for ca 1 h at 50 oC (Table 7.4) the aggregates 
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become smaller, suggesting that more of the sheath is removed with time, leaving only 

the aggregated SLBs. 
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Figure 7.7 DLS data for:  (top) nominal 100 nm SiO2; and (middle) 200 nm 

DMPC/DMTAP (50/50) SUVs and 100 nm SiO2, SASUV/SASiO2 = 2/1 after incubation for 

1h at 50 oC showing SLBs and SUVs; and (bottom) after further cooling to 40 oC for 1 h, 

showing few isolated SLBs and larger aggregates. 
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Cryo-TEM images obtained after reheating the precipitated SASUV/SASiO2 = 2/1 

sample to 50 oC for ca 1.5 h and quenching from 50 oC (Figure 7.8) confirm the DLS 

data. These images are interesting since they capture the vesicles and SLB species in 

various states of aggregation. First, as indicated by the DLS data, the vesicles are no 

longer (in this case) 50 nm SUVs. Instead, there are vesicles in a range of sizes, some 

very large, forming interconnected networks (Figure 7.8a) and in various states of the 

fusion process (Figure 7.8b), formed from the dissociated sheath. Free single SLBs 

(Figure 7.8c), small aggregates of SLBs (Figure 7.8d) and SLBs connected by partial 

(Figure 7.8e and g) sheaths can be observed. There are SLB clusters covered by very 

patchy bilayer sheaths (Figure 7.8h) showing vacancies that originally contained a single 

SLB (Figure 7.8f). As in the SLB aggregates (SASUV/SASiO2 = 1/1) quenched from RT, 

the bilayer on each SiO2 nanoparticle can be observed to touch the lipid bilayer on 

adjacent SLBs, without lipid “bridging”. 

We propose that the stability of the suspensions made at 50 oC, and the stability of 

the resuspended SLBs, results from the existence of vesicles, which, as suggested 

previously [45], provide repulsive undulatory/protrusion forces that interact with the 

SLBs and prevent their precipitation. 
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Figure 7.8 CryoTEM images of DMPC/DMTAP (50/50), prepared from 50 nm SUVs 

and nominal 100 nm SiO2 (incubated at 50 oC/1 h), SASUV/SASiO2 = 2/1, and quenched 

from 50 oC, scalebar is 200 nm: (a) mixtures of large and small free vesicles, and 

extended, interconnected vesicle networks; (b) vesicles in the process of fusing; (c) single 

SLBs; (d) cluster of SLBs without sheath showing adjacent, nonbridging SLBs; (e) Two 

SLBs still surrounded by a partial bilayer sheath; (f) cluster of SLBs in which bilayer 

sheath is disintegrating, with some SLBs already removed; (g) cluster of SLBs, showing 
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adjacent SLBs clearly separated by a separate  bilayer on each SiO2, and a partial sheath 

attached to SUVs; (h) cluster of SLBs where patchy outer bilayer (forming a double 

bilayer) can be observed; (i) cluster of SLBs showing patchy second bilayer sheath. 

 

7.2.5 DMPC/DMTAP (50/50): SASUV/SASiO2  ≥  2/1, (#SUVs > # SLBs) 

That stabilization is the result of excess SUVs, which do not associate with the 

SLBs, is further supported by nanosystems prepared with more excess SUVs. For 

example, the nanosystem with SASUV/SASiO2 ≈ 3/1 (Figure 7.4) resulted in suspensions 

that were stable both at room temperature and at 50 oC. Similarly, as more SUVs were 

added, this same stability was observed, and the transition at 39 oC (associated with 

sheaths and SUVs) increased with respect to that of the SLB transition at 32 oC as 

SASUV/SASiO2 increased. On the cooling cycles (Figure 7.4), a transition was observed 

between the SLB and sheath peaks, which may be the result of trapped SUVs. 

Why do the SLBs precipitate?  

The formation of the SLBs from positively charged DMPC/DMTAP SUVs onto 

negatively charged SiO2 is expected as the result of electrostatic interactions. The 

associated precipitation is also expected, based on the zeta potentials of the constituents 

(Table 7.4), which are ca + 38 mV in buffer for DMPC/DMTAP (50/50) SUVs, both 

above and below Tm, and ca – 45 mV in buffer for SiO2. Since the SLBs precipitate above 

and below Tm, it is not possible to measure their zeta potentials. However, the zeta 

potentials for the SUVs and SiO2 are similar in magnitude, but opposite in sign, so there 

is expected to be almost complete charge cancellation (ζ ≈ 0 mV) or partial charge 

cancellation for SLBs of DMPC/DMTAP (50/50) on 100 nm SiO2, which contributes to 
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their reduced electrostatic repulsion. The fact that they do in fact precipitate both above 

and below Tm indicates that the repulsive interactions (both electrostatic and 

thermomechanical) between the SLBs are weak, and that, as evidenced by the DLS data, 

the lipid bilayer remains on the SiO2 nanoparticle above as well as below Tm. Since it is 

well known that the undulatory/protrusion interactions that exist between vesicles are 

suppressed for lipids on solid supports [46], the lack of this repulsive force also 

contributes to the aggregation of the nanoparticles. 

These results are in agreement with observed colloidal stability minima for 

negatively charged sodium dihexadecyl phosphate (DHP) lipid patches on positively 

charged poly- (diallyldimethylammonium chloride) (PDDA) supported on polystyrene 

sulfate (PSS) microspheres [47] and for DODAB bilayer fragments onto silica [48], 

which occurred when ζ = 0.  

Why do sheaths, rather than double SLBs form?  

An extremely interesting aspect of this work is why the sheaths actually form, and 

as discussed below, there may be connections to the formation of multibilayers on planar 

surfaces. SLBs have been previously observed inside other large vesicles. However, in 

contrast to the open structures formed from the invagination process of SiO2 by 

zwitterionic lipids, where SLB formation preceded internalization [6], the sheaths formed 

here closely follow the contours of the SLB aggregates that they encapsulate.  

What is remarkable is that just above Tm, large, stable aggregates were observed by 

DLS in suspensions prepared from SASUV/SASiO2 = 2/1. This suggests that the aggregates 

seen in the cryo-TEM images form originally in the stable suspensions. The cryo-TEM 

images obtained by freezing the suspensions from above Tm represent these structures, 
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and they appear to be aggregates of ca 5-20 SLBs, surrounded by a sheath of the same 

lipid. The DLS data, which measures aggregates of ca 1000 nm, is consistent with this 

interpretation, although a large range of aggregate sizes is seen in the cryo-TEM images. 

We postulate the following mechanism/sequence of events for the formation of the 

bilayer sheaths, as represented schematically in Figure 9: 

(i) When mixed at 50 oC, the SUVs and SiO2 nanoparticles form SLBs. For 

SASUV/SASiO2 = 2/1, this results in approximately equal populations of SUVs 

and SLBs (if both are ca 100 nm), which are both observed by DLS. 

(ii) As the mixture of SLBs and SUVs cools, the SLBs aggregate. This occurs 

since they have either zero or only a small positive charge, and lowering T 

decreases the thermal energy required to keep them apart.  

(iii) SUVs in the suspension adsorb but do not fuse to the aggregates. As in the 

case of planar substrates, flattening of the adsorbed vesicles [49] on the 

substrate occurs. It is possible that SUVs are trapped between the SLBs as 

well as on the exterior of the aggregates, as seen in the nano-DSC traces. 

(iv) The SUVs do not fuse to the SLBs since it is well known that a high charge 

density is required for fusion of SUVs onto solid substrates [50]. Here, the 

solid substrates (the SLBs) are at best neutral, and probably slightly positive, 

and are not expected to induce SLB formation for cationic vesicles.  

(v) The adsorbed SUVs on the SLB aggregates act like “bumper-cars”: The SUVs 

on the exterior of the SLB aggregates provide repulsive undulatory/protrusion 

forces and keep the aggregates suspended. 
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(vi) When cooled below Tm, the adsorbed SUVs fuse to each other, not to the solid 

substrate. It is well known that lipid fusion of SUVs to each other 

preferentially occurs below Tm, and that the fusion rate is predicted to be 

enhanced by adsorption to a surface [51]. Here, the SUVs are already in close 

proximity. By contrast, it becomes more difficult to disrupt vesicles to form 

SLBs as the temperature is lowered [52] and in the rigid gel state [53]. 

(vii) The fused SUVs around the SLBs form a close-fitting “sheath” as observed in 

the cryo-TEM images and as would be expected if a double bilayer formed on 

a planar surface. There are also partial sheaths that presumably arise due to 

insufficient material to form a complete sheath. AFM images of planar double 

bilayers (of DPPC) formed by SUV deposition [54] or multiple bilayers of 

DOPC formed by hydration of dried lipid films [55] also do not show uniform 

coverage of the second or multiple bilayers. 

(viii) The lipids in the sheaths, now below their Tm, have reduced 

undulatory/protrusion forces [46], are surrounding large aggregates, and 

precipitate. 
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Figure 7.9 Schematic of formation of SLB sheaths and release of the enclosed SLBs. 

 

This mechanism is consistent with the cryo-TEM images in which the sheath is 

observed to conform to the contours of the SLBs it contains. It is also consistent with the 

observation of similar transition temperatures for the sheaths and MLVs. In analogy with 

double supported bilayers of charged lipids formed by collapse of giant unilamellar 

vesicles (GUVs) on planar surfaces, the structure of the SLBs and sheaths may be one in 

which there can be large, buffer filled intermembrane spacings and occasional pinning 

sites of tight adhesion [16, 56] between the sheath and the SLBs. The sheaths would then 
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be very similar to free SUVs. Alternatively the sheaths could be similar to MLVs, whose 

structure results from a balance of forces between long range attractive (van der Waals) 

interactions, and shorter range repulsive forces originating from electrostatic double 

layers, thermomechanical fluctuations (i.e. undulatory/protrusion forces) [46], and 

“hydration forces” [57]. 

The removal of the bilayer sheath above Tm also has a correspondence with bilayers 

or multibilayers that form on planar surfaces, which undergo discontinuous unbinding 

transitions from multilamellar states to ones consisting of a single SLB and free dispersed 

bilayers [58]. This “unbinding” transition was predicted both for single bilayers [59] and 

for multilayers on solid supports, with the highest temperature for the bilayer closest to 

the support [60], driven by the competition between the van der Waals attractive 

interactions between the successive bilayers and the repulsion due to suppression of 

thermally excited shape fluctuations [61] that give rise to a loss in entropy from 

confinement of the bilayers [62]. For zwitterionic lipids on oxide surfaces, the formation 

of multiple adsorbed bilayers has also been attributed to van der Waals forces for the first 

two bilayers, and to the extension of the electric double layer near the oxide surface for 

adsorption beyond the second layer [17]. With increased temperature, the entropic 

repulsion dominates the interaction [56], and in the current system of contained SLBs, 

there is an additional increase in entropy due to release of the nanoparticles. 

However, the difference between multiple bilayers on planar surfaces and aggregates 

of small particles in suspension is that in the latter case contiguous closed structures can 

be formed. Thus, in the case of lipid “sheaths”, there are few “edges” that can easily 

initiate sites for the “unbinding”. Evidence that this is the case is given by the difficulty 
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in removing the sheaths by room temperature rinsing, shown by the TGA data, and the 

time dependent removal of the sheath above Tm, shown by the DLS data. By contrast, 

excess bilayers in hydrated membrane stacks are not very stable and are known to be 

easily rinsed off [63], with dewetting observed in the fluid phase [64].  

We note that it is difficult to exactly match the two surface areas (SASUV/SASiO2 = 1), 

and these same considerations apply to all subsequent addition of excess lipid. Thus, 

cryo-TEM images that show partial sheath formation can arise due to this mismatch, for 

example for the SASUV/SASiO2 = 1 nanosystem, where some SLBs have an overlayer of 

sheath. The uncertainty in the SiO2 surface area originates from uncertainties in the size 

of the SiO2 and uniformity of the SiO2 suspension. The uncertainty in the lipid surface 

area originates from the assumptions made in the packing of the lipids: packing may be 

different on curved compared with planar surfaces, the packing is different above and 

below Tm and packing of mixed lipids may be different than packing of the individual 

lipids on a surface. For example, MD simulations show that in a mixed DMPC/DMTAP 

(50/50) system, the average headgroup area for DMTAP (and also DMPC) in the liquid 

crystalline phase is ca 0.58 nm2 [33]. 

Why do excess SUVs stabilize SLBs?  

Stability for mixtures of DMPC/DMTAP (50/50) SLBs and SUVs is achieved when 

there are separate vesicles in the suspension, as shown clearly by the DLS data, whether 

or not they are in the form of SUVs or larger vesicles. DMPC/DMTAP (50/50) SUVs are 

themselves stable in buffer both above and below Tm (although like any other SUV may 

eventually fuse); this 50/50 molar ratio for DPPC/DODAB exhibited exceptional 

colloidal stability [30]. The SUVs/vesicles provide the undulatory/protrusion forces 
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required to enhance repulsive interactions. As shown previously [45, 65], the contribution 

of these forces from the vesicles in suspension prevents aggregation and precipitation of 

mixtures of SUVs and SLBs. Here, the positively charged SUVs (which repel each other) 

separate neutral or weakly charged SLBs, so that SLB-SLB collisions are replaced by 

repulsive SLB-SUV collisions. 

These results are consistent with previous work on supported lipid bilayers of 

dihexadecyl phosphate (DHP) and dioctadecyldimethylammonium chloride (DODAC) or 

bromide (DODAB) vesicles on oppositely charged charges polystyrene latex spheres, 

which showed stability when SASUVs ≥ SAPSL, but flocculated when SASUVs < SAPSL [66]. 

The effect of increasing the amount of lipid to SASUV/SASiO2 ≈ 2/1, so that there 

were approximately equal populations of SUVs and SLBs was also investigated for SLBs 

composed of DMPC/DMTAP (50/50) and low Tm SUVs, namely DMPC/DOTAP 

(50/50), DOPC/DMTAP (50/50) or DOPC/DOTAP (50/50). In the latter three cases, the 

SUVs had Tms that were expected to be at or below 0 oC, and in fact no transitions could 

be observed in the nanoDSC for MLVs prepared from DMPC/DOTAP (50/50) or 

DOPC/DOTAP (50/50), and a value of Tm = 5 oC was measured for the DOPC/DMTAP 

(50/50) MLVs. It has previously been observed that mixtures of saturated DPPC and 

unsaturated DOTAP lower Tm of the DPPC [67]. 

For these systems, stability for SASUV/SASiO2 ≈ 2/1 was achieved at room 

temperature, due to the presence of separate SUVs in the suspension, which, as discussed 

above, provided the undulatory/protrusion repulsive forces required to enhance 

stabilzation, by replacing SLB-SLB with SLB-SUV collisions. It is also, possible to 

replace the lipids in the lipid sheath as well as in SLBs via lipid molecule exchange. 
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Figure 7.10 shows 2nd cooling and 2nd heating cycles of the exchange of DMPC/DMTAP 

(50/50 mol. ratio) SLBs and sheath with DOPC/DOTAP (50/50 mol. ratio) vesicles, after 

which stabilization of the nanosystems occurs due to above mentioned reasons. 
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Figure 7.10 Exchange of DMPC/DMTAP (1:1) SLBs and sheaths with DOPC/DOTAP 

(1:1) LUVs: A) 2 nd heating scans; B) 2nd cooling scans. 
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7.3 Conclusion 

The formation of pouches of supported lipid bilayers (SLBs) surrounded by 

bilayer sheaths has been investigated for DMPC/DMTAP (50/50) SLBs, and SUVs 

composed of DMPC/DMTAP (50/50).  The first SLB, formed when SASUV/SASiO2 = 1/1, 

remained on the 100 nm SiO2 support above and below Tm. However, when excess lipid 

was added at approximately SASUV/SASiO2 = 2/1, the nanosystem remained in suspension 

above Tm, but precipitated below Tm, forming aggregates of SLBs surrounded by close-

fitting bilayer sheaths. The mechanism of sheath formation was investigated for the 

system composed of DMPC/DMTAP (50/50) SUVs and SLBs. We propose that 

aggregation of the SLBs occurs close to, but slightly above Tm, as clearly observed by 

DLS data. DMPC/DMTAP (50/50) SUVs then adsorb (but do not fuse) to the SLBs, 

since the latter are either not charged or only very weakly charged. When cooled to below 

Tm, the SUVs then fuse to each other (not to the underlying SLB) and surround the SLB 

aggregates by a by a tight fitting sheath that closely follows the outer contours of the 

SLBs.  

When heated to above Tm, the sheath comes off, dispersing the contents of the 

sacks, and keeping the SLBs in suspension. However, the lipid that is removed is now 

integrated into larger vesicles and vesicle networks, since these vesicles form from the 

breakup of a contiguous bilayer sheath. Both the original SUVs and these larger vesicles 

keep the SLBs in suspension as the result of the contribution of oscillatory/protrusion 

repulsive forces. However, since the sheaths are closed structures, their removal is time 

dependent, presumably due to the lack of edges that can initiate desorption. 

 239



The formation and disassembly of bilayer sheaths may provide another 

mechanism for loading/unloading of nanoparticle cargos. Since it was possible to replace 

the DMPC/DMTAP (50/50) SUVs with lipids having the same headgroup(s) but with 

unsaturated tails (lowering Tm), forming systems that were stable at room temperature, it 

may be possible to design nanosystems in which the first SLB is of a different 

composition than the bilayer sheath, allowing modulation of the capture and release 

temperatures of the nanoparticles. Unloading of nanoparticle cargo from polymer 

pouches has previously been accomplished by increasing the solution ionic strength (of 

NaCl), which was thought to dissolve the nanobags [5]. Although not used to release 

nanoparticles, an applied AC electric field removed lipid bilayers, except the one adjacent 

to the support, from planar supports [68]. 
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CHAPTER 8 

 

CONCLUSIONS 

 

Lipid vesicles fuse on the surface of the nanoparticles and form spontaneously 

self assembled continuous supported lipid membranes. The resulting lipid bilayers are 

separated from the underlying support by a thin (1-2 nm) water layer. This water layer 

provides the lateral fluidity and mobility of the supported membranes. Therefore these 

SLBs have distinct advantages, compared with covalently attached molecules or self-

assembled monolayers, they retain the same fluidity and mobility as the natural 

membranes and can accommodate ligands or receptors without loss of their functional 

activity. The presence of a particle inside of the SLB gives rise to well defined geometry 

of the bilayer, which results in its higher stability compared to an empty liposome and as 

well as prevents the fusion of the individual bilayers with each other. At the same time, 

since the lipid molecules are not covalently attached to the solid surface of the beads they 

retain degree of freedom and can perform exchange processes with the molecules present 

in the surrounding bulk or other nearby membranes. 

Lipid bilayers on highly curved solid supports provide a reliable platform for 

studying fundamental physical properties of the highly curved lipid bilayres. The use of 

these model systems gives number of opportunities for researchers to study the 

fundamental role of lipid bilayer curvature in biological processes related to disease, 

signaling and cell cycle. It is also very crucial the understanding of the surface properties 

of the underlying substrate as well as the vesicle properties in order to form these SLBs. 
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The summaries of the findings of the studies in this dissertation are outlined in the 

following sections. 

 

8.1 Effect of high surface curvature on the formation and the main phase transition 

of supported phospholipid bilayers on SiO2 nanoparticles 

The formation of supported bilayers of saturated lipids of different alkyl chain 

lengths, DMPC, DPPC and DSPC onto SiO2 beads with diameters between 5 and 100nm 

was investigated by TGA, nanoDSC, FTIR and Raman spectroscopy. Bilayer coverage 

was obtained for all the lipids on all bead sizes. The results are best explained in terms of 

a model in which there are differences in the curvature of the inner and outer leaflets of 

the bilayer. This difference increases as the bead size decreases.  For beads between 100 

to ~ 40nm, the decrease in lateral pressure arising from the increased curvature (23) 

results in a decrease in Tm/Tc with decreasing bead size.  For beads smaller than 20-

30nm, anomalous changes in Tm and Tc are observed. For DMPC, there is an increase in 

Tm and decrease in ΔT1/2 with decreasing bead size. For DPPC and DSCP, there is also an 

increase in Tm above that of the parent MLVs, a splitting of the peak and an increase in 

the area of the high temperature peak compared with the lower temperature peak. The 

high curvature and increased spacing between head groups favors lipid interdigitation. 

The better alkyl chain packing of the interdigitated lipids results in higher Tms and a 

Raman spectrum characteristic of a more ordered state. These results show that on highly 

curved surfaces, in order to maximize hydrophobic interactions, lipids form bilayers that 

adopt a morphology different than that on planar surfaces. These results could have 

implications for highly curved membranes in biology, such as those that occur as fusion 
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intermediates. It may be possibly to exploit this morphology for drug/DNA delivery 

applications.  

 

8.2 Effect of curvature on bilayer packing, morphology and conformational order of 

nanoparticle supported lipid bilayers investigated by Raman spectroscopy 

Raman spectroscopy studies of  conformational order and alkyl chain packing of 

supported lipid bilayers (SLBs) of phosphatidyl choline (PC) lipids with different alkyl 

chain length (C16 and C18) on SiO2 nanoparticles with sizes between 5 and 100 nm have 

been investigated. There are major differences found in the intrachain (trans-gauche) and 

interchain (lateral packing) of the alkyl chains of the SLBs as a function of NP size. This 

is shown by ν(C-C) and ν(C-H) stretching modes of the adsorbed lipids on the surface of 

the nanoparticles. The hydrocarbon chains of SLBs reflect more highly ordered, trans 

chain conformations (lower values of I1090/I1062 and I1122/I1127) on smaller size (10- 20 nm) 

nanoparticles, with the chains becoming more disordered in terms of lateral packing and 

gauche defects with increasing bead size (100 nm). Further, for the same size NP, the 

chains were more disordered for the shorter (DPPC, 16 carbon) compared with the longer 

alkyl (DSPC, 18 carbon) chain lipid. These results were interpreted as arising from 

increased interdigitation of the alkyl chains as their dimensions approached those of the 

NPs, and arose from the necessity of avoiding the high free volume that would result 

from a bilayer structure, which would expose the hydrophobic chains to an aqueous 

environment. Another way to fill this free volume, and increase hydrophobic interactions, 

was the formation of chains with a single gauche defect (1122 cm-1 vibration) at the 
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terminal methyl group. The smallest, 4-5 nm SLBs formed aggregates, in which we 

propose that bilayer bridging and interdigitation between NPs can occur. 

 

8.3 Exchange of lipid molecules between h/d- DMPC and h/d-DPPC supported lipid 

bilayers 

We have shown that the symmetric exchange of lipid molecules between supported 

lipid bilayers on different size of SiO2 nanoparticles. We have also used a theoretical 

model to calculated kinetics of lipid transfer based on Thilo’s method. Both the 

experimental data and the kinetic calculations showed that kinetics of lipid transfer is 

faster between supported lipid bilayers on larger size nanoparticles.  This occurs since 

there are stronger intermolecular interactions between lipids on the smaller SLBs, as 

evidenced by their higher Tms, indicating some lipid interdigitation, and more lipids 

molecules in the outer monolayer. The interdigitation provides tighter alkyl chain packing 

and stronger interaction, making it more difficult to transfer a lipid monomer to the 

solution. For all studied sizes, SLBs exchange to form 50/50 h/d-SLBs. In terms of the 

mechanism of the transfer, we think that the transfer occurs via monomer transfer 

between the two bilayers, but we cannot exclude hemifusion structures or other concerted 

place exchange. 

 

8.4 Hydration repulsion effects on the formation of supported lipid bilayers 

Silica nanoparticles of nominal 100 nm diameter size were characterized by 

dynamic light scattering, FTIR and zeta potential measurements. They were heat or heat 
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and piranha treated to 1000 oC to vary the silanol density. Increasing heat-treatment 

temperature decreased the total silanol density, increased the relative amount of isolated 

compared with hydrogen bonded silanols and decreased the amount of adsorbed water. 

Piranha treatment recovered some but not all the silanols condensed at a particular 

temperature. Zeta potential measurements were similar for all the SiO2, consistent with 

SHG data from the literature indicating that at pH = 8, ionization occurred only for the 

isolated silanols. Adsorption/fusion of 60 nm DMPC SUVs onto fully hydrated SiO2 

(“as-is”), and SiO2 dehydroxylated by heat treatment, was measured after 2 h incubation 

with the SUVs and as a function of time. The fusion process was measured by monitoring 

the intensities of the gel-to-liquid crystal phase transition temperatures on the cooling 

cycle (Tc) for the SUVs and SLBs, which differed in temperature by approximately 2 oC. 

Since the enthalpy of the transition ΔH (SLB) ≈ 0.6 ΔH (SUV), the ratio of the 

#SUVs/#SLBs was corrected by this amount. SLB formation occurred more slowly on 

the fully hydroxylated SiO2 than on SiO2 heated/piranha treated at 600o. Since the two 

SiO2 were similar in other respects, in particular their charge (ionization), as determined 

by zeta potential measurements, differences in electrostatic interactions between the 

neutral DMPC and SiO2 could not account for the difference. Therefore, the increased 

rate for the less hydroxylated surface was attributed to decreased hydration repulsion. 

Cryo-TEM data confirmed SLB formation. The decreased amount of SLB formation for 

the 1000 oC + piranha SiO2 was attributed to hydrophobic association of the drastically 

dehydroxylated SiO2 surfaces that contained Si-O-Si hydrophobic patches. Cryo-TEM 

images showed SiO2 aggregates surrounded by lipid sheaths, SUVs and SUVs adsorbed 

but not fused to the nanoparticles. 
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8.5 Formation of lipid sheaths that envelope and release SiO2 nanoparticle 

supported lipid bilayers 

SLBs of all variations of composition of DMPC?DMTAP were formed on 100nm 

SiO2.  The formation of pouches of supported lipid bilayers (SLBs) surrounded by bilayer 

sheaths has been discovered for DMPC/DMTAP (50/50) SLBs, and SUVs composed of 

DMPC/DMTAP (50/50).  The first SLB, formed when SASUV/SASiO2 = 1/1, remained on 

the 100 nm SiO2 support above and below Tm. However, when excess lipid was added at 

approximately SASUV/SASiO2 = 2/1, the nanosystem remained in suspension above Tm, but 

precipitated below Tm, forming aggregates of SLBs surrounded by close-fitting bilayer 

sheaths. The mechanism of sheath formation was investigated for the system composed 

of DMPC/DMTAP (50/50) SUVs and SLBs. We propose that aggregation of the SLBs 

occurs close to, but slightly above Tm, as clearly observed by DLS data. DMPC/DMTAP 

(50/50) SUVs then adsorb (but do not fuse) to the SLBs, since the latter are either not 

charged or only very weakly charged. When cooled to below Tm, the SUVs then fuse to 

each other (not to the underlying SLB) and surround the SLB aggregates by a by a tight 

fitting sheath that closely follows the outer contours of the SLBs.  

When heated to above Tm, the sheath comes off, dispersing the contents of the 

sacks, and keeping the SLBs in suspension. However, the lipid that is removed is now 

integrated into larger vesicles and vesicle networks, since these vesicles form from the 

breakup of a contiguous bilayer sheath. Both the original SUVs and these larger vesicles 

keep the SLBs in suspension as the result of the contribution of oscillatory/protrusion 

repulsive forces. However, since the sheaths are closed structures, their removal is time 

dependent, presumably due to the lack of edges that can initiate desorption. 
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The formation and disassembly of bilayer sheaths may provide another 

mechanism for loading/unloading of nanoparticle cargos. Since it was possible to replace 

the DMPC/DMTAP (50/50) SUVs with lipids having the same headgroup(s) but with 

unsaturated tails (lowering Tm), forming systems that were stable at room temperature, it 

may be possible to design nanosystems in which the first SLB is of a different 

composition than the bilayer sheath, allowing modulation of the capture and release 

temperatures of the nanoparticles. 
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