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ABSTRACT 

 

INTERACTION OF FLUORESCENT LIPID DYES WITH LIPID 

VESICLES AND SUPPORTED LIPID BILAYERS AND THEIR APPLICATIONS  

 

Lipophilic dye probes are widely used for labelling of cells, organelles, liposomes, 

viruses and lipoproteins. The lipophilic dye diffuses in the membrane and stains the cell 

and cells even tolerate the lipophilic dye in high concentration. The fluorescence of styryl 

dyes increases after insertion into the hydrophobic environment of the lipid membrane 

compared their fluorescence in the aqueous phase solution. The alkyl chains of the 

fluorescent styryl dye probe insert into membranes and are used to understand their 

biophysical properties and their behavior in lipid bilayers. The mechanism of incorporation 

of the dyes into cell membranes, or vesicle model systems, is not resolved.  

In this study we used a modified dialkylaminostyryl fluorescent lipid, 4-(4-

(dihexadecylamino)styryl)-N-methylpyridinium iodide (DiA), replacing the I- counterion 

with the Cl- anion to make DiA-Cl increase hydration of the polar head and to enable self-

assembling in water and formation of vesicles. Vesicles composed of DMPC (1,2-

dimyristoyl-sn-glycero-3-phosphatidylcholine)/DiA, DPPC (1,2-dipalmitoyl-sn-glycero-

3- phosphatidylcholine) /DiA, DSPC (1,2-distearoyl-sn-glycero-3- phosphatidylcholine) 

/DiA, DMPE (1,2-dimyristoyl-sn-glycero-3-phosphoethanolamine)/DiA, DPPE (1,2-

dipalmitoyl-sn-glycero-3-phosphoethanolamine)/DiA and DSPE (1,2-distearoyl-sn-

glycero-3-phosphoethanolamine)/DiA have been prepared in mole ratios between 100/0 to 

0/100, in order to investigate the effects of chain length and headgroup type on chain 
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packing and phase separation in these mixed amphiphilic systems, using nanocalorimetry, 

dynamic light scattering and fluorescence data, as well as confocal laser scanning 

microscopy (CLSM) and cryo-transmission electron microscopy (Cryo-TEM). In addition, 

we report the self-assembly of DiA-Cl, to form H-aggregates of lipid bilayers in aqueous 

solution, beyond a critical vesicle concentration. 

 

Lipid bilayers can be fused onto silica nanoparticles (NPs) to form supported lipid 

bilayer (SLB)-NPs. (SLB)-NPs have a varous interdisciplinary applications from medicine 

to environmental fields and agriculture sciences. Here, the lipids on the nanoparticles were 

used for two applications. One was to adsorb polycyclic aromatic hydrocarbons (PAHs) 

from the environment and the other was as vehicles for foliar delivery of nutrients to plants. 

Silica SLB nanoparticles can increase the solubility of Benzo[a]Pyrene (BaP) in order to 

extract the BaP from soil for in situ biodegradation. Initial studies were begun on the effect 

of foliar application of silica SLBs nanoparticles on plants. The SLBs to be used were 

prepared using both 1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC) and DiA, in 

order to determine whether the lipid increased the entry of the silica into the plant leaves 

and whether the lipids also entered. 
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CHAPTER 1 

  INTRODUCTION                                       

 

 1.1 Vesicles and Lipid Bilayers 

            Lipid bilayers form spontaneously in aqueous solution due to two parameters, 

which are the amphipathic nature of the lipids and the lipid shape. Phospholipids are the 

most abundant lipids in biological cell membranes in mammalian or plant cells. 

Phospholipids have a polar headgroup and two hydrophobic hydrocarbon tails. The tails 

can have different numbers of carbon atoms and can be saturated or unsaturated. The 

fluidity of the membrane depends on whether the tails are above or below their gel to fluid 

phase transition temperature, Tm. For unsaturated lipids, Tm is below 0 °C, and so are fluid 

at room or body (37 °C) temperature. For saturated lipids, Tm and thus fluidity depends on 

the number of carbon atoms (n), with Tm increasing with n. Lipid molecules are 

spontaneously aggregated, and their hydrophobic tails are buried in the interior of the 

bilayer and the hydrophilic heads are surrounded by water (Figure 1.1)1, 2. 
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Figure 1.1 Phosphatidylcholine 3D structure. 

 

The packing arrangement of lipid molecules in an aqueous environment depends 

on their shape, which can be in the form of a wedge or cylinder. The energetically favorable 

arrangements of cylinder-shaped phospholipid molecules are bilayers, with the 

hydrophobic tails sandwiched between the hydrophilic headgroups. Wedge-shaped lipid 

molecules form micelles (Figure 1.2) 2. 

 

 

                                                    

 
Figure 1.2  Packing of lipid molecules, (top) Wedge-shaped lipid molecules arrange 

micelles, (bottom) cylinder-shaped phospholipid molecules arrange bilayers. 

https://www.ncbi.nlm.nih.gov/books/n/mboc4/A4754/def-item/A5399/
https://www.ncbi.nlm.nih.gov/books/n/mboc4/A4754/def-item/A5627/
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Planar phospholipid bilayers have edges that are exposed to water and are 

energetically unfavorable and unstable. Thus, a sealed structure forms that is stable. 

Besides this self-closing characteristic, lipid bilayers have fluidity, a property that is vital 

for their roles as a membrane (Figure1.3 and Figure 1.4) 2-4. 

 

 

 
Figure 1.3 Closed shell phospholipid bilayer  
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Figure 1.4 Cartoon of liposome  

 

In studies of synthetic lipid bilayers in 1970, the spherical vesicles that were 

formed were named single walled liposomes. Artificial liposomes can be created 

mechanically by methods such as sonication, extrusion or electroformation and gentle 

hydration to make giant unilamellar vesicles (GUVs).  Depending on their size, they are 

referred to as small unilamellar vesicles (SUVs less than 100 nm diameter), large 

unilamellar vesicles (LUVs more than 100 nm diameter), and giant unilamellar vesicles 

(GUVs ~ μm diameter). Artificial liposomes have been used in many investigations as 

surrogates for cell membranes (Figure 1.5) 5-7. 
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Figure 1.5 Small unilamellar vesicles (SUV), large unilamellar vesicles (LUV), giant 

unilamellar vesicles (GUV) and multilamellar vesicles (MLV) 6. Reprinted and adopted 

from reference 6, with permission. Copyright (2009) Royal Society of Chemistry. 

 

 

For more than three decades liposomes have attracted attention as an integral 

component in the field of nano-medicine for treatment, prevention and detection of 

disease. However, the main drawbacks in these carrier systems are: (i) poor stability; (ii) 

uncontrolled size distribution; (iii) drug leakage; (iv) tendency to fuse with each other 

with time; and (v) their elaboration are not reproducible 5, 7-9. 
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1.2 Supported Lipid Bilayers 

Supported lipid bilayers (SLBs) are spherical supports that they are coated with 

lipid bilayers. SLBs have a combination of factors that can overcome the main drawbacks 

of vesicles. SLBs are widely applicable in biological research, sensor design, 

environmental science and in the nanobiotechnology area for use in medicine. High 

concentrations of drugs can be encapsulated in SLBs and used as drug delivery vehicles 10-

14. SLBs are expected to become powerful biofriendly environmental remediation agents 

for the development of next-generation nutrient delivery vehicles in plants or for extracting 

contaminant agents from soils  and removal of water pollutants15-17. In addition, SLBs are 

used to study the biological membrane characteristics such as their topography, phase 

separation, mechanism of lipid mixing and diffusion processes. Investigation of lipid 

bilayer interactions with small molecules such as polypeptides, drugs, ionic species and 

proteins is feasible on the nanoscale by SLBs due to their high surface areas and 

controllable size. In addition, it is possible to use surface sensitive analytical methods on 

SLBs to study the processes occurying at the surface of cells such as membrane fusion, cell 

signaling, enzymatic reactions and pathogen attack mechanisms 12, 18-20. 

 

In 1985, Tamm and McConell for the first time investigated the physical properties 

of lipid bilayers on solid supports by developing SLBs system. They deposited DPPC, 

DMPC and DOPC on silicon oxide wafers. Hydrophilic solid substrats like glass, quartz 

and silicon are negatively charged and due to the lipid bilayer interfacial potential, charges 

are attracted to the surface of these solid substrates. In addition, the role of van der Waals 

forces is crucial in the solid substrate and lipid interaction 21, 22. Five important techniques 

for forming SLBs are as follows: Langmuir-Blodgett deposition (LB) method, lipid vesicle 
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fusion (VF), spin coating technique, spreading method and rapid solvent exchange or a 

solvent-assisted lipid bilayer (SALB) technique 23, 24. 

In the LB technique, after immersing a solid support such as mica, lipid molecules 

are deposited at the air-water interface and compressed to the desired surface pressure by 

a Langmuir trough that includes a rectangular TeflonTM bath accompanied with a 

movable barrier (Figure 1.6) 23, 24. 

 

For depositing the inner leaflet, the solid support is pulled out of the subphase. Its 

direction is perpendicular to the monolayer. Then, by lowering the solid support through 

the interface a second lipid layer is formed. Fewer topological defects in SLBs and 

controllable molecular packing area of the SLBs are achievable by LB technique in 

preparing SLBs 23, 24. 

 

 

          

 

Figure 1.6  Preparation of supported lipid bilayers (SLBs) by Langmuir-Blodgett 

deposition (LB) method 24. Reprinted and adopted from reference 24, with permission. 

Copyright (2018) American Chemical Society. 
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            Lipid vesicle fusion is one of the most commonly used techniques in forming 

SLBs due to simplicity. Supported lipid bilayers are formed by fusing lipid bilayers on 

different kinds of solid surfaces, such as silica, glass, silver or gold (Figure 1.7). To form 

a symmetrical lipid bilayer on a clean hydrophilic surface, solid substrate supports such 

as silica are incubated with SUVs (Figure 1.8). Vesicles are not stable while interacting 

with the support and spontaneous fusion of lipid vesicles on silica supports or similar 

polar surfaces occur. Supports can be planar or spherical. Also, adding salt to create 

osmotic stress or temperature cycling can help in the formation of SLBs. Besides the ease 

of forming SLBs by lipid vesicle fusion, the method allows the incorporation of 

polypeptides and membrane proteins 23, 24. 

 

 

 

  Liposome        Mineral or Organic support     Supported Lipid Bilayer (SLBs) 

 

Figure 1.7 Cartoon of lipid vesicle, colloidal particle and Lipid/Particle assembly 7. 

Reprinted and adopted from reference 7, with permission. Copyright (2007) Advances in 

Colloid and Interface Science. 
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Figure 1.8 Preparation of supported lipid bilayers (SLBs) by lipid vesicle fusion 24. 

Reprinted and adopted from reference 24, with permission. Copyright (2018 ) American 

Chemical Society. 

 

 

Spin coating is a fast method to prepare SLBs but it is more practical for forming 

multiple bilayers on a solid support. In this method, lipid solutions with concentrations 

from 0.25 mM to 5mM are prepared in a volatile solvent, and deposited on a clean 

support surface. Then, the solid support is rotated with high speed to evaporate and 

remove the solvent. Finally, a thin lipid film is obtained. The spreading method is also a 

quick method to form SLBs. One microliter of lipid solution with concentrations from 

0.25mM to 5mM is deposited on a clean support surface. Then, the solvent is evaporated 

and stacks of lipid layers are formed by a hydration process 24. 

 

Rapid solvent exchange or the solvent-assisted lipid bilayer (SALB) technique is 

suitable for the formation of SLBs with high cholesterol content, which is not possible by 

using the vesicle fusion method. In principle, a solution of lipids in an appropriate 

organic solvent is made and then it is deposited on a solid substrate. At the end the 

organic solvent is substituted by water or water/salt solutions 24, 25. 
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Although there is a growing interest for using SLBs in nanobiotechnology, 

environmental science, and medicine, there are still limitations and unanswered questions 

in applying SLBs in clinical and environmental applications. In this research vesicle fusion 

technique is used for forming SLBs. 

 

 

1.3 Silica Lipid Bilayer Nanoparticles (SLB)-NPs 

Silica is one of the nanoparticles used for drug delivery and soil remediation due to 

its characteristic features such as biological compatibility, hydrophilicity, inertness, optical 

transparency, size tunability, photostability, etc. Also, high-quality oxidized silica is used 

because of its low surface roughness. Mesoporous silica nanoparticles, with interior void 

space, enable the containment of hydrophilic or hydrophobic drugs, the latter by 

functionalizing the pore walls with hydrophobic groups 20,26. In addition, silica 

nanoparticles can degrade over time into nontoxic silicic acid (Si(OH) 4) by-products 9, 27-

29. 

 

 

1.4 Mechanism of NP-SLB Entry into Membranes 

 

An important factor in nanomedicine is engineering materials and systems to use 

as drug delivery vehicles. The distinctive physical and chemical properties of nanoparticles 

make them efficient drug delivery vehicles. Transportation of nanoparticles across cell 

membranes plays a critical role in the process of developing drug delivery systems. 

Understanding the interaction mechanisms and predicting behavior between nanoparticles 
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and cell membranes has given rise to their growing and promising applications in 

nanomedicine 27, 28. The interaction between nanoparticles and cell membranes or artificial 

membrane, i.e. vesicles, is also important in a broad range of biological and pharmaceutical 

processes. Therefore, it is of interest to study the mechanism of how nanoparticles (NPs) 

enter the cells, which has important implications not only for their fate but also for their 

influence on biological systems 30. 

 

There have been many investigations on the transport of nanoparticles into cells. 

These studies indicate that 50 nm is an optimum size for cell entry. There are several 

processes by which bare NPs enter cells, with endocytosis the most common mechanism 

of uptake (Figure 1.9). Endocytosis causes the engulfment of NPs by membrane in-folding. 

Part of the cell membrane is pinched off around the NP to form endocytosis vesicles 

followed by transport within the cell 31, 32. 

 

 

 

 

Figure 1.9 Schematic of the internalization of NPs into the liposome 31. Reprinted and 

adopted from reference 31, with permission. Copyright (2017) Royal Society of 

Chemistry. 
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Since the 1970s lipid bilayers have been fused onto silica nanoparticles (NPs), to 

form supported lipid bilayer (SLB)-NPs, and their use as “Protocells” for use in drug 

delivery has been explored. Lipid bilayers improve the biocompatibility of nanocomposites 

and protect drugs and molecular cargos like molecular cargos in porous silica NP-SLBs     

from being degraded by enzymes. SLBs improve biodistribution, have low toxicity and 

enhance circulation times, presumably due to the inhibition of protein adsorption, which in 

turn prevents phagocytosis by macrophages. Also, additive biological functionality can be 

attached for purposes such as cell targeting 33, 34.  

 

For engineering an applicable and efficient drug delivery vehicle, having a clear 

idea of how silica nanoparticles internalize into the cell and how they pass the barrier of 

the cell membrane and release their drug cargo into the target spot after reaching the 

cytoplasm is crucial. Silica nanoparticle uptake through endocytic pathways depends on 

the surface functionalization and structural properties of silica nanoparticles (Figure 1.10) 

35, 36. 
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Figure 1.10 Internalization of large particles by phagocytosis, internalization of fluid by 

micropinocytosis. Silica nanoparticle uptake through endocytic pathways depend on the 

surface functionalization and structural properties of silica nanoparticles 36. Reprinted and 

adopted from reference 36, with permission. Copyright (2013) Talanta. 

 

 

When NPs are surrounded by a lipid membrane there is conflicting evidence in the 

literature concerning how and whether NP-SLBs enter cells. There is Cryogenic 

Transmission Electron Microscopy (cryo-TEM) evidence that NP-SLBs do not enter 

artificial vesicles 37 and it is not possible to make double NP-SLBs. Further, although cell 

membranes are much more complex than simple lipid vesicles or SLBs, cells in general do 

not fuse (except during mitosis). Nevertheless, research on NP-SLBs does show that the 

cargos do enter cells. For example, active targeting of mesoporous NP-SLBs was reported 

for (i) functionalized mesoporous silica NPs loaded with the anticancer drug colchicine, 

which were taken up by HuH7 liver cancer cells and induced cell death; 11 and (ii) modified 
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mesoporous silica NP-SLBs  nanocarriers with  ligands that targeted receptors on cancer 

but not normal cells (and a formulated composition of lipid bilayers to make stable 

protocells in complex media) for delivery of membrane impermeant cargo to individual 

leukemia cells 38. Understanding the intracellular path is crucial for designing practical and 

efficient drug delivery vehicles. Silica nanoparticles are taken up by cells through an 

endocytic process, which is related to structural characteristics and functionization of the 

silica nanoparticle surface 36. Therefore, the actual mechanism of cell entry of NP-SLBs is 

still uncertain. 

 

 

1.5 Fluorescent Probes 

             Fluorescence is a type of luminescence. Fluorescence probes absorb photons of 

light at one wavelength with relatively low energy in the ground state. Electrons are 

transfered to a higher energy state and the molecule is raised to an excited state. 

Subsequently, the fluorescence probe returns  to its ground state and a photon of energy 

at lower energy is emitted as light. This phenomenon of light emission is named 

fluorescence and it happen in less than 10−4 s after excitation. The emitted light has a 

lower energy and thus longer wavelength than the wavelength of excitation because of 

the energy lost during the transient excited lifetime, and this difference in energy is called 

a Stokes shift 39, 40. 

 

Fluorescent probes are a powerful tool to monitor cell process such as cell 

membrane fusion, incorporation of nanoparticles into cell etc. Three different types of 

probes are as follows: (i) fluorescent proteins (FPs) or biological fluorophores, (ii) organic 

small molecules and (iii) quantum dots. Properties such as high brightness described as 
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extinction (Ɛ) ꓫ quantum yield (Øp), fluorescence intensity and low phototoxicity are 

significant factors for efficient probes. Green fluorescent protein (GFP) was the first 

fluorescent protein probe that was found in the early 1960s and extracted from jelly fish. 

Flourescent proteins are the most frequently used probes because of their chromophore 

chemical nature and structure and they are composed of modified amino acid residues 

within the polypeptide chain. FPs size are approximately 25kD and they are large compare 

to the 1kD size of organic small fluorescent molecules. FPs do not have low cytotoxicity 

which is the result of oligomerization 41-44. Organic small molecules probes include a 

reactive group that couples to the biomolecule functional group and thus makes a conjugate 

fluorescent compound. Coumarin, cyanine, styryl and rhodamine dyes are examples of 

organic probes 39, 41.   

 

 

Uncertainity of the nanoparticle cellular internalization mechanism is one of the 

major issues in biological technology application such as drug delievery systems. 

Fluorescent probes are excellent tools to monitor the biological process such as 

nanoparticle endocytosis, exocytosis and localization of nanoparticles in cells. Coumarin 6 

(C6) is a lipophilic fluorescent dye that it is widely used to track nanoparticles in cells. The 

fluorescence properties of C6 change in vitro. For example, the C6 is inserted into the poly 

(D, L-lactide-co-glycolide; PLGA) containig a model protein like bovine serum albumin 

(BSA) and the whole system acts as a drug delivery vehicle. Because C6 is lipophilic, it is 

incorporated with the PLGA that has a polymer matrix. Quantitative measurement for 

cellular uptake of PLGA nanoparticles is possible due to high sensitivity of the C6 probe 

which is inserted into PLGA. The endocytosis, exocytosis and intracellular distribution of 

PLGA nanoparticles in human arterial vascular smooth muscle cells were investigated by 
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using confocal microscopy. One potential deficiency of coumarins in their bioimaging 

application is their low water solubility 31, 41, 45. 

Rhodamine and its derivatives are used for tagging many kinds of biomolecules. 

Octadecyl rhodamine B (R18) is a lipophilic fluorescence dye and fluorescence of 

octadecyl rhodamine B is quenched at high concentration of R18 in membranes but its 

fluorescence is released at low concentration. This characteristic makes R18 efficient for 

membrane fusion assays. For instance, this fluorescent lipid probe is frequently used for 

monitoring the mechanism of viral membrane fusion and it is inserted into cell membranes 

or liposomes to make monitoring of cell fusion processes possible. Some viruses such as 

influenza, HIV and many animal viruses include viral envelopes to cover their protective 

protein shell of a virus named capsids. The capsid and viral genome enter and infect the 

host by fusion of viral envelope into the membrane of host. Fusing of viral envelopes with 

the membrane can be monitored by photosensitized tagging of interacting envelope 

proteins fragments with a hydrophobic probe. So, fluorescent lipid probes supply a wide 

range of fusion assays and efficient equipment for making quantitative data accurately in 

the required real time for illuminating the complicated process of viral fusion 39, 46. 

 

Cyanine dyes display excellent brightness and fluorescence intensity after binding 

to RNA and DNA 47. Another type of dye is styryl dyes and they are highly fluorescent by 

binding to membranes. Styryl dyes are bright enough to make them perfect probes for 

investigating synaptic vesicle recycling in neurons. In this dissertation we are using one 

type of styryl dye, which is 4-Di-16-ASP (4-(4-(Dihexadecylamino) styryl)-N-

Methylpyridinium Chloride) referred to as DiA-16-Cl. In styryl dyes two lipophilic tails 

accelerate the insertion into membranes and fluorescence intensity drastically increases due 

https://en.wikipedia.org/wiki/Virus
https://en.wikipedia.org/wiki/Virus
https://en.wikipedia.org/wiki/Capsid
https://en.wikipedia.org/wiki/Genome
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to a fluorophore core that it is in the middle of styryl dyes. In addition, styryl dyes have a 

charged head that inhibits complete incorporation of tails into membrane 48. 

 

Recently a new class of fluorescent dyes have been synthesized that may be used 

to investigate mechanism of cell entry of nanoparticles. They are not emissive when 

molecularly dissolved but highly emissive when aggregated. This phenomenon is referred 

to as aggregation induced emission (AIE) and is believed to occur due to the restriction of 

intramolecular motion (RIM). In the case of conventional fluorophores, high 

concentrations induce concentration quenching, also called aggregation caused quenching 

(ACQ). The ACQ effect induces limitations for experiments when the molar content of the 

dye is too high 49-51. 

 

Quantum dots (QDs) are nanoparticles that contain a semiconductor alloy core 

covered by a shell including a dissimilar alloy structure. QD sizes are about 2 to 50 nm. 

The QD emission wavelength is adjustable by changing the particle size. The emitted light 

changes from blue to red by increasing size of the nanoparticles. QDs are capable to be 

imaged for long times without loss of fluorescence due to their photobleaching resistance. 

Also, QDs have a significant bright fluorescence without any red shift tail in emission peak 

compared to organic probes. QDs have been used in various field such as biology, medicine 

and electronics. Although, QDs are widely used in biological applications, their use in 

humans is limited since their metal composition is toxic due to heavy metal toxicity in 

human and nanoparticles break down causing cell toxicity 39, 41.  
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CHAPTER 2 

EXPERIMENTAL OVERVIEW AND INSTRUMENTATION 

 

Chapter 2 covers the materials, experimental details, instrumentation and 

techniques used for this dissertation. 

 

2.1 Materials 

 

Different kinds of phosphatidylcholines are used in this research. 1,2-dimyristoyl-

sn-glycero-3- phosphatidylcholine (14:0 PC, DMPC), 1,2-dipalmitoyl-sn-glycero-3- 

phosphatidylcholine (16:0 PC, DPPC), 1,2-distearoyl-sn-glycero-3- phosphatidylcholine 

(18:0 PC , DSPC), 1,2-dimyristoyl-sn-glycero-3-phosphoethanolamine (14:0 PE, DMPE),  

1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine (16:0 PE, DPPE), 1,2-distearoyl-sn-

glycero-3-phosphoethanolamine (18:0 PE, DSPE) were purchased from Avanti Polar 

Lipids (Alabaster, AL) and used without further purification. The structures of all lipids 

used in this dissertation are shown in Figure 2.1. Lipids in this research are chosen based 

on their headgroup and chain length and are the most investigated lipid systems for model 

membranes. SnowtexTM colloidal silica (SiO2) beads in water suspension with nominal 

diameters of 40-50nm, ST-20L, 20 wt% SiO2, lot 170211, pH =9.5-11.0, specific gravity 

1.12-1.14 and 100 nm, MP-1040, 40.7 wt % SiO2, lot 170425, pH 9.3, specific 
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gravity1.300, were donated by Nissan Chemical Industries, Ltd (Japan), and used as 

received for all experiments.  

  

Ethylene glycol (CH2OH)2, acetone (CH3)2CO, acetonitrile CH3CN, 1-butanol 

CH3(CH2)3OH, isopropanol C3H8O, methanol CH3OH, toluene C7H8, and HPLC grade 

water were all purchased from Thermo Fisher Scientific and were used as received. Ethanol 

C2H5OH was purchased from Pharmco. Xylene (CH3)2C6H4, decane C10H22, and 1-octanol 

CH3(CH2)7OH were all purchased from Sigma-Aldrich. 

 

 

 

 

1,2-dimyristoyl-sn-glycero-3- phosphatidylcholine (DMPC) 
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1,2-dipalmitoyl-sn-glycero-3- phosphatidylcholine (DPPC) 

 

 

 

1,2-distearoyl-sn-glycero-3- phosphatidylcholine (DSPC) 

 

 

 

1,2-dimyristoyl-sn-glycero-3-phosphoethanolamine (DMPE) 

 

 

 

1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine (DPPE) 
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1,2-distearoyl-sn-glycero-3-phosphoethanolamine (DSPE) 

 

Figure 2.1 Structure of the lipids used in this research. 

 

 

 

The fluorescent dye DiA; 4-Di-16-ASP (4-(4-(dihexadecylamino)styryl)-N-

methylpyridinium iodide); referred to as DiA-16 was purchased from Invitrogen/Life 

Technologies and used after exchange of the counter ion iodide (I-) to chloride (Cl-). The 

DiA-16/I structure is given in Figure 2.2. 

 

 

 

Figure 2.2 Structure of DiA-16- I 

 

Indium tin oxide coated glass slides, rectangular were purchased from Sigma-Aldrich. 
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2.2 Exchange of Counter-ion 

 

            A quantity of 70 g of the chloride form of Dowex 1X8-200 ion exchange resin was 

suspended in a volume of 200 mL deionized water in an Erlynmayer flask for three days at 

room temperature until fully hydrated. The resin was placed in a glass column and washed 

with deionized water and 5% aqueous HCl. To get to neutral pH the resin was washed with 

deionized water and at the end washed with MeOH. Then, the recovered resin from the 

column was stored in an Erlenmeyer flask under MeOH. Before the procedure of counter 

ion exchange and after transferring the resin to a small column, the resin was washed with 

MeOH. After weighting 25 mg of DiA-I and dissolving it in methanol in a separate 

container, the methanol solution was added on top of the ion exchange column and after 

elution of the compound with methanol at the rate of 1-3 ml/min, the sample was cycled 

through the column at least 10 times. After the solvent was evaporated and the DiA-16-Cl 

dried under vacuum, its purity was confirmed by high pressure liquid chromatography 

(HPLC) and thin layer chromatography (TLC). 

2.3 Preparation of Vesicle Solutions 

2.3.1 Preparation of MLVs 

Appropriate amounts of lipid in powder form were dissolved in CHCl3. After 

evaporating the chloroform under a stream of nitrogen, lipid films were formed on the 

bottom of the vials. The films were dried overnight in a vacuum oven at room temperature 

to remove any residual solvent. The lipid film was rehydrated for 20 minutes in water or in 
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NaCl solutions of varying ionic strengths (100 mM or 50 mM) with periodic shaking above 

the phase transition temperature, Tm of that lipid. This procedure formed MLVs. To ensure 

that MLVs are formed, we run in Nano-DSC to see a single phase transition temperature. 

 

2.3.2 Preparation of LUVs and SUVs 

            Before extrusion or sonication, the MLV solution was freeze-thawed 5 times 

(heating to 40°C, freezing in acetone/dry ice at −78°C.) to downsize the vesicles diameter 

and then the solution was extruded by passing through a specific polycarbonate filter 41 

times above the phase transition of the lipid. Filters with 50,100, 200, and 400 nm pores 

were used to obtain different size LUVs. The resulting large (LUVs) or small (SUVs) 

unilamellar vesicles were stored at 4°C. For extrusion of the lipids an Avanti Mini-Extruder 

from Avanti Polar Lipids was employed. 

Sonication is another method for making SUVs and a tip sonicator (Fisher 

Scientific Model 100 Ultrasonic Dismembrator) was run with 10-15 Watts of power at 

various pulse sequences. The process of vesicles formation shown in Figure 2.3. 
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Figure 2.3 Process of vesicles formation from lipid thin films. 

(https://www.sigmaaldrich.com/technical-documents/articles/biology/liposome-

preparation.html). 

 

2.3.3 Preparation of DiA-16/Cl vesicles 

Appropriate amounts of DiA/Cl; 4-Di-16-ASP were dissolved in CHCl3. Dry lipid 

films were formed by evaporation of the solvent under a stream of nitrogen, and any 

residual solvent was removed in a vacuum oven overnight. The lipid film was then 

redispersed in water and hydrated at a temperature of 50 °C (above the Tm of DiA) for 20 

minutes with periodic shaking to form hydrated multilamellar vesicles (MLVs). 

LUVs/SUVs unilamellar vesicles were obtained from MLVs by freeze/thawing (~15 times) 

approximately 1 mL of a 3 mg/mL DiA/Cl solution, followed by extrusion using 

polycarbonate filters using first the 400 nm, 200 nm and finally 100 nm diameter pore sizes. 
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In each case, approximately 1 ml of a 3 mg/ml lipid solution was passed back and forth for 

a fixed (15×, 41×, 41×) number of times. 

 

Inspection of the polycarbonate membrane post extrusion indicated non negligible 

loss of DiA during the formation of LUVs/SUVs. Assuming loss of DiA during the 

extrusion process, the LUV/SUV suspensions were used as prepared or were diluted with 

water. The amount of DiA in the samples after extrusion were determined later using  

UV-Vis fluorescence and calibration curve in ethanol. Another method used to produce 

LUVs/SUVs of DiA-16/Cl was bath sonication for at least one hour while continuously 

adding ice water to the bath to prevent degradation of the DiA-16/Cl. 

 

 

2.3.4 Preparation of Giant Unilamellar Vesicles (GUVs) 

2.3.4.1 Electroformation 

In order to form GUVs, 80 μl of a stock solution of DiA-16/Cl in chloroform was 

spread with Hamilton syringe(s) onto ITO (indium tin oxide) coated glass slides (40μl on 

each slide) stepwise, i.e. a small amount of the lipid mixture was spread on the ITO and let 

dry, followed by a repeat of this step. This procedure was done on top of a heating block 

that was set to ~30℃. Before the spreading procedure. the glass slides were washed with 

2% HELLmanax (special cleaning concentrate), water, ultrapure water, EtOH and tested 

for conductivity with a power meter.  The slides were labelled with initials/lipid mixture to 
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keep track of which side was conductive. Two slides were then transferred into a petri dish 

that was covered with foil and put into a desiccator for at least 2 hours or overnight to 

evaporate the chloroform (Figure 2.4). 

 

 

                                       

(a)                                                        (b) 

                                   

                                                                 (c) 

                                         

                                                                (d)        

Figure 2.4 GUV preparation procedure (a) Conductivity test with power meter;(b) 40 μL 

mixture is spread stepwise, spread a small amount of lipid or DiA mixture, making sure it 

fits in the red circle, then after it dry completely repeat the step; (c) Slide images before 

and after spreading lipid or DiA mixture; (d) 2 red spacers on one slide. 
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The slides were removed from the desiccator, and silicone spacers were placed on 

one slide. Chambers were formed by sandwiching the silicon spacers between the two ITO 

slides and two spacers were washed with HELLmanax, water and at the end ethanol to 

make the spacers sticky. Next, the DiA-16/Cl films were hydrated with 250 μl 300 mM 

sucrose solution and subject to 4V (peak to peak alternating voltage) electroformation at a 

frequency of 10 Hz for 2 hours. One glass was slid off to remove the GUV dispersion into 

an autoclaved Eppendorf tube. In the end, by observing GUVs under CLSM we can 

confirm that a good yield of GUVs was obtained (Figure 2.5). 

 

 

                                                               

(a)                                                                     (b) 

Figure 2.5 (a) Putting slide in an electrochamber (b) Put on the sets of clamps 
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2.3.4.2 GUVs Formed by Gentle Hydration 

A glass tube with 100 μl of a 10 mg/ml DiA-16/Cl solution in chloroform: methanol 

(2:1 by volume) was dried in a rotary evaporator at 55 °C to make a thin film, and the 

organic solvent was evaporated completely in a vacuum desiccator minimally for 6 hours. 

5 ml of water were added to the glass tube to prehydrate the lipid film. The tube with lipid 

was purged with nitrogen gas and kept in an incubator at 40°C overnight. The DiA-16/Cl 

stripped off the glass surface and made a bulky yellow cloud floating in the solution. 1 ml 

of the yellow cloud that included GUVs was transferred to a plastic tube 2.  

2.4 Formation of Supported Lipid Bilayers on Silica Nanoparticles  

Supported lipid bilayers (SLBs) were formed by incubating SUVs/LUVs with 

dispersed amorphous silica nanoparticles from 40 nm to 200 nm size received from Nissan 

Chemical (Japan). By using the silica nanoparticle total surface area and the surface area 

of the lipid headgroups, the amount of lipid needs to form a single bilayer (or fractions or 

multiples thereof) on the silica beads could be calculated. 

 

The lipid or DiA-16-Cl amounts to fuse on the silica nanoparticles is given by:3 

mL = 0.00658 ML x mB /r (m) 

where mL = mass lipid; 

ML = molar mass of lipid: MDMPC = 677.93; MDiA-16-Cl = 695.00 

mB = mass of silica NPs 

r = radius of silica NPs in meters 

We have used Nissan silica beads in our research and the specific gravity of the 

beads is labeled on the bottle and it is 2.4 g/cm3 . For DiA-16-Cl surface area per DiA 
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molecule is 50 Å 2  and for DMPC, it is 59 Å 2. When the surface area of the silica NPs 

and DiA SUVs or DMPC SUVs are equal, the single bilayer coverage occur on silica NPs 

and we can find the required mass of lipid or DiA-16-Cl by using the above formula. This 

calculation is for 1/1, surface area of SUVs /surface area of silica NPs. For other ratios 

such as 3/1, 2/1,1/2, we use fraction or multiples of this amount3-5.  

In details, four different ratios of lipid or DiA SUVs/silica (SASUV/SASiO2) were 

made: SASUV/SASiO2 = 1/1, 2/1, 1/2 and 3/1. When SASUV/SASiO2 = 1/1, the surface areas of 

the lipids in the LUV/SUV solution were equal to the surface area of the nanoparticles, so 

that a single bilayer should form. When SASUV/SASiO2 = 2/1, there was twice as much lipid 

as required to form a single bilayer. If the SiO2 beads and vesicles were both 100 nm, there 

would be equal numbers of SLBs and vesicles. When SASUV/SASiO2 = 1/2, there was 

insufficient lipid to form a single bilayer on the SiO2 beads. An assumption was made in 

the calculations that silica surface was planar. The LUVs/SUVs of the lipid solution and 

solutions of the SiO2 nanoparticles (NPs) were brought to the same temperature before 

mixing and incubated for 2 hours at 40 °C 6. 

 

 

2.5 DiA-16-Cl and Phospholipid Concentration After Extrusion 

 

Different techniques were used to make uniform size vesicles. In this dissertation 

we used bath and tip sonication and extrusion to make LUVs and SUVs. For tip sonication 

method lipids and dye would be degraded by the heat that it generates after using tip 

sonicator for a few minutes. In the bath sonication method the concentration of hydrated 

lipid or DiA-16-Cl suspensions does not change but vesicles are not completely uniform in 
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their size. Thus, we often employed syringe-based extrusion technique by passing hydrated 

lipid or DiA-16-Cl suspension (MLVs) through small membrane filter pores.  

 

Generally, the initial amounts of phospholipid used to make the lipid film is 

reported and loss of phospholipid during extrusion is not considered. In this research in 

order to test for lipid loss during extrusion, total lipid content can be obtained  

by using phosphrous assay method 7, 8. 

 

A post-extrusion 50 nm SUVs of DMPC sample with 0.2 µM concentration is saved 

to determine the amount of lipid lost during extrusion. The total phosphorous measured 

using the calibration curve was calculated to be 0.19 µM (Figure 2.6), so negligible weight 

loss of lipid before and after extrusion was seen. Thus, we assume no loss of lipid during 

the extrusion process with phospholipids. The total phosphorous for a 0.1 µM MLV sample 

was measured to make sure that even after freeze thaw there was no lipid loss. The total 

phosphorous content determined from the calibration curve was calculated to be 0.098 µM. 

Therefore, there is no loss of lipid after freeze thaw. 
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Figure 2.6 Calibration curve for phosphorous assay 

 

 

 For six different lipids including zwitterionic and anionic lipids, the concentration 

of LUVs or SUVs is the same as MLVs and lipid loss does not occur during extrusion. But 

for DiA-16-Cl, cationic dye, the polycarbonate filter used in the extrusion process removes 

DiA. While MLV concentrations can be measured accurately, extrusion reduces the LUV 

concentration.  

 

In order to quantify the amount of lipid in the extruded DiA-Cl LUVs, both UV 

absorption and fluorescence spectroscopy were used as the analytical method. DiA-Cl does 

not aggregate or associate in ethanol, so both UV absorption and fluorescence data were 

acquired in ethanol. The UV-Vis specta of DiA-Cl (Figure 2.7) and plots of the absorption 

intensity as a function of concentration (Figure 2.8) indicate that at the absorption 

maximum of 495 nm, this method is only sensitive to about 1 x 10-4 mg/mL. 
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Figure 2.7 UV absorption spectra of DiA-Cl in ethanol as a function of concentration 

 

 

 

Figure 2.8 Intensity of UV absorption of DiA-Cl in ethanol as a function of concentration 

(at 495 nm). 
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Fluorescent intensities in ethanol (Figure 2.9 and 2.10) were obtained using the excitation 

wavelength of 495 nm, but only the linear portion of the curve was used for calibration 

(Figure 2.11). Using fluorescence, it was possible to measure DiA-Cl concentrations of  

1 x 10-5 mg/ml. Addition of μL amounts of water to 1-2 mL ethanol did not affect the 

calibration curve. Therefore, after extrusion, a 20 μL aliquot of the LUVs could be added 

1-2 mL ethanol and the fluorescence intensity used to obtain the concentration of LUVs in 

the original solution from the calibration curve (Figure 2.11). Using this fluorescence 

method, it was determined that half of the DiA-Cl liposomes were lost after extrusion. 

Therefore, the nominal concentration of DiA-Cl LUVs was divided by 2 to obtain the actual 

concentrations. 
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Figure 2.9 Fluorescence intensity of DiA-Cl in Ethanol as a function of concentration 

(Excitation wavelength at 495 nm). 
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Figure 2.10 Plot of fluorescence intensity of DiA-16 in ethanol as a function of 

concentration (Linear at low concentrations, Figure 2.11). (excitation wavelength at 495 

nm). 

 

 

 

Figure 2.11 Calibration curve for measuring the amount of lost DiA-16-Cl (Excitation 

wavelength at 495 nm). 
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2.6 Nano-Differential Scanning Calorimetry (Nano-DSC) 

 

Nano-Differential Scanning Calorimetry (Nano-DSC) was used to measure the 

phase transition temperature between an ordered gel phase and a disordered liquid 

crystalline phase, Tm, of the lipids is studied in this research. Nano-DSC measurements 

were obtained on a TA Instruments (New Castle, DE) Nano DSC-6300. Samples were 

scanned at heating/cooling rates of 1 °C/min.  

 

2.6.1 Principles of Nano-DSC 

Nano-DSC is a thermodynamic technique for measuring the heat energy absorbed 

in a sample by adjusted increases or decreases in temperature. During an endothermic or 

exothermic process, the molecules in the sample adsorb or release heat excess heat. Heat 

is applied to both a sample and reference cell to maintain the same temperature in both as 

the temperature is increased or decreased. The total amount of heat absorbed or released in 

the sample by an endothermic or exothermic process is measured by the difference in the 

input heat that that is required to match the temperature of the reference to sample 

temperature (Figure 2.12) 9.  
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Figure 2.12 Nano-DSC system. The required heat for temperature increase (ΔT) in a 

sample cell (qs) is more than the heat required for the reference cell (qr) and Δq is the 

excess absorbed heat in the sample. T (K), Temperature, kelvin; ΔHd, change in 

enthalpy; ΔCp, d, change in Cp; Tm, transition and melting point; d, denatured 9. 

 

 

Nano-DSC has the potential to measure the amounts of absorbed and released heat 

during heating and cooling cycles in dilute solution of biomolecules and lipids. For 

instance, as lipids are cooled or heated, the physical state of the lipid can be changed from 

the ordered gel phase to the disordered liquid crystalline phase at the phase transition 

temperature. For this thermal transition in dilute solution, very small amounts  

(microjoules) of heat are exchanged and Nano-DSC can measure the small amounts of 

exchanged heat. Measuring microjoules of exchanged heat is impossible by conventional 

DSC but the high sensitivity of Nano-DSC makes efficient and successful study of these 

processes possible. Further, Nano-DSC requires much smaller amounts of sample 

compared to conventional DSC. Detection of phase transitions is possible with as little as 

0.1 mg/mL of lipid. 
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2.7 Dynamic Light Scattering (DLS) and Zeta Potential Data 

 

            Dynamic light scattering (DLS) data was used to obtain the size of the LUVs/SUVs 

and SLBs, while the zeta (ζ) potential data was used as an indication of the charge of the 

particles. Dynamic light scattering (DLS) and zeta (ζ) potential measurements were 

measured on a Malvern Zetasizer Nano-ZS (Malvern Instruments Ltd., Malvern, U.K.), 

equipped with a 633 nm solid-state He-Ne laser and collecting the scattered light at an 

angle of 170°, at 25°C or 40°C. Disposable folded capillary cells (DTS1070, Malvern 

Instruments, Malvern, U.K.) or normal cells were used in all cases. Diameters of particles 

were obtained as Z-averages, intensity, number and volume averages. The Z-average is the 

hydrodynamic diameter that a sphere would have for diffusing at the same rate as the 

particle being determined by dynamic light scattering. 

 

By applying corrected using Mie scattering theory volume average is measured. Z-

average and volume average were measured based on nonlinear least square (NLLS) fits 

of the autocorrelation function with Malvern‘s Zetasizer Nano 4.2 software employing a 

version of the CONTIN algorithm 10. 

 

2.7.1 Principles of DLS 

            Dynamic light scattering (DLS), also known as photon correlation spectroscopy, is 

a useful technique for probing the diffusion behavior of materials < 1 μm (e.g. polymers, 

nanoparticles, vesicles) in solution. A schematic of a DLS instrument is shown in Figure 
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2.13. Particles have a random Brownian motion and time-dependent fluctuations in the 

scattering intensity that are used to calculate their diffusion coefficients and thus size (using 

the Stokes-Einstein equation) by DLS. The diffusion coefficient and hydrodynamic radii 

estimated from analysis of these fluctuations depends on the size and shape of 

macromolecules 11. 

 

The zeta potential or electrokinetic potential reflects the potential of a colloidal 

particle slipping plane moving under an electric field (Figure 2.14). The Stern layer is a 

strong adhered layer on top of the particles surface consisting of opposite charges of ions. 

On top of the Stern layer, there is a layer of both positive and negative charge which is 

growing. While the slipping/shear plane is developing the interface between the 

transferring particles and dispersant, electrophoresis occurs and particles adsorb the electric 

double layer and transfer to the electrode 12.  
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Figure 2.13 Schematic of DLS 12. Reprinted and adopted from reference 12, with 

permission. Copyright (2016) Journal of Controlled Release. 
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Figure 2.14 Cartoon of electric double layer (EDL) on a negatively charged particle 12. 

Reprinted and adopted from reference 12, with permission. Copyright (2016) Journal of 

Controlled Release. 

 

2.8 Conductivity 

 

Conductivity for SUVs of DiA-16-Cl solutions in different concentrations were 

measured using a conductivity meter (Accumet AR50, Fisher Scientific). 

 

 

2.9 Surface Tension 

 

There are different methods of measurement of surface tension. In this dissertation 

the capillary rise method is used. Capillary action is a result of surface tension and it is the 
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tendency of a liquid to rise up in a capillary tube. The surface tension (y or σ) of 

LUVs/SUVs of DiA-16-Cl in different concentrations were measured using a tensiometer 

(0.5 mm inner diameter Kimble Chase 14818 Tensiometer, Cole-Parmer, Vernon Hills, IL, 

United States) in a handmade 50 mm glass cylinder. Surface tension is calculated from the 

following equation: 

y= (1/2) (h)(r)(d)(g) 

where y, surface tension (dynes/cm); h, distance between menisci (cm); r, radius of 

capillary (cm); d, density of sample (g/cc at measuring temperature); acceleration due to 

gravity (cm/sec/sec) 13. 

 

2.10 Spectroscopic Techniques 

2.10.1 UV-VIS 

Samples of MLVs and SUVs of DiA-16-Cl were placed in two different absorption 

cells, a Hellma quartz microcuvette 10 mm layer thickness and a Starna quartz 

spectrophotometer cell with a 0.01 mm path length. Absorbance over the wavelength range 

of 300-700 nm was measured using a Shimadzu UV-1800 spectrophotometer (Shimadzu 

Corporation; Japan). The data were analyzed using UVProbe 2.31 software (Shimadzu). 
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2.10.2 Spectrofluorimeter  

Fluorescence emission and absorption spectra were carried out on 

spectrofluorimeter from Photon Technology International equipped with a 75W xenon 

short arc lamp and a PMT detection system. Felix 32 software was used to collect and 

process fluorescence data. All optical measurements were made in Hellma quartz 

microcuvette with 10 mm layer thickness. 

 

2.11 Microscopy 

2.11.1 Optical Microscope 

Microscopic observations of MLVs of DiA-16-Cl were performed using an 

AmScope microscope equipped with digital camera Model# MD800E. 

 

2.11.2 Cryogenic Transmission Electron Microscopy (Cryo-TEM) 

           The transmission electron microscope (TEM) is a very powerful equipment for 

materials science. A high energy beam of electrons is generated and shone through an ultra-

thin specimen, and the interactions between the electrons and the nano-scale component 

such as atoms can be used to investigate and visualize specimens in detail, as small as a 

single column of atoms. The basic principle of TEM is the same as a light microscope but 

electrons instead of light are used. The wavelength of electrons is much smaller than light 

so that the resolution obtained for TEM images is much higher than light microscope 

resolution 14. 
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Cryo-TEM is used to observe specimens that are frozen in a thin layer of amorphous 

water, so that their original sizes and shapes are preserved. A schematic of the process used 

to prepare the specimens is shown in Figure 2.15. Cryo-TEM measurements were made on 

a JEOL JEM 1400 EM with an operating voltage of 80 KeV. Two milliliters of SUVs at 

concentrations of 0.1 mg/ml and 1 mg/ml DiA were made with the extrusion technique and 

their size checked with DLS. Holey Carbon film, 400 mesh copper TEM grids (Ted Pella, 

Inc., Redding, CA) were immersed in the sample. Filter paper was used to blot excess 

sample from the grid to reduce film thickness, and the grid was submerged into liquid 

ethane (−183°C) very quickly. The sample was then transferred to liquid nitrogen (-195 

°C) for storage. The Cryo-TEM instrument (Figure 2.16) was equipped with a special 

holder for the electron microscopic grid with the sample. The holder was composed of a 

small dewar for holding liquid nitrogen for cooling. There is a thermally conductive 

connection between the tip and dewar for cooling the tip of the holder adequately. Clamp 

rings fixed the grid with vitrified film onto the cooled tip 15,16. 

 

Images were captured using a Gatan DualVision 300 (1k), side entry cooled CCD 

camera, or a Gatan Outer SCAN 1000 CCD Camera. Image capture, processing, and 

analysis were performed with Gatan Digital Micrograph software. 
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Figure 2.15 The Cryo-EM specimen by plunge-freezing. Reprinted and adopted from 

reference 15, with permission. Copyright (2018) Biochimica et Biophysica Acta (BBA)  
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Figure 2.16 Cryo-EM instrument. a) Electron microscope using 120 kV field emission 

electron source (TEM JEOL JEM-1400) with a magnification range of 50X - 

2,000,000X. The resolution is 0.20nm (lattice image). b) cryo-transfer specimen holder. 

c) Inserting a frozen grid on a cryotransfer into the TEM at -170° 15. Reprinted and 

adopted from reference 15, with permission. Copyright (2018) Biochimica et Biophysica 

Acta (BBA).  

 

 

2.11.3 Confocal Laser Scanning Microscope 

GUVs of DMPC/DiA-16-Cl were imaged by confocal fluorescence microscopy 

using the FluoView 3000 scanning system configured on an IX83 inverted microscopy 

platform (Olympus, Center Valley PA). Images were taken at room temperature, and at 

https://www.instrumentschedule.com/fom/schedule?equipid=1264


 

53 

 4 °C. Imaging chambers (10 μL) containing GUVs of DMPC/DiA-16-Cl were formed 

between two coverslips (25 × 25 mm2, Fisher Scientific) sealed with vacuum grease. 
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 CHAPTER 3 

CHAIN LENGTH AND HEADGROUP DEPENDENCE OF PHASE 

        SEPARATION IN MIXED VESICLES OF DIA AND PHOSPHOLIPIDS 

 

3.1 Introduction 

 

 

In the cell membrane, a 30Å (an average thickness of phospholipid bilayer) 

hydrophobic film separates the interior of cells from the extracellular space. Cell 

membranes are investigated with and without the presence of the protein molecules that 

exist in living cells. In the absence of proteins, lipid structure affects the asymmetry of the 

bilayer, the formation of lipid domains and the gel to liquid phase transition temperature 

of the lipids. For decades biophysicists and biochemists have studied how lipid components 

of membranes, their arrangement and distribution of charge, and their domain structure 

affect cell behavior with their environment. The main role of lipids in the cell membrane 

is as a permeable barrier in the form of a lipid bilayer. Different parameters affect the 

behavior of cell membranes in their interaction with the environment. These parameters 

include chemical composition, membrane charge distribution, structural and dynamical 

characteristics and lipid domains 1-3. 

Phospholipids are the main components of cell membranes and 

phosphatidylcholine constitutes the most abundant lipid in mammalian membranes and in 

https://en.wikipedia.org/wiki/Cytoplasm
https://en.wikipedia.org/wiki/Cell_(biology)
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eukaryotic organisms. Phosphatidylcholines are the most widely used lipids in model 

studies of cell membranes. Phosphatidylcholine and water systems form various phases 

and have different phase transitions that are of biological relevance 4, 5. 

Phospholipids have a polar portion and non-polar portion in their structure and 

contain phosphorous. Alcohol in phospholipids is linked to the hydrophobic acyl chains 

and different variety of alcohols leads to a wide diversity of phospholipids. Different types 

of hydrophobic head groups and aliphatic acyl chains result in various kinds of 

phospholipids. Based on the alcohols contained in the phospholipids, they are categorized 

in two groups, glycerophospholipids and sphingomyelins. The structure of 

glycerophospholipids (Figure 3.1) depends on the type of headgroup, chain 

saturation/unsaturation and length of the carbon chain. Phosphatidylcholine (PC), 

phosphatidylethanolamine (PE), phosphatidylserine (PS), phosphatidylinositol (PI) are 

some types of glycerophospholipids with different head groups  Figure 3.1 6, 7. 
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Figure 3.1 Phospholipid structures: glycerophospholipids and sphingomyelins (SM)   PC: 

Phosphatidylcholine, PE: phosphatidylethanolamine, PS: phosphatidylserine, PI: 

phosphatidylinositol, SFA: saturated fatty acid, UFA: unsaturated fatty acid, FA: fatty 

acid 6. Reprinted and adopted from reference 6, with permission. Copyright (2015)  

Prostaglandins, Leukotrienes and Essential Fatty Acids. 

 

The relative size of the lipid polar head group and non-polar tails determine the 

shape of a membrane lipid, as shown schematically in Figure 3.2. Lipids with the similar 

cross sectional areas of the headgroup and hydrophobic tail, such as phosphatidylcholine 

(PC) and saturated PE molecules have a cylindrical shape and zero intrinsic curvature. 

Lipids with larger hydrophobic tails compared to smaller head groups, such as unsaturated 

PE molecules, have negative curvature that leads to inverted curved assemblies. The 

geometrical critical packing parameter (CPP) has been introduced to indicate a preferable 

shape of lipids under various conditions. This parameter is defined as P=V/α0lc , where V 

is the volume of hydrophobic part of the lipid, lc is the approximate length of the 

hydrophobic group, and α0 is the average surface area of the polar headgroup. In a lipid 
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bilayer with a cylinder shape, the packing parameter is around 1 (for PC lipids) and CPP 

for unsaturated PE is more than 1 because the area of acyl chain is much larger than 

phospholipid head group and inverted curvature occurs. For CPP less than 1, the cone 

packing shape results in a spherical micelle structure (Figure 3.2) 8-12. 

 

                        

                     (a)                  (b)                     (c) 

Figure 3.2 The effect of the critical packing parameter on the structures formed from self-

assembly of amphiphiles. (a) Values of the critical packing parameter (CPP). (b) 

Geometric form of the molecules. (c) Large scale aggregates structures 10. Reprinted and 

adopted from reference 10, with permission. Copyright (2013) Royal Society of 

Chemistry. 
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The organization of lipids in bilayers involve the formation of lipid domains. Since 

lateral movement only occurs in the fluid and not the gel regions, and biologically 

important in-plane bioreactions (e.g. gene expression, enzyme activity, binding of 

receptors) only take place in the fluid regions, it is important to study the lateral 

organization of lipid domains. In a one component system, the width of the transition in a 

DSC experiment is the coexistence temperature region over which both gel and fluid lipids 

exist. In two component systems, there can be non-ideal mixing, where there is a broad 

gel-fluid coexistence region in the phase diagram. In DSC experiments, this is manifest in 

the width of the phase transition. In this region, in the two component system, there can be 

a distribution of lipids in either of the phases and the size of the clusters (i.e. regions where 

there are either gel or fluid phase lipids) can vary from small clusters (~ 10 nm-50 nm) to 

the size of the vesicle. There can be both fluid and gel clusters as well as compositional 

clusters, composed of the same lipid component, which also play a role in membrane 

surface reactions (enzyme activity, receptors). Large clusters (μm) can be observed in 

GUVs using fluorescence microscopy, while small clusters have been observed using 

atomic force microscopy (on supported substrates) and neutron scattering (lower limit 10 

nm), or modeled using Monte Carlo methods. Experiments on lipid mixtures such as 

zwitterionic DMPC/DSPC have been investigated using a range of techniques and 

simulations. DiA-Cl is of interest because it is both a lipid and fluorescent dye and has a 

charge. 

In this research PC and PE are chosen due to the important role they possess in cell 

membranes. PE lipids are crucial in membrane fusion and they are one of the main lipid 
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components of the inner bacterial membrane, which contains 70–80% PE in the inner 

membrane of Escherichia coli (E. coli). An important lipid constituent of the animal cell 

membrane is PC. PC also plays an important role in nourishing the brain and is a significant 

substrate for the synthesis of the neurotransmitter acetylcholine 4, 13, 14. 

The choline group in PC is larger than the ammonium group in PE, which leads to 

a larger cross-sectional area of PC compared to PE. Thus, the order of the hydrocarbon 

chains in PC bilayers is lower than in PE bilayers.15 All these characteristics affect the 

phase transition temperature. Measuring the gel to liquid phase transition temperatures (Tm) 

is significant for understanding how a lipid bilayer behaves in a system. Various inner and 

outer parameters affect the main phase transition temperature of lipid bilayers. For 

instance, inner parameters such as chain length difference in two acyl chains, chain 

saturation or unsaturation and finally headgroup size and structure affect Tm. Outer factors 

like pressure, pH and aqueous solution composition also affect Tm. In this dissertation, we 

focus on how inner parameters affect the phase transition behavior 16. 

Comparative phase transition temperatures between PE and PC bilayers show that 

the PC bilayer phase transition  temperature is lower than PE bilayer with equivalent alkyl 

chain lengths. The smaller ammonium headgroup of PE allows the formation of 

intermolecular H-bonds between the phosphate group and the carboxyl oxygen atoms of 

neighboring PE molecules, due to the smaller number of bound water molecules compared 

to PCs. Thus, some of the intramolecular hydrogen bonding between PE and water is 

substituted by intermolecular H-bonds that make interlipid contacts stronger. In contrast, 

intermolecular H-bonding does not exist in PC bilayer. PCs are neutral molecules but weak 

https://www-sciencedirect-com.libproxy.temple.edu/topics/biochemistry-genetics-and-molecular-biology/bilayer-membrane
https://www-sciencedirect-com.libproxy.temple.edu/topics/biochemistry-genetics-and-molecular-biology/transition-temperature
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Coulombic attraction between the positive charge of the choline group of one DMPC 

molecule and the negatively charged carboxyl or phosphate of neighbor molecule form by 

charge pairs (Figure 3.3) 13, 16-18. 

 

              

(a)                                                        (b) 

Figure 3.3 Charge pairs formation stereo views. (a) An intermolecular interaction 

between one DMPC choline methyl group (N-CH3) and non-ester phosphate oxygen 

atoms of neighbor DMPC molecule, triple pair. (b) An intermolecular interaction 

between one DMPC choline methyl group (N-CH3) and carbonyl oxygen atoms of 

neighbor DMPC molecule, double pair 18. Reprinted and adopted from reference 18, with 

permission. Copyright (1999) Biophysical Journal. 

 

 

There are a wide range of studies on how small molecules interact with membranes. 

Understanding this mechanism is important in biological processes and there is a great 

interest in how physical properties such as domain structure of membranes change by 

interacting with small molecules or nanoparticles and even the degree of perturbation when 

nanoparticles interact with membranes.   

https://www-sciencedirect-com.libproxy.temple.edu/topics/biochemistry-genetics-and-molecular-biology/atom


 

63 

In this research we investigate how DiA, which is a lipophilic aminostyryl probe, 

inserts into lipid bilayers. DiA is a styryl dye (styryl  C6H5-CH=CH- is monovalent radical 

that is derived from styrene and dyes that include this radical are named styryl dyes). Styrl 

dyes have been used in various biophysical applications in the last 25 years. Compared 

with classical cyanine dyes, the photostability of styryl dyes is much higher. The properties 

of styryl dyes such as their fluorescence, photostability, etc are good, and their properties 

depend on the external environment. Furthermore, the synthesis of styryl dyes is not 

difficult, their wavelength range can be tuned and they have been incorporated in a wide 

range of fluorescent probes that are used for high technology applications 19.  It is important 

to choose a suitable fluorescent probe that shows properly how the membrane behaves in 

the environment. DiA strongly associates with lipid vesicle bilayers 20. 

Lipophilic dye probes are widely used for labelling of cells, organelles, liposomes, 

viruses and lipoproteins. The lipophilic dye diffuses in the membrane and stains the cell 

and cells even tolerate the lipophilic dye in high concentration. The fluorescence of styrl 

dyes increases after insertion into the hydrophobic environment of the lipid membrane 

compared with their fluorescence in the aqueous phase solution. These dyes have been used 

to investigate synaptic vesicle recycling in neurons and their fluorescence intensities 

depended on their lipophilic tail length. The lipophilic aminostyryl dyes DiA are commonly 

used as neuronal tracers and for macrophage targeting and tracking. Compared with DiI 

(see below Figure 3.7) and other lipophilic fluorescent probes, DiA diffuses faster in 

neuronal membranes, where DiO staining sometimes fails. DiA is also used as a second 

color with DiI for neuronal tracing in fixed tissues. Thus, DiA is useful as a fluorescent 
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probe. It has a broad emission spectrum that enables it to be used as orange and red 

fluorescence based on the type of the optical filter applied. Amino styryl dyes are not 

soluble in aqueous environments but diluting them in organic solvents allows their 

fluorescence to be detected (Figure 3.4 and 3.5). Styryl dyes exhibit non-linear optical 

properties such as second harmonic generation (SHG), which makes them novel probes for 

interfacial properties in bilayer surfaces 21, 22 23. 

The molecular formula of DiA; 4-Di-16-ASP (4-(4-(dihexadecylamino)styryl)-N-

methylpyridinium iodide) is C46H79IN2 with 787.048 g/mol molecular weight (Figure 3.6).  

It has a fluorophore that arranges parallel to the acyl chains in phospholipid membranes 

(Figure 3.7). The two alkyl tails of DiA insert into the membrane, and the fluorescent 

headgroup is therefore perpendicular to the bilayer surface. 

 

 

Figure 3.4 Normalized fluorescence emission spectra of DiA-16-I 24. 

(https://encapsula.com/products/macrophage-depletion-reagents-clodrosome/standard-

reagents/fluoroliposome/fluorescent-macrophage-depletion-kits/fluorescent-dia-

macrophage-depletion-kit/). 
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Figure 3.5 Uptaking of fluorescent liposome containing DiA by macrophage process 24. 

(https://encapsula.com/products/macrophage-depletion-reagents-clodrosome/standard-

reagents/fluoroliposome/fluorescent-macrophage-depletion-kits/fluorescent-dia-

macrophage-depletion-kit/). 

 

 

 

Figure 3.6  Structure of DiA-16-I 
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Figure 3.7 Location and orientation of fluorescent membrane probes in a phospholipid 

bilayer: A) DPH, B) NBD-C6-HPC, C) bis-pyrene-PC , D) DiI , E) cis-parinaric acid , F) 

BODIPY 500/510 C4, C9 , G) N-Rh-PE , H) DiA and I) C12-fluorescein 23.( Molecular 

Probes ™ Handbook A Guide to Fluorescent Probes and Labeling Technologies. 11th 

Edition ed.; Life Technologies Corporation: 2010). 

 

 

The mechanism of incorporation of styryl dyes into cell membranes, the location 

of the styryl dyes in the lipid bilayer, if the dyes are inserted into just the outer leaflet or 

both leaflets (by flip-flop mechanism), or by exchange between vesicles is not known. In 
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this dissertation we have used nano-differential scanning calorimetry (nano-DSC) to 

compare gel-to liquid crystalline phase transition temperatures and dynamic light scattering 

(DLS), cryo-TEM, and confocal laser scanning microscope to investigate the insertion of 

the styryl dyes into zwitterionic lipid vesicles, PCs and PEs with different chain lengths 

and headgroups. Both MLVs and GUVs vesicles were used.  

Models of cell membranes often exclude the proteins, and consist of lipid vesicles 

that can be multilamellar vesicles, large (~100 nm) unilamellar or small (~30 nm) 

unilamellar vesicles. The packing of the lipids depends on the chain length, whether the 

chains are saturated or unsaturated, headgroup type and headgroup hydration. Although 

most membrane lipids are unsaturated, so that the cell membrane is fluid at 37°C, saturated 

lipids are often investigated in order to be able to monitor their gel (ordered) to liquid 

crystalline (disordered) phase transition temperatures by calorimetric methods. 

 

Cell membranes are heterogeneous and three phases are possible: gel (ordered), 

liquid disordered (Ld), liquid-ordered (Lo). The distribution and organization of lipids in 

cell membranes can range from completely homogenous to one where there are phase 

separated rafts. Phase separated systems include fluid(disordered)/fluid(disordered) and 

gel(ordered)/fluid (disordered) phases, e.g. for saturated and unsaturated lipids (Figure 3.8 

and 3.9). 
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                                               Unsaturated lipid     Saturated lipid+Cholestrol 

Figure 3.8 (left) GUVs and (right) phase separation in GUVs 25. Reprinted and adopted 

from reference 25, with permission. Copyright (2003) Biophysical Journal. 

 

 

 

 

                               

                             Gel Phase           Liquid ordered              Liquid disordered 

Figure 3.9 Three possible phases in cell membrane 

 

 

Phase separation occurs due to differences in chain lengths, charge, 

saturation/unsaturation and it can be observed in GUVs using fluorescent probes (large μm 

domains), in multilamellar (MLVs) or large unilamellar (LUVs) vesicles by calorimetry 

(domain size unknown < 10 nm2). Furthermore, phase separation can occur for liquid 
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disordered (Ld)/gel (ordered) and liquid ordered (Lo)/liquid-disordered (Ld), or lipids can 

be randomly mixed (Figure 3.10). 

 

 

           

(a)                                   (b)                                (c) 

Figure 3.10 (a) Liquid disordered/gel, (b) Liquid ordered- liquid disordered, (c) random 

disordered. 

 

In one study, DPPC was mixed with an unsaturated zwitterionic lipid (DOPC), an 

unsaturated anionic lipid (DOPG) and an unsaturated cationic (DOTAP). Mixtures of 

DPPC (zwitterionic) and anionic (DOPG), cationic (DOTAP) or zwitterionic (DOPC) 

lipids were used to form supported bilayers on mica substrates, and were investigated by 

atomic fluorescence microscope (AFM) and quantitative surface charge microscopy 

(QSCM). In all cases two phases were observed at RT, one composed of DPPC, and the 

other a mixture of DPPC/DOPC, DPPC/DOTAP or DPPC/DOPG where the DPPC was 

estimated to be 30%. For example in the case of mixtures of unsaturated negatively charged 

lipids (DOPG) with neutral unsaturated lipids (DPPC), two phases were observed, one for 

pure DPPC (same potential measured as for pure DPPC phase) and one with mixed 

DOPG/DPPC (potential less than pure DOPG phase) (Figure 3.11 and 3.12) 26. 
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Figure 3.11 Mixtures of DPPC (zwitterionic) and anionic (DOPG), cationic (DOTAP) or 

zwitterionic (DOPC) lipids 26. Reprinted and adopted from reference 26, with permission. 

Copyright (2018) Royal Society of Chemistry. 

 

 

                 

Figure 3.12 Schematic of cationic, anionic and zwterionic mixtures 26. Reprinted and 

adopted from reference 26, with permission. Copyright (2018) Royal Society of 

Chemistry. 
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3.1.1 Our research 

In this chapter we investigate a cationic dye, DiA-Cl and mixtures with zwitterionic 

PC and PE lipids, to investigate the effects of chain length and the headgroup size on 

incorporation of DiA-Cl into bilayers. We have used MLVs, since their μm size is similar 

to that of GUVs, so that if domains form they can be correlated with any observed in GUVs 

using fluorescence microscopy. Also, using small unilamellar vesicles (SUV) as a cell 

model system are arguable due to defects that occur in the bilayer because of their small 

size and high curvature. Thus, for having a closer biomimetic structure to that of a real cell, 

using LUVs, MLVs and GUVs is more common 20. 

 

As the alkyl chain length of the lipids increases, the gel-to-liquid phase transition 

temperatures (Tm) increases, since the van der Waals interaction increase with alkyl chain 

length. For the same length carbon tail, Tm of PE lipids is always greater than the PC lipids, 

due to the better packing of the smaller –N+H3 vs –N+(CH3) groups, and the intermolecular 

hydrogen bonding that exists in the PE but not the PC lipids. The mixed systems were 

investigated by nano-differential scanning calorimetry (nano-DSC), size and zeta-potential 

measurements, and fluorescence microscopy. 

 

We used a cationic fluorescent dye, DiA, which itself forms vesicles, to investigate phase 

separation in mixtures of DiA with zwitterionic lipids as a function of chain length and 

headgroup size. It is believed that for DiA-Cl, the two 16 C length tails insert into the 

membrane with the fluorophore oriented parallel to the phospholipid acyl chain. DiA 

comes in the iodine version, and was ion-exchanged with the chloride ion to make it more 

https://www.sciencedirect.com/topics/chemistry/unilamellar-liposome
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water soluble. With the modified dialkylaminostyryl fluorescent probe, 4-(4-

(dihexadecylamino)styryl)-N-methylpyridinium iodide (DiA), where the I- counterion was 

replaced with the Cl- anion, the hydration of the polar head increased and enabled self-

assembly of the DiA-Cl in water to form vesicles. A picture of aqueous solutions of DiA-I 

and DiA-Cl after films formed using CHCl3 were hydrated. Figure 3.13 shows the inability 

of the DiA-I to form vesicles compared with the DiA-Cl, which does form vesicles.  

 

 

                                                    

(a)                                                                                   (b) 

Figure 3.13  (a) Aqueous solutions of DiA-I (b) Aqueous solutions of DiA-Cl after films 

formed using CHCl3 were hydrated. 

 

The multilamellar vesicles (MLVs) formed from DiA-Cl had phase transitions (Tm = 44- 

47 °C) that could be monitored using nano-DSC. Thus, we do not need to add ethanol to 
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make DiA-I soluble. Optical microscope images showed the large, spherical MLVs formed 

(Figure 3.14).  

 

 

                                

Figure 3.14 MLVs of Di-16-Cl under optical microscope. 

 

 

 

LUVs prepared by extrusion had similar Tms. Images of DiA-16-Cl LUVs taken by Cryo-

TEM (Figure 3.15) show spherical 100 - 150 nm LUVs. After extrusion of 1mg/ml MLVs 

of DiA-16-Cl, the size of the vesicles measured by DLS was approximately 148 nm, similar 

to that obtained by cryo-TEM. 
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Figure 3.15 Cryo-TEM image of DiA-16-Cl vesicles. 

 

 

Images and phase transition temperatures of the lipids used are presented in Figure 3.16. 
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                         DMPC                        DPPC                       DSPC                      DMPE                   DPPE                     DSPE                      DiA-16-Cl 

           24 °C                          41 °C                        55 °C                        50 °C                    63 °C                       74 °C                       45-48 °C 

 

Figure 3.16 Structure, phase transition temperature of PC/PE lipids and DiA-16-Cl.
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3.2 Result and discussion 

3.2.1 DMPC/DiA-Cl MLVs 

In this case, there is a large difference in chain length (14 C vs 16 C), which results 

in a large difference in the main Tm for DMPC (23 °C) and DiA-Cl (48 °C), ΔT ~ 25 °C. 

Pure DiA-Cl has a broad phase transition temperature (~3 °C), while the phase transition  

temperature for DMPC is much narrower (~1 °C). The width of the transition reflects the 

gel-fluid coexistence region, where the individual lipids can be in either the ordered or 

disordered state. Thus there is a broader coexistence region for DiA-Cl than for DMPC. 

 

For DMPC/DiA-Cl ratios of 100/1 to 10/1, that is mole fractions of DMPC 

XDMPC/(XDMPC XDIA) = 0.99 to 0.91,  the narrow phase transition of DMPC shifts to lower 

temperatures (by ~ 2 °C), i.e. there is a single phase with approximately the same width  

(~ 1 °C), where the higher phase transition DiA-Cl fluidizes the DMPC, but where the DiA-

Cl and DMPC are not perturbed significantly by each other. As in the case of addition of 

DiA-Cl to excess DMPC, addition of DMPC to excess DiA-Cl (DMPC/DiA-Cl ratios of 

1/100 and 1/75 i.e mole fractions of 0.01 and 0.013) fluidizes the DiA-Cl vesicle but there 

is a single Tm, indicating a single phase. In fact DiA itself has the broadest phase transition 

(~ 3 °C). Since it is a single component, this may possibly be due to different orientations 

of the headgroup. Addition of even a small amount of DMPC, DMPC/DiA – 1/100 narrows 

this peak to ~ 1 °C (Figure 3.17). 
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For DMPC/DiA-Cl ratios 5/1, 2/1, 1/1, 1/5, and 1/50 (mole ratios of 0.83, 0.66, 0.5, 

0.16 and 0.02) two distinct peaks (i.e. phase transitions) occur. When DMPC is in excess, 

the high temperature phase grows in intensity as the amount of DiA-Cl increases. When 

DiA-Cl is in excess, the low temperature phase grows in intensity as the amount of DMPC 

increases. Since the Tm for both phases does not coincide with neat DMPC or DiA-Cl, the 

phases consist of both DMPC and DiA.  However, the fact that two phases appear in the 

1/50 but not the 50/1 DMPC/DiA-Cl indicate that the DMPC can more reasily 

accommodate DiA-Cl than the DiA-Cl can accommodate the DMPC in a single phase. 

Further,  the details of the assembly of the lipids in the single or two phase regions, and in 

the coexistence regions cannot be determined from the DSC data.  
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Figure 3.17 NanoDSC thermograms for DMPC/DiA-Cl (second heating cycle with ramp 

1°C/min) MLVs as a function of different ratios of DMPC/DiA-Cl. 

 

3.2.1.1 GUVs of DMPC-DiA-Cl 

 

In order to confirm whether the two peaks were evidence of phase separation, 

GUVs of the DMPC/DiA-Cl = 50/1 and 5/1 compositions were observed by fluorescence 

microscopy (Figure 3.18). For the DMPC/DiA-Cl = 50/1 composition, the fluorescence is 

uniform and intense, while for the 5/1 composition, there appear to be brighter and darker 
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regions of fluorescence. This indicates that there are two phases, one enriched in DiA and 

one enriched in DMPC. Since the fluorescence increases as DiA-Cl is diluted in DMPC, 

the regions of high fluorescence are attributed to the DMPC rich phase, while the regions 

of lower fluorescence are attributed to the DiA-Cl rich phase. 
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(a)                                                         (b)                                 

                                        

          (c)                                                                   (d) 

Figure 3.18 Confocal laser scanning microscope images for GUVs of DMPC/DiA-16-Cl 

in two different ratios: (a) 50/1 (DMPC/DiA-16-Cl), (b) 5/1 (DMPC/DiA-16-Cl). (c) 2/1           

(d) 1/1 (DMPC/DiA-16-Cl). 
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3.2.2 DMPE/DiA-MLVs 

For DMPE/DiA-Cl MLVs, although there is the same difference in carbon chain 

length (14 C vs 16 C), there is a much smaller difference in Tm between DMPE (Tm
  = 49.5 

°C) and DiA-Cl (Tm
  = 47 °C), ΔT = 2.5 °C. In this case, the phase transition broadens to 

 ~ 3 °C when DiA-Cl is included in DMPE or vice versa, indicating that there is a broader 

region over which there is the coexistence of both liquid and gel phases. When DiA-Cl is 

added to DMPE, the 50/1 (XDMPE = 0.98), 2/1 (XDMPE = 0.66) and 1/1 (XDMPE = 0.5) systems 

are in one phase, while in the DiA-Cl/DMPC, there are two phases. Similarly, when DMPE 

is added to DiA-Cl at 1/5 (XDMPE = 0.16), there appears to be a single phase (although the 

asymmetry may indicate two phases), while for the 1/5 DiA-Cl/DMPC system, there are 

clearly two phases. 

As in the case of DiA-Cl/DMPC, mixing of the component lipids results in a 

decrease in Tm, that is the minor component fluidizes the bilayer. Since DMPC and DMPE 

have the same alkyl chain length tails,  this difference must arise from the packing of the 

headgroups. There is no evidence of distinct phase separation. This suggests, as also 

manifest in the broadened coexistence region, that there are small clusters/aggregates of 

DiA-Cl/DMPC. 

As in the case of DMPC/DiA-Cl, even the 1/100 sample is narrower and 2 °C lower 

than the pure DiA (~ 4 °C). In fact, for all of the samples this was the case (Figure 3.19). 
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Figure 3.19 NanoDSC thermograms for DMPE/DiA-Cl (second heating cycle with ramp 

1°C/min) MLVs as a function of different ratios of DMPE/DiA-Cl. 

 

3.2.3 DPPC/DiA MLVs 

 

For DPPC/DiA-Cl and DPPE/DiA-Cl, there is no difference in carbon chain lengths 

(both 16). Here Tm = 41 °C for DPPC and Tm = 47-48 °C for DiA-Cl. As in the case of 

DMPC/DiA-Cl, the incorporation of DPPC into the DiA-Cl has a greater effect than the 

incorporation of DiA-Cl into the DPPC phase (Figure 3.20), and in both cases, the phase 

transitions are lowered compared with the neat lipids. For DPPC/DiA-Cl ratios of 100/1 to 

5/1 (XDPPC = 0.99 to 0.83) the incorporation of DiA-Cl decreases Tm with little broadening 
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(from 1 to 2 °C) of the transition until the 5/1 composition (XDPPC = 0.83). Thus, compared 

with DMPC/DiA-Cl, the one phase region exists until 5/1 (XDPPC = 0.83), whereas phase 

separation into 2 phases occurs at 5/1 for the DMPC/DiA-Cl. For 2/1 and 1/1 DPPC/DiA-

Cl (as well as 2/1 and 1/1 DMPC/DiA-Cl) there is evidence of phase separation. However, 

for 1/5 DPPC/DiA-Cl, the transiton is broad, while for 1/5 DMPC/DiA-Cl there are two 

transitions. Thus, the equivalence in alkyl chain length increases the single phase range for 

DPPC/DiA-Cl compared with DMPC/DiA-Cl. In the two phase region of DPPC/DiA-Cl, 

both transitions are below both those of neat DPPC and DiA-Cl. This indicates that both 

phases contain mixtures of the two lipids (Figure 3.20). 
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Figure 3.20 NanoDSC thermograms for DPPC/DiA-Cl (second heating cycle with ramp 

1°C/min) MLVs as a function of different ratios of DPPC/DiA-Cl. 

 

3.2.4 DPPE/DiA-Cl MLVs 

For the DPPE/DiA-Cl, Tm = 64 °C for DPPE and Tm = 46.0 for DiA-Cl, but both 

have the same alkyl chain length (C = 16). The width of the transition is narrow (< 1 °C) 

for DPPE and broad for DiA-Cl (~ 3 °C). When DiA is the minority component i.e. for 

DPPE/DiA-Cl = 100/1 to 35/1 (XDPPE = 0.99 to 0.97)  there is no shift in Tm and its width 

slightly broadens to 1 °C. Similarly, when DMPE is the minority component, i.e. for 

DPPE/DiA-Cl 1/100, 1/75, 1/50 and 1/20 (XDPPE = 0.01 to 0.047), Tm remains constant but 

the width of the transition increases from 2 °C to 3 °C. The 1/1 (XDPPE = 0.5) composition 

is extremely, broad (~ 10 °C) with a Tm ~ 53 °C. This is close to the average Tm of the 
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components (54.5 °C). It suggests that there is a broad coexistence region where there is 

pairing of the DPPE and DiA-Cl into doublets or small clusters, and suggests that the 

headgroup packing is dominant (Figure 3.21). 
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Figure 3.21 NanoDSC thermograms for DPPE/DiA-Cl (second heating cycle with ramp 

1°C/min) MLVs as a function of different ratios of DPPE/DiA-Cl. 

 

3.2.5 DSPC/DiA MLVs 

 

For DSPC/DiA-Cl and DSPE/DiA-Cl, there is a 1 carbon difference between the 

zwitterionic lipids (18 C) and DiA-Cl (16 C), and ΔT = 7.5 °C (Tm = 47.5 °C DiA-Cl and 

Tm = 55 °C DSPE). For DSPC/DiA-Cl ratios of 50/1, 5/1, 2/1 (XDSPC = 0.98 to 0.66), there 

is a decrease and broadening with increase in DiA-Cl. For DSPC/DiA-Cl ratios of 1/100, 
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1/50 (XDSPC = 0.01 to 0.02), the transition remains in the same place as the DSPC, but 

narrows (as always observed). For the 1/5 and 1/1 (XDSPC = 0.2 and 0.5) compositions, 

there are two close phase transitions, unequal in relative amounts, and between the 

transitions of the two neat lipids (Figure 3.22). For the 1/1 (XDSPC = 0.5) composition, the 

minor phase has a transition that is at the same Tm as 1/50 (XDSPC = 0.02), while for the 1/5 

composition, the minor phase has a transition that is at the same Tm as 1/100 (XDSPC = 0.01) 

and the major phase has a transition that is at the same Tm as the 2/1 (XDSPC = 0.66) 

composition. Although not all compositions were measured ny nano-DSC, the appearance 

of 2 phases for DSPC/DiA-Cl at 1/1 and 1/5 (1 C length difference)  is similar to the DPPC 

(same C lengths for DiA-Cl) rather than for DMPC/DiA-Cl (2 C length difference), where 

there was a wider composition range of two phase systems (5/1 to 1/50). 
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Figure 3.22 NanoDSC thermograms for DSPC/DiA-Cl (second heating cycle with ramp 

1°C/min) MLVs as a function of different ratios of DSPC/DiA-Cl. 

 

3.2.6 DSPE/DiA MLVs 

For DSPE/DiA-Cl, ΔT = 27.0 °C (Tm = 46.0 °C for DiA-Cl and Tm = 73 °C for 

DSPE). Addition of DSPE to DiA-Cl only slightly (< 1 °C) changes Tm of DiA-Cl for 1/75 

(XDSPE = 0.013) and 1/50 (XDSPE =0.01) compositions. Similarly, addition of DiA-Cl to 

DSPE only slightly changes Tm of DSPE for 50/1 (XDSPE = 0.98) and 5/1 (XDSPE = 0.83) 

compositions. However, for the 2/1 (XDSPE = 0.66), 1/1 (XDSPE = 0.5) and  1/5 (XDSPE = 

0.166) compositions, the Tm is between the two neat lipids and becomes increasing broad 

and weak (3 °C for 2/1, 6 °C for 1/1 and 10 °C for 1/5) as the amount of DiA-Cl increases 
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(Figure 3.23). Using Tm = (XDSPE)Tm
DSPE + (1-XDSPE) Tm

DiA, Tm = 64°C (2/1), 59.5 °C (1/1) 

and 50.5 °C (1/5) are calculated, compared with the experimental values of 67.5 °C (2/1), 

64 °C (1/1), and 49 °C (1/5). As in the case of DMPE/DiA-Cl, this suggests that rather than 

phase separate into two phases, there are clusters of DSPE/DiA-Cl in the coexistence 

region (of gel and fluid lipids) driven by their headgroup interactions.  
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Figure 3.23 NanoDSC thermograms for DSPE/DiA-Cl (second heating cycle with ramp 

1°C/min) MLVs as a function of different ratios of DSPE/DiA-Cl. 

 

3.2.6.1 Difference between Tm (Melting Temperature) and Tc (Crystalization 

Temperature) 

The Tm values presented above were all from the second heating cycle. The 

difference, between Tm and Tc, ΔT = Tm – Tc, gives additional information on the ease with 

which the gel phase forms during the cooling cycle. In the case of DMPC/DiA (Figure 

3.24), Tm ~ Tc, ΔT =0, i.e. the gel phase easily forms. However, for neat DiA-Cl, this 

difference is ~ 4 °C, indicating that the DiA-Cl lipids need more time to arrange in the gel 

phase structure. Small amounts of DMPC facilitate the formation of the gel, and at 1/5 

DMPC/DiA ΔT ~ 0. The same effect occurs for DMPE/DiA-Cl (Figure 3.25) and 

DSPC/DiA-Cl (Figure 3.26). 
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Figure 3.24 Difference between Tm and Tc as a function of molar ratio of 

DMPC/DiA(The lines are guide to the eye).  

 

 

 

Figure 3.25 Difference between Tm and Tc as a function of molar ratio of DMPE/DiA 

(The lines are guide to the eye).  
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Figure 3.26 Difference between Tm and Tc as a function of molar ratio of DSPC/DiA 

 

In summary, the nano-DSC data show the following trends: 

• For mixtures of DiA-Cl and PC lipids (DMPC, DPPC and DSPC), mixing always 

results in a fluidization of the bilayer, i.e. Tm decreases from the value of the neat 

lipid upon addition of the second component, even if it has a higher melt 

temperature. 

• As the number of carbon atoms in the PC differs from that of DiA-Cl (with 16 

carbons), the composition range where two phases are observed increases. 

• DiA-Cl and PE (DMPE, DPPE and DSPE) lipids, Tm
PE > Tm

DiA. For DPPE and 

DSPE, instead of phase separation between the lipids, there was little perturbation 
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of the Tm of the majority component at high and low XPE. When the mixing ratio 

was closer to 1/1, a very broadened Tm between the neat lipid Tms were observed. 

• When incorporated into bilayers, the DiA-Cl is more likely to associate with DPPC 

lipids than with DMPC and DSPC, where it has the same chain length and does not 

affect its transition temperature. 

• When incorporated into bilayers, DiA-Cl is more likely to associate with PE than 

PC lipids of comparable chain length. 

 

3.3 Zeta Potential (ζ) 

 

The charge of lipid bilayers affects their interactions with peptides, proteins and 

drugs. Local surface charge density of cell membranes affects localization of membrane 

proteins and entry of drugs and pharmaceuticals. The zeta potential provides only 

qualitative information about the surface charge in lipid bilayers. It measures the potential 

at the slip plane, shown schematically in Figure 3.24. In our experiments, zeta potentials 

were obtained at RT for LUVs (not MLVs) in the absence of salt, i.e. below Tm for all 

systems. 

 

3.3.1 Zeta Potential (ζ) of neat PC, PE and DiA-Cl vesicles 

The neat PE and PC are zwitterionic, but have a slightly nonzero ζ , since ζ can 

depend on the orientation of the headgroups (Figure 3.27 and 3.28).  
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Figure 3.27 Zeta potential measurement 27. Reprinted and adopted from reference 27, 

with permission. Copyright (2017) Analytical and Bioanalytical Chemistry. 
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Figure 3.28 Orientation of headgroups in PCs and PEs. 

 

ζ of PC lipids can be slightly negative since the hydrophobic methyl groups on 

choline can become partially buried in the hydrophobic region while the negatively 

charged phosphate groups are exposed to water (●). So, hydration of the headgroups can 

shield the negatively charged phosphate groups and decrease ζ (Figure 3.26). The value 

of the zeta potentials of the PC lipids used are ζDMPC = -25 mV, ζDPPC = -3 mV and ζDSPC 

= -4 mV.28 For the neat lipids of equivalent chain length, the zeta potential of the neat PE 

lipids are the same or more negative than the PC lipids.29 For example, ζDMPE = -30 mV.30 

 
 

                    

Figure 3.29 Orientation of headgroups in PCs 
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The order of the zeta potentials in water (no salt) for PC compared with PC lipids is ζ (PC 

lipids) > ζ (PE lipids), when the PC and PE lipids have the same length alkyl tail (Figure 

3.30).  

 

 

Figure 3.30 Zeta potential  for different ratios of PC/PE lipids to DiA-16-Cl (The lines 

are guide to the eye).  

 

This is because the smaller headgroup on PE lipids allows stronger hydrogen bond 

interactions between N+H3 and PO4
-. In this case, the headgroup would be less hydrated, 

the charge groups are less shielded and the zeta potential becomes more negative (Figure 

3.31). 
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Figure 3.31 Orientation of headgroups in PE lipids 

 

 

The zeta potentials in water for the neat DSPC, DPPC, and DMPC are in the order 

ζ(DSPC) ~ ζ(DPPC) > ζ(DMPC), Figure 3.27. The zeta potential for DSPC and DPPC was 

slightly positive, while the zeta potential for DMPC was negative. This suggests that the 

positively charged choline groups folded over and were partially buried in the hydrophobic 

region, exposing the negatively charged phosphate groups. In addition, at RT, this is near 

the Tm of DMPC; zeta potentials have been shown to decrease above Tm in the fluid phase. 

Similarly for the neat DSPE, DPPE, and DMPE, the zeta potentials are in the order 

ζ(DSPE) ~ ζ(DPPE) > ζ(DMPE), but in this case they are all negative (Figure 3.30). 

DiA-Cl is a cationic styryl dye, but the zeta potential of the positively charged DiA-

Cl is also near to neutral. Zeta potential of neat SUVs of DiA-Cl is 1.04 mV. This will be 

discussed in the section on neat DiA-Cl. 
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3.3.2 ζ of DiA-Cl and PC/PE Lipids 

DiA-Cl is a cationic styryl dye, but in water (no salt) it has an almost zero zeta 

potential, suggesting that the Cl- ion is closely associated with the headgroup. The lipid 

compositions of DiA-Cl with PE/PC can still have negative ζ, even for 1/1 molar ratios for 

the same reason. The Cl- ion associates with the N+ of DiA or PE (Figure 3.32). 

 

                          

Figure 3.32 Orientation of headgroups in PE/PCs with DiA-16-Cl 

 

Since the cationic lipid DiA is added to zwitterionic PC or PE lipids, the charge of 

the mixtures is expected to increase with DiA concentration, as observed (Figure 3.30). 

This is because the interaction of the negatively charged phosphate from the PC with 

positively charged DiA-Cl can neutralize the charge and allow other DiA-Cl to not bind 

the Cl- ions.                                        
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3.4 Fluorescence Data 

 

Fluorescent markers are often used to investigate phase separation and only give 

information on the ordering of the phase rather than the lipid composition. If we could see 

the fluorescence of different regions in GUVs, it might be possible to estimate the relative 

amount of DiA/lipid in each region, as shown qualitatively in Figure 3.18. 

 

3.4.1 Fluorescence of DMPC/DiA-Cl 

DiA-Cl is known to have low fluorescence in water, but fluoresces in the more 

hydrophobic environment of the lipid bilayer. The fluorescence spectra of DiA-Cl 

dissolved in water is shown in Figure 3.33 (intensity) and Figure 3.34 (wavelength) as a 

function of concentration. At very low concentrations (less than 0.0003 mg/ml), there is 

minimal fluorescence (< 1000) and the emission wavelength approaches 558 nm. This is 

true both for samples that have been dissolved directly in water, and those where MLVs 

have been prepared and diluted. There is a change in slope of intensity vs concentration at 

1 x 10-3 mg/mL, and a change in slope of wavelength (λmax
emission) at 1 x 10-4 mg/mL. This 

may be due to the formation of dimers or aggregates of DiA-Cl. At a concentration between 

1 x 10-2 mg/mL and 1 x 10-1 mg/mL, there is a maximum in the intensity (30,000 cps, 30 x 

greater) and wavelength (at λmax
emission = 648 nm), after which both decrease at higher 

concentrations. It is possible that at these concentrations vesicles form. Nano-DSC can 

barely detect the phase transition of the vesicles at 0.1 mg/mL, but it is observable. 
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However, the detection limits of the nanoDSC prevent monitoring of Tm at lower 

concentrations. Therefore, although there appears to be a critical vesicle concentration 

(CVC), fluorescence data cannot unambiguously determine the concentration at which it 

occurs. Further, as shown later (Chapter 4) the DiA-Cl by itself in vesicles self-quenches 

in the lipid bilayer. If this is the case, then the λmax
emission for DiA-Cl vesicles is 620 nm, 

the asymptotic value observed at high DiA-Cl concentrations, and these vesicles have very 

low fluorescence intensity (~ 10,000). 

 

 

 

Figure 3.33 Intensity as a function of concentration. Excitation wavelength: 430 nm . 
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Figure 3.34 Wavelength as a function of concentration. Excitation wavelength: 430 nm. 

 

 

A separate experiment with MLVs ahows the same trends, with changes in slope 

for intensity and wavelength occurring at the same concetrations as in previous 

experiments. The intensity increased (from 2000 to 30,000) and the wavelength increased 

from 558 nm to 650 nm, at concentrations of between 0.0001 mg/mL (for λmax) and 0.001 

mg/mL (for intensity)  (Figures 3.35 and 3.36). Since the DiA-Cl concentrations were not 

as high for these samples, only the beginning of the intensity decrease is observed. 

Note: Since the fluorescence depends on the incident light intensity, experiments on 

different days or with no standards cannot be compared. 
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Figure 3.35 Intensity as a function of concentration. Excitation wavelength: 430 nm. 
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Figure 3.36 Wavelength as a function of concentration. Excitation wavelength: 430 nm. 

 

 

In mixed lipid/DiA-Cl vesicles (as well as in neat DiA-Cl), the emission wavelength 

depends on the absorption used, since DiA has a broad absorption band (440nm – 500 nm). 

The nominal λmax
emission was given as 613 nm when using an absorption of 491 nm 31, or 

590 nm in DOPC 32. 

When vesicles are prepared with DMPC, the fluorescent intensity increases as the 

DMPC/DiA-Cl ratio increases, as shown for a DiA-Cl concentration of [DiA-Cl] = 0.00016 

mg/ml, in DMPC MLVs in water, where the fluorescence is highest and levels off at 

DMPC/DiA-Cl = 100/1 (Figure 3.37, 3.38 and Table 3.1). At concentrations of ~ 10-4 

mg/mL (Figure 3.30 and 3.31), any lipid in the aqueous phase will have fluorescence below 

about 5000 counts. Therefore, the DiA-Cl lipids in Figure 3.37 will all be in the form of 
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vesicles. There is also a shift to shorter fluorescence wavelengths, i.e. blue shifts (with the 

same excitation wavelength) as the DiA-Cl becomes more dilute in the DMPC bilayer 

(Figure 3.39), from λmax
emission ~ 592 nm to λmax

emission ~ 585 nm. From Figure 3.34, the 

value of λmax
emission ~ 592 nm is between the values measured at this concentration for 

MLVs and neat powder. The difference in λmax
emission between the lower and higher ratios 

indicates that the DiA-Cl becomes clustered as its mole ratio increases, affecting the 

fluorescence wavelength and intensity.  
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Figure 3.37 Fluorescence of MLVs DMPC/DiA-Cl in the same amounts of DiA 

Excitation wavelength:430 nm 
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Table 3.1 MLVs DMPC/DiA-Cl fluorescence spectra 

 

    DMPC/DiA Wavelength (nm) Emission Intensity            

(a.u.) 

100/1 583 nm 1.170 x104 

35/1 586 nm 9.67 x 104 

20/1 587 nm 7.00 x104 

5/1 594 nm 1.53 x104 

2/1 591 nm 6.80 x103 

1/1 597 nm 4.00 x 103 

1/5 591 nm 3.60 x 103 

1/100 590 nm 3.30 x103 

Pure DiA 587 nm 3.50 x103 
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Figure 3.38 Emission intensity versus molar ratio of DMPC/DiA-16-Cl 

 

 

 

Figure 3.39 Maximum fluorescence wavelength as a moles DMPC/moles DiA. 
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The fluorescence wavelength maximum also changes depending on the lipid, as 

shown in Figure 3.40 for DMPE/DiA-Cl, Figure 3.41 for DPPE/DiA-Cl and Figure 3.42 

for DSPC/DiA-Cl. In Figure 3.43 and 3.44 all lipids have the same amounts of DiA 0.05 

mg/ml and the fluorescence intensity is zero in the ratio of lipid/DiA, 1/100 to 1/1 and after 

1/1 ratio (1/1 to 100/1) the florescence intensity dramatically increase in all lipids. 

 

 

Figure 3.40 Fluorescence of MLVs DMPE/DiA-Cl , concentration of DiA 0.19 mg/ml 

excitation wavelength: 430 nm.  
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Figure 3.41 Fluorescence of MLVs DPPE/DiA-Cl, excitation wavelength: 430 nm  
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(a) 

 

(b) 

Figure 3.42 Fluorescence of MLVs DSPC/DiA-Cl , concentration of DiA 0.00016 mg/ml 

excitation wavelength: 430 nm  
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Figure 3.43 Wavelength as a function of different lipid/DiA (The lines are guid to the 

eye). 

 

 

 

Figure 3.44 Emission Intensity as a function of different lipid/DiA (The lines are guid to 

the eye).  
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3.5 Conclusion 

3.5.1 PE Lipids 

The phase separation does not occur for the any of the PE lipids (DMPE, DPPE or 

DSPE) with DIA-Cl. In all cases, Tm (PE) > Tm (DiA). When the majority phase is in large 

excess, there is only a small perturbation by the minority component. When the two lipids 

exist in similar amount, e.g. 5/1, 2/1 1/1, 1/2, 1/5, there is a continuous shift between the 

two neat transition temperatures, and the phase transition appears broad.This suggests that 

the two lipids are always homogeneously dispersed in each other. Since chain length does 

not affect these conclusions, the packing of the headgroups must determine the overall lipid 

packing, i.e. the Coulombic interactions of the phosphate groups with the positive charges 

of the cationic group on DiA-Cl is more important than the van der Waal interactions 

between the hydrocarbon chains. 

 

3.5.2 PC Lipids 

For the PC lipids, when the majority phase is in large excess, there are larger 

perturbations by the minority component. However, when the two lipids exist in similar 

amount, e.g. 5/1, 2/1 1/1, 1/2, 1/5, phase separation occurs and two transitions are observed. 

These effects are chain length dependent, suggesting that the larger –N+(CH3)3 group of 
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PC lipids have less effect on the energetics of lipid packing, so that the van der Waal 

interactions of the alkyl chains make a greater contribution to lipid packing.  



 

114 

 

References 

 

1. Schuette, O. M.; Mey, I.; Enderlein, J.; Savic, F.; Geil, B.; Janshoff, A.; Steinem, C., 

Size and mobility of lipid domains tuned by geometrical constraints. Proceedings of the 

National Academy of Sciences of the United States of America 2017, 114 (30), E6064-

E6071. 

2. Tarun, O. B.; Hannesschlaeger, C.; Pohl, P.; Roke, S., Label-free and charge-sensitive 

dynamic imaging of lipid membrane hydration on millisecond time scales. Proceedings of 

the National Academy of Sciences of the United States of America 2018, 115 (16), 4081-

4086. 

3. Van Meer, G.; Voelker, D. R.; Feigenson, G. W., Membrane lipids: where they are and 

how they behave. Nature Reviews Molecular Cell Biology 2008, 9 (2), 112-124. 

4. Li, J.; Wang, X.; Zhang, T.;  Wang, C.;  Huang, Z.;  Luo, X.; Deng, Y., A review on 

phospholipids and their main applications in drug delivery systems. Asian Journal of 

Pharmaceutical Sciences 2015, 10 (2), 81-98. 

5. Koynova, R.; Caffrey, M., Phases and phase transitions of the phosphatidylcholines. 

Biochimica Et Biophysica Acta-Reviews on Biomembranes 1998, 1376 (1), 91-145. 

6. Castro-Gomez, P.; Garcia-Serrano, A.;  Visioli, F.; Fontecha, J., Relevance of dietary 

glycerophospholipids and sphingolipids to human health. Prostaglandins Leukotrienes and 

Essential Fatty Acids 2015, 101, 41-51. 

7. Dowhan, W.;  Bogdanov, M.; Mileykovskaya, E., CHAPTER 1 - Functional roles of 

lipids in membranes. In Biochemistry of Lipids, Lipoproteins and Membranes (Fifth 

Edition), Vance, D. E.; Vance, J. E., Eds. Elsevier: San Diego, 2008; 1-37. 

8. Goldfine, H., Bacterial-membranes and lipid packing theory. Journal of Lipid Research 

1984, 25 (13), 1501-1507. 

9. Chen, Y. L.;  Helm, C. A.; Israelachvili, J. N., Measurment of the elastic properties of 

surfactant and lipid monolayers. Langmuir 1991, 7 (11), 2694-2699. 



 

115 

 

10. Ramanathan, M.; Shrestha, L. K.;  Mori, T.;  Ji, Q.;  Hill, J. P.; Ariga, K., Amphiphile 

nanoarchitectonics: from basic physical chemistry to advanced applications. Physical 

Chemistry Chemical Physics 2013, 15 (26), 10580-10611. 

11. Sprong, H.; van der Sluijs, P.; van Meer, G., How proteins move lipids and lipids move 

proteins. Nature Reviews Molecular Cell Biology 2001, 2 (7), 504-513. 

12. Shearman, G. C.; Ces, O.; Templer, R. H.; Seddon, J. M., Inverse lyotropic phases of 

lipids and membrane curvature. Journal of Physics-Condensed Matter 2006, 18 (28), 

S1105-S1124. 

13. Murzyn, K.; Rog, T.; Pasenkiewicz-Gierula, M., Phosphatidylethanolamine-

phosphatidylglycerol bilayer as a model of the inner bacterial membrane. Biophysical 

Journal 2005, 88 (2), 1091-1103. 

14. Dowhan, W., Molecular basis for membrane phospholipid diversity: Why are there so 

many lipids? Annual Review of Biochemistry 1997, 66, 199-232. 

15. Urbina, J. A.; Moreno, B.; Arnold, W.; Taron, C. H.; Orlean, P.; Oldfield, E., A Carbon-

13 Nuclear Magnetic Resonance Spectroscopic Study of Inter-Proton Pair Order 

Parameters: A New Approach to StudyOrder and Dynamics in Phospholipid Membrane 

Systems. Biophysical Journal 1998, 75 (3), 1372-1383. 

16. Huang, C.-h.; Li, S., Calorimetric and molecular mechanics studies of the thermotropic 

phase behavior of membrane phospholipids. Biochimica et Biophysica Acta (BBA) - 

Reviews on Biomembranes 1999, 1422 (3), 273-307. 

17. Hübner, W.; Blume, A., Interactions at the lipid–water interface. Chemistry and Physics 

of Lipids 1998, 96 (1), 99-123. 

18. Pasenkiewicz-Gierula, M.; Takaoka, Y.; Miyagawa, H.;  Kitamura, K.; Kusumi, A., 

Charge Pairing of Headgroups in Phosphatidylcholine Membranes: A Molecular Dynamics 

Simulation Study. Biophysical Journal 1999, 76 (3), 1228-1240. 

19. Deligeorgiev, T.; Vasilev, A.; Kaloyanova, S.; Vaquero, J. J., Styryl dyes – synthesis 

and applications during the last 15 years. Coloration Technology 2010, 126 (2), 55-80. 



 

116 

 

20. Moyano, F.; Silber, J. J.; Correa, N. M., On the investigation of the bilayer 

functionalities of 1,2-di-oleoyl-sn-glycero-3-phosphatidylcholine (DOPC) large 

unilamellar vesicles using cationic hemicyanines as optical probes: A wavelength-selective 

fluorescence approach. Journal of Colloid and Interface Science 2008, 317 (1), 332-345. 

21. Reeve, J. E.; Anderson, H. L.; Clays, K., Dyes for biological second harmonic 

generation imaging. Physical Chemistry Chemical Physics 2010, 12 (41), 13484-13498. 

22. Wu, Y.; Yeh, F. L.;  Mao, F.; Chapman, E. R., Biophysical characterization of styryl 

dye-membrane interactions. Biophysical journal 2009, 97 (1), 101-109. 

23. Molecular Probes  ™   Handbook  A Guide to Fluorescent Probes and Labeling 

Technologies. 11th Edition ed.; Life Technologies Corporation: 2010. 

24. https://encapsula.com/products/macrophage-depletion-reagents-clodrosome/standard-

reagents/fluoroliposome/fluorescent-macrophage-depletion-kits/fluorescent-dia-

macrophage-depletion-kit/. 

25. Veatch, S. L.; Keller, S. L., Separation of liquid phases in giant vesicles of ternary 

mixtures of phospholipids and cholesterol. Biophysical Journal 2003, 85 (5), 3074-3083. 

26. Fuhs, T.;  Klausen, L. H.;  Sonderskov, S. M.;  Han, X.; Dong, M., Direct measurement 

of surface charge distribution in phase separating supported lipid bilayers. Nanoscale 2018, 

10 (9), 4538-4544. 

27. Smith, M. C.;  Crist, R. M.;  Clogston, J. D.; McNeil, S. E., Zeta potential: a case study 

of cationic, anionic, and neutral liposomes. Analytical and Bioanalytical Chemistry 2017, 

409 (24), 5779-5787. 

28. Makino, K.; Yamada, T.;  Kimura, M.; Oka, T.; Ohshima, H.; Kondo, T., Temperature- 

and ionic strength-induced conformational changes in the lipid head group region of 

liposomes as suggested by zeta potential data. Biophysical Chemistry 1991, 41 (2), 175-

183. 

29. https://www.embl-hamburg.de/biosaxs/courses/embo2012/slides/lipid-systems-

willumeit.pdf 



 

117 

 

30. Morini, M. A.; Sierra, M. B.; Pedroni, V. I.; Alarcon, L. M.; Appignanesi, G. A.; 

Disalvo, E. A., Influence of temperature, anions and size distribution on the zeta potential 

of DMPC, DPPC and DMPE lipid vesicles. Colloids and Surfaces B: Biointerfaces 2015, 

131, 54-58. 

31. Brain mapping the methods / edited by Arthur Toga, John C. Mazziotta. 2nd ed.; 

Amsterdam ; Boston : Academic Press, c2002. 

32. https://www.thermofisher.com/us/en/home/references/molecular-probes-the-

handbook/fluorescent-tracers-of-cell-morphology-and-fluid-flow/tracers-for-membrane-

labeling.html. 

  



 

118 

 

CHAPTER 4 

H AGGREGATES OF LARGE UNILAMELLAR VESICLES 

 

4.1 Introduction 

Cyanine dyes consist of two nitrogen centers, one of which is positively charged 

and linked by a conjugated chain with an odd number of carbon atoms to the other 

nitrogen1. Streptocyanines (or open chain cyanines) have the formula R2N
+= 

CH[CH=CH]nNR2, hemicyanines have the formula Aryl=N+-CH[CH=CH]2-NR2, and 

closed chain cyanines have the formula Aryl=N+-CH[CH=CH]2-N=Aryl. The aryl group 

can be part of a heteroaromatic moiety such as pyrrole, imidazole, thiazole, pyridine, 

quinolone, indole, benzothiazole.  

DiA, is a hemicyanine dye whose structure is shown in Figure 1, and which is also 

referred to in the literature as di-n-ASP. Hemicyanines, which have the general formula 

Aryl=N+-CH[CH=CH]2-NR2, where the aryl group can be part of a heteroaromatic moiety 

(e.g. pyrrole, imidazole, thiazole, pyridine, quinolone, indole, or benzothiazole), have large 

molecular hyperpolarizabilities (~ 2 x 10-27 esu) and when attached to hydrocarbon tails, 

form amphiphilic molecules. The aliphatic tails permit incorporation into cell membranes 

or micelles, while the fluorescent properties originate from the cyanine headgroup. Cyanine 

dyes consist of two nitrogen centers, one of which is positively charged and linked by a 

conjugated chain with an odd number of carbon atoms to the other nitrogen1. In this form, 

long chain dialkylcarbocyanines such as dialkylaminostyryl dyes have been used as 

fluorescent probes2, in nonlinear optical applications and as models for light harvesting3,4. 
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Calculations indicate that the transition dipole coincides with the donor-acceptor dipole 

axis connecting the N atoms of the dialkylamino and pyridinium groups as expected for an 

intramolecular charge transfer system5, with most of the positive charge residing in the 

pyridinium ring in the ground state and shifting to the aniline ring in the excited state6. 

When used as fluorescent makers, hemicyanine (and most other) fluorescent dyes are used 

at low concentrations, while in their pure form their aggregation properties have been 

investigated. 

The absorption, fluorescence and quantum yields for these dyes depend on the 

individual molecules as well as their aggregate structures. In dilute solution, where 

individual molecules can be investigated, the viscosity and polarity of the medium 

determine absorption and fluorescent properties, while in aggregates, delocalized states 

exist and alter the absorption and fluorescent properties. The aggregate states are of 

particular interest because of their ability to capture energy. In nature, light harvesting 

organisms absorb light in antennae that consist of non-covalently bonded molecules, where 

there is energy transfer between the molecules. 

The lateral, non-bonded interactions of chromophores can result in so-called H or 

J aggregates, where energy transfer occurs over ensembles of molecules7-9, via delocalized 

Frenkel excitons10, which can be affected by intermolecular charge transfer and vibronic 

coupling11. Since the intermolecular interactions are weak van der Waals and hydrophobic 

forces, the structure of the aggregates strongly depends on the structure of the molecule 

containing the chromophore as well as the solvents and preparation conditions used to form 

the aggregates. ° 

When the transition moments of the molecules are nearly coplanar (parallel) an 

“angle of slippage”, θ, can be defined between the dipole moments of adjacent molecules, 

and excitation is only allowed from the ground state to one of two excited states, which 
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depends on θ. When θ is closer to 0 ° (θ < 32 ° or 54.7 ° ), so the dipoles are oriented head 

to tail (i.e. end-to-end), only a transition to the lower energy state is allowed leading to a 

bathochromic (red) shift in energy (J aggregate). The J band is narrow compared with the 

monomer, and has a small Stokes shifts and super-radiant behavior (large fluorescence 

yields). J-aggregates have efficient exciton coupling and fast exciton energy migration. 

When θ is closer to 90 ° (θ > 32 ° or 54.7 °), so that the dipoles are oriented head to head, 

only a transition to the higher energy state (S1) is allowed leading to a hypsochromic (blue) 

shift in energy (H aggregate). H bands have a broad width comparable to the monomer 

(and can have a complicated vibrational structure12,13), which decays only through 

nonradiative pathways (resulting in low fluorescence), and large Stokes shifts. A useful 

feature of H aggregates is that at high excitation densities exciton-exciton annihilation 

between singlet excitons, a major contributor to their optoelectronic properties (e.g. losses), 

is 3-10 times less for H compared with J aggregates14.   

J and H aggregates can self-assemble in solution15 or be organized into structures 

and films using Langmuir-Blodgett troughs. The relationship between absorption and 

fluorescent properties and aggregate structure, taking into account vibronic coupling and 

intermolecular charge transfer, has been investigated theoretically11. The relationship 

between aggregation number, packing geometry (e.g. dimer, 2D herringbone, linear, bent) 

geometrical size and morphology is not fully understood. The size dependent properties 

and the number of individual molecules over which there is delocalization have been 

investigated9. The attachment of alkyl chains results in amphiphilic molecules with two 

factors contributing to the resultant morphology, namely the hydrophobic interactions of 

the tails and the attractive π stacking interactions of the dyes16. In dilute aqueous solution 

polar headgroups attached to alkyl chains typically form micelles (for single alkyl chains) 

or vesicle bilayers (for double alkyl chains) due to the hydrophobic effect.  
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As in the case of dye monolayers prepared using the Langmuir-Blodgett method, 

the polar chromophore headgroups of micelles and bilayers can be described by 2 

dimensional  Kuhn brickwork structures16. 

J aggregates of carbocyanine dyes with two alkyl tails have been observed to self-

assemble into lamellar tubules, which can form ribbons, bundles and supramolecular 

assemblies that strongly depend on the substituents, with monomolecular layers or bilayers 

formed3,4. Without alkyl tails, dyes such as thiacarbocyanines form tubular aggregates as a 

function of concentration, with the dyes perpendicular to the fiber axes for the H aggregates 

and parallel to the fiber axis in the J form17. Addition of additives such as surfactants or 

alcohols can affect the resultant structure, so that even unilamellar and multilamellar 

vesicles have been observed18. For one of these cylindrical, bilayer forming dyes, 

theoretical analysis indicated that both chromophore layers were modelled as brick-layer 

lattices19 wrapped around the cylindrical surface, with the collective excitations of the 

molecules resulting from intermolecular dipole-dipole interactions as described within the 

Frenkel exciton model20. Molecular dynamic simulations (MDS) of this type of 

amphiphilic cyanine dye with one long alkyl chain formed less stable micelles and 

equilibrium single walled cylindrical or ribbon-like morphologies, where the arrangement 

of the molecules was very disordered; however there was no difference in the internal order 

between the different morpholgies21. The π-π stacking was strong for molecules close to 

each other, but long-range order was lacking, and the orientation of the transition dipoles 

was isotropic21.  

Dyes based on the 4-(p-aminostyryl)1-pyridinium chromophore were initially 

developed to monitor membrane potential based on the linear electrochromic response of 

the dyes with attached alkyl chains. This is possible since they insert into lipid bilayers 

with the chromophore perpendicular to the membrane surface. The nomenclature of these 
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dyes was di-n-ASP, with n = alkyl chain length22. Electrochromism has been suggested as 

a potential mechanism for the sensitivity of stilbazolium dyes22, but the polarity and 

viscosity of the environment also affect the radiationless deactivation (i.e. reduction in 

fluorescence)23. Unlike probes that respond to electric fields by a motional response that 

changes the orientation or environment of the probe and thus its spectral properties, the 

response of di-n-ASP is only through motion of the electrons6. 

The hemicyanine dye 4-(4-(dihexadecylamino)styryl)-N-methylpyridinium iodide 

(DiA-I), i.e. di-16-ASP or 4-DiA-16-ASP,  has previously been investigated and was 

shown to form H-aggregates in solution and in LB films, where it exists in a distribution 

of aggregate states24. Here we report the self-assembly of 4-(4-(dihexadecylamino)styryl)-

N-methylpyridinium chloride (DiA-Cl; 4-DiA-16-ASP), Figure 1, to form H-aggregates in 

aqueous solution. These assemblies eventually form lipid bilayer vesicles, beyond a critical 

vesicle concentration. In this case, the aggregate size can in principle be the size of the 

vesicles ~ 100- 200 nm diameter, although the number of molecules over which the exciton 

can exist can be much smaller. 
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Figure 4.1  (a) Structure of DiA-Cl, 4-(4-(dihexadecylamino)styryl)-N-methylpyridinium 

chloride (b) di-n-ASP. 

 

 

4.2 Experimental 

While MLV concentrations can be measured accurately, extrusion reduced the 

LUV concentration. Fluorescence spectroscopy was used to quantify the DiA-Cl 

concentration, by using calibration curves in ethanol, where the DiA-Cl does not aggregate. 

An example is shown in (See Figure 2.9 and 2.11, Chapter 2). The concentration of DiA-

Cl LUVs was one half the original concentration of MLVs. 
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(b) 
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4.3 Results and Discussion 

4.3.1 Dilute Solutions of DiA-Cl in organic solvents 

In order to understand the origin of the LUV fluorescence in vesicles composed 

completely of DiA-16-Cl, UV-Vis absorption and fluorescent emission spectra were 

obtained in organic solvents (at a dye concentration of 0.001 mg/mL) where only 

monomers are expected and in mixtures with DMPC vesicles, at high DMPC/DiA ratios. 

In organic solvents, two absorption peaks are observed. One is due to the lowest lying π- 

π* transition of the monomer at ~ 489-500 nm and the other at ~ 275 nm is a transition 

isolated on the pyridinium and phenyl rings, as previously observed for DiA-I (Figure 

4.2)24. Concentration dependent absorption spectra (shown in Figure 4.2) exhibit a single 

peak, indicating that there is no aggregation in these media. Similarly, when incorporated 

at low concentration in DMPC vesicles (refer to Chapter 3 Figure 3.37), a single peak is 

observed. Comparison of absorption maxima, emission maxima and Stokes shifts for DiA-

16-Cl (0.001 mg/mL) in a series of solvents of different polarities is presented in Table 1 

and Figure 4.3.  
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Figure  4.2 Concentration dependent absorption spectra of DiA in DMSO 
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Figure 4.3 Fluorescence spectra of DiA-16-Cl at a concentration of 0.001 mg/mL in 

different solvents(Excitation wavelength: 500 nm). 
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Table 4.1 Solvent dependent absorption (λ abs), emission (λ ems) maxima, zero point energies, 

Stokes shifts and intensities of DiA-Cl 

Solvents ε λ abs 
max 

nm 

λ emis 
max 

nm 

 

Ѵabs 

x 10-3 

cm-1 

Ѵemis 

x 10-3 

cm-1 

Ѵ00 =  

Ѵabs+ 

Ѵemis 

2 

x 10-3 cm-1 

Ѵ 

Stokes 

x 10-3 

cm-1 

Intensity 

a.u. 

         

decane 2.00       Not 

soluble 

Xylene 2.57 500 571 20.0 17.5 18.756 2.49 1.80 x105 

Toluene 2.38 499 581 20.0 17.2 18.625 2.83 3.30 x105 

CHCl3 4.81 513 582 19.5 17.2 18.337 2.31  

Isopropanol 17.9 499 604 20.0 16.5 18.298 3.50 5.60 x105 

1-Butanol 17.5 499 604 20.0 16.5 18.298 3.50 4.56 x105 

1-Octanol 9.85 489 593 20.4 16.8 18.656 3.58 1.30 x106 

Ethanol 24.5 495 605 20.2 16.5 18.365 3.67 2.22 x105 

Methanol 32.7 492 610 20.3 16.40 18.456 3.93 2.26 x105 

Ethylene 

glycol 

37.7 491 610 20.4 16.40 18.378 3.97 2.21 x105 

Acetone 20.7 489 615 20.5 16.26 18.354 4.19 3.2 x104 

Acetonitrile 37.5 489 616 20.5 16.23 18.341 4.23 2.90 x104 

DMSO 47.2 487 616 20.6 16.23 18.383 4.30  

         

DiA 

monomer in 

water 

78.4 465 570 

 

21.5 17.5 19.525 4.00  

  DiA in 

DMPC 

vesicles 

 460 580 22.0 17.2 19.49 4.50  

DiA neat 

vesicles 

 430 

 

 

650 

 

 

23.3 15.4 19.32 7.88  

 

As the solvent polarity increases from hydrophobic solvents such as xylene (it is 

insoluble in decane) to polar solvents such as acetonitrile and dimethylsulfoxide (DMSO), 

the absorption maxima (λ abs 
max) is slightly blue shifted (by ~ 10 nm), and the fluorescent 

emission (λ ems 
max) is red shifted by a larger (~ 45 nm) amount, so that the Stokes shift 
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increases with increasing solvent polarity. The zero point energy however, remains the 

same. The most blue-shifted λ abs 
max is for the monomer in water, but λ emiss 

max is 

comparable to non-polar organic solvents, resulting in a large Stokes shift. There is a large 

decrease in fluorescent intensity as the solvent polarity increases. However, both solvent 

polarity and viscosity affect fluorescent intensity, so there is not a monotonic trend as a 

function of only one of the variables. 

 

Symmetrical blue shifts in the absorption band and red shifts in the fluorescence 

band have been observed for the more soluble di-5-ASP25 and in cationic or zwitterionic 

amphiphilic hemicyanine dyes that are derivatives of aminostyrylpyridinium and its 

homologs22,26-29. This was suggested to be due to differential solvation in the ground and 

exited states28. In the ground state, the solvation shells forms around the charged 

pyridinium (or isoquinolium), while in the excited state it forms around the charged aniline 

(or aminonaphthaline). Polar solvents/nonpolar lower/raise the energy of the ground state, 

increasing/decreasing the excitation energy, so that polar solvents are blue shifted 

compared with nonpolar solvents. Since there are stronger solvation shells in polar 

solvents, this effect is greater in these solvents and the Stokes shifts increase with polarity. 

However, since both the ground and excited state solvation energies increase for polar 

solvents, the 00 energy is expected to remain the same. In organic solvents, for DiA-16-Cl 

and similar polar hemicyanine dyes28-30, the 00 energy, ѵ00 = (ѵA + ѵF)/2 is almost 

independent of solvent, suggesting that the stabilization by solvation is similar in the 

ground and excited states. 

 



 

129 

 

4.3.2 Dilute Solutions of DiA-Cl in water 

Short chain di-n-ASP with n = 5 has some water solubility, the longer chain 

analogues with iodide counter ions have virtually no water solubility. DiA-Cl, while more 

soluble than DiA-I, has very limited water solubility. Attempts to hydrate films of DiA-16-

I prepared in CHCl3 were unsuccessful (Chapter 3, Figure 3.13). Unlike DiA-16-I, DiA-

16-Cl (Figure 1) is capable of forming multilamellar (MLVs) and large unilamellar (LUVs) 

vesicles in water. Confirmation that vesicle bilayers are formed comes from a comparison 

of hydrated films of DiA-I and DiA-Cl (Chapter 3, Figure 3.13), optical microscope images 

of MLVs and cryo-TEM images of LUVs (Chapter 3, Figure 3.14 and 3.15), and the 

existence of a gel to fluid phase transition for both the MLVs and LUVs (Figure 4.4). The 

nano-DSC traces of DiA-Cl MLVs and LUVs (Figure 4.4) show a gel to fluid phase 

transition temperature of Tm = 44- 47 °C. The enthalpy of the transition for the MLVs is 

41.432 kJ/mol. Dynamic light scattering data indicates a number average size of ~ 120 nm 

diameter. 
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                                                               (a) 

 

 

(b) 

 

Figure 4.4 Nano-DSC heating and cooling curves for DiA-Cl, 1 mg/mL, extruded LUVs.  
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Surface tension and conductivity measurements as a function of 

concentration (Figure 4.5) show that there is a critical vesicle concentration (CVC) 

at which the bilayers are formed (similar to a critical micelle concentration) at  

~ 0.03 mg/mL.  The ability of the DiA-16-Cl and not the DiA-16-I to form vesicles 

can be attributed to the binding strength of ions to zwitterionic and cationic lipid 

membranes, which follows a Hofmeister series31. The larger, I- anions has lower 

charge density, is less hydrated (i.e. lower affinity for polar water) and is therefore 

more lipophilic, with much lower tendency to dissociate32. By contrast, the Cl- ion 

dissociates and can be solvated, leaving the DiA headgroup positively charged. 

However, the measured zeta potentials of the large unilamellar vesicles are 

approximately zero (Table 4.2). The low value of the zeta potential, which is 

the electric potential in the interfacial double layer at the location of the slipping 

plane (defined as the boundary between the bulk water and the vesicles, associated 

counterions and stationary water layer) suggests that the solvated Cl- counterion is 

closely associated with the positively charged headgroup in the region bounded by 

the slip plane, and is consistent with the low (μS/cm range) measured conductivities 

(Figure 4.5).  

  

https://en.wikipedia.org/wiki/Electric_potential
https://en.wikipedia.org/wiki/Double_layer_(interfacial)
https://en.wikipedia.org/wiki/Slipping_plane
https://en.wikipedia.org/wiki/Slipping_plane
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Table 4.2 Size and zeta potential of LUVs 

Concentration 

(mg/ml) 

Size (nm) Zeta potential (mV) 

4.00 118.0 -0.012 

2.00 119.0 -0.002 

1.00 119.0 -0.052 

0.500 121.0 0.786 

0.250 121.0 1.04 

0.125 120.0 0.740 

0.062 127.0 2.56 

0.031 138.0 8.39 

0.015 127.0 6.10 

 

Shielding of the positive charge of the headgroups is required for formation of the 

bilayer structure. Repulsion between the headgroups and of the positively charged 

DiA-16-Cl and shielding by solvated Cl- ions increases the size of the headgroup 

relative to the size of the hydrophobic tails. The equilibrium geometry of 

amphiphilic molecules is determined by their shape, i.e. the relative sizes of the 

headgroups to tails. hydrophobic tails. As the headgroup to tail size ratio increases, 

micelles or bilayer vesicles are formed33. Similar effects have previously been 

observed in amphiphilic cyanine dyes with one alkyl tail, where more dissociative 

acetate anions promoted micelles while less dissociative perchlorate anions 

promoted the formation of cylinders21. This occurs because more of the acetate 
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counterions exist in the bulk solvent, so that the aggregate has a net charge, 

increasing the effective size of the headgroup, which is known to promote 

formation of micelles over cylinders33.  
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Figure 4.5 Plots of (a) surface tension (sonicated) and (b) conductivity (sonicated) for 

LUVs of DiA-16-Cl (The lines are guid to the eye).  

 

 

Both UV-Vis and fluorescence data give some information on the state of the DiA-

Cl in aqueous solution. In the more soluble di-5-ASP, there is only a single UV-Vis 
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absorption at λmax
absorption = 475 nm in water 25. By contrast, UV-Vis data of neat DiA-16-

Cl LUVs and MLVs in water (Figure 4.6) as a function of dilution indicate that more than 

one species of DiA-16-Cl is present. Above Tm (at 55 °C)  there is a single broad λmax
absorption 

= 440 nm. Below the gel-to-liquid phase transition (at room temperature), Tm,  there are 

two peaks, λmax
absorption = 420 nm with a shoulder at ~ 510 nm. With increasing 

concentration there is a blue shift in the absorption band below Tm. This is a strong 

indication that the aggregates that form in solution or in the bilayer are H aggregates. We 

tentatively assign the shorter wavelength (higher energy) absorption (424 nm to 435 nm) 

to H aggregates of DiA-Cl in the LUVs/MLVs, while the longer wavelength absorption 

(482- 494) is assigned to DiA-Cl that does not participate in the H-aggregates. The two 

peaks are observed above the CVC, so the disorder exists in the vesicles themselves. The 

70 nm blue shift in the UV-Vis absorption spectra is blue shifted further than the other 

polar solvents (Table 4.1). As discussed further below, this suggests the formation of 

aggregate structures as the concentration increases.  
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                                                               (a) 

 

 

 

 

                                                     (b) 
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                                                       (c) 

 

 
                                                                   (d) 

 

Figure 4.6 UV-Vis spectra of aqueous solutions of (a), (b) DiA-Cl LUVs and (c), (d) MLVs 

as a function of concentration above and below the gel to fluid phase transition temperature, 

Tm.  
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In order to obtain UV-Vis spectra with a hundred fold difference in concentration, 

short pathlength cells were used (Figure 4.7). The UV-Vis spectra were analyzed using a 

single Gaussian peak or were deconvoluted into the sum of two Gaussian peaks (Figure 4.8 

show an example of the curve fitting, Table 4.3). The total area of the peaks in the region 

between 360 and 600 nm was a linear function of concentration, in the range of 2 mg/mL 

to 0.02 mg/mL. Between 2 mg/mL and 0.03 mg/mL there were two peaks one at 427 nm 

(H aggregate) and the other at 475-478 nm. The width of the 427 nm peak was about 45 

nm for all concentrations, but the 476 nm peak became slightly narrower with dilution, 

starting out at 100 nm wide and ending at 80 nm. The ratio of the integrated areas A427/A476 

decreased from ~ 0.70 to 0.50 with dilution, from 2 mg/mL to 0.3 mg/mL (Figure 4.9, 

Table 4.3). Since in this concentration range there are only vesicles, there must be two 

populations of DiA-Cl in the vesicles themselves. Below 0.05 mg/mL value, there was only 

a single broad peak at ~ 450-460 nm (Figure 4.10 ). 

 

 

 

                                               

                                            (a)                    (b) 

 

Figure 4.7 a) Starna short path length (0.001 mm) cell b) cell holder. 
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Figure 4.8 An example of curve fitting for LUVs of DiA 2 mg/ml



 

140 

 

 

Table 4.3 Analysed UV-Vis spectra in different concentration  

mg/mL λpeak1 

λpeak2 

FWHMpeak1 

FWHMpeak2 

FWHMpeak1 

FWHMpeak2 

Heightpeak1 

Heightpeak2 

Heightpeak1 

Heightpeak2 

Areapeak1 

Areapeak2 

Areapeak1+ 

Areapeak2 

Areapeak1 

AreaTotal 

Areapeak1 

Areapeak2 
          

4 427 46 0.46 0.279 1.43 13.7 34.4 0.66 0.66 

 475 100 0.195 20.7  

          

2 426 46 0.48 0.111 1.25 5.49 14.5 0.42 0.607 

 472 96 0.0881 9.04   

          

1 427 47.4 0.49 0.051 1.15 2.58 7.2 0.35 0.56 

 476 96.7 0.044 4.57  

          

0.5 427 49.8 0.51 0.023 0.82 1.23 4.0 0.3 0.437 

 475 98.0 0.0278 2.81  

          

0.25 427 51.7 0.58 0.0102 0.723 0.562 1.88 0.3 0.425 

 475 88 0.0141 1.321  

          

0.125 436 65.49 0.89 0.0104 0.94 0.727 1.58 0.3 0.84 

 488 73.0 0.0110 0.8577  

          

0.10 429 52.6 0.68 0.0030 0.72 0.169 0.535 0.31 0.46 

 478 77.5 0.0044 0.366  

          

0.08 428 45.3 0.57 0.00305 1.02 0.147 0.40 0.37 0.59 

 478 78.5 0.00298 0.248  

          

0.0625 433 44.6 0.60 0.00173 0.82 0.0822 0.247 0.33 0.496 

 480 74.1 0.0021 0.1654  
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Figure 4.9 Total area of the peaks as a function of concentration  

 

 

 
Figure 4.10 A single broad peak at ~ 450-460 nm in LUVs of DiA 0.001 mg/ml  
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The fluorescence data (Figure 4.11) also indicates that there is more than 

one environment for the DiA-Cl molecules. The data in Figure 4.11 were obtained 

below the CVC observed using conductivity and surface tension measurements 

(~0.05 mg/mL). Both the intensity and wavelength (λmax
emission) increase with 

concentration. However, as shown in Figure 4.12 both the intensity and λmax
emission 

start to decrease at the CVC. 

In the fluorescence spectra (Figure 4.11), at DiA-16-Cl concentrations > 

0.025 mg/mL, the fluorescent wavelength is ~ 642 nm, and then decreases with 

dilution to an almost constant value of 573 nm. Plots of fluorescent intensity and 

wavelength as a function of DiA concentration exhibit changes in slope at a DiA-

16-Cl concentration of ~ 0.003 mg/mL (Figure 4.12). This suggests that the peak at 

642 nm is attributed to LUVs, while that at 573 originates from free DiA-16-Cl (or 

small aggregates). 
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                                                                        (a) 

 

                                                                 (b) 

Figure 4.11 Fluorescence spectra of DiA-16-Cl LUVs as a function of dilution,(a) and (b) 

are same graphs in different scale, with absorption wavelength set at λmax
abs = 443 nm (slit 

width 5 nm). Peak at 525 nm is Raman scattering. Note: average λmax
abs = 459 nm.  
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Figure 4.12 Fluorescent intensity and wavelength as a function of DiA LUVs concentration 

 

The red shift in the fluorescence spectra (from ~ 573 nm for free DiA-16-Cl to 642 

nm for DiA-Cl in LUVs), as well as the above noted 70 nm blue shift in the UV-Vis 

absorption spectra (from ~ 494 nm for free DiA-16-Cl to 424 nm for DiA-Cl in LUVs) 

strongly suggests that the DiA-16-Cl in the LUVs form H aggregates. In the case of DiA-

I, the excitation band for the aggregates is blue shifted by 130 nm and the aggregate peak 

for LB films is blue shifted to ~ 350 nm24. The value of λmax
emiss = 573 nm for the monomer 

in water is presented in Table 4.1, and is more blue shifted than in DMSO (λmax
emiss = 616 

nm). In the intermediate regimes, there is a mixture of monomer and LUV fluorescence. 

One characteristic of H aggregates are their low fluorescence yields. However, the 

DiA-16-Cl fluorescence is even less in water as observed in Figure 4.13. If the fluorescent 
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intensity in the low concentration region (where there are no vesicles) is extrapolated to 

the high concentration region (where vesicles are observed), and assuming there would be 

a linear relationship between concentration and intensity of the isolated species, the 

fluorescence is predicted to be well below that obtained from the vesicles. 

At DiA-16-Cl concentrations much below the CVC, the fluorescence emission is 

attributed to fluorescence from non-bilayer structures. Since their concentrations are so 

low, it is not possible to determine if they exist as single DiA-16-Cl monomers in water, 

are in the form of ion pairs, or possibly larger aggregates or micellar structures. There is 

previous evidence of contact ion-pair formation in the case of styrlpyridinium dyes in low 

polarity solvents34. However, dynamic light scattering data cannot detect monomers of this 

size, or even small clusters or micelles of these molecules. Typically, cone shaped lipids 

(where the headgroup forms the base) such as lysophospholipids, or short chain lecithins35, 

form micellar structures, although at extremely low concentrations even DMPC and DPPC 

form micelles36. In the case of DiA-16-Cl, the large headgroup size may possibly allow the 

formation of micelles. 

Above the phase transition temperature, the two separate peaks are not as easily 

discerned. This may be due to increased disorientation of the headgroups. It is believed that 

the dipole of the DiA-Cl lies parallel to the long axis, and parallel to the alkyl chains, and 

thus perpendicular to the bilayer plane. The free rotation of the lipids in the fluid phase 

may enable rotation of the chromophore, which can decrease long range ordering of the 

headgroups. The width of the band does increase. The widths of absorption bands can be 

caused by disorder in the excitonic couplings and the transition energies, which in turn are 

caused by disordered stacking of the molecules in the aggregate21. The broad absorption 

band, which spans the same spectral region region as does the DiA-Cl below Tm, occurs at 

~ 440 nm at high vesicle concentrations and shifts to 465 nm at very low concentrations, 
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possible indicating further disruption of small aggregates. It is possible that the DiA in 

solution exists as isolated monomers, where the Cl- ion is dissociated from the cationic 

headgroup. 

 

In order to determine the wavelengths of the two fluorescence bands, it is possible 

to take advantage of the very broad nature of both the absorption and fluorescence bands 

of  DiA-16-Cl. Therefore, it is expected that absorption wavelengths attributed to either 

monomer or aggregate species can also excite the other population. If we assume that 

λmax
abs = 424 nm (H aggregates in LUVs) and λmax

abs = 494 nm (disordered or isolated DiA-

16-Cl), then the average absorption wavelength is λmax
abs = 459 nm. If the wavelength  

λmax
abs = 430 nm or λmax

abs = 500 nm are used to excite the DiA-Cl, the spectra in Figure 

4.13 are observed. When λmax
abs = 430 nm is used, the H aggregate excitation is favored. 

The H aggregate fluorescence at ~ 650 nm is higher than when the excitation is λmax
abs = 

500 nm, and starts shifting to lower wavelengths at much lower concentrations. When the 

λmax
abs = 500 nm (disordered DiA-Cl) is used for the excitation wavelength, at high DiA 

concentrations the emission spectra for the LUVs is shifted to lower wavelengths (from 

643 nm) and disappears at low concentrations, with only the 573 nm disordered 

fluorescence occurring. Thus, there are two distinct absorption bands and the fluorscence 

peak maxima can shift depending on the λmax
abs that is used. 
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                                                   (a) 

 

 

 

                                                   (b) 

 

Figure 4.13 Fluorescence spectra of DiA-16-Cl LUVs excited with (a) λabs = 430 nm or (b) 

λabs = 500 nm. (Slit width: 8 nm). 
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Alternatively, the emission wavelengths can be fixed and the absorption bands 

scanned. Figure 4.14 show scans when the emission wavelengths were set at 650 nm (H 

aggregate) with the slits at 8 nm and 2 nm. At 8 nm slitwidths, the major absorption peak 

occurs near 415 nm and decreases with dilution, but as the slit widths close, there is only 

one peak at ~ 460 nm, which does not shift with dilution (although it becomes weaker).  

When the emission is set at 570 nm, the peak at ~ 400 nm (H aggregates) disappears with 

dilution and the 465 nm peak (disordered absorption) grows, becoming sharper as the 

slitwidth decreases from 8 nm to 2 nm (Figure 4.15). In both cases, only the disordered 

peak at ~ 460-475 nm remains. In the more soluble di-5-ASP, there is only a single UV-

Vis absorption at λmax
absorption = 475 nm in water25. 
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                                                                     (a) 

 

                                                              (b) 

 

Figure 4.14 Emission wavelength set at 650 nm and excitation scanned; (a) Excitation 

wavelength: 350-630 nm, Emission wavelength: 650 nm, 8 nm slits and (b) Excitation 

wavelength: 300-630 nm, Emission wavelength: 650 nm, 2 nm slits. 
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                                                           (a) 

 

 

 

                                                              (b) 

Figure 4.15 Emission wavelength set at 570 and excitation wavelength scanned; (a)8 nm 

and (b) 2 nm slits, Integration time: 1 sec.  
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Therefore, for H-aggregates in aqueous media, the absorption is at 430 nm and the 

emission is at 650 nm, while for the disordered DiA-Cl or monomers, the excitation is at 

465 nm and the fluorescence is at 570 nm. These values are also listed in Table 4.1, along 

with values of DiA-I included as a minor component of a DOPC vesicle (and this same 

value was obtained when DiA-Cl was incorporated into DMPC LUVs). The values of 

λmax
absorption, λmax

emission and the Stokes shift for DiA-Cl (or DiA-Br) in vesicles is similar to 

that for the monomer of DiA-Cl in aqueous media, while neat DiA-Cl LUVs have a much 

larger Stokes shift. 

In the case of H aggregates of DiA-Cl in vesicles, the fluorescence is quenched, 

and is expected to be reduced with respect to that of the monomer in a nonaqueous 

environment of other lipid molecules. Therefore, to compare the relative fluorescence, 

vesicles were prepared with the same concentration of DiA-Cl, above and below the CMC, 

above and below Tm (Figure 4.16), and in mixed DMPC vesicles. Below the CMC, in the 

DiA-Cl concentration range where only disordered/single molecules dissolved in water are 

expected, the UV absorption maximum (460 nm) and intensity are the same above and 

below Tm. Similarly, the intensity and peak maxima (560 nm) of the fluorescence for the 

two samples are the same. This indicates that there is not much change in the environment, 

orientation of the DiA headgroups or degree of aggregation. By contrast, for the higher 

DiA-Cl concentration that is above the CMC, where LUVs exist, there is a single broad, 

slightly asymmetric absorption peak at λmax
abs ~ 455 nm above Tm, but there are two 

components below Tm,  one centered at λmax
abs ~ 425 nm and one at λmax

abs ~ 460 - 500 nm. 

The peak at λmax
abs = 425 nm originates from DiA as H-aggregates in the LUV vesicles, 

while the peak at λmax
abs = 460-500 nm arises from disordered DiA-Cl in vesicles. The 

absorption (λmax
abs = 460-500) and fluorescence (λmax

emission = ~ 575 nm) peaks are similar 

for DiA in LUVs above the CVC at T > Tm, for some of the DiA in the vesicles at T > Tm, 
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and for all the DiA below the CMC both above and below Tm. This suggests that DiA 

headgroup experiences an environment, orientation and/or degree of aggregation that is 

more similar to these systems. It is only below the CVC and below Tm that there is a blue 

shift in absorption to λmax
abs = ~ 425 nm and a red shift in the emission to 

 λmax
emission = ~ 660 nm for some of the DiA in the vesicles that are in the form of H 

aggregates. 

In Figure 4.16, there is a difference of a factor of 103 (from 0.0001 mg/mL to 0.1 

mg/mL) in the concentration of the DiA. Over this concentration range, the UV-Vis 

absorption tracks this change (it is off by ~ 5- 6, i.e. the absorption increases by ~ 170 not 

1000, possibly due to the nonlinearity of the detector over this large dynamic range). 

However, the fluorescence intensities increase by only a factor of ~ 6 as the concentration 

increases by 103, i.e. there is large fluorescence quenching for the LUVs composed of only 

DiA, as is expected for H aggregates. The similar intensity between the DiA vesicles above 

and below Tm, but large frequency shift as the LUVs undergo a phase transition from the 

ordered to disordered state is interesting. This suggests that most of the intensity from the 

gel phase arises from the DiA-Cl not in the form of H aggregates. It was estimated that 

only ~ 30% of the DiA-Cl were in the form of H aggregates. 
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                                                 (c) 

 

Figure 4.16 UV-Vis and Fluorescence spectra of DiA LUVs (extruded) above and below 

Tm at DiA-Cl concentrations above and below the CMC: ▬ 0.1 mg/mL above Tm; ▬ 0.1 

mg/mL below Tm; ▬ 0.0001 above Tm; ▬ 0.0001 mg/mL below Tm. The excitation 

wavelength for the fluorescence experiments was λabs = 430 nm. Slit width 8 nm. 

 

 

When DiA-Cl is incorporated into DMPC bilayer vesicles, the trends in absorption 

and fluorescence deviate from those observed in homogeneous solvents. At very low 

concentrations (below the CVC) of DiA-Cl, there is a large increase in intensity of DiA-Cl 

when it is incorporated into DMPC vesicles.  For  both [DiA-Cl] = 1.6 x 10-4 mg/mL 

(Figure 4.17 and Table 4.4) and [DiA-Cl] = 10-5 mg/mL (Figure 4.18)] the absorption 

maximum λmax
absorption = 460 nm and fluorescence emission, λmax

emission = 590 nm are the 

same for all compositions of DMPC/DiA MLVs. As the molar ratio of [DMPC]/[DiA] 

increases, the fluorescent intensity increases, and asymptotes at [DMPC]/[DiA] ~ 100/1, 

with a non-detectable  fluorescent intensity for the neat DiA-16-Cl as a monomer/aggregate 
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in water (since this is the form it is in below the CVC). In the case of di-5-ASP, the 

fluorescent intensity also increases as the lipid/chromophore ratio increases, and remains 

constant at a lipid/chromophore ratio > 100/1 25.  

 

 

 

 
Figure 4.17 Fluorescence spectra of neat DiA and DMPC/DiA LUVs. Excitation 

wavelength λ = 430 nm. Extruded LUVs Concentration of DiA, [DiA] = 0.00016 mg/mL, 

below the CVC. 
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Table 4.4 Wavelength and intensity for DMPC/DiA LUVS 

    DMPC/DiA Wavelength (nm) Emission Intensity            

(a.u.) 

100/1 583 nm 1.170x104 

35/1 586 nm 9.67 x 104 

20/1 587 nm 7.00x104 

5/1 594 nm 1.53x104 

2/1 591 nm 6.80x103 

1/1 597 nm 4.00x 103 

1/5 591 nm 3.60x 103 

1/100 590 nm 3.30x103 

Pure DiA 587 nm 3.50x103 
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(b) 

Figure 4.18 (a) Fluorescence Excitation and emission spectra of DMPC/DiA-Cl as a 

function of molar ratio, with [DiA] = 1 x 10-5 mg/mL 
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At higher concentrations of DiA-Cl, differences can be observed in the UV-Vis 

absorption spectra of neat DiA-Cl and DMPC/DiA-Cl mixed MLVs (Figure 4.19).  A 

single symmetric peak is observed for DMPC/DiA-Cl = 100/1, 35/1, 20/1, and 5/1, but a 

broadened peak with a long wavelength shoulder and a shift of the main peak to shorter 

wavelengths (characteristic of neat DiA-Cl) is observed for DMPC/DiA-Cl = 2/1, 1/1, 1/5 

and neat DiA-Cl.  

 

 

 
Figure 4.19 UV-Vis spectra of DMPC/DiA-Cl MLVs (0.01 mg/mL)  as a function of mole 

ratio at 25 °C. 

0

0.05

0.1

0.15

0.2

0.25

0.3

0.35

0.4

0.45

0.5

0.55

0.6

0.65

0.7

0.75

0.8

0.85

0.9

200 300 400 500 600 700 800

A
b
so

rb
an

ce
 

Wavelength (nm)

100/1

35/1

20/1

5/1

2/1

1/1

1/5

Pure DiA-16-Cl-0.01

mg/ml



 

160 

 

 

                                           (a) 

 
                                             (b) 

Figure 4.20 Fluorescence spectra of neat DiA and DMPC/DiA MLVs. Concentration of 

DiA = 0.05 mg/mL, above the CMC. Excitation wavelength λ = 430 nm. 
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At higher DiA-Cl concentrations, when DiA-Cl is incorporated into a DMPC 

bilayer, the intensity and wavelength of fluorescence depend on whether H aggregates can 

form. Figure 4.20 compares fluorescence data of DiA above the CVC at concentrations of 

[DiA] = 0.05 mg/mL in neat DiA and in DMPC/DiA MLV mixtures. The fluorescence of 

neat DiA, and DMPC/DiA = 1/20 and 1/50 all have very low fluorescence (25,000 cps) 

with λmax
emission

 ~ 660 nm. However, at these high DiA-Cl concentrations (e.g. 0.05 

mg/mL), the fluorescent intensity for DMPC/DiA-Cl ≥ 20/1 saturates the detector at 

spectrometer settings that can also be used for the weakly fluorescent DiA-Cl LUVs with 

greater moles fractions of DiA (so that we could also not investigate a 100/1 sample). 

Therefore, data have been compared at DMPC/DiA-Cl = 20/1 by diluting the sample to 

0.005 mg/mL (near the CVC). 

Above the CVC for MLVs for DMPC/DiA = 20/1, λmax
emission ~ 575 nm for both 

[DiA] = 0.05 mg/mL and 0.005 mg/mL. The  intensity of the DMPC/DiA = 20/1 sample 

was 3.5 x 106 cps for [DiA] = 0.005 mg/mL. When the 20/1 sample was diluted 10 fold to 

0.005 mg/mL (near the CMC), I20/1/IDiA = 153/1, so that at 0.05 mg/mL, the intensity ratio 

would have been I20/1/IDiA ~ 1.5 x 103/1. Thus the intensity of the DiA-Cl in the DMPC 

vesicles is > 103 greater than in the neat DiA vesicles, and would be even greater at 

DMPC/DiA = 100/1. In addition, the fluorescence of DiA-Cl in the neat vesicles is greater 

than its fluorescence in water (below the CVC), by at least a factor of 10, so that in mixed 

DMPC/DiA-Cl vesicles for (typically used ratios >100/1), the intensity of the DiA in the 

mixed vesicles is > 104/1.  For di-5-ASP, the fluorescence is ~ 100 times more intense than 

the aqueous probe25. 

What is interesting is the DMPC/DiA-Cl = 1/1 mixture. In this case λmax
emission ~ 

600 nm, and is asymmetric, with λmax
emission intermediate between the value in the neat DiA-

Cl (λmax
emission = 660) and the DiA-Cl diluted by DMPC (λmax

emission = 575 nm).  The 
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intensity is low and comparable to the neat DiA-Cl and DMPC/DiA-Cl = 20/1 and 50/1 

mixtures. This suggests that most of the DiA-Cl are organized in H-aggregates, and is 

consistent with the nano-DSC data (Chapter 3, Figure 3.17) which shows phase separation 

for this system. While a study of fluorescent wavelength and intensity as a function of H 

aggregate number is beyond the scope of this paper, the data at DMPC/DiA = 1/1 suggest 

that however the H aggregates are arranged, they are large enough to suppress fluorescence 

in the aggregates and also in DiA-16-Cl that are in proximity but not directly in the 

aggregates. It was suggested that nonradiative decay occurred between the H-aggregates 

and molecules in the aqueous phase. It is possible that here quenching occurs between the 

H aggregates and DiA surrounded by DMPC molecules. At a lipid/chromophore ratio < 

1/1 and the more soluble di-6-ASPPS22, blue shifts from the probe in water and a decrease 

in intensity are observed, similar to our observations for DiA-Cl. These were attributed to 

aggregation and fluorescence quenching. 

 

The blue shift in the absorbance spectra of DiA-16-Cl in DMPC vesicles compared 

with polar organic solvents as well as water (Table 4.1) can be explained if it is assumed 

that the headgroup has an orientation perpendicular to the bilayer surface (Figure 4.21), 

and that the solvent molecules cannot reorganize around the charge on the time scale of the 

absorption process, so that the excitation energy depends primarily on the stabilization of 

the ground state. In the ground state, the positive charge (pyridinium ring) is next to water, 

so its ground state stabilization should be comparable to that with water, while in the 

excited state, the charge (aniline) is in the nonpolar environment of the hydrocarbon chain, 

where it is destabilized. This raises its energy, resulting in a further blue shift6,25 compared 

with the DiA-Cl in water (as observed from 465 nm in water to 460 nm in DMPC vesicles). 

Since unlike the case of homogeneous media (where stabilization by solvation is similar in 
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the ground and excited states), here the excited state solvation energy increases more than 

the ground state solvation energy, resulting in a blue shift of the 00 energy (Table 4.1).  

     

 

 

 

 

 
 

Figure 4.21 Orientation of di-5-ASP which maximizes stabilizing polar and hydrophobic 

interactions with adjacent lipid molecules and the aqueous interface in a membrane. 
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4.3.3 Discussion H- Aggregates 

            There is much interest in energy transfer in molecular aggregates, which have been 

formed as Langmuir-Blodgett (LB) monolayers at the air-water interface or by spontaneous 

self-assembly. The self-assembled systems studied to date have been J-aggregates that 

formed tubes, where the dipole of the chromophore was parallel to the cylindrical surface. 

Here we have studied for the first time a system that self-assembles as H- aggregates into 

bilayer vesicles, and where the dipole of the chromophore is perpendicular to the vesicle 

surface.  

It is interesting that DiA-16-Cl forms vesicles at all and particularly H-aggregates 

(where the dipoles are aligned), since it might be expected that the repulsion between the 

positively charged headgroups (in the absence of added salt) would prevent this 

arrangement. However, the almost zero value of the zeta potential and the low value of the 

ionic conductivity indicate that the Cl- ions are closely associated with the vesicles. By 

contrast, when DiA-16-Cl is incorporated into zwitterionic DMPC vesicles, the zeta 

potential is positive, since the positive charge on the DiA-16-Cl can associate with the 

negative charge on the phosphate of the phosphatidylcholine headgroup. 

Previous studies of hemicyanine dyes consisting of Langmuir-Blodgett (LB) 

monolayers at the air-water interface, resulted in self-assembly into two dimensional H 

aggregates (blue shifted absorption) with weak fluorescence compared with the residual 

monomer fluorescence (in the case of N-(3-sulfopropyl)-4-(p-

dioctylaminostyryl)pyridinium)37. The authors proposed that that energy migration in this 

system occurs primarily from the aggregate to the monomer37. For 4-(4-

(dihexadecylamino)styryl)-N-methylpyridinium iodide, the LB films exhibited spectral (as 

well as spatial) heterogeneity, with bands assigned to the monomer existing in what were 
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called a liquid expanded phase and various aggregated species predominating in the liquid 

condensed phase24,38. 

Unlike the case of J aggregates, where the J band appears at a particular 

concentration and then remains constant, experimental and theoretical data on H aggregates 

show a strong dependence on shape and position as the concentration changes39. The 

change in shape occurs through the potential used for the interacting dipoles, Vnm =

 
μ2

rnm
3 (1-3cos α), where rnm is the distance separating n and m, and α is the angle between 

the transition dipole moment and an axis of the aggregate, and the interaction strength (C) 

is given be C =  ∑ Vnmn . For H aggregates, rnm, α, and C can change with concentration. 

At low concentrations, this sum can be dominated by low-N species (dimers, trimers), 

while more extended species occur at higher concentrations. By analogy, upon going from 

the gel (ordered, more compact) to the liquid (disordered, less compact) state, the distances, 

angles and population of small N-mers can increase. 

 

Although H aggregates are not formed, partitioning between aqueous and lipid 

LUVs was also observed for 6-propionyl-2-dimethylaminonaphthalene (Prodan) (Figure 

4.22 ). 
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Figure 4.22  6-propionyl-2-dimethylaminonaphthalene (Prodan) 

 

 

Prodan exhibits a concentration-dependent aggregation phenomenon in water, producing a 

blue shifted (from 523 nm) emission band at 430 nm, due to the aggregation of several 

monomers, as the concentration is increased above ~ 10-5 M, but not when incorporated 

into LUVs of DOPC42. At 5 x 10-6 M in homogeneous solvents, bathochromic (red) shifts 

in both absorption and emission are observed when the solvent becomes more polar, and 

depend on the polarity/polarizability, hydrogen bond donor (or acceptor) ability of the 

solvent. When incorporated into DOPC at 1 x 10-6 M, there is a hypsochromic (blue) shift 

in the absorption and emission spectra, due to the Prodan incorporation into a less polar 

environment compared with water. In the bilayer it senses two different environments, a 

polar region near the water interface and a less polar, less viscous environment between 

the phospholipid tails. 

 

Energy transfer and phase separation of components have been investigated in dye 

monolayers43-45. Langmuir-Blodgett troughs have been used to investigate cyanine dyes, 

either ones that have one or two long alkyl tails attached directly to the dye or mixtures 
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where the dye has one alkyl tail and a separate fatty acid chain has been mixed with it in a 

1/1 molar ratio(1)19.  

 

In the case of the aminostilbazolium (hemicyanine) fluorophore, λmax
Absorption = 475-

510 nm in solution, which is blue shifted as the solvent polarity increases, λmax
Absorption = 

460-480 nm in LB films, suggesting that the local environment of the chromophores is 

fairly polar5. AM1/CI computations on the chromophore unit indicates a single strong 

absorption at λmax
Absorption = 478.7 nm, with a blue shift when solvation effects due to a 

polar medium are considered, e.g λmax
Absorption ~ 417 nm in acetonitrile and 

dimethylsulfoxide5. Polarization studies indicate that in the LB films the transition dipoles 

of the chromophores are oriented at an angle (ϴ) with respect to the film normal, but that 

their azimuths (Ф) in the film plane have a random distribution. 

 

 

4.4 Conclusion  

 

DiA-Cl contains two hydrophobic tails with an ionic chromophore as the 

headgroup, and can form multilamellar (MLVs) or large unilamellar vesicles (LUVs) 

above a critical concentration (similar to a critical micelle concentration, CMC).  The 

absorption spectra DiA-Cl are blue-shifted in homogeneous solvents as the polarity 

increases and further blue shifted in mixed multilamellar (MLVs) or large unilamellar 

vesicles (LUVs) composed of DMPC and DiA. In neat DiA MLVs and LUVs the 

absorption spectrum is further blue shifted. Neat DiA-Cl vesicles have the largest Stokes 

shift compared with homogeneous solvents (including water) and mixed DMPC/DiA 
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vesicles. The hypsochromic (blue) shift in absorption, bathochromic (red) shift in 

fluorescence, and large Stokes shift compared with the DiA-Cl monomer in water, and the 

weak fluorescence emission, i.e. low quantum yield, indicate the DiA-Cl forms H-

aggregates in the neat DiA vesicles. However, in DMPC/DiA vesicles, the DiA is 

uniformly dispersed.  
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 CHAPTER 5 

EFFECTS OF FOLIAR APPLICATION OF SUPPORTED LIPID BILAYERS OF 

SILICA NANOPARTICLES ON CILANTRO PLANTS 

 

5.1 Introduction 

 

Nanoparticles (NPs) have varous interdisciplinary applications from medicine to 

environmental fields and agriculture sciences. In medicine, NPs have been used for drug 

delivery, biosensing and imaging. In environmental applications, nanoparticles are applied 

in remediation of diverse pollutants, clean energy production and waste water treatment. 

Hazardious waste sites can be cleaned by NPs, which can be costly by conventional 

methods. The use of NPs is increasing in agricultural applications. For example NPs are 

used in plant growth and development and plant productivity improvement for global food 

security 1-4. NPs have unique optical characteristics and they have been used as nanosensors 

for detection of pesticide and pathogens in plants 5. 

 

NPs are used in protecting and nourishing the plants. NP characteristics such as 

their size 10-100 nm, high surface area and the feasibility of attachment, make them 

capable to be used as nanodevices for pesticides, fertilizer and nucleic acid (DNA, RNA) 
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delivery. The most important advantage of using nanodevices in these areas is the ability 

of nanomaterials to decrease the pesticide dosage and the ability for controlled release. 

Silica (SiO2) is a versatile and biocompatible chemical with high stability. These 

properties of silica make it a suitable NP for pesticide delievery5-8. 

It is essential to investigate how the absorption process of NP occurs in plants and 

how NPs are taken up by plants. Furthermore, the interaction of NPs with plant cells need 

further studies. NP parameters, such as their size, surface properties and NP interaction 

with the environment (e.g. how they aggregate and adsorb materials from their 

environment), as well as the physiology of plants, affect plant absorption and uptake of 

NPs.  In order to avoid the problems associated with delivery of NPs through soil, foliar 

delivery, i.e. through the plant leaves, is a possible alternative delivery method. 

In order to investigate foliar delivery, SiO2 NPs were chosen, since they come in a 

wide range of sizes and porosities in the nanometer range. In addition to being a vehicle 

for delivery of another substance, the delivery of Si itself can be advantageous. The 

second most abundant element in soil is silicon (Si). Athough it is not essential for 

growth and development of plants, in the presence of a wide range of biotic stress 

conditions, Si improves plant growth and development. For instance, in drought 

conditions, Si improves plants resistance by thickening leaves. Also, it has a positive 

impact on mineral nutrition. The ability of taking up silica and accumulating it as SiO2 in 

their tissue is different in varius plants. Plants are categrized in three different types, 

namely, excluders, intermediate types and accumulators 9-11. 

https://www.sciencedirect.com/topics/earth-and-planetary-sciences/mineral
https://www.sciencedirect.com/topics/earth-and-planetary-sciences/nutrition
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To study effective foliar delivery of SiO2, three systems were chosen: bare 50 nm SiO2 

NPs, these same NPs coated with a lipid bilayer and ionic silica (sodium silicate). Of 

particular interest was whether the lipid coating could promote better uptake of the NPs. In 

addition, there is interest in the fate of the lipid bilayer after SiO2 NP uptake, i.e. does it 

enter with the NP or stay with the plant cell membrane. In order to begin to answer these 

questions, stable SiO2 NP and lipid coated SiO2 suspensions, i.e. supported lipid bilayers 

(SLBs), were prepared and characterized, and used to spray  cilantro leaves. In this thesis, 

only the preparation of the NPs will be discussed. 

 

 

5.2 Experiment 

 

For foliar application of SLBs to deliver nutrients (via lipids or porous SiO2) 

preliminary work was performed by using cilantro plants grown in soilless potting mix in 

plastic pots (24 cm x 25 cm). The plants were allowed to grow for 10 days prior to the 

foliar application. Treatments included the SiO2 NPs (50 nm), NP-SLBs and ionic silica 

(sodium silicate), and DI water, as a treatment control.  

 

SLBs were made in the ratio of 2 to 1, DMPC lipid to silica beads. That is, there was 

enough DMPC to cover the SiO2 and form a 1/1 ratio of SLB to LUV. After calculation, 

440 µl of SUVs of DMPC 5mg/ml is mixed with 26.5 µl of 50 nm silica beads in 193.5 µl, 

20 mM NaCl solution. After two hours incubation at 40 °C, SLBs are formed. By using 
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Nano-DSC and comparing thermogram of SLBs and SUVs of pure DMPC, we can confirm 

SLBs are formed. Also, SUVs of DMPC are made by wellknown  extrusion method. 

 

The pots were under well-controlled conditions (10-h photoperiod, 20°C room temperature) 

and irrigated once a day with DI water (~20 mL). Each time, a concentration of 50 mg/L 

Si suspension solution was sprayed onto the cilantro leaves at different stages (3 times in 

total) over the period of the plant life cycle (35-38 days). Detailed characterization of the 

materials was performed by using nano-DSC, DLS, and TEM. The bioavailability and 

exposure effects of Si NPs and NP-SLBs were evaluated though plant biomass 

measurements, biochemical analyses (e.g., carotenoid and lipid peroxidation) and 

elemental uptake measurement by Inductively coupled plasma atomic emission 

spectroscopy (ICP-OES).  

 

5.2.1 Preparation of Supported Lipid Bilayers 

 Two different kind of supported lipid bilayers (SLBs) were prepared, DMPC-NP-

SLBs and DiA-NP-SLBs. For foliar application DMPC-SUVs and 50 nm SiO2 were 

brought to the same temperature (40 °C) before mixing and after mixing 2/1 ratio of SUVs 

to silica, they are incubated for two hours at 40 °C. 

We made DiA-NP-SLBs to label the NPs, track the nanoparticles and lipids, and 

see how they translocate in plants. We used 200 nm SiO2 beads and a 3/1 ratio of SUVs of 
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DiA to silica are made. After mixing SUVs of DiA with 200 nm silica, they were incubated 

for two hours at 50 °C. 

Our goal in this project was to develop methods to prepare and characterize stable SLBs. 

DLS was obtained to make sure SLBs were not aggregated. Nano-DSC was used to 

determine how long it took for SLBs to form (Figure 6.1).  

 

5.3 Result and Discussion 

The physical properties of silica SLBs were determined by Nano-DSC and Cryo-

TEM. LUVs of DiA are made with an average size of 83 nm, as confirmed by DLS (Figure 

5.1). 

 

Nano-DSC data shows that for 3/1 DiA/silica, SLBs are formed (Figure 6.2). LUVs of DiA 

have a phase transition temperature ~ 46 °C and after making SLBs DiA/Silica, 3/1 and 

running the sample in the Nano-DSC, it was observed that the phase transition temperature 

decreased and two different phase transition temperatures were observed, representing two 

different populations, one of SLBs (lower temperature) and one of LUVs (higher 

temperature 47° C). However, the SLBs do not form immediately. They must be incubated 

for ~ 2h at higher temperature. Same experiments were done for DMPC with the same 

results (but different Tms). Suspension of the SLBs and LUVs were stable. 
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(c) 

Figure 5.1 DLS data for LUVs of DiA. Size distribution by (a) Intensity (b) Number (c) 

Volume. 

 

 

Nano-DSC data shows that 3/1, DiA/silica are formed (Figure 5.2). SUVs of DiA has a 

phase transition temperature ~ 46 °C and after making SLBs DiA/Silica, 3/1 and run the 

sample in Nano-DSC, it is observed that  phase transition temperature decrease and we can 

see two different  phase transition temperature for two different population of SLBs and 

SUVs at lower temperature. The transititon at lower temperature is the SLBs, the one at 

higher temperature (47° C) is SUVs for DiA. Same experiments were done for DMPC. 

Also we can use digestion and analytical methods to test for SiO2. 
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Figure 5.2 NanoDSC thermograms for SUVs of DiA and SLBs of DiA to silica 3/1, run 

immediately after making SLBs and run after 2 hours incubation at 50 °C (heating and 

cooling cycle with ramp 1°C/min). 

 

 

 

In order to confirm that SLBs were formed, cryo-TEM measurements were acquired. In 

order to be able to distinguish LUVs from SLBs in the Cruyo-TEM, 200 nm silica beads 

were used (Figure 5.3). Both size of 200 nm SLBs and 83.79 nm of LUVs are observed 

by Cryo-TEM. 
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Figure 5.3 Cryo-TEM images, 3/1- DiA/Silica (200 nm) SLBs in 50 mM NaCl. 
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5.4 Conclusions 

 

Successful stable suspensions of SiO2 SLBs and SUVs were prepared and 

characterized. Nano-DSC confirmed a lower phase transition temperature for the SLBs. 

Two transitions, one for LUVs and one for SLBs were observed. DLS data confirmed that 

the SLBs were not aggregated. The preparations with DMPC SLBs were applied to cilantro 

leaves during their growth. Digestion and analytical methods to test for Si (done by Dr. 

Kim’s group in Earth and Environmental Science Department at Temple University) 

showed that the most Si was observed in plants sprayed with the DMPC NP SiO2. 
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CHAPTER 6 

 CONCLUSION 

 

       In order to understand how dyes incorporate into heterogeneous membranes 

such as rafts, artificial vesicles were used that did not include membrane proteins. The 

system that was investigated consisted of a lipid with a fluorescent headgroup, (DiA-Cl) 

and two common membrane lipids, namely (PC) and (PE). Unlike most fluorescent probes, 

DiA-Cl is a fluorescent probe that itself forms vesicles in water above a critical vesicle 

concentration (CVC).  

The DiA-Cl vesicles were themselves unique, since we demonstrated that they form 

H aggregates. The monomer absorption spectrum was determined in water below the CVC. 

The absorption spectrum in the vesicles is blue shifted from the monomer and the 

fluorescence spectrum is red shifted from the monomer, and thus has a large Stokes shift, 

characteristic features of H aggregates. It was not possible to determine what proportion of 

the DiA-Cl in the vesicles participated in the H-aggregates. However, using both UV-Vis 

and fluorescence spectroscopy, it was possible to observe two distinct populations of the 

chromophore in the vesicles. This was distinctly different from the behavior of the DiA-Cl 

in organic solvents, which exhibited single, symmetric absorption peaks. 

The DiA-Cl was then incorporated at different mole ratios in PC or PE lipids, and 

their phase transitions determined by nano-DSC. For both systems, when DiA is 

incorporated into PC and PE lipids at lipid/DiA ratios < 5/1, the intensity decreases 

dramatically. This strongly suggests that the DiA forms H aggregates or dimers that self-
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quench. However, there are differences in behavior between PC/DiA and PE/DiA mixtures. 

The PC/DiA mixtures are more likely to form two separate phases, while the PE/DiA 

mixtures are more likely to form complexes. In PE lipids, the phase transition broadens 

(rather than phase separates). Because the smaller–N+H3 group of PE lipids has greater 

effect on the energetics of lipid packing and the cationic DiA can form Coulombic 

interaction with the PO4
-  or with the C=O. Phase separation also was observed to occur 

sooner (at lower PC/DiA ratios) as the chain length difference between the PC and DiA 

increases. That is, they were less likely to separate for the DPPC (16 carbons) and DiA-Cl 

(also 16 carbons). The larger –N+(CH3)3 group of PC lipids has less effect on the energetics 

of lipid packing and Van der Waal interactions of the alkyl chains make a greater 

contribution to lipid packing. 

One practical application of these systems was as supported lipid bilayers (SLBs). 

Both DMPC and DiA-Cl SLBs were formed and the former used to determine whether the 

lipid bilayer helped the SiO2 enter the leaves of growing cilantro plants (it did). 

 

 

 

 

 

 

 

 

 

 


