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ABSTRACT 

Streptococcus mutans is a secondary colonizer of the dental plaque biofilm 

and is the primary causative agent of dental caries.  Sugar metabolism is central to S. 

mutans growth and survival. S. mutans produces lactic acid as an end product of sugar 

metabolism, which results in dissolution of the tooth enamel, leading to dental 

cavities. Sucrose metabolism also results in the formation of extracellular dextrans 

that are a key component of the extracellular matrix that encases the bacteria in the 

biofilm. The availability of sugars is dependent on diet, on competition with other 

bacteria and on the location of the bacteria within the dental plaque. I hypothesize 

there are distinct subpopulations of S. mutans within biofilms that respond differently 

to environmental conditions. I have identified several genetic markers that are helping 

us identify and characterize some of these subpopulations, and how they react to 

starvation and to the restoration of nutrients in single species biofilms of S. mutans. 

Two of the loci that were identified as markers via microarray analysis are 

rpsT and pdh. rpsT encodes a small ribosomal protein which is strongly expressed 

during exponential growth, when the cells are producing high levels of ribosomes. 

The other marker, pdh, is a four-gene operon encoding the pyruvate dehydrogenase 

complex; pdh is upregulated in late stationary phase. Our laboratory has recently 

shown that expression of the pdh operon is important for long-term survival in 

stationary phase, where a subpopulation (~0.5%) is dividing, forms long chains and 

expresses pdh. 

In the current studies, rpsT and pdh promoters driving expression of gfp were 

used to identify the exponential phase subpopulation (rpsT) and a subpopulation 
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capable of surviving in late stationary phase (pdh). In addition, I developed an 

unstable variant of GFP by fusing a proteolytic tag sequence to the C-terminus of 

GFP (encoded by ugfp).  When the rpsT promoter was inserted upstream, uGFP was 

produced and subsequently degraded within about 1.5 hours of translation. This 

behavior allowed us to distinguish exponentially growing cells, as the signal 

diminishes once the cells entered stationary phase.  

In biofilms that had been starved for 10 days, there was no expression of PrpsT-

ugfp. I observed that when sucrose was added to these biofilms, some bacteria within 

the biofilm microcolonies underwent fast exponential-like growth indicated by 

expression of PrpsT-ugfp. Within 24 hours of the sucrose addition, most growth had 

ceased and fluorescence had decreased.  

Using a Ppdh-gfp construct in bacteria in 10-day starved biofilms, fluorescence 

was observed in long chains of cells within the biofilms indicating slow growth. I 

hypothesized that the pdh-expressing cells were capable of responding to sucrose 

restoration and would be one of the principal subpopulations to do so. However, 

when sucrose was added, these fluorescing chains did not exhibit any growth, while 

other non-fluorescing bacteria within the biofilm clearly responded to the sucrose by 

growing. This was unexpected since inactivating the pdh operon leads to drastically 

reduced survival. It is concluded that pdh plays a role in long term survival, but pdh-

expressers do not appear to respond to sugar restoration. This led me to hypothesize 

that the pdh-expressing population is interacting with other populations of cells in 

some capacity, enabling them to survive. To determine if this was the case, we 

perfomed a mixed culture experiment with wild-type S. mutans and the pdh null 
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mutant. I observed that when these two strains were grown in co-culture, the pdh null 

mutant survived at low levels, for over 30 days, while this mutant by itself typically 

did not survive past ten days. This result indicates that the wild-type strain was able to 

interact with the mutant, leading to increased survival. In biofilms, it seems possible 

that the pdh-expressing cells secrete a substance or directly interact with other cells, 

somehow promoting their survival in the starved biofilm.  The fluorescent constructs 

appear to mark distinct populations of cells that respond in different ways to sugar 

availability, suggesting that S. mutans forms a mixed population of cells able to grow 

in the presence of sugar or survive prolonged sugar starvation. These studies 

demonstrate that indeed subpopulations of cells do exist within biofilms, and their 

interactions may be more complex than previously thought. 
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CHAPTER 1: INTRODUCTION 

Bacterial Biofilms 

 Microorganisms are traditionally studied as pure isolates grown in a nutrient rich 

culture medium. This approach has been very useful in the isolation and identification of 

pathogens as well as in the study of microbial genetics and metabolism. Over the last 

forty years, it has become increasingly clear that this vegetative mode of growth does not 

accurately represent the true nature of bacterial growth in their natural habitats. It is now 

understood that in the natural world, biofilms are the predominant mode of bacterial 

growth (Costerton, et al. 1987, Costerton, et al. 1981). Biofilms can be defined as 

communities of bacteria irreversibly adhered to a surface and encased in an extracellular 

matrix. Biofilm cells behave very differently from their planktonic counterparts in 

vegetative cultures, with as much as 50% of the proteome being differentially expressed 

(Stewart and Franklin 2008).  

Although the exact molecular mechanisms may differ depending on the species, 

the stages of biofilm development are similar across a wide range of microorganisms 

(O'Toole 2003). Biofilm formation typically begins when a bacterial cell transiently 

interacts with a solid surface, followed by irreversible attachment. The bacterial cells 

begin producing extracellular matrix material, which serves as a polymeric scaffolding in 

which the biofilm cells become embedded. In most biofilms, this extracellular material is 

predominantly polysaccharide, but can contain extracellular DNA, cell wall fragments, 

and protein (Pamp, et al. 2009). As the cells divide, matrix-enclosed microcolonies form 

and a complex three-dimensional structure will develop and mature (Hall-Stoodley, et al. 

2004). The mature biofilm is characterized by open-water channels interspersed 
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throughout the structure (Lawrence, et al. 1991). In the final stage of biofilm 

development, some cells will detach and return to transient mobility, and may reseed 

biofilms in other locations (Hall-Stoodley, et al. 2004).  

 In the medical setting, bacterial biofilms are responsible for a range of infections 

such as otitis media, endocarditis, and peridontitis. In addition, biofilms readily grow on 

medical devices such as urinary and venous catheters, contact lenses, prosthetic joints, 

prosthetic heart valves, and intrauterine devices (Donlan 2002). Biofilm infections often 

do not respond to antibiotic treatment, which may be attributed to slow penetration of the 

antibiotic through the structure.  Antimicrobials have been shown to penetrate biofilms 

readily in some cases and poorly in others, depending on the particular agent and biofilm 

(Costerton, et al. 1999, Hoyle, et al. 1992) 

Another hypothesis to explain the reduced susceptibility of biofilms to antibiotics 

is that some of the cells in a biofilm experience nutrient limitation, and therefore exist in 

a slow-growing or starved state (Brown, et al. 1988, Costerton, et al. 1999). Slow or non-

growing cells are not very susceptible to antimicrobial agents, since the antimicrobials 

usually target cell processes characteristic of growing cells, such as cell wall and protein 

synthesis. Also, biofilms are reservoirs for persister cells -- slow growing cells that 

exhibit multidrug tolerance (Keren, et al. 2004). Clearly, the clinical relevance of 

bacterial biofilms is well established, and they present a huge obstacle to the medical 

community. One of the most widespread and well-known biofilm diseases is dental 

caries, which is a result of dissolution of the tooth enamel, caused by acid-producing 

bacteria residing within the dental plaque biofilm. 
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Formation of the Dental Plaque Biofilm 

Oral plaque is a multispecies microbial biofilm adhering to the tooth surface and 

encased in a matrix of polymers of host and bacterial origin. Formation of the dental 

plaque begins with adsorption of host-derived molecules to the tooth surface. This film is 

termed the acquired pellicle, and it forms upon tooth eruption or immediately after 

cleaning (Al-Hashimi and Levine 1989). As early colonizers transiently pass over the 

pellicle-coated tooth surface, weak physicochemical interactions occur resulting in 

reversible adhesion (van der Mei, et al. 1997). The early colonizers are typically 

microaerophilic streptococcal species including S. gondii, S. oralis, S. mitis, and S. 

sanquis. In addition, the obligate anaerobes Actinomyces spp., Prevotella spp., Veillonella 

spp., and Neisseria spp. are among the early colonizers (Davey 2008, Kolenbrander 

2000). Streptococcal species account for 63% of the biomass during the initial stages of 

plaque development (Nyvad and Kilian 1987). 

Immediately following the formation of these weak interactions, adhesion 

proteins on the bacterial cell surface can form strong irreversible attachments with 

complementary receptors in the acquired pellicle (Jenkinson and Lamont 1997). Bridge 

colonizers such as Fusobacterium spp. and Capnocytophaga spp. adhere to the early 

colonizers by specific inter-bacterial adhesin-receptor interactions, leading to an increase 

in diversity and the formation of complex morphological structures (Davey 2008, 

Kolenbrander 2000). Fusobacterium nucleatum is the most abundant gram-negative 

species at healthy sites, and its numbers are also very high at diseased sites. This species 

is considered a “bridge species”, since it can coaggregate with early and late colonizers 

that are unable to coaggregate with each other (Kolenbrander, et al. 2002, Moore and 
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Moore 1994) (). As the cells grow and divide, they produce more matrix material and 

there is an overall increase in biomass. The structure takes on distinct biofilm 

morphology, characterized by voids and channels that traverse the outside of the biofilm 

to the tooth surface (Wood, et al. 2000). Cells can respond to environmental cues and 

actively detach from the biofilm by producing enzymes that hydrolyze the bonds 

anchoring them to the surface (Cavedon and London 1993).  

Once established, the microflora play a crucial role in overall health and 

development, as well as in providing the host with protection from infection by 

pathogenic species (Wood, et al. 2000). Although almost half of the species that colonize 

the dental plaque are not yet culturable in a laboratory setting, molecular approaches 

based on nucleotide sequence have uncovered the great diversity that exists in a healthy 

plaque biofilm (Kroes, et al. 1999, Marsh 2004). The deepest zones are colonized mainly 

by spirochetes and gram-negative bacteria, while shallow regions are comprised of 

predominantly gram positive cocci (Wecke, et al. 2000).  

The composition of the dental plaque is relatively stable over time and is the 

result of a dynamic balance of interactions that occur between the microbial cells residing 

in the biofilm (Sanders 1984). Under conditions of poor dental hygiene, or when the host 

frequently consumes fermentable carbohydrates, plaque biomass increases and microbial 

homeostasis can break down. This results in major shifts in microflora composition and 

allows a rise in the proportions of acidogenic species, such as Streptococcus mutans and 

Lactobacillus species with a corresponding fall in levels of other streptococci, 

particularly members of the Streptococcus oralis group, (S. sanguis, S. oralis, and S. miti) 

(De Stoppelaar, et al. 1970, Marsh 1994). 
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Figure 1. Spatiotemporal model of oral bacterial colonization. 

Showing recognition of salivary pellicle receptors by early colonizing bacteria and 

coaggregations between early colonizers, fusobacteria, and late colonizers of the tooth 

surface (Adapted from (Kolenbrander, et al. 2002). 
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Dental Caries 

Dental caries is a communicable bacterial disease characterized by the dissolution 

of the tooth enamel caused by acid-producing bacteria residing within the dental plaque 

biofilm. The development of dental caries involves three critical factors: bacteria in the 

dental plaque, dietary carbohydrates and susceptible teeth in the host (Garcia-Godoy and 

Hicks 2008, Jordan and Keyes 1964). Cavities form when opportunistic acidogenic 

species colonize the dental plaque and produce lactic acid as a product of sugar 

metabolism. In the industrialized world, it is estimated that 60-90% of school-aged 

children and most adults are affected (Petersen 2003). Dental caries can have a severe 

social and economic impact on a population, and for this reason, much effort has been 

placed on elucidating the causes and developing treatments.  

Tooth enamel is mainly composed of hydroxyapatite (94%), with small amounts 

of carbonate (2%), water (2%), trace elements (sodium, magnesium, potassium, chloride, 

zinc, which total about 1%), lipids (< 1%) and fluoride (0.01-0.05%) (Garcia-Godoy and 

Hicks 2008). The process of caries formation begins when dietary sugars are made 

available to the acid-producing bacteria within plaque (Stephan, 1940). Following the 

active fermentation of dietary carbohydrates by these bacteria, acid is produced and the 

pH decreases rapidly from a normal resting value of 7.0 to about 5.0 in the biofilm fluid 

adjacent to the tooth enamel (Garcia-Godoy and Hicks 2008, Hicks, et al. 2004). This 

causes a rapid influx of hydrogen ions into the fluid and pores surrounding the 

hydroxyapatite crystals in surface and subsurface enamel. As a result, calcium and 

phosphate ions are driven out of the enamel into the overlying biofilm, causing 
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demineralization. pH values of 5.5 or lower are sufficient to allow dissolution of the 

enamel.  

Soon after this acidic challenge, the resting pH of the dental plaque returns, and 

the process shifts to remineralization of the affected enamel. The hydrogen ion 

concentration in the biofilm and in the pores surrounding the hydroxyapatite crystals 

equalizes. Calcium and phosphate are transported back into the demineralized enamel 

from the over-saturated saliva and adjacent biofilm (Garcia-Godoy and Hicks 2008, 

Hicks, et al. 2004, Loesche 1986).  

There exists a dynamic balance between demineralization and remineralization, 

and the negative effects of demineralization can be adequately reversed if there is enough 

time between these periods to allow remineralization to take place. Cavities begin as 

incipient or chalky white spot lesions on the tooth surface. If conditions are right, 

incipient lesions can remineralize before advancing to a full carious lesion, which is 

characterized as a softened area of enamel on the tooth surface. When a host takes 

frequent carbohydrate-rich meals, there is not enough time between these cariogenic 

acidic challenges, and the balance shifts towards demineralization, and the formation of 

carious lesions (Naylor 1986). When a host allows sufficient time between these meals, 

and practices proper oral hygiene minimizing the biomass of the plaque biofilm, the 

balance shifts back toward remineralization and the prevention of tooth decay (Garcia-

Godoy and Hicks 2008). 

Bacterial Colonization and Dental Caries 

In the 1890’s, W.D. Miller introduced the “Chemoparasitic caries theory”, which 

stated that salivary bacteria produce acids from sticky dietary starch on teeth which 
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dissolve the enamel (Baehni and Guggenheim 1996, Ring 2002). This early work paved 

the way for modern research in dental caries, and in 1924, J.K. Clarke was the first to 

isolate Streptococcus mutans from carious lesions. Of the hundreds of different species 

that colonize the dental plaque, only a select few have the ability to cause dental caries 

(Svanberg and Loesche 1977). The microflora at the sites of carious lesions is different 

than that at healthy sites, with an increase in acidogenic Streptococcus mutans and 

Lactobacillus species detected (Baehni and Guggenheim 1996). An overall decrease in 

diversity is also correlated with caries development (Caufield, et al. 2007). 

Conventional wisdom states that a sugar-rich diet rich is the determining factor in 

dental caries development, but a direct relationship between sugar intake and caries 

prevalence has never been found (Gustafsson 1954, King, et al. 1955, Naylor 1986). In 

actuality, the host must first be colonized with cariogenic bacterial species such as 

Streptococcus mutans and lactobacillus spp. as a prerequisite for caries development (van 

Houte 1994). A carbohydrate-induced shift in the microbial composition of the plaque 

can then occur, resulting in the breakdown of microbial homeostasis, and an increase in 

the total numbers of acidogenic and aciduric organisms that live in the dental biofilm 

(Marsh, et al. 1989). At normal pH values, S. mutans cannot compete well with other 

members of the oral plaque, but after repeated acid challenges, S. mutans can 

dramatically increase in numbers and create a niche for itself. Besides S. mutans, several 

species of Lactobacillus have been consistently associated with carious lesions. These 

include L. lactis, L. salivarius, L. gasseri , L. rhamnosus, L. crispatus, L. casei, L. 

ultunensis (Byun, et al. 2004). During the early 1900’s, the lactobacilli species were the 

first organisms to be correlated with dental caries (Macdonald, et al. 1960, van Houte 



9 
 

1994). Currently, S. mutans is widely accepted as the primary causative agent in dental 

caries (De Stoppelaar, et al. 1970). 

 There are five groups of oral streptococci: (1) Mutans group (Streptococcus 

mutans and Streptococcus sobrinus), (2) Salivarius group (Streptococcus salivarius), (3) 

Anginosus group (Streptococcus anginosus and streptococcus intermedius), (4) Sanguinis 

group (Streptococcus sanguinis and Streptococcus gordonii), and (5) Mitis group 

(Streptococcus mitis and Streptococcus oralis). The Mutans group (MS) is the only group 

associated with caries, and most of the other species are nonpathogenic commensal 

bacteria in the oral cavity (Berkowitz 1996, Caufield, et al. 1993, Ge, et al. 2008). The 

ratio of S. mutans to S. sanquinis is thought to play a role in caries incidence, as these 

species appear to act antagonistically towards each other (Becker, et al. 2002, Ge, et al. 

2008, Loesche 1984). S. mutans is usually transmitted vertically from mother to child in 

infancy (Zhan, et al. 2006). Some studies have focused on trying to eliminate this mode 

of transmission with limited success (Berkowitz and Jones 1985, Kohler, et al. 1984). In 

addition, horizontal transmission can also occur between family members or school 

children (Zhan, et al. 2006).  

Virulence of S. mutans 

The three main virulence traits of Streptococcus mutans are adhesion, acid-

production (acidogenicity) and acid-tolerence (aciduricity) (Chen, et al. 1998) 

(Napimoga, et al. 2005, Yamashita, et al. 1993). In addition, this species can survive long 

periods of nutrient deprivation, which may contribute to its ability to colonize the dental 

plaque (Renye, et al. 2004). These properties work together to modify the physico-

chemical properties of the biofilm, resulting in ecological changes in the form of 
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increased proportions of S. mutans and other acidogenic and aciduric species (Napimoga, 

et al. 2005). 

Adhesion 

In the dental plaque, extracellular polysaccharides known as glucans and fructans 

are the major components of the extracellular matrix, and account for 10-20% and 1-2% 

dry weight, respectively (Gibbons 1968, Leach, et al. 1967, Wood 1969). The amount of 

glucans and fructans in plaque was shown to increase after exposure to sucrose 

(Critchley, et al. 1968, Leach, et al. 1967). Sucrose is particularly important in the caries 

process because not only can it be fermented to acid by S. mutans, but it serves as a 

substrate for the production of these extracellular polymers.  

S. mutans synthesizes glucan and fructan polymers from sucrose and starch 

hydrolysates via the action of enzymes called glucosyltransferases (Gtf’s) and 

fructosyltransferase (Ftf), respectively (Vacca-Smith, et al. 1996). Fructans are 

synthesized from the fructose moiety by fructosyltransferase (FTF), encoded by the sacB 

gene, and are composed primarily of β (2-1) linkages (Koo, et al. 2009). Extracellular 

fructan polymers mainly serve as nutrient stores and may not contribute substantially to 

colonization, since animals infected with S. mutans strains carrying sacB mutations did 

not display decreased virulence in animals (Burne, et al. 1996, Burne, et al. 1995, Rozen, 

et al. 2001). Extracellular fructans can be cleaved to fructose monomers by the enzyme 

FruA, and transported into the cell where they enter the glycolytic pathway and are used 

for energy production.  

Glucan polymers play a critical role in attachment of S. mutans to the tooth 

surface (Cross, et al. 2007). Extracellular glucans produced by S. mutans serve several 
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critical functions in the plaque biofilm. They enhance the adherence and further 

accumulation of S. mutans and other species to the tooth surface (Bowen 2002). Glucans 

provide stability and bulk to the matrix, aiding in the establishment and growth of 

microcolonies and filling in gaps between cells (Schilling and Bowen 1988). They also 

influence the diffusion of substances into and out of the biofilm, and protect the biofilm 

cells from antimicrobial agents and other environmental insults. Lastly, extracellular 

glucans can act as energy reserves (Quivey, et al. 2001, Xiao and Koo 2010).  

Several oral microorganisms produce Gtfs; these include Streptococcus sanguinis, 

Streptococcus mutans, Streptococcus sobrinus, Actinomyces spp., Streptococcus 

salivarius and Lactobacillus spp. (Bowen and Koo 2011, Sharma, et al. 1974). Gtf’s can 

be associated with the bacterial cell surface, but are present freely in saliva and the 

pellicle as well (Schilling and Bowen 1988). Glucans on the tooth surface can be 

incorporated into the pellicle, and provide enhanced binding sites for many oral 

microorganisms, especially S. mutans. In turn, microorganisms that synthesize glucans, 

or adsorb Gtf to become glucan producers, form highly stable and persistent 

microcolonies. (Bowen and Koo 2011). 

S. mutans must have access to sucrose in order to produce extracellular 

polysaccharide, and in turn form a biofilm (Klein, et al. 2009, Kreth, et al. 2008). To 

produce extracellular glucans, S. mutans produces three glucotransferases, each of which 

synthesizes a structurally distinct glucan from the glucose moiety of sucrose. These are 

all encoded in the gtf operon (Lis and Kuramitsu 2003). GtfB is a secreted enzyme that 

synthesizes insoluble glucans containing elevated levels of α (1-3) linked glucose. GtfC is 

also a secreted enzyme and produces a mixture of soluble and insoluble glucans, rich in α 
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(1-6) linkages. The products of gtfB and gtfC appear to play an important role in surface 

adherence, and show extensive homology to each other. Inactivation of gtfC results in 

strains that are unable to colonize smooth surfaces, but are still capable of soluble and 

insoluble glucan production (Hanada and Kuramitsu 1988). GtfD is a cell-associated 

glucotransferase that synthesizes soluble glucans called dextran, which mediate bacterial 

aggregation (Bowen and Koo 2011, Koo, et al. 2010). Inactivation of gtfD leads to 

decreased production of soluble and insoluble glucans, but no decrease of in vitro 

sucrose-dependent adherence to smooth surfaces was observed (Hanada and Kuramitsu 

1989).  

The binding of S. mutans to glucans is mainly mediated by cell-associated Gtf 

enzymes and non-Gtf glucan-binding proteins (Gbps). Four Gbps have been identified in 

S. mutans; GbpA, GbpB, GbpC and GbpD (Banas and Vickerman 2003, Guggenheim 

1970, Russell 1979). GbpC and GbpB appear to be cell wall bound, while GbpA and 

GbpD are extracellular proteins. GbpA and GbpD contain carboxyl-terminal repeats 

similar to those found in the glucan-binding domain of Gtf enzymes. Although the 

glucan-binding domain of GbpC has not been characterized, it appears to be homologous 

to the Ag I/II family of proteins. GbpB is similar to peptidoglycan hydrolase (Banas and 

Vickerman 2003). While inactivation of any one of the Gbp’s profoundly impairs S. 

mutans ability to make a robust biofilm, gbpC inactivation appears to be the most 

disruptive (Bowen and Koo 2011, Lynch, et al. 2007). 

In addition to sucrose-dependent adhesion to a pellicle-coated surface, S. mutans 

also expresses the surface-associated protein P1 (SpaP), which facilitates sucrose-

independent adhesion to gp340 in the salivary pellicle. P1 contains about 1500 amino-
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acid residues, with several different regions that bind to salivary glycoproteins, collagen, 

and fibronectin. P1 also mediates binding to other earlier colonizing streptococci (Lamont 

2010). In vitro, an isogenic mutant strain lacking P1 showed poor adherence to saliva-

coated hydroxyapatite beads, indicating that this antigen plays a role in hard surface 

adherence (Bowen, et al. 1991). However, when rats were fed a high-sucrose diet and 

infected with an isogenic P1 mutant strain, they developed carious lesions similar to those 

infected with non-mutant strains; the high sucrose diet likely compensated for the lack of 

P1 by the overproduction of extracellular glucans (Bowen, et al. 1991).  

Sugar Metabolism and Acidogenicity 

An important determinant for survival within the dental plaque is access to 

adequate nutrients. Life in the oral cavity is characterized by a “feast or famine” lifestyle 

of brief periods of nutrient excess interspersed with longer periods of nutrient depletion 

(Carlsson, et al. 1983). While the ability to survive these periods of nutrient deprivation is 

central to S. mutans persistence in the dental plaque, the sudden exposure to excess sugar 

also presents a major challenge. The rapid entry and degradation of sugars could result in 

the accumulation of toxic levels of glycolytic intermediates if it were not for the 

sophisticated mechanisms that this species has developed to regulate sugar metabolism 

(Lemos, et al. 2005, Tao, et al. 1993). 

The primary uptake mechanisms for most carbohydrates in S. mutans are the 

phosphoenolpyruvate-dependent phosphotransferase system (PTS) and the multiple sugar 

metabolism system (MSM) (Jacobson, et al. 1989). The PTS is the major system for 

internalizing sugar into the cell at low sugar concentrations (Kundig, et al. 1964, Lemos, 

et al. 2005, Postma, et al. 1993, Vadeboncoeur and Pelletier 1997). In S. mutans, PTS 
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specific for the following sugars have been characterized: glucose, lactose, sucrose, 

mannose, fructose, and maltose (Lemos, et al. 2005).  

The PTS is a multi-protein phospho-relay system that couples the transport of 

carbohydrates across the cytoplasmic membrane with their simultaneous phosphorylation   

(Gorke and Stulke 2008, Postma, et al. 1993). This is accomplished at the expense of 

intracellular phosphoenolpyruvate. The PTS is comprised of two soluble cytoplasmic 

proteins, Enzyme I and HPr (a small, heat-stable phosphocarrier protein), which 

participate in the transport of all sugars recognized by the PTS (Figure 2). The PTS also 

includes sugar-specific permeases (Enzymes II), that are membrane-bound (Jacobson, et 

al. 1989, Reizer, et al. 1988). Some sugars also require the presence of another enzyme, 

Enzyme III. For those sugars not requiring Enzyme III, the function of this protein 

appears to be incorporated in the structure of the Enzymes II (EII) itself as a cytoplasmic 

domain. The corresponding EII can be induced by growth on the cognate sugar 

(Jacobson, et al. 1989, Lemos, et al. 2005, Postma, et al. 1993). The products of PTS can 

enter the glycolytic pathway once inside the cell. For disaccharides, a phospho-sugar 

hydrolase is also necessary before the product of PTS-mediated transport can enter 

glycolysis. EII complexes usually contain three domains; A, B, and C. The cytoplasmic A 

and B domains are responsible for the phosphorylation of the incoming sugar, while the 

C domain is a membrane permease (Lemos, et al. 2005, Postma, et al. 1993, 

Vadeboncoeur and Pelletier 1997). An incoming sugar is phosphorylated when a 

phosphate group from a PEP molecule is transferred to EI, phosphorylating HPr. Next, 

the phosphate group is transferred to the sugar-specific EIIA and EIIB domains, and 

finally to the incoming sugar during its uptake through the membrane EIIC domain 
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(Lemos, et al. 2005, Postma, et al. 1993, Vadeboncoeur and Pelletier 1997). All PTS 

phosphorylation reactions are reversible, therefore the phosphorylation state of each 

component of the pathway is determined by two factors, PTS transport activity and the 

PEP to pyruvate ratio, which reflects flux through glycolysis (Gorke and Stulke 2008) 

(Figure 2). 

In S. mutans and other gram-positive bacteria, the metabolism of a non-preferred 

sugar is repressed by carbohydrate catabolite repression (CCR) in the presence of glucose 

or other preferred sugar (usually a PTS-sugar) (Lemos, et al. 2005). During CCR, the 

transcription factor CcpA (Catabolite control protein A), HPr protein, HPr 

kinase/phosphorylase (HPrK), and the glycolytic intermediates fructose-1,6-bisphosphate 

and glucose-6‑phosphate are the key players. When glycolytic intermediates accumulate 

in the cell, reflecting carbon flow through the glycolytic pathway, HPrK is activated, 

resulting in phosphorylation of HPr at Ser-46. The Ser-46 phosphate group cannot be 

transferred to EII enzymes, allowing HPr (Ser-P) to accumulate in the cell. HPr (Ser-P) 

interacts with CcpA to form a complex that is competent to bind to catabolite response 

elements (CRE’s) located in the promoter regions of genes under the control of CCR, 

blocking their transcription (Chen, et al. 1998, Gorke and Stulke 2008, Ye, et al. 1996).  
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Figure 2. Phospotransferase System (PTS). 

The PTS is a multiprotein phosphorelay system that couples the transport of 

carbohydrates across the membrane with their simultaneous phosphorylation (Adapted 

from (Gorke and Stulke 2008) 
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The interaction of HPr (Ser-P) with CcpA causes a conformational change in 

CcpA, bringing the N‑terminal DNA-binding domain into a position that is competent 

for DNA binding. HPrK kinase activity is regulated by the availability of fructose-1,6-

bisphosphate, as an indicator of  high glycolytic activity. When nutrient supply is in 

excess, HPrK acts as a kinase and HPr (Ser‑P), the cofactor for CcpA, is formed 

Conversely, under conditions of nutrient limitation, HPrK acts as a phosphorylase 

(Galinier, et al. 1998, Jault, et al. 2000, Mijakovic, et al. 2002, Reizer, et al. 1998). 

The multiple-sugar metabolism (MSM) locus of Streptococcus mutans constitutes 

a non-PTS sugar uptake system responsible for the transport and utilization of raffinose, 

melibiose and isomaltotrioses. In addition, extracellular dextrans can be cleaved by an 

extracellular endodextranase into oligosaccharides that are transported into the cell by the 

MSM system, where they are further processed by a dextran glucosidase to products that 

enter glycolysis (Russell, et al. 1992, Whiting, et al. 1993). The MSM system is encoded 

by an eight-gene operon that is controlled by the regulator MsmR (McLaughlin and 

Ferretti 1996).  

S. mutans expresses a complete Embden-Meyerhof pathway of glycolysis, which 

leads to the production of pyruvate that is then reduced to various fermentation products 

(lactic acid, formate, ethanol, and acetate). These metabolic processes are important for 

the oxidation of NADH to replenish NAD+ levels. The conversion of pyruvate to acetate 

provides additional ATP to the cell. Streptococci are incapable of aerobic respiratory 

metabolism (Poolman 1993), and the genes required for the aerobic electron transport 

chain are not present (Ajdic, et al. 2002).  
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In all streptococci, the glycolytic pathway works under aerobic and anaerobic 

conditions, but pyruvate is converted into different metabolic end products depending on 

the oxygen levels. When S. mutans is grown under anaerobic conditions, pyruvate is 

converted to formate and CO2 by the pyruvate formate-lyase (PFL) pathway. When 

oxygen is present and sugar is limited, the PFL pathway is inactive and pyruvate is 

converted to acetyl-CoA and CO2 by the enzyme pyruvate dehydrogenase. Acetyl CoA 

can then be converted to acetate by phosphotransacetylase allowing the production of 

ATP. Also, acetyl-CoA can be used for fatty acid and amino acid biosynthesis if 

necessary. S. mutans possesses an incomplete tricarboxylic acid (TCA) cycle and the 

primary role of the existing TCA enzymes is most likely synthesis of amino acid 

precursors (Terleckyj and Shockman 1975). Some of the existing TCA enzymes in S. 

mutans are; citrate synthase, isocitrate dehydrogenase, dihydrolipoamide dehydrogenase, 

and fumarate reducatase. PDH activity has been associated with long term survival, and 

inactivation of the PDH complex leads to a severe decrease in survival under sugar-

limited conditions (Busuioc, et al. 2010). This was an interesting finding because the 

enzyme is only expressed in a small subset of the population yet plays an important role 

in overall survival (Busuioc, et al. 2010). It makes sense that PDH would be important 

during sugar starvation, since the various fates of Acetyl Co-A seem most beneficial to 

the cell under nutrient limitation. 

 If a carbohydrate source is abundant, lactic acid is produced from pyruvate via 

the enzyme lactate dehydrogenase, and secreted out of the cell (Abbe, et al. 1991). As 

pyruvate reduction occurs, NADH is converted to NAD to balance the redox potential of 

the cell. This balancing allows the rapid movement of carbohydrate through glycolysis, 
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and leads to an increasingly acidified environment outside of the cell (Lemos, et al. 

2005). S. mutans is considered a homofermenter, because as much as 90% of pyruvate is 

converted to lactic acid (Lamont and Jenkinson 2010). However, under sugar-limited 

conditions, it is a heterofermenter, with acetate, formate, and ethanol also being produced 

(Busuioc, et al. 2010, Carlsson, et al. 1985, Yamada and Carlsson 1975). In acidic 

microenvironments, S. mutans out-competes other oral organisms and causes dissolution 

of the enamel. 

Acid Tolerant Response (ATR) 

The capacity of S. mutans to cause carious lesions via acid production from the 

metabolism of dietary carbohydrates would be lethal to S. mutans if not for its ability to 

tolerate acid (Hamilton and Buckley 1991, Loesche 1986). After host carbohydrate 

intake, sugar levels can increase up to 1,000-fold, and the pH of the plaque can decrease 

to a value of 4.0 (Marsh 2003). 

The ATR is defined as the ability to adapt to acid stress by prior exposure to a 

low, sub-lethal pH. When S. mutans is exposed to a sub-lethal pH of approximately 5.5, a 

series of responses are induced that enhance survival at a pH as low as 3.0 (Belli and 

Marquis 1991, Hamilton and Buckley 1991, Matsui and Cvitkovitch 2010).  

Biofilm cells are highly resistant to acid killing in comparison to planktonically 

growing cells. Unlike planktonic cells, the incubation of 2- and 5-day biofilms at pH 5.5 

for periods of up to 6 hours induced strong acid tolerance responses that enhanced 

survival during a subsequent exposure to acid killing at pH 3.5 (McNeill and Hamilton 

2003). This observation may be attributed to the high cell density of cells growing in 

biofilms (Li, et al. 2001). Cell density is monitored via quorum sensing, which uses two-
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component regulatory systems. Many of these systems, including the ComCDE, 

hk11/rr11 and CiaH/K, are involved in the acid tolerance of this organism and deletion of 

these systems results in mutants that are sensitive to acid (Lee and Morrison 1999, Li, et 

al. 2001). In addition, the increased resistance to acid appears to be associated with cell 

surface changes related to adherence, early on in biofilm formation. The surface-induced 

changes in biofilm cells of S. mutans that led to increased acid tolerance without prior 

adaptation disappeared when the cells no longer sensed the presence of a surface (Welin-

Neilands and Svensater 2007) 

Protection from the toxic effects of low pH is accomplished through several 

mechanisms: (1) extrusion of hydrogen ions out of the cell through a proton translocating 

F1F0-ATPase, maintaining the cytoplasmic pH closer to physiological levels. (2) Increase 

in the proportion of mono-unsaturated membrane fatty acids, decreasing proton 

permeability. (3) Conversion of the arginine derivative agmatine to putrescine, ammonia, 

and CO2 by the agmatine deiminase system. (4) Malolactic fermentation, whereby L-

malate, a major fruit acid, is converted to lactic acid and CO2. (5) Upregulation of 

molecular chaperones, proteases and DNA repair enzymes (Chen, et al. 1998, Lamont 

2010, Matsui and Cvitkovitch 2010). 

Proton-extrusion via the membrane-bound F1F0-ATPase is the major mechanism 

for maintaining an internal pH that is more alkaline than that of the environment (Sturr 

and Marquis 1992). Expression of F1F0-ATPases is induced under acidic conditions, and 

the subsequent removal of protons from the cell helps maintain an elevated cytoplasmic 

pH in relation to its surroundings. The activity of these enzymes is critical to acid 

tolerance in a variety of species, and the optimum pH of the F1F0-ATPases has been 
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directly linked to the ability of a species to survive in acidic conditions (Bender, et al. 

1986, Kuhnert, et al. 2004). Often, the expulsion of protons via an ATPase provides 

PMF, which can aid the cell in synthesizing ATP and facilitating transport of other 

solutes into the cell (Hamilton 1990). However, the observed PMF under low pH values 

(5.0) is insufficient for ATP production in S. mutans and the F1F0-ATPase system appears 

to function primarily to maintain intracellular pH (Dashper and Reynolds 1992). 

S. mutans has the ability to modify the fatty acid composition of its membrane as 

an adaptive mechanism to prevent the passive influx of H+ ions (Quivey, et al. 2000). 

When S. mutans is grown at a pH of 5.0,  increased levels of monounsaturated and longer 

chain fatty acids were detected in the cell membranes, in comparison with cells grown at 

pH 7 (Quivey, et al. 2000).  Membrane composition may play a role by altering the 

permeability of the lipid bilayer to H+ ions, or by affecting the optimal activity of F1−F0-

ATPase proton pumps (Sturr and Marquis 1992). 

S. mutans expresses an agmatine deiminase system for the maintenance of 

intracellular pH, which is encoded by the aguBDAC operon (Griswold, et al. 2004, 

Matsui and Cvitkovitch 2010). This system is induced under low pH and contributes to 

the ATR of S. mutans by providing ATP and buffering capacity through ammonia 

production (Griswold, et al. 2004). Agmatine is a decarboxylated derivative of arginine, 

and can be acquired by the cell via an agmatine-putrescine antiporter (Griswold, et al. 

2006). Agmatine is then hydrolyzed by agmatine deiminase to produce ammonia (NH3) 

and N-carbamoylputrescine, which can be further catabolized to CO2, NH3 and putrescine 

through a series of intermediate steps that also yields an ATP (Griswold, et al. 2004). 
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This system may play a role in the protection from environmental stress, since it is 

induced by low pH and heat (Griswold, et al. 2006). 

Another method of alkali production employed by S. mutans is malolactic 

fermentation. During malolactic fermentation, the decarboxylation of L-malate (a 

common fruit acid) to L-lactate contributes to alkalization of the cytoplasm through the 

production and diffusion of CO2. This process can also lead to ATP synthesis through the 

reversible action of the F1−F0-ATPase, contributing not only to the acid-tolerance 

capabilities of the organism, but also to the preservation of energy sources during times 

of starvation (Sheng, et al. 2010, Sheng and Marquis 2007).  

In S. mutans, the molecular chaperone-encoding genes groEL and dnaK are 

rapidly induced by acid shock, with elevated levels of dnaK expression maintained under 

acidic conditions (Jayaraman, et al. 1997, Laport, et al. 2001, Lemos, et al. 2005). 

Chaperones function to prevent aggregation and misfolding of proteins, and can refold 

acid-damaged proteins or present damaged proteins to protein degradation machinery 

(Lemos, et al. 2005). DnaK may participate in the formation of the F-ATPase complex, 

either at the folding or assembly stages (Laport, et al. 2001). In addition, the stress 

protein ClpP peptidase has been implicated in S. mutans acid tolerance. Inactivating the 

clpP gene impaired growth at low pH (Lemos and Burne 2002). ClpP, when associated 

with members of the Clp ATPase family, acts as a serine protease and prevents 

accumulation of improperly folded proteins that may be toxic for the bacteria (Maurizi, et 

al. 1990). ClpP may also participate in acid tolerance by modulating the stability of 

transcriptional regulators of the ATR (Flynn, et al. 2003). 
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Under acidic conditions, S. mutans upregulates expression of uvrA (Hahn, et al. 

1999, Hanna, et al. 2001). Inactivating uvrA results in a mutant with increased sensitivity 

to low pH and UV irradiation (Hanna, et al. 2001). In Bacillus subtilis, the uvrA 

excinuclease gene is involved in the nucleotide excision repair (NER) pathway, which 

locates and excises bulky DNA lesions (Hanna, et al. 2001, Sancar 1996). The uvrA gene 

of S. mutans shares 67% identity with uvrA of B. subtilis, which suggests that S. mutans 

can adapt to low pH through the contributions of the NER pathway and its ability to 

repair acid-induced DNA damage (Hanna, et al. 2001, Matsui and Cvitkovitch 2010). S. 

mutans can respond to minor lesions through base excision repair via AP endonuclease, 

which was also found to be upregulated under low pH conditions (Hahn, et al. 1999). 

Survival during Nutrient Limitation 

The ability of S. mutans to survive long periods of nutrient deprivation is central 

to its ability to survive in the dental plaque, and ultimately cause dental caries. To survive 

in the dental plaque, where there is constant fluctuation in nutrient pools, S mutans must 

be able to adjust its metabolism and gene expression to maximize the use of available 

substrates (Burne, et al. 2009, Lemos, et al. 2005). The bacteria residing in the plaque 

regularly go twelve or more hours overnight without access to fresh nutrients. In addition, 

bacterial cells living deep within the dental crevices have even more limited and sporadic 

access to fresh nutrients and sugars. To help survive these periods of nutrient deprivation, 

bacteria employ the stringent response, which allows for global readjustments in gene 

expression in response to nutrient limitation or other harsh conditions.  

The stringent response is characterized by the inhibition of stable rRNA synthesis, 

the induction or repression of metabolic pathways according to physiological needs, and 
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the induction of stationary phase survival genes (Lemos, et al. 2005, Mechold, et al. 

1996). The stringent response is conserved across a wide range of gram negative and 

gram positive organisms (Lemos, et al. 2005). The central mediator of the stringent 

response is the nutritional alarmone guanosine tetraphosphate (ppGpp), which is 

accumulated in the cell via the phosphorylation of GDP and GTP. This signals the 

upregulation of genes for amino acid biosynthsis and stress tolerance, while decreasing 

growth rate (Gentry and Cashel 1996, Magnusson, et al. 2005). The bifunctional enzyme 

RelA plays an important role in the degradation and synthesis of (p)ppGpp. Inactivation 

of RelA interferes with the ability to form stable biofilms and to tolerate acid stress 

(Lemos, et al. 2004, Nascimento, et al. 2008).     

Bacteria rarely encounter the rich growth conditions of laboratory culture when in 

their natural habitats, which are usually characterized by harsh nutrient-limited 

conditions. To cope with prolonged periods of severe nutrient limitation, bacteria have 

devised several mechanisms. Bacillus subtilus, a spore-forming gram-positive soil 

bacterium, can form spores under nutrient limitation. The spore state is very resistant to 

destructive agents such as heat, desiccation, and antibiotics. The water content of spores 

is very low, but the cells remain viable, and will germinate upon return to favorable 

conditions (Ginsberg and Keynan 1978, Roszak and Colwell 1987).  

In order to generate a heat resistant spore in response to environmental signals, a 

cell must undergo a series of changes which are triggered by a phosphorelay and the 

activation of alternative sigma factors (Burbulys, et al. 1991, Hilbert and Piggot 2004, 

Losick, et al. 1986). The process begins with the activation of the master regulator Spo0A 

in the predivisional cell. This leads to the expression of factors ultimately triggering the 
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asymmetrical division of the cell into the prespore and the mother cell, and the 

subsequent engulfment of the prespore by the mother cell. Upon completion of 

engulfment, the mother cell lyses to release the mature spore (Hilbert and Piggot 2004). 

The mature spore can survive decades under harsh environmental conditions and can 

reactivate when conditions are again favorable. 

Sporulation is just one example of how some bacterial species respond to nutrient 

deprivation via a complex program of differentiation. Other bacterial species adapt 

phenotypic changes in response to nutrient limitation that are far less dramatic, and less 

orchestrated. Cells incubated in batch cultures eventually lose viability, making the 

transition from stationary phase to death phase, when a vast majority of the cells become 

non-viable, but a few survive (Finkel 2006, Finkel and Kolter 1999). E. coli can be 

maintained in batch culture for long periods of time without the addition of fresh 

nutrients (Finkel 2006). During this long term culture, there is a balance between the 

numbers of cells dying and dividing. In addition, random spontaneous mutations arise 

(Zambrano, et al. 1993). The cells expressing advantageous mutations for a certain 

environment are selected and can take over the population. This process repeats itself 

over and over, with fitter mutants prevailing. However, as the culture ages, the take-overs 

are incomplete and this results in the coexistence of multiple mutant forms and increased 

microbial diversity (Finkel and Kolter 1999, Zambrano, et al. 1993).  

When E. coli was cultured for up to thirty days, it was observed that the older 

cells were able to out-compete younger cultures when the two were mixed together. For 

example, mutants from thirty day old cultures had a competitive advantage when mixed 

with cells from twenty day old cultures (Finkel and Kolter 1999). This result indicates 
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that as the culture ages, the cells have a competitive advantage over previous generations. 

These surviving cells are termed GASP (Growth Advantage in Stationary Phase) mutants, 

and they were found to grow faster in amino acid rich medium, but were outcompeted 

when in the presence of excess carbohydrate and no amino acids (Lewis 2000, Zinser and 

Kolter 1999). 

Long-term stationary phase cultures may be heterogeneous, with different 

subpopulations arising and coexisiting despite the fact that viable counts remain 

relatively constant (Finkel and Kolter 1999). Several mechanisms have been proposed for 

how GASP subpopulations arise. In E. coli, the GASP phenotype may begin with a 

mutation in the gene for stationary state sigma factor rpoS (Lewis 2000). These alleles of 

rpoS increase the ability of the cell to catabolize certain amino acids, and to use them as a 

sole carbon source (Finkel 2006). Altered ability confers a significant competitive 

advantage to the mutants. Decreased fidelity during replication and reductions in repair 

activity can increase the mutation rate (Foster 1997). Some studies suggest that under 

extreme nutrient limitation and intense competition, an increase in mutation frequency is 

a potential mechanism to generate new alleles quickly (Akerlund, et al. 1995, Taddei, et 

al. 1997). It has also been suggested that in stationary phase, there is an overall reduction 

in protein synthesis, including DNA repair proteins (Harris, et al. 1999, Torkelson, et al. 

1997). In addition, cells may obtain new alleles through the acquisition of DNA from the 

“dead sibling cells” surrounding them (Finkel and Kolter 1999).  

Long-term survival under sugar starvation has been studied in batch cultures and 

biofilms of S. mutans (Renye, et al. 2004). Sugar starvation increased the survival time in 

vegetative cultures from 3 days, when sugar was present in excess, to 11 days when 
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limited sugar was allowed to naturally deplete. Survival depended at least in part on the 

culture pH remaining neutral in the sugar-limited cultures. When colonies derived from a 

culture that had survived for 8 days with glucose starvation were used as an inoculum, 

identical survival patterns were observed, suggesting that no mutation had occurred. S. 

mutans grown in flow-cell chambers had a more modest increase in survival when 

cultured in sugar starved medium (Renye, et al. 2004). This difference may be attributed 

to the absence of the effects of spent medium, which was present in the batch cultures but 

not the flow-cell biofilms. Static biofilms of S. mutans that were cultured without the 

addition of any fresh medium or additional sugars survived much longer, over forty-one 

days (Busuioc, et al. 2010). It is possible that some soluble factors or metabolites present 

in the spent medium contribute to the ability of S. mutans to survive long periods of time 

without the addition of fresh nutrients. Interestingly, the addition of the salivary 

glycoprotein mucin to the sugar starvation medium extended survival in both the batch 

cultures and the biofilms (Renye, et al. 2004). The mechanism responsible for this 

phenomenom is currently under investigation.  

Some biofilm-forming species, such as Bacillus subtilis, have been found to 

participate in an active form of disassembly via the production of D-amino acids. The D-

amino acids are produced by the biofilm cells and accumulate in the supernatant as the 

structure ages. Some of the D-amino acids are incorporated into the cell wall and they 

prevent the anchoring of extracellular matrix to the cells, leading to the breakdown of the 

structure (Kolodkin-Gal, et al. 2010). Besides B. subtilis, Staphylococcus aureus and 

Pseudomonas aeruginosa also produce D-amino acids (Hochbaum, et al. 2011). It is 

hypothesized that as biofilms age, nutrients are limited and waste accumulates, making it 
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advantageous for the biofilm-associated bacteria to return to a planktonic existence 

(Karatan and Watnick 2009). S. mutans does not appear to utilize this type of active 

disassembly, possibly because this species is so well adapted to survive the harsh 

conditions of a mature aged biofilm, even out-competing other species not so well 

adapted. Individual cells have been found to respond to signals that build up in the local 

environment, such as SPRE (Surface Protein Releasing Enzyme), which signals the 

release of matrix-degrading enzymes resulting in detachment (Lee, et al. 1996). 

Bacteria residing in biofilms exhibit long-term survival, and one of the hallmarks 

of this resilience is antimicrobial resistance. The antibiotic concentrations required to 

inhibit or kill these long-term survivors in biofilms range from 100-fold to 1000-fold 

greater than those required to inhibit or kill planktonically grown strains (Sedlacek and 

Walker 2007, Soukos, et al. 2000). When subgingival plaque was harvested from patients 

and cultured for up to ten days while being exposed to various concentrations of 

amoxicillin, it was observed that most species were considerably more resistant in 

biofilms than in planktonic cultures. Resistance appeared to be age-related because 

biofilms demonstrated progressive antibiotic resistance as they matured with maximum 

resistance coinciding with a steady-state phase of biofilm development (Sedlacek and 

Walker 2007, Walker and Sedlacek 2007). 

Persister Cells and Biofilms 

The resilience of biofilm cells has been attributed to the presence of the biofilm 

matrix, slow glowth rates, and possibly the expression of certain resistance genes 

(Costerton, et al. 1999, Lewis 2000). Although adaptive responses and mutation can 

explain some of resilience in stationary phase populations, it does not account for the 
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resistence of biofilms to a variety of environmental insults such as antimicrobials, heat 

shock, acid, or oxidative stress. A sudden challenge by a lethal factor may not allow 

enough time for the induction of a stress response. Cells in biofilms grow more slowly, 

and this can result in antibiotic tolerance. However, the resistence of biofilm cells to 

antimicrobials can be higher than in non-growing planktonic cell cultures (Brooun, et al. 

2000). Dose-response killing of P. aeruginosa biofilms with fluoroquinolones revealed 

biphasic killing; at low concentrations, most of the population died, and the remaining 

cells (1,000- to 100,000-fold decrease) were completely resistant to further increases in 

antibiotic concentration (Brooun, et al. 2000). A similar phenomenom has been observed 

with several different species and antibiotics (Ashby, et al. 1994, Muli and Struthers 

1998). The resistant cells appear to have a very low metabolic rate, with a decrease in 

non-essential gene expression and a near shutdown of metabolism. These resistant calls 

have been designated as persisters. When fresh medium is inoculated with these cells, the 

phenotype is lost and a sensitive population grows normally and produces the same 

proportion of persisters, indicating mutation is not the cause (Keren, et al. 2004).  

Biofilm survival may be partially explained by the increased rate of production of 

persister variants of the wild type (Keren, et al. 2004, Lewis 2007). Persisters do not need 

time to develop and arise at a considerably higher rate (10- to 10,000-fold) than mutants 

(Lewis 2007, Lewis 2000). In planktonic cells treated with an antibiotic, a small residual 

population of persisters is also produced. Presumably, in infected individuals any such 

persisters will be eliminated by the immune system and do not usually present a clinical 

problem. Unlike planktonic cells, biofilm cells are protected from the immune system by 
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the matrix and remaining persisters could be responsible for biofilm regrowth when the 

antibiotic concentration drops (Hoyle, et al. 1990).  

Heterogeneity in Biofilms 

Until the late 1980’s, biofilms were thought to be slabs of matrix material with 

bacterial cells randomly scattered throughout. It was not until confocal microscopy 

allowed visualization that the true nature of these structures became evident. In actuality, 

biofilms are highly organized, complex structures consisting of distinct microcolonies 

interspersed between open channels. This architecture allows the exchange of nutrients 

and water in many locations throughout the structure. Concentration gradients of solutes, 

waste and pH exist throughout biofilms, and individual cells have distinct 

microenvironments, depending on where they reside within the structure. The local rates 

of production and consumption of a solute will depend on the microscale spatial 

organization of the cells that metabolize that solute (Stewart and Franklin 2008). Cells 

living in the middle of a microcolony have different access to nutrients from those living 

at the surface. With E. coli and P. putida, metabolic activity of cells residing in the center 

of microcolonies decreased as the structures grew larger, and increased upon the 

restoration of a usable carbon source (Sternberg, et al. 1999). This chemical 

heterogeneity can presumably be accompanied by a considerable amount of heterogeneity 

in gene expression.  

Another way in which biofilm cells achieve diversification, without the 

acquisition of genetic mutation, is through stochastic gene expression. Stochastic gene 

expression, or apparent randomness, could lead to a broad distribution of expression 

levels. Stochastic gene expression can result in the development of bistability, in which 
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cells are able to switch between gene expression states (Stewart and Franklin 2008). One 

instance in which stochastic gene expression leads to a bistable switch occurs in Bacillus 

subtilis, when random variation of expression of the gene comK allows certain cells to 

become competent (Maamar, et. al. 2007). An example of stochastic gene expression in 

biofilms is observed in extracellular matrix production by B. subtilis. Matrix polymer 

production in B. subtilis is under the control of a bistable switch that involves the 

repressor SinR and its anti-repressor SinI, and only a subpopulation of cells is responsible 

for this matrix production (Chai, et al. 2008). Differential gene expression represents 

adaptation at the population level to promote the efficient utilization of limited resources 

and dispersal of progeny (Baty, et al. 2000).  

In S. mutans, recent studies have revealed a subpopulation that appears to play a 

role in stationary phase survival. The pyruvate dehydrogenase (PDH) enzyme complex 

was expressed during stationary phase in a small subset (<1%) of cells in planktonic 

cultures and biofilms (Busuioc, et al. 2010). This small population appeared to grow 

slowly in chains, as shown with a gfp-promoter construct, while the overall viability was 

decreasing. Furthermore, inactivation of the pdh operon led to substantially decreased 

survival during sugar starvation (Busuioc, et al. 2010). It is surprising that such a small 

population of expressers appear to play such a crucial role in survival, and that this 

population grows during nutrient starvation. Another instance in which cell subsets 

contribute to overall survival in S. mutans biofilms is through the production of CSP 

pheromone when cell density is high. Pheromone production signals altruistic autolysis in 

a small subset of responders, providing nutrients to the surviving cells and eDNA for the 

matrix (Perry, et al. 2009). 
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Of course single species biofilms are not typical in the natural world, and S. 

mutans normally resides within the dental plaque, amongst hundreds of other species. 

Under these conditions, differential gene expression may play an even stronger role in 

long-term survival. In one such instance, S. mutans bacteriocin production is inhibited by 

a protein produced by Streptococcus gordonii (Wang and Kuramitsu 2005). This effect 

was more pronounced in mixed species biofilms than in planktonic cultures, and is 

proposed to be mediated by the sgc gene product. Furthermore, when S. mutans is 

cultured with S. gordonii in co-culture, it downregulated sugar uptake systems while 

increasing the expression of genes for alternative energy source utilization and oxidative 

stress tolerance, resulting in a decreased growth rate (Liu, et al. 2011). This effect was 

reversed when Veillonella parvula was introduced to the culture. These results support 

the observation that in the host, V. parvula is often isolated from carious lesions in high 

numbers with S. mutans (Aas, et al. 2008, Becker, et al. 2002), whereas S. gordonii and S. 

mutans appear to have an antagonistic relationship. Taken, together these studies 

illustrate the complex interactions that influence growth and survival in multispecies 

populations.  

Project Aims 

Streptococcus mutans is a microaerophilic coccus that produces lactic acid as a 

product of carbohydrate metabolism. Its presence in the oral plaque is highly correlated 

with dental caries, and it is well-adapted for life under low-pH, nutrient-poor conditions. 

Recent studies in our laboratory have focused on the long-term survival of this species 

under nutrient-depleted conditions. It was shown that S. mutans can persist for long 

periods of time in batch cultures and biofilms without additional nutrients (Renye, et al. 
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2004, Busuioc, et al. 2010). A chemically-defined medium with known concentrations of 

sugars was used, so that the sugar was depleted by the time the cultures entered stationary 

phase. The pdh operon encoding the pyruvate dehydrogenase enzyme complex was 

identified through microarray analysis as a marker of stationary phase in both batch 

cultures and biofilms. Expression of pdh was first observed after entry into stationary 

phase in a small subpopulation of bacteria in batch cultures. Subpopulations appeared to 

grow slowly while the overall viability decreased. Inactivation of the pdh operon led to 

drastically reduced survival in biofilms and in batch cultures (Busuioc, et al. 2010). It is 

hypothesized that the pdh-expressing subpopulation is capable of persisting and growing 

in stationary phase during long-term nutrient deprivation. 

We aimed to identify genetic markers of exponentially growing subpopulations 

and use them to construct promoter-reporter fusions. We wanted to utilize these fusions, 

along with those constructed for pdh, to identify and track growing and non-growing cells 

during different stages of biofilm development and starvation. We hypothesized that S. 

mutans in mature sugar-starved biofilms would be functionally heterogeneous. Upon the 

restoration of an exogenous sugar source, we would observe growth is some areas of the 

biofilm but not others. We wanted to determine if the pdh-expressing subpopulation is 

capable of resuming exponential-like growth, and if it is responsible for overall survival 

during sugar starvation, since its inactivation prevented long term survival under these 

conditions. We hypothesized that not only do subpopulations of cells exist in biofilms of 

S. mutans, but that they are generated to ensure survival of the overall structure. 

We identified several genes expressed exclusively in exponentially growing 

cultures. The first is rpsT, encoding S20, a small ribosomal protein that is highly 
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expressed in exponentially growing cells as shown by microarray and northern blot 

analysis. The second is rpmJ, encodes L36, a large ribosomal protein that is part of a 

multigene operon. We used these genes, along with pdh, to investigate the behavior of 

bacteria in sugar-starved static biofilms before and after sugar restoration. Knowledge 

about how S. mutans survives during sugar starvation and responds to sugar restoration 

may lead to a better understanding of the mechanisms by which this species generates 

diversity in gene expression that maybe critical to its persistence in the oral plaque.  
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CHAPTER 2: MATERIALS and METHODS 

Bacterial Strains 

Escherichia coli DH5α was used for the construction of all plasmids. The strain 

UA159 and its derivatives were used for all studies of Streptococcus mutans. UA159 is 

the serotype C strain whose genome was sequenced at the University of Oklahoma 

(Ajdic, et al. 2002). S. mutans-derivied strains and their genotypes are described in 

Table 1. 

 Media 

E. coli DH5α was grown in Luria-Bertani lysogeny broth (LB) (Appendix) or 

Luria-Bertani Agar (LBA) (Appendix). When appropriate, the LB was supplemented 

with antibiotics at the following concentrations: kanamycin, 100 µg/ml; chloramphenicol, 

50 µg/ml; erythromycin 300 µg/ml. S. mutans was grown in a 5% CO2 incubator in either 

Todd-Hewitt broth (THB) (Appendix) (Difco, Detroit, Michigan) or chemically defined 

medium (CDM), also called FMC by Terleckyj et al. (1975) (Appendix) supplemented 

with various sugars, or on Todd-Hewitt Agar (THA) (Appendix). CDM was 

supplemented with either 6 mM glucose or 3 mM sucrose to achieve sugar-limited 

growth conditions. When appropriate, S. mutans was grown in CDM supplemented with 

antibiotics at the following concentrations: kanamycin, 300 µg/ml; chloramphenicol, 10 

ug/ml; erythromycin, 25 µg/ml. All bacterial strains were stored in 15% glycerol in 

culture medium and were revived for experiments by growth overnight in either THB or 

LB. 
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Table 1: Bacterial strains 

 

Strain Description Reference 

E. coli DH5α 
[F- endA1 hsdR17 (rk

- mk
+) supE44 thi-1 λ-  

recA1 gyrA96 relA1 Δ(lacZYA-argF) U169  
Φ80dlacZΔM15] 

Lab strain 

S. mutans UA159 Parental Strain 
Ajdic et. al. 
2002 

SL13503 UA159 pAR4 (PrpsT-gfpmut3b*) (erm)          this study 

SL13504  UA159 pAR3 (PrpmJ-gfpmut3b*) (erm) this study 

SL13510 
UA159 pAR6 (PrpsT-U-gfpmut3b* WT tmRNA 
tag)** 

this study 

SL13717 UA159 pAR7 (PrpsT-U-gfpmut3b*-VSA) *** (erm)   this study 

SL13815 UA159 pAR8 (PrpmJ-U-gfpmut3b*-VSA) *** (erm)   this study 

SL13816 UA159 pAR9 (Promoterless U-gfpmut3b*-VSA)   this study 

SL14918 UA159 pJAR2 (gfpmut3b*)  (erm) 
Renye, Ph.D. 
thesis 

SL14043 UA159 pdhD::kan 
Busuioc et. al. 
2010 

SL15013 UA159 pMC49 (Ppdh-gfpmut3b*) (erm) 
Busuioc et. al. 
2010 

kan, kanamycin resistance gene; erm, erythromycin resistance gene. 

**Proteolytic tag sequence encoded by tmRNA, translationally fused to C-terminus of gfp 

gene. Wild type sequence is: gcaaaaaatacaaattcttacgcagtagctgcc. 

***Wild-type tag was mutated altering the second to last amino acid in the tag sequence 

(alanine-serine) Altered sequence is: gcaaaaaatacaaattcttacgcagtaagcgcc 
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DNA Manipulation 

Plasmid Purification from Escherichia coli 

E. coli was grown in LB broth with the appropriate antibiotic added at 37⁰C 

overnight, with shaking at approximately 150 rpm. The next day, the cells were harvested 

by centrifugation at 3,500 rpm at 4⁰C in a Beckman GPR centrifuge. The pellet was 

resuspended in 3 ml of Resuspension solution (Appendix). To lyse the cells, 3 ml of 

Lysis Solution (Appendix) was added, and the mixture was gently mixed by inversion. 

RNase (Sigma) was added to the mixture at a concentration of 10 µg/ml to remove any 

contaminating RNA. The mixture was neutralized with 3ml of Neutralization Solution 

(Appendix), gently mixed again, and centrifuged at 6,000 rpm at 4⁰C for 20 minutes. The 

supernatant was filtered through cheesecloth to remove any remaining precipitate. The 

filtered supernatant was added to approximately 1.5 ml of DNA Purification Resin 

(Promega), to bind the plasmid DNA. The mixture was then loaded to a Miniprep 

Column (Promega), and vacuum filtration was applied. The plasmid DNA-resin complex 

was collected on a filter and washed with 20 ml of Column Wash (Appendix). The 

column was placed in a microcentrifuge tube and centrifuged at 15,000 rpm for 5 minutes 

in an Eppendorf 5415C centrifuge (Eppendorf North America, Westbury, NY). The 

plasmid DNA was eluted from the resin by applying 100-300 µl of 10 mM Tris, pH 8.0, 

or double distilled water to the filter column. After 5-10 minutes, the plasmid DNA was 

collected by centrifuging at 15,000 rpm for 1 minute. The purified plasmid DNA was 

analyzed by agarose gel electrophoresis and the concentration of DNA was determined 

by measuring adsorption at 260 nm. Plasmid preparations were stored at -20⁰C until 

needed. 
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Enzymatic Treatments for Cloning 

DNA was digested with restriction endonucleases (Promega), according to the 

manufacturers instructions. DNA 5’- ends were dephosphorylated with 1 µl of Shrimp 

Alkaline Phosphatase (Promega) for 15 minutes at 37⁰C in 1X SAP buffer as 

recommended by the manufacturer. If necessary, digested DNA with overhanging ends 

was treated with 1 µl of the Klenow fragment of DNA polymerase I (Promega) in the 

presence of 200 µM dNTP and DNA polymerase buffer, as recommended by the 

manufacturer. 

Agarose Gel Electrophoresis 

DNA was routinely analyzed via agarose gel electrophoresis using horizontal 

electrophoresis units (Fisher Scientific, Pittsburgh, PA). Agarose (Fisher Scientific) was 

dissolved in 1X Tris-Acetate Buffer (TAE) (Appendix) and the DNA was fractionated at 

10 volts/cm (Hoefer Scientific Instruments, San Francisco, CA) for 45 minutes to 1 hour. 

The concentration of agarose typically used was 0.8%. The agarose gel was stained in a 

1X TAE bath containing 0.5 µg of ethidium bromide per ml for approximately 15 

minutes. The stained DNA was visualized with a UV light lamp (360 nm) (Fisher 

Scientific). A photograph was then taken of the DNA-containing gel with a Photo 

Documentation Camera FB-PDC-34 (Fisher Scientific). 

DNA Restriction and Ligation 

Purified DNA was digested with the required restriction enzymes (5 to 10 units) 

in the appropriate restriction buffer containing BSA (10 µg/ml) according to the 

manufacturer’s directions. The reactions were incubated at 37⁰C, unless otherwise 

specified for a minimum of 2 hours. The products were separated by agarose gel 
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electrophoresis, and the appropriate bands were excised and purified using the QiaEX II 

gel extraction kit (Qiagen) according to the manufacturer’s directions. Ligation of DNA 

fragments was performed with T4 DNA ligase (Promega) in 2X ligation buffer (Qiagen). 

DNA vector to DNA insert ratios were determined empirically each time. Ligation 

reactions were carried out for 15 minutes at room temperature. 

Polymerase Chain Reaction (PCR) 

Amplification of specific regions of DNA was performed by PCR. The reaction 

mixture contained 1X amplification buffer, 200 µM of each dNTP (Promega), 0.5 µM of 

each oligonucleotide primer (Integrated DNA technologies) and approximately 0.03 U/µl 

of Taq DNA polymerase (Promega). PCR was performed using a Thermocycler 2400 

with a heated lid (Perkin-Elmer). The reactions were first denatured for 5 minutes at 95⁰C 

to melt the DNA. Polymerization was performed in 25-35 cycles of denaturation, 

annealing, and extension resulting in the exponential amplification of the DNA template 

(Dieffenbach, et al. 1993). Denaturation was performed at 95⁰C for 30 seconds. 

Annealing was performed for 30 seconds at variable temperatures, dependent on the 

melting temperature (Tm) of the oligonucleotide primers. The extension step was 

performed at 72⁰C for variable lengths of time, dependent on the length of the region 

being amplified, usually 1 minute per kilobase (Dieffenbach, et al. 1993). Upon 

completion, the reactions were stored at 4⁰C until analyzed via agarose gel 

electrophoresis.  
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Table 2. Primers 

 

Region and Purpose  Primer name Sequence (enzyme sites in bold) 

rpsT northern blot probe    
s20 fw Northern Probe             tattaaatcagctattaaacgtgct 

s20 rev northern Probe tttggctaatttgcttgcaagacgtg 

rpmJ northern blot probe    
L36 fw Northern Probe atgaaggtaagaccatctgttaa 

L36 rev Northern Probe tccttggcgttgtttgtgttttgga 

rpoA northern blot  
probe 

rpoA for aatagttaatcctgatcattatctctttac 

rpoA rev gccattggtcataatttcaattgttaattt 

if1 northern blot  
probe 

IF1 For gtggcaaaagaagatgtgattgaaattga 

IF1 Rev atacgtccacgtgttaaatcatacggactc 

PrpsT 
S20 Fw.1 gtacgtcgacttgcaaccctgcttgatt 

S20 Rev. 2 gatcagatctagctcttcattaggat 

PrpmJ 
L36 Fw .1   catggtcgactcgcttagatgtcaacat 

L36 Rev.2   cgatagatctgtaaccttatctcctacta 

Instability tag 
mutagenesis    

for VSA tcttacgcagtatctgcctaacatgatatcgatg 

rev VSA catcgatatcatgttaggcagatactgcgtaaga 

for VSV tcttacgcagtatctgtctaacatgatatcgat 

rev VSV catcgatatcatgttagacagatactgcgtaaga 

for VAV tcttacgcagtagctgtctaacatgatatcgatg 

rev VAV catcgatatcatgttagacagctactgcgtaaga 

Confirmation primers pJAR2 gfpmut3b star1 tttcccagtcacgacgttgtaaaacgacgg 

 pJAR2 gfpmut3b star2 atgcttccggctcgtatgttgtgtggaat 

 pdhD KO Verif. Fw.1 caaagaaacgtctagcattttcct 

 pdhD KO Verif. Rev.2 tgaatcggtttatatcctcttagct 

 
Restriction Enzyme 
Sites 

Sequence  

BglII agatct  

SalI gtcgac  

Enhanced RBS tgattaactttataaggaggaaaaacat  
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Cloning Procedures 

Transformation of E. coli 

For the propagation of plasmids, E.coli DH5α was used as a host. Competent cells 

were routinely prepared by the rubidium chloride method (Hanahan 1985). E. coli was 

inoculated in 150 ml of LB broth and grown at 37⁰C, while shaking at 200 rpm. When 

the cells reached an OD600 of 0.4, the culture was divided into three 50 ml centrifuge 

tubes (Fisher Scientific) and incubated on ice for 30 minutes. The cells were then 

centrifuged for 15 minutes at 5000g and the supernatant was removed. The harvested 

cells were resuspended in 17 ml of solution RF1 (Appendix). The bacteria were incubated 

on ice for 30 minutes, centrifuged again for 15 minutes at 5000g, and the cell pellets 

resuspended in 4 ml of solution RF2 (Appendix). The bacteria were again incubated on 

ice for 30 minutes. The bacterial culture was then divided into 50 µl or 150 µl portions in 

microcentrifuge tubes and flash frozen in ethanol containing dry ice. The competent 

bacteria were stored at -70⁰C.  

For transformation of E. coli, the competent DH5α cells were thawed on ice, and 

50 µl of cells were added to each 10 µl ligation reaction containing 100-200 ng of DNA. 

The bacteria were kept on ice for 30 minutes, followed by heat shock for one minute at 

42⁰C. After returning the cells to ice for 2 minutes, 500 µl of LB was added to each 

reaction. The cells were then cultured for one to two hours at 37⁰C, with gentle shaking. 

The transformants were selected by plating on LB agar containing the appropriate 

antibiotic. The plates were kept for at least 15 hours at 37⁰C. To confirm the presence of 

the proper insert, transformants were analyzed via colony PCR of ten to twenty randomly 

selected clones. The E. coli colonies were selected with a sterile pipette tip and suspended 
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in 30 µl of sterile water. 3 µl of this suspension was then used as a template in a 25 µl 

PCR reaction. The products of the reaction were analyzed by agarose gel electrophoresis, 

allowing determination of the size of the cloned fragment. Transformants that tested 

positive for the presence of the proper fragment were then selected for E. coli plasmid 

isolation. To further confirm the presence of the proper insert, plasmid DNA was often 

digested with the appropriate restriction enzymes to yield uniquely sized DNA fragments. 

The products of the reactions were then fractionated by agarose gel electrophoresis and 

visualized with ethidium bromide.  
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Table 3. Plasmids 

pJAR2 John Renye, (Ph.D. thesis) gram positive shuttle plasmid, containing a promoterless 
gfpmut3b* with an enhanced ribosomal binding site from pGreenTIR (Miller and 
Lindow 1997, O'Sullivan D and Klaenhammer 1993) , and an erm gene for selection 
(Chary, et al. 2005). This plasmid contains an origin of replication for S. mutans and for 
E. coli. 

pAR3 Shuttle plasmid for S. mutans carrying PrpmJ- gfpmut3b*.  pJAR2 was digested with 
BglII and SalI. The PCR product of the rpmJ promoter (obtained using primers L36 Fw 
.1and L36 Rev .2) was digested with BglII and SalI and the two fragments were ligated 
together. 

pAR4 Shuttle plasmid for S. mutans carrying PrpsT- gfpmut3b*.  pJAR2 was digested with 
BglII and SalI. The PCR product of the rpsT promoter (obtained using primers S20 
Fw.1and S20 Rev.2) was digested with BglII and SalI and the two fragments were 
ligated together. 

pAR6 Shuttle plasmid carrying PrpsT- gfpmut3b*. This version of  gfpmut3b* has the wild-type 
tmRNA instability tag (VAA) translationally fused to the C-terminus (This was 
provided by Monica Busuioc, Ph.D.) PrpsT was inserted upstream of the gfp gene at the 
BglII and SalI sites. 

pAR7 Site-directed mutagenesis was performed pAR6 using the primers forVSA and Rev 
VSA. The resultant plasmid had an alanine-serine substitution for the second to last 
amino acid in the instability tag.  

pAR8 Shuttle plasmid carrying PrpmJ- gfpmut3b*(VSA). This was constructed by excising 
PrpsT from pAR7 at the BglII and SalI sites, and inserting PrpmJ. PrpmJ was obtained 
via PCR from genomic DNA using the primers L36 Fw.1and L36 Rev .2. 

pAR9 Shuttle plasmid carrying promoterless gfpmut3b*(VSA). This was used as a control for 
microscopy studies. 

pMC49 (Monica Busuioc, Ph.D. thesis) Shuttle plasmid for S. mutans carrying Ppdh-gfpmut3b*. 
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Transformation of S. mutans 

S. mutans was transformed using a method described by Lindler and Macrina 

(Lindler and Macrina 1986). S. mutans was grown in 5 ml culture of TH broth in a 5% 

CO2 incubator at 37⁰C overnight. The overnight culture was diluted 25-fold into fresh TH 

broth containing 10% glucose and 10% heat-inactivated horse serum (for 10 minutes at 

65⁰C). (MP Biomedicals Inc.). The addition of horse serum has previously been shown to 

induce competence in S. mutans (Perry and Kuramitsu 1981). The bacteria were grown 

for 3.5 hours in a 5% CO2 incubator at 37⁰C to provide optimal competence (Lindler and 

Macrina 1986). 500 µl of this culture was transferred to a 13 ml culture tube containing 

varying amounts of plasmid DNA (0.5-10 µg), and incubated at 37⁰C for two additional 

hours. Bacteria were plated on TH agar containing the appropriate antibiotic, and 

incubated for two days at 37⁰C in a 5% CO2 incubator. 

Site-Directed Mutagenesis 

To generate an unstable variant of GFP, a gene was constructed such that its 3’ 

end encoded the proteolytic tag associated with tmRNA. A plasmid encoding this version 

of GFP (SL13510), which is targeted by cellular ClpXP proteases, was constructed. We 

observed that this version of u-gfp resulted in GFP that was too quickly degraded upon 

synthesis, and several variations of the proteolytic tag sequence were produced by 

substituting the final two amino acids in the tag. This was done by using the 

QuickChange Site Directed Mutagenesis Kit (Stratagene) by following the protocol 

provided with the kit.  Briefly, primers were designed following the guidelines provided 

with the kit.  Primers were designed to anneal to the same sequence on opposite strands, 

encompassing the point mutations to be introduced in the center of the sequence.  PCR 
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reactions were performed using each primer in a separate reaction with the plasmid pAR6 

encoding PrpsT-U-gfp (WT) as a template. Short PCR programs were performed before 

mixing the two reactions together and continuing the PCR reaction. The PCR products 

were digested with DpnI  to remove the methylated template DNA, and the mutated DNA 

was transformed into the competent E. coli strain that was provided with the kit. 

Transformants were selected by their growth on LB plates supplemented with 300 µg/ml 

of erythromycin. The presence of the proper sequence was confirmed by DNA 

sequencing of the region (Thomas Jefferson University). 

RNA isolation from S. mutans Batch Cultures 

S. mutans was grown overnight in 5 ml of CDM containing 24 mM glucose at 

37⁰C with 5% CO2. A minimum of 15 hours later, cultures were diluted 25-fold in two 50 

ml tubes containing CDM with 6 mM glucose added. Growth was monitored by 

measuring the OD675 with BioMate 3 Spectrophotometer (Thermo Electron Scientific 

instrument Corporation). One culture was allowed to reach mid-exponential phase, which 

is defined as an OD675 of about 0.19. The other culture was allowed to continue 

incubating for 24 hours, approximately 20 hours after the glucose was used up.  

The RNA was extracted from all cultures using a method adapted from Cury and 

Koo (2008). Each culture was centrifuged at 3500 RPM for 10 minutes at 4⁰C and the 

supernatant was discarded. The cell pellet was resuspended in NAES buffer (50 mM 

sodium acetate buffer, 10 mM EDTA and 1% SDS in diethyl pyrocarbonate (DEPC) 

treated water; pH 5.0) (Appendix) and vortexed to resuspend the cells. Next, 700 µl of 

acid:phenol chloroform (5:1, pH 4.5; Ambion, Inc., Austin, TX, USA) was added. The 

mixture was transferred to a screw-cap tube containing 1.6 g of silica beads (Fisher 
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Scientific) and shaken in a bead-beater (Mini BeadBeater, Biospec Products) three times 

for 40 seconds, alternating with one minute incubations on ice. The tubes were then 

centrifuged for 5 minutes at 14,000 rpm at 4⁰C. The aqueous phase containing the RNA 

was removed and placed in a new microcentrifuge tube. An equal volume (500-700 µl) of 

acid phenol:chloroform was added, and the mixture was gently vortexed. The tube was 

left at room temperature for one minute before being centrifuged for 5 minutes at 4⁰C at 

15,000 rpm. The aqueous phase was again removed and placed in a new microcentrifuge 

tube, and an equal volume of acid phenol:chloroform was added. The tube was gently 

vortexed, left at room temperature for one minute, and centrifuged at 4⁰C for five 

minutes. The aqueous phase was removed to a new tube, and an equal volume of 

chloroform isoamyl alcohol (24:1; Ambion, Inc.) was added, and the mixture was gently 

vortexed. Again, the tube was centrifuged for 5 minutes at 4⁰C, and the aqueous phase 

was removed and placed in a new tube. 0.1 volume of 3 M sodium acetate (pH 5) and 

approximately 1 ml of isopropanol was added. The tube was inverted several times before 

being incubated for a minimum of 1.5 hours at –20°C. The RNA precipitate was 

recovered by centrifugation at 15,000 rpm for 15 minutes at 4⁰C. The RNA pellet was 

washed twice with 75% cold ethanol in DEPC-treated water, followed by one final wash 

with 99% ethanol. The RNA pellet was allowed to dry for 10-15 minutes at room 

temperature. The RNA was resuspended in 24 µl of a master mix containing 20 µl of 

DEPC-treated water, 2.4 µl of DNase buffer (Promega), 1U/μl  DNase (Promega) and 

approximately 20U/µl of RNase inhibitor (Promega) and incubated for 30 minutes at 

37⁰C. To inactivate the enzymes, the reaction tube was incubated at 55⁰C for 15 minutes. 

The RNA was stored until needed at -76⁰C. 
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RNA Gel Procedure 

The RNA to be used for northern blot analysis was quantified using the OD260, 

and the sample was adjusted to a concentration of 2 µg /µl, with a total volume of 5 µl 

loaded on the gel. The samples were added to 17.5 µl of a premix containing 0.4X MOPS 

(Acros), 2.59% formaldehyde (Fisher), 20% formamide (Fisher) in DEPC-treated water. 

The RNA and premix mixture was incubated at 55⁰C for approximately 30 minutes to 

denature the RNA. In addition, 3.5 µl of RNA marker (Promega) was treated similarly. A 

mixture of 20:1 of loading dye and ethidium bromide was prepared in DEPC-treated 

water, and 1.25 µl was added to each RNA sample and to the RNA marker. The samples 

were loaded on an agarose gel containing 1.4% agarose (Fisher), 1X MOPS, and 1.1% 

formaldehyde prepared in DEPC-treated water. Buffer containing 1X MOPS, and 0.64% 

formaldehyde in DEPC-treated water was used for the electrophoresis. Once the samples 

were loaded on the gel, electrophoresis was performed at 25 mV for 20 minutes, before 

increasing the voltage to 40 mV for 3 hours. The gel was imaged on a UV light box and a 

photograph was taken using the Electrophoresis System Photo Documentation Camera, 

model FB-PDC-34 (Fisher Scientific).  

Northern Blot Analysis 

The total RNA harvested using the protocol described above was used for 

northern blot analysis. After denaturing and fractionating 10 µg of RNA using agarose 

gel electrophoresis, the gel was immersed in a solution containing 10X SSC for 30 

minutes while being gently shaken. The RNA was transferred overnight via capillary blot 

to a positively-charged MagnaGraph nylon membrane (Osmonics, Trevose, 

Pennsylvania). Approximately 15 hours later, the transferred RNA was cross-linked to 
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the nylon membrane using a UV Stratalinker 2400 (Stratagene) at 120 mJoules. The 

membrane was then prehybridized for 2 hours at 65⁰C in 17 ml of hybridization solution 

containing 6X SSC, 5X Denhardts (Sigma), 0.5% SDS and 0.1mg/ml-1 of sheared salmon 

sperm DNA (Ambion). The sheared salmon sperm DNA and the DNA probes were 

pretreated by heating to 100⁰C for 5 minutes before being cooled for 5 minutes. The pre-

hybridization was performed for 2 hours, after which, 100 ng of denatured DNA probe in 

3 ml of hydridization solution was then added to the 17 ml of hybridization solution 

containing the blot. The DNA probe was previously generated by PCR, using the primers 

described in Table 2. Labeling was done by adding the nucleotide DIG-11-dUTP (Roche) 

to the PCR reaction. The hybridization was performed overnight in a 65⁰C Hybridizer 

600 hybridization oven (Stratagene). Following the overnight hybridization, the 

membranes were washed in three successive buffers prepared in advance. The first wash, 

performed at room temperature with gently rocking for 5 minutes, contained 2X SSC, 

and 0.5% SDS in DEPC-treated water. The second wash contained 2X SSC, with 0.1% 

SDS in DEPC-treated water and was performed at room temperature for 10 minutes. The 

third wash, performed at 55⁰C for 20 minutes, contained 0.1X SSC and 0.1% SDS, in 

DEPC-treated water. One more wash was performed for 2 minutes at room temperature 

in wash buffer (0.3% Tween 20, 0.1 M maleic acid, 0.15 M NaCl, adjusted to pH 7.5 with 

NaOH).  

To detect hybridization of the DIG-labeled probe, the membrane was treated with 

1X blocking buffer (1% Blocking reagent [Roche]), 0.1 M maleic acid, 0.15 NaCl, 

adjusted to pH 7.5 with NaOH) for 30 minutes. Anti-DIG alkaline phosphatase-

conjugated antibody was added to the blocking buffer (1:10,000) and incubated for 30 
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minutes at room temperature. The blot was washed with wash buffer twice for 15 minutes 

at room temperature with gentle rocking. The membrane was then equilibrated for five 

minutes, with gentle rocking in Buffer 3 (0.1 M Tris, 0.1 M NaCl, 0.05 M MgCl2, 

adjusted to pH 9.5 with HCl). To detect the DIG label via an enzymatic reaction with the 

alkaline phosphatase, CSPD (Roche) chemiluminescent substrate was applied to the blot, 

and it was then incubated in the dark for 5 minutes. The chemiluminescent signal was 

recorded using Kodak X-Omat Blue Film. 

Static Biofilms of S. mutans 

Static Biofilms were established in 24 well microtitre plates containing 12 mm 

diameter 1.5 mm thick borosilicate glass coverslips (Fisherbrand, Fisher Scientific). S. 

mutans was inoculated in 5 ml of CDM containing 24 mM glucose, and incubated 

overnight at 37⁰C with 5% CO2. Cultures were then diluted 25-fold into fresh CDM 

containing 24 mM glucose and incubated for 4 to 6 hours. The cultures were then 

centrifuged, and the supernatant removed. The bacteria were washed twice with 5 ml of 

Phosphate Buffered Saline (PBS) (Appendix), and then diluted to a nominal OD675nm of 

0.001 in CDM containing 3 mM sucrose. Each well was inoculated with 2 ml of culture, 

and the plates were incubated at 37⁰C in a 5% CO2 incubator for indicated times, ranging 

from hours to several weeks.  

When biofilms were to be harvested for viability studies, the culture medium was 

aspirated out of the wells, and biofilms were gently washed twice with 1-2 ml of PBS to 

remove the planktonic cells. The coverslips were removed and placed in 15 ml conical 

tubes (Fisher Scientific) containing 5 ml of PBS and kept on ice. To remove the biofilms 

from the coverslips, samples were sonicated with a cell disrupter (Sonic Dismembrator, 
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Model 500, Fisher Scientific) with a microtip for 20 seconds at a voltage amplitude of 

60%. Tubes were placed back to ice immediately after sonicating. The suspension was 

serial diluted in PBS and plated on TH agar. The results were recorded in CFU per 

coverslip. 

 Static Biofilms for Time-Lapse Imaging 

For time-lapse microscopy studies, biofilms were prepared in 35 mm petri dishes 

with a 1.5 optical grade borosilicate coverglass bottom (MatTek Corporation, Ashland, 

MA). S. mutans was inoculated in 5 ml of CDM containing 24 mM glucose, and 

incubated overnight at 37⁰C with 5% CO2. Cultures were then diluted 25-fold into fresh 

CDM containing 24 mM glucose and incubated for 4 to 6 hours. The cultures were then 

centrifuged, and the supernatant removed. The bacteria were washed twice with 5 ml of 

Phosphate Buffered Saline (PBS) (Appendix), and then diluted to a nominal OD675nm of 

0.001 in CDM containing 3 mM sucrose. To each 35 mm petri dish, 4-5 ml of the cell 

suspension was added. The dishes were incubated at 37⁰C with 5% CO2. 

 Confocal Microscopy 

To prepare slides for microscopic imaging, 3 µl of bacterial culture was removed 

and placed on a glass slide, (Fisher Scientific) and covered with a 1.5 glass coverslip 

(Fisher Scientific). Static biofilms were visualized by removing the glass coverslip from 

the microtitre plate well and carefully inverting it over a 10-well multitest slide 

(Invitrogen, Molecular Probes). Images were captured with a Leica DM IRE2 microscope 

with a TCS SL system, using a 100X oil-immersion objective and Leica imaging 

software.  



51 
 

For time-lapse microscopic imaging, biofilms of S. mutans were prepared in 35 

mm glass bottom petri dishes as described above. Imaging was performed using a Leica 

SP5 microscope with an environmental chamber for the maintenance of consistent 

temperature and CO2 level. Temperature within the chamber was maintained at 37⁰C, and 

CO2 levels maintained at 5%. Time lapse images were collected using a 64X oil-

immersion objective. 

 Green Fluorescent Protein Assays 

Transcriptional fusions were constructed using gfpmut3b*, encoding a derivative 

of green fluorescent protein (GFP) that has been shown to fluoresce in streptococci 

(Hansen et. al. 2001). GFP fluorescence was excited with an Argon 488 laser. To control 

for autofluorescence, S. mutans parental strain UA159 not containing a gfp fusion was 

used. The photon multiplier tube voltage was lowered so that no fluorescence could be 

detected from the samples not containing the fusion. This ensured that any fluorescence 

detected above this level was not attributed to autofluorescent signal. 

 D-Amino Acid Experiments 

Static biofilms of S. mutans strain UA159 were inoculated in 24 well plates (BD Falcon) 

with or without borosilicate glass coverslips as described above, in 2 ml of CDM with 3 

mM sucrose, TH broth, or BHI medium (Difco). D-amino acid stocks were prepared in 

deionized water and filter sterilized with 0.22 µm syringe filters (Fisher Scientific). At 

the indicated times, D-amino acids were added to wells to a final concentration of 500 

µM or 1 mM per well, per amino acid. Some wells received 500 µM of all four or 1 mM 

of all four. The pH was measured after the addition of the amino acids to confirm that the 

supernatant remained at acceptable levels (Approximately pH 6-6.5).  After the indicated 
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incubation times, medium was aspirated and wells washed three times with deionized 

water. Crystal violet stain (Fisher Chemical) was added to each well and incubated at 

room temperature for 10 minutes. Solution was aspirated and wells washed three times 

with deionized water. Plates were allowed to air dry for several minutes at room 

temperature. 95% ethanol was added to each well to solublize the stain and plates were 

incubated at room temperature for about 10-15 minutes. The contents of each well were 

briefly mixed and 125 µl from each well was placed in a 96 well plate for optical density 

(OD) readings. OD500, OD550, and OD650 readings were measured using a Polarstar 

Omega plate reader (BMG Biotech). 

 Sugar Restoration to Biofilms 

For studies involving the restoration of sucrose to starved biofilms, the procedure 

was performed similarly whether the biofilms were inoculated in 24-well culture plates or 

35 mm glass bottom dishes. First, the supernatant was gently aspirated off the biofilms 

and set aside in a culture tube. The biofilms were carefully washed twice with 1-2 ml of 

PBS to remove planktonic cells. The biofilms were not allowed to dry. The spent medium 

was supplemented with 3 mM sucrose before being filter sterilized with 0.22 µm syringe 

filters (FisherBrand). The sugar-supplemented supernatant was then returned to the wells 

carefully so as not to disturb the adhered biofilms, and the biofilms were returned to 37ºC 

incubation with 5% CO2. 

 Supernatant Switch Experiments 

S. mutans strains UA159 and SL15017 (pdhD knockout strain) were grown in 5 

ml cultures of TH broth in a 5% CO2 incubator at 37⁰C overnight. The overnight cultures 

were diluted 25-fold into 50 ml of fresh TH broth containing 6 mM glucose, and 
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incubated at 37ºC with 5% CO2. On days 2, 3 or 7 the cultures were split and centrifuged, 

after removing a small sample for viability plating and calculations.  The supernatants 

were then removed and filter sterilized with a 0.22 µm syringe filter to remove any 

planktonic cells. For one set of tubes, the supernatants were switched and the cells were 

resuspended. For the other set of tubes, the cells were returned to their original culture 

medium. The cultures were returned to 37ºC with 5% CO2 for incubation. At the 

indicated times, a small sample of each of the four cultures was removed, serial diluted, 

and plated for viability on TH agar. The plates were incubated at 37ºC with 5% CO2. 

 Transwell Experiments 

S. mutans strains UA159 and SL15017 (pdhD knockout strain) were grown in 5 

ml cultures of TH broth in a 5% CO2 incubator at 37⁰C overnight. The overnight cultures 

were diluted 25-fold into 25 ml of fresh TH broth containing 6 mM glucose, and 

incubated at 37ºC with 5% CO2.  After approximately 7 hours, the samples were 

introduced to wells in a 6-well Transwell (Corning) plate with well inserts containing a 

0.4 µM pore size polycarbonate membrane separating the two compartments.  The inside 

volume was approximately 750 µL, while outside the well insert held approximately 1.5 

ml.  Samples were set up in triplicate with UA159 cells inside the well insert and 

SL15017 cells outside. Three more samples were set up in the reverse orientation.  

Samples were removed at the indicated times for serial diluting and plating on TH agar. 

The plates were incubated at 37ºC with 5% CO2 for approximately 2 days. 
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CHAPTER 3: RESULTS 

Markers of Exponentially Growing Cells 

To understand how single bacterial cells within biofilms of S. mutans respond to 

sugar starvation and sugar restoration, we chose to study single species biofilms grown 

on borosilicate glass coverslips. Using fluorescent reporters and confocal microscopy, we 

wanted to identify subpopulations of cells within a genetically homogenous population 

and assess their response to sugar restoration. However, we first needed to be able to 

distinguish those cells undergoing growth from dormant or stationary phase cells.  

In order to identify cells within a population that are undergoing exponential-like 

growth, genes expressed exclusively in growing cells or non-growing cells had to be 

identified. Previously in our laboratory, microarray analysis was performed to compare 

exponentially growing bacteria to one day stationary phase bacteria in batch cultures. 

Several ribosomal genes, notably rpsT and rpmJ, were identified in this preliminary 

screen as being consistently upregulated in the exponentially growing culture, but whose 

expression was virtually nonexistent once the culture had entered stationary phase. rpsT 

encodes small ribosomal protein S20 and rpmJ encodes L36, a protein found in the large 

ribosomal subunits. Northern blots were done to confirm the microarray results. RNA 

was harvested from mid-exponential and 20 hour stationary phase S. mutans batch 

cultures grown in CDM (Appendix) supplemented with 3mM sucrose.  Cultures were 

incubated at 37ºC with 5% CO2.  Approximately 100 to 200 base pair DIG-labeled PCR 

fragments were used as probes for each of the genes (Figure 4).  

The expected size of the rpsT gene was 252 bases, which correlated with the size 

of the detected band. For rpmJ, the detected band was much larger than the expected 114 
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base pair size of the gene. The band detected was approximately 2.2 kb, and was 

expressed preponderantly in exponential phase. It was suspected that rpmJ was part of a 

multigene operon, so several other genes in close proximity were examined by northern 

blot.  Two other genes were detected in the 2.2 kb band; the 216 base pair gene for 

translation initiation factor 1 (if1) and the 936 base pair gene for the alpha subunit of 

DNA-directed RNA polymerase (rpoA) (Figure 4). These findings support the hypothesis 

that the gene rpmJ is part of a multigene operon sharing a common regulatory region just 

upstream of the region. Because the gene showed low level expression in stationary 

phase, it was decided to continue fluorescent reporter studies using constructs made using 

the rpsT promoter. 
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Figure 3. Detection of rpmJ and rpsT transcripts in batch cultures of UA159 

A. 10 µg of RNA was denatured and separated by gel electrophoresis 

B. Northern Blot for the rpmJ gene in exponentially (E) growing cells and stationary 

phase (S) batch culture cells. 

C. Northern Blot for the rpsT gene in exponentially (E) growing cells and stationary 

phase (S) batch culture cells.  

The RNA was then transferred onto a nylon membrane and hybridized to probes for the 

rpmJ (B) and rpsT (C) genes. Size markers indicate transcript sizes in kilobases. 
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Figure 4.  Northern Blot Analysis of RNA isolated from batch cultures of UA159. 

A. Summary of the genes examined by northern blot 

B. Northern blot for the rpoA and if1 genes in exponentially (E) growing cells and 

stationary phase (S) batch culture cells. 10 µg of RNA was denatured and 

separated by gel electrophoresis. The RNA was then transferred onto a nylon 

membrane and hybridized to probes for the rpoA  and if1 genes. 

C. Diagrammatic representation of the rpmJ (rl36) genomic region in S. mutans 

UA159, showing the upstream and downstream genes. 

Gene Name Gene Bank Locus Tag Description Size (nt) 

rpsT SMU.1127 30s Ribosomal protein S20 252 

rpmJ  50s Ribosomal Protein L36 114 

if1 SMU.2004c Translation Initiation Factor IF-1  216 

rpoA SMU.2001c DNA-Directed RNA Polymerase, 
Alpha Subunit 936 
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Starved biofilms of S. mutans respond rapidly to sugar restoration 

 To gain a broader sense of the nature and time frame of the growth response in 

sugar-starved biofilms, static biofilms were established in multiwall culture dishes and 

bacteria were plated for viable counts periodically. Biofilms were inoculated in CDM 

(Appendix) with 3 mM sucrose present. The sucrose was used up, which occurred 

approximately one day after inoculation, once the biofilms reached stationary phase. 

After 12 days of sugar starvation, 3 mM sucrose was introduced back to the medium. To 

do this, the supernatant was carefully removed before the 3 mM sucrose was added. The 

medium was then filter sterilized to remove any planktonic bacteria and replaced in the 

biofilm wells. Once the sucrose was restored, the bacteria responded with growth almost 

immediately and viable cell counts had increased approximately four log values by 24 

hours (Figure 5). The growth response was stronger and more rapid than expected 

because it was previously observed that  oral bacterial species S. anginosus and L. 

salivarius subjected to nutrient deprivation took far longer (up to 72 hours) to reactivate 

and grow in response to sugar restoration (Chavez de Paz, et al. 2008). Approximately 24 

hours after sucrose restoration, cell count peaked presumably because the sucrose was 

exhausted, and then started to decrease.  The result of these sucrose restoration 

experiments provided a time frame to focus further fluorescent microscopy studies on the 

growth response to sugar restoration.  
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Figure 5. Response of Starved S. mutans UA159 static biofilms to sucrose restoration. 

After 12 days, supernatants were filter sterilized, and 3 mM sucrose was restored to the 

media at 0 hours. Biofilms were removed at the indicated times after washing in PBS and 

were sonicated in PBS before plating for viable counts. A. Viability of static biofilms was 

calculated per square centimeter starting 7 days prior to sucrose restoration. B. 0-48 hours 

following sucrose restoration, as indicated in red box of (A). 
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Development of an unstable variant of GFP 

To use genetic markers to track exponentially growing cells within single species 

biofilms of S. mutans, gfp-expressing reporter strains were constructed. These strains 

could then be used to track the growth response when starved biofilms are subjected to 

sugar restoration.  Once we understood the nature and magnitude of this growth response, 

we were better able to visualize it using fluorescent reporter containing strains of S. 

mutans. We quickly realized that GFP, while very useful for gene expression studies, is 

extremely stable and once expressed early on during growth in every cell, persisted in the 

cells almost indefinitely (Figure 6).  

To address the issue of residual GFP in the cell, an unstable variant of GFP was 

developed by exploiting a cellular process termed trans-translation. During trans-

translation, tmRNA tags aberrant proteins with a short proteolytic sequence targeting the 

protein for degradation by clpXP proteases. A plasmid was constructed that encoded the 

tag sequence translationally fused to the c-terminus of GFP with the promoter of rpsT 

driving its expression. Once introduced to S. mutans, this construct did not give a 

fluorescent signal that was easily observed. Using site-directed mutagenesis, the final two 

amino acids in the sequence were varied to achieve the appropriate level of stability, 

allowing us to obtain an observable unstable GFP. Three variants were constructed in 

which the final two amino acids in the tag sequence were varied. Of the tree variants, one 

was selected as having the appropriate level of stability (VSA); approximately two hours 

after expression, signal is greatly diminished. Plasmids encoding fluorescent reporters 

were constructed containing the promoter region of rpsT driving expression of u-gfp.  
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Figure 6. Static Biofilm time course study of SL13502 (PrpsT-gfp). 

12-day old sugar-starved static biofilms were imaged prior to sucrose restoration, then 

imaged at 6, 12 and 18 hours after introducing 3 mM sucrose to the culture medium. GFP 

signal is strongly detected in the starved biofilm cells, before and after sucrose restoration. 

Size bar indicates approximately 25 microns. Left column; GFP, middle column; DIC 

(differential interference contrast microscopy) right column; overlay. 
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This resulted in transiently detectable levels of GFP in the cell upon expression of the 

rpsT gene. Since rpsT is a marker of exponential growth, this system allowed us to track 

growing cells within biofilms. Plasmids containing rpmJ promoter driving u-gfp 

expression were also constructed, but this gene had a detectable, low level of expression 

in stationary phase, as detected by northern blot (Figure 3). In addition, we found that 

rpmJ is part of a multigene operon.  Because low levels of rpmJ expression were detected 

in stationary phase, rpsT was selected as a growth marker for use in further studies. When 

a biofilm was inoculated with a strain expressing PrpsT driving expression of u-gfp 

(SL13717), GFP was observed in all cells and had greatly diminished by 18 hours after 

inoculation. Conversely, when a biofilm is inoculated with a strain containing PrpsT-gfp, 

encoding stable GFP, a strong GFP signal was detected well into stationary phase, when 

it is known that rpsT was no longer being expressed (Figure 7). Two other possible 

variations of the proteolytic tag sequence were constructed, and the resultant plasmids 

were introduced to S. mutans. One of these (VAV) resulted in very little detectable 

signal, and was not useful for our studies. The other (VSV) resulted in a strong level of 

fluorescence that appeared to have a similar level of stability as the stable GFP, with no 

proteolytic tag. 

One considerable problem that has been repeatedly observed while working with 

the unstable variant of GFP is that the fluorescent signal is significantly weaker and more 

sensitive to photobleaching. This was even more of an issue when attempting to observe 

aged biofilms undergoing sugar restoration, and severely limited its utility. 
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A. 

 
B. 

 
 

Figure 7. Construction of u-gfp. 

A, tmRNA proteolytic tag sequence for S. mutans. Using site-directed mutagenesis, the 

three indicated amino acid substitutions were made to produce tags with varying stability.   

 

GCA AAA AAT ACA AAT TCT TAC GCA GTA GCT GCC
A     K     N     T     N    S     Y     A     V     A A

Substitutions:

A     K     N     T     N    S     Y     A     V S     A
A     K     N     T     N    S     Y     A     V A     V
A     K     N     T     N    S     Y     A     V S     V

C. 
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Figure 7 continued. 

B.  Time-course static biofilms of strain SL13502 expressing PrpsT-gfp.  Scalebar 

indicates 30 µm. 

C. Time-course static biofilms of strain SL13717 expressing the selected PrpsT-u-gfp, with 

the serine-alanine substitution (indicated by the red arrow). Top row; GFP, bottom row; 

GFP/DIC (differential interference contrast microscopy) overlay. Scalebar indicates 30 

µm. 
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Starved biofilms respond to sugar restoration with rapid growth that  

can be visualized using U-GFP 

Once the time frame of the growth response after sugar restoration was identified, 

confocal microscopy was used to visualize this response with fluorescent reporter strains. 

It was hypothesized that within a mature sugar-starved biofilm, certain regions are poised 

to undergo exponential-like growth once sucrose is restored to the culture medium. S. 

mutans strain SL13717 (PrpsT-u-gfp) was inoculated in culture plates containing 

borosilicate glass coverslips in CDM with 3 mM sucrose.  Ten days later, biofilms were 

imaged and 3mM sucrose was introduced to the remaining wells after filter sterilizing the 

supernatant to remove any unattached cells. A time course was performed by imaging the 

biofilms periodically over the next several days. At early times following sugar 

restoration, there was no U-GFP signal detected, indicating that rapid growth had not yet 

resumed. U-GFP signal could be detected within the growing microcolonies between 9 to 

17 hours after sucrose restoration, with the highest levels of GFP detected between 12 

and 17 hours. After 17 hours, the U-GFP signal started to decrease, and by day two, 

signal could no longer be detected in the biofilms. This confirms and refines previous 

results demonstrating that the number of viable cells increased during the 24 hours after 

sucrose restoration, and then reached a plateau, presumably after the biofilm cells had 

used the available sugar. The signal appeared to be localized mostly to the larger growing 

microcolonies (Figure 8).   
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Figure 8. Time course microscopy of 10 day old static biofilms of strain SL13717 (PrpsT-
gfp). 

Biofilms were inoculated in CDM containing erythromycin and 3 mM sucrose. 

(continued…) 
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Figure 8 continued. On day 10, supernatant was filter-sterilized and supplemented 

with 3 mM sucrose before being added to the biofilm wells. Imaging was performed at 

the indicated times. U-GFP signal can be detected between 9 and 17 hours following 

sucrose restoration, which correlates with the maximum rate of growth determined by 

viability counts. Left column; GFP, right column; GFP/ DIC (differential interference 

contrast microscopy) overlay. Scale bar indicates 25 microns. 
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pdh-expressing cells do not grow in response to sugar restoration 

 After the response of starved biofilms to sucrose restoration was characterized 

from a viability standpoint, and this response was visualized using the exponential 

marker rpsT, it was hypothesized that a subpopulation of cells that may play an important 

role in this response are the cells that express the pyruvate dehydrogenase (pdh) operon.  

PDH is a multi-subunit enzyme complex that catalyzes the conversion of pyruvate into 

acetyl-CoA by a process called pyruvate decarboxylation. This enzyme complex is 

encoded by the pdh operon, which is controlled by a single promoter upstream of the first 

gene in the operon, pdhD. Previously in our laboratory, Monica Busuioc, Ph.D. showed, 

using GFP reporter strains, that a small pdh-expressing subset (~0.5%) of cells grows 

slowly and in chains in stationary phase starved populations of S. mutans. Expression of 

the PDH enzyme complex begins in one-day stationary phase planktonic and biofilm 

cultures. Expression slowly increases well into long term sugar starvation as the pdh-

expressing cells appear to grow into long chains (Busuioc, et al. 2010). As less than 1% 

of the initial population survived for more than about 10 days, it was speculated that the 

surviving bacteria were those expressing pdh, and that these cells are the principal 

responders upon sugar restoration. This speculation was supported by the observation that 

a pdh null mutant did not survive beyond ten days (Busuioc, et al. 2010). 

To visualize the expression of pdh, a biofilm was inoculated with strain SL15043, 

expressing Ppdh-gfp on a pJAR2-derived shuttle plasmid (Provided by Monica Busuioc, 

Ph.D.). Time course microscopy was performed beginning on day one and continued 

through day 20. Concurrently, viability was determined by sonicating biofilms and serial 

plating on TH agar; after two days of incubation at 37ºC with 5% CO2, colonies were 
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enumerated and viability determined. The average length of the fluorescing chains of 

cells increased as the cells were starved for sugar up to 20 days, suggestive of slow 

growth and division (Figure 9). It is important to note that this low level of growth 

occurred while the overall survival count was decreasing, as shown by viability counts 

(Figure 9). It was hypothesized that this slow growing population of cells was responsible 

for the growth response observed when starved biofilms were supplemented with sucrose, 

as they appeared to be a viable subset in an otherwise non-growing population.   

To determine if the pdh-expressing cells were responsible for the growth of 

starved biofilm populations to the restoration of sucrose, time lapse microscopy was 

performed on a 20 day-old biofilm inoculated with strain SL15043 of S. mutans, 

expressing the Ppdh-gfp construct. For 20 days after being set up, the biofilm was 

incubated in a 37ºC incubator with 5% CO2. The sucrose was then restored to the biofilm 

after removing any planktonic bacteria present in the dish. Since growth appears to occur 

between 12 and 24 hours following sucrose addition, microscopic imaging was initiated 

at 12 hours following sucrose restoration. The biofilm was then placed on the microscope 

stage, inside an environmental chamber which maintains the ambient temperature at 37ºC 

with 5% CO2. After focusing on a pdh-expressing chain, images were collected every 1.5 

hours to observe the chain for growth. If the pdh-expressing population responded to 

sucrose restoration by growing, the chain of cells would have shifted or moved as new 

cells were formed. Newly growing cells may not be expressing pdh, so new GFP would 

not be made in those cells, but residual GFP would be present so the cells originating 

from the fluorescing chain would show a low level of GFP signal. No movement or shift 

within the GFP-fluorescing chain up to 22 hours was observed (Figure 10). While the 
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pdh-expressing cells did not appear to grow, surrounding cells within the biofilm did 

appear to grow and populate the adjacent areas. Similar experiments performed from 4 

through 14 hours also showed no movement or growth within the pdh-expressing 

fluorescent chains (Figure 11). A similar experiment was carried out using a 16-day old 

biofilms of the parental UA159 strain in which no gfp–expressing construct was present, 

and a chain of cells was visualized using differential interference contrast (DIC) 

microscopy (Figure 12). Using time-lapse microscopy, from 10 to 18 hours after the 

restoration of sucrose, the chain did not appear to move, grow or disperse. As the 

biofilms grew and the empty spaces filled in, again the chains of cells did not respond. 

This shows that the earlier observations were likely not an artifact of the gfp-expression. 
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Figure 9. Time-course study of a static biofilm of strain SL15013 (Ppdh-gfp). 

 Biofilms were inoculated in CDM with 3mM sucrose in 24-well culture dishes containing 

glass coverslips.  Net growth had largely stopped within 24 hours, presumably because of 

sucrose depletion. At the indicated times, coverslips were washed and recovered for time-

course microscopy. Cells expressing pdh appeared to grow slowly and in chains during 

during long-term nutrient deprivation, while the overall viability decreased. Top row; 

GFP, bottom row; GFP/ DIC (differential interference contrast microscopy) overlay. 
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Figure 10. Time-lapse study (10-22 h after sucrose addition) of a static biofilm of  
strain SL15013 (Ppdh-gfp).  

A static biofilm was inoculated with strain SL15013 in glass bottom petri dishes and 

incubated at 37ºC with 5% CO2 for 20 days. On day 20, the supernatant was removed, 

filter sterilized and supplemented with 3mM sucrose. The biofilm was then carefully 

washed with PBS before the supernatant was replaced back into the petri dish. After 12 

hours incubation, the biofilm was placed on the microscope stage, inside an 

environmental chamber heated to 37ºC with 5% CO2. Time lapse microscopy was 

performed to 22 hours, focusing on the same pdh-expressing chain of cells. While the 

surrounding biofilm increased in cell density, the chain of pdh-expressers remained 

unmoved and appeared not to respond to sucrose restoration. Encircled area indicates one 

region that is subsequently filled in by newly growing cells. 

 µm 
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Figure 11. Time lapse study (4-14 h after sucrose addition) of a static biofilm of  
strain SL15013 (Ppdh-gfp).  

Static biofilms were inoculated with strain SL15013 in glass bottom petri dishes and 

incubated at 37ºC with 5% CO2 for 20 days. On day 15, the supernatant was removed and 

filter sterilized. The biofilm was then carefully washed with PBS before the supernatant 

was supplemented with 3 mM sucrose and replaced back into the petri dish. After 4 hours 

incubation, the biofilm was placed on the microscope stage, inside an environmental 

chamber heated to 37ºC with 5% CO2. Time lapse microscopy was performed until 14 

hours while focusing on the same pdh-expressing chain of cells. While the surrounding 

biofilm is increased in cell density, the chain of pdh-expressers appeared to remain 

unmoved and appeared not to respond to the sucrose restoration. 
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T + 12 Hours T + 13.5 Hours 

T + 15 Hours T + 16.5 Hours 

Figure 12. Time Lapse Differential Interference Contrast microscopy (DIC) of a 
static biofilm of parental strain UA159 

Biofilm inoculated in CDM with 3 mM sucrose. On day 16, biofilm supernatant was 

removed, filter sterilized and supplemented with 3 mM sucrose. The biofilm was placed 

at 37ºC for 10 hours before initiating time course imaging while focusing on a chain of 

bacteria. The red arrow indicated a chain of bacteria. While the surrounding areas appear 

to fill in with growing cells (example shown in encircled area), the chain does not appear 

to respond to sucrose restoration with movement or growth. The newly formed biofilm 

material does not appear to originate from the slow-growing chain of bacteria.
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pdh-expressing cells interact with other subpopulations to promote 
 growth 

One explanation for the observation that the pdh-expressers do not grow in 

response to sucrose restoration is that while the pdh-expressers are not responding 

directly to sucrose restoration, they are aiding other populations of cells to respond 

through the secretion of a soluble factor or through cell contact. To determine if this is 

the case, a co-culture experiment was performed in which the parental strain UA159 was 

grown in co-culture with the pdhD knockout strain. The entire pdh operon was 

inactivated in this strain by replacing the first gene with a kanamycin resistance cassette 

transcribed in the opposite direction, resulting in a polar mutation (Busuioc, et al. 2010). 

Batch cultures of the two strains were grown separately until early stationary phase, at 

which point they were mixed together in equal ratio. Viability of mixed and unmixed 

cultures was calculated by plating cells periodically on TH medium, then passaging 

colonies onto TH medium containing 300 µg/ml of kanamycin. The first plating allows 

viability to be determined for the entire mixed population, while the second plating 

allows determination of what percent of total viable counts can be attributed to the pdhD 

knockout mutant strain. Colonies that grew on TH medium containing kanamycin were 

tested to confirm replacement of pdhD with kan by chromosomal PCR using the primers 

pdhD KO Verif. Fw.1 and pdhD KO Verif. Rev.2 (Table 1). It was found that when the 

pdhD knockout strain was incubated in the presence of UA159, its survival increased to 

over thirty days, compared to no more than 16 days when grown alone (Figure 13). The 

result shown is representative of two separate experiments.  

To determine the nature of this interaction, transwell experiments were carried out 

in which the pdhD knockout strain and UA159 were inoculated in separate compartments 
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in the same well of a transwell culture dish (Costar). The two compartments were 

separated by a 0.22 micron filter. This set-up allows the culture supernatant to flow freely 

between the two compartments, while the cells are kept separate.  No difference in 

survival was observed for the pdhD knockout strain, whether grown alone or in the 

presence of the parental UA159 strain (Figure 14). Similarly, replacing cell culture 

supernatant of the pdhD knock-out strain with that of the parental strain did not lead to an 

increase in survival of the pdhD knock-out strain (Figure 15). These results indicate that 

there is no soluble factor mediating the interaction between the two strains, and thus 

enhanced survival of the pdh mutant may require cell-cell contact with the parental strain.  

Persistor cells and aging cultures of S. mutans 

Perister cells overexpress toxin/antitoxin modules leading to a repression of 

various cell functions that are normally targeted by antibiotics. These cells account for a 

very small subset and are often associated with antibiotic resistance, which is also 

characteristic of biofilms (Lewis 2005). It was hypothesized that the population of cells 

responsible for long time survival of S. mutans under sugar starvation may exhibit a 

persister phenotype.   

To determine if there is a possibility that a subset of S. mutans cells in long term 

stationary phase culture differentiated into a persister phenotype, UA159 was inoculated 

in 25 ml of CDM with 6 mM glucose, and cultures were incubated at 37ºC with 5% CO2 

for 12 days. After 12 days, 2 ml samples were removed and placed in 24 well culture 

plates. It must be noted that prior to this experiment, minimum inhibitory concentrations 

for several antibiotics were determined for UA159. For kanamycin, this was determined 

to be 500 µg/ml under the tested conditions. For ampicillin and rifampicin, these 
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concentrations were 31 µg/ml and 3 µg/ml, respectively, under the tested laboratory 

conditions. Antibiotics were introduced at the determined MIC concentration, or at a 10 

fold higher concentration. After 24, 48, 72, or 96 hours, bacteria were removed for 

plating on TH agar plates. Plates were incubated for up to 5 days, since dormant cells 

may take longer to return to an actively growing state. No significant growth was noted 

on any of the plates after incubation, except for the UA159 wells that did not receive 

antibiotic treatment. It appears that in aged cultures of S. mutans, cells do not 

differentiate into a persister cell phenotype (Table 4).  
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Figure 13.  S. mutans parental strain UA159 was cultured alone or mixed in equal 
ratio with SL14043 (pdhD knock-out strain).  

Samples were removed periodically and plated on TH agar and TH agar supplemented 

with kanamycin to determine the proportion of each strain. Colonies grown on TH 

supplemented with kanamycin were checked by PCR to confirm the presence of the 

antibiotic resistance cassette in place of pdhD. 

 * none detected 
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Figure 14. Supernatant switch experiment of parental strain UA159 and SL14043.  

Cultures of UA159 parental strain and SL14043 (pdhD knock-out strain) were inoculated 

in CDM with 6mM glucose and CDM with 6 mM glucose supplemented with kanamycin, 

respectively. After the cultures reached one-day stationary phase, they were centrifuged 

and the supernatant was removed from each and exchanged. Controls were performed in 

which the culture supernatant was restored but not switched. The cultures were incubated 

at 37ºC with 5% CO2 and samples were removed at intervals for plating on TH agar or 

TH agar supplemented with kanamycin. After incubation for several days, colonies were 

enumerated and viability was determined. 
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Figure 15. Transwell experiment of parental UA159 and SL14043.  

Cultures of parental strain UA159 and SL14043 (pdhD knockout strain) were inoculated 

into Transwell plates and cultured for up to 12 days. At the indicated times, samples were 

removed for plating to determine viability. An average of viable counts from four different 

compartments is represented. UA159 alone represents UA159 counts when UA159 was 

present in both compartments of the transwell; UA159 with pdhD knockout represents 

UA159 counts when the pdhD Knockout was in the other compartment; pdhD Knockout 

alone indicates that the knockout was in both compartments, and pdhD knockout with 

UA159 represents the pdhD knockout counts when UA159 was in the other compartment 

of the transwell. No difference in viability was observed whether the pdhD knockout cells 

were cultured in the presence of UA159 (separated by a membrane) or not.  The presence 

of strain UA159 in the transwell did not enhance survival of the pdh mutant. 
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Table 4. Determination of antibiotic tolerance in stationary cultures.  

Parental UA159 was inoculated in CDM + 6 mM glucose and after 12 days, 2 ml samples 

were removed to a multiwell plate and treated with the indicated antibiotics (kan, 

kanamycin; amp, ampicillin; rif; rifampicin) at low (~MIC) and high (10 times the MIC) 

concentrations in duplicate for the indicated times. After 24, 48, 72, or 96 hours of 

incubation, cells were plated for viability on TH agar at the indicated times. 50 µl or 300 

µl was plated as indicated. Plates were incubated at 37ºC with 5% CO2 for up to 5 days.  
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Dual Reporter Plasmid 

 Once genetic markers of exponential and stationary phase bacteria were 

established, the construction of a dual reporter plasmid was attempted. This would have 

allowed the simultaneous tracking of two different reporters, potentially identifying 

different subpopulations in the same experiment, and it seemed like the next logical step. 

The main obstacle was identifying two fluorophores that function well in S. mutans, and 

could be subcloned into the same plasmid.  

There are limited fluorophores available for use in Streptococci, and those most 

commonly in use have overlapping excitation and emission peaks. Several variations of 

dual-reporter plasmids using the genes for cyan fluorescent protein (cfp), yellow 

fluorescent protein (yfp), and green fluorescent protein (gfp) were constructed with very 

little success. The most widely used fluorophore reporter gene for S. mutans is gfp, and 

combining with cfp or yfp was not a useful option because the emission specrtra of GFP 

could not be easily separated from that of CFP or YFP.  An early attempt utilized yfp and 

cfp in the same plasmid under the control of different promoters. Again, the emission 

wavelengths of two fluorophores could not be separated because the CFP emission 

spectra has an extra peak that pushes it further toward that of YFP. This makes it difficult 

to separate the two in the same experiment, as CFP is detected when collecting for YFP.  

An alternative was to construct a dual reporter plasmid utilizing gfp combined with a 

different fluorophore that is compatible with GFP. 

 One possibility that was explored was the gene for the monomeric Cherry protein 

(mCherry), which was provided by Avigdor Eldar, Ph.D. of Caltech. Previosuly, this 

fluorophore was used in B. subtilis with some success (Doherty, et al. 2010). The 
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emission peak of mCHERRY is 610 nm, making it compatible with the 509 emission 

peak of GFP. A pJAR2-derivative shuttle plasmid was constructed expressing PrpsT-

mCherry and introduced to S. mutans. Using confocal microscopy, weak red signal in all 

cells could be detected that photobleached very quickly (Figure 16). Signal was slightly 

brighter in batch culture cells than in biofilms. This could be attributed to the oxygen-

poor, slightly acidic conditions found within static biofilms, since oxygen is required for 

the maturation of the fluorescent protein into a detectable fluorophore. A plasmid was 

constructed encoding both gfp and mcherry under the control of the pdh and rpsT 

promoters, respectively. A bidirectional transcription terminator was introduced between 

the two fluorophore genes. Earlier attempts had the promoter of the clpE gene, encoding 

a cellular protease, in place of pdh (Figure 17). Once introduced to S. mutans, signal 

could not be detected, and all attempts at constructing a dual reporter plasmid for use in 

S. mutans ultimately failed. One final attempt focused on introducing PrpsT-mCherry into 

the chromosome, but this also did not yield satisfactory levels of fluorescence, probably 

because only one copy of the gene was present.  

Viability Stains to track growing cells in Biofilms 

Another approach to track growing cells within biofilms is to use a metabolic 

stain or a labeled antibiotic, both of which interact differently with growing cells to yield 

fluorescence, which can then be detected using confocal miscroscopy. Two different 

types of stains were explored for this purpose. The first is fluorescein-labeled 

vancomycin, which binds to D-alanine-D-alanine of pentapeptide sidechains and prevents 

the transpeptidation step in peptidoglycan polymerization. Thus, this stain is specific for  
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Figure 16. S. mutans strain containing a shuttle plasmid expressing PrpsT-mcherry. 

Mid-exponential batch cultures were grown in CDM containing 6 mM glucose and 

erythromycin. Scale bar indicates 10 microns. 
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Figure 17. Diagrammatic representation of pAR17.  

Dual reporter shuttle plasmid was constructed for use in S. mutans.  This pJAR2-

derivative plasmid contained an origin of replication for S. mutans and for E. 

coli, as well as an erythromycin resistance marker. Later versions had PclpE, or 

Ppdh, driving expression of mcherry, and PrpsT driving U-gfp expression. Between 

the two fluorophores, a bidirectional hairpin terminator (tt) was introduced. 

PrpsT
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growing gram-positive bacteria that are undergoing peptidoglycan synthesis. Cultures 

were labeled with a 1:1 mixture of vancomycin (Sigma) and the fluorescent BODIPY FL 

conjugate of vancomycin (VanFL; Molecular Probes), at a final concentration of 1 μg/ml 

as recommended by the manufacturer. The labeled vancomycin appeared to bind non-

specifically to all cells, including non-growing ones. Similar levels of fluorescence were 

detected in 10-day old biofilms with and without restored sucrose, as well as 10-day old 

starved batch cultures. It was decided that this stain would not function for the purpose of 

tracking growth in biofilms of S. mutans. 

Another type of dye that was evaluated for its ability to stain live biofilm cells 

was FilmTracer calcein Biofilm Stain, in violet and red-orange (Invitrogen). Filmtracer 

calcein stains detect both cellular and matrix esterase activity within biofilms. Only cells 

that are actively producing esterase will be able to convert the dye to a fluorescent form, 

which can then be detected using confocal microscopy. Staining was performed as 

suggested by the manufacturer in static biofilms formed on glass coverslips. Again, no 

significant difference was observed between starved and sucrose-restored biofilms. In 

addition, batch cells that were treated with 10% formalin for 30 minutes continued to 

stain positive for esterase activity.  

This is not the first instance that viability stains failed to be of utility for S. 

mutans. Previously in our laboratory, John Renye, Ph.D. showed that BacLight viability 

staining did not correlate with culturability in sugar-starved batch cultures and biofilms of 

S. mutans. He observed that the difference was even more dramatic for sucrose-starved 

biofilms where over half of the bacteria continued to stain for intact membranes for up to 

eight days after the loss of culturability. Furthermore, he observed that formalin-treated 
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cells stained positive for intact membranes using the BacLight viability stain (Renye, et 

al. 2004). 

D-Amino Acids and Biofilms of S. mutans 

Some biofilm-forming species, such as B. subtilis and S. aureus, have been found 

to participate in an active form of disassembly of biofilms via the production of D-amino 

acids (Hochbaum, et al. 2011). The D-amino acids are produced by the biofilm cells and 

accumulate in the supernatant as the structure ages. Some of the D-amino acids are 

incorporated into the cell wall and they prevent the anchoring of extracellular matrix to 

the cells, leading to the breakdown of the structure (Kolodkin-Gal, et al. 2010).  

Since D-amino acid buildup in the culture medium was shown to contribute to 

biofilm disassembly, it was hypothesized that the presence of increased D-amino acids 

may also prevent the observed slow growth of the pdh-expressing subpopulation in 

biofilms undergoing sugar depletion. To determine if D-amino acids can prevent slow 

growth in sugar starved biofilms of S. mutans, biofilms were first inoculated with strain 

SL15013 in 24 well microtiter plates with borosilicate glass coverslips. The coverslips 

were placed in the bottom of each well and provide a surface for proper biofilm adhesion.  

CDM (Appendix) containing 3 mM sucrose was used to establish biofilms. Seven days 

after inoculation, D-leucine and D-tyrosine were both introduced to the culture medium 

to the following concentrations; 1 mM, 200 nM, 40 nM, and 8 nM. These amino acids 

were selected as a starting point because they were found to be produced by B. subtilis 

and excreted into the supernatant as the biofilms aged (Hochbaum, et al. 2011). Biofilms 

were visualized using confocal microscopy at 4, 24 and 48 hours after D-amino acid 

addition.  GFP-fluorescing chains were counted and categorized according to chain 
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length.  No difference was observed between the wells that received D-amino acids and 

the ones that did not (Data not shown). The experiment was repeated, this time with 1 

mM of each amino acid alone or in conjunction with each other was added on day 4 

following biofilm inoculation. Biofilms were again imaged using confocal microscopy to 

determine the numbers and sizes of the fluorescing chains of bacteria. On days 3, 4 and 5 

following amino acid addition, the numbers and sizes of fluorescing chains were again 

determined. Six fields for each condition and time were counted and the numbers and 

sizes of fluorescing chains were averaged. The D-amino acids D-tyrosine and D-leucine 

did not appear to influence or interfere with the slow growth of GFP-fluorescing chains, 

nor did they appear to disrupt biofilm structure at the tested concentrations (Figure 18). 

To further determine if D-amino acids can contribute to biofilm dissolution, 

crystal violet staining of treated biofilms was employed to assess structural integrity after 

the various treatment times. The D-amino acids D-leucine, D-tyrosine, D-tryptophan and 

D-methionine were all used. Biofilms were inoculated in 24 well plates in 2 mL of Brain-

Heart infusion broth (BHI) (Figure 19), CDM (Figure 20), or TH (Figure 21) all with the 

addition of 3 mM sucrose.  At various times, all four D-amino acids were added to wells 

to a final concentration of either 500 uM or 1 mM.  Biofilms were stained with crystal 

violet at various times after the addition D-amino acids.  The medium was aspirated and 

the biofilm was washed with deionized water three times before crystal violet was added 

to the wells and incubated for about 10 minutes at room temperature. Crystal violet stain 

was then removed before washing biofilms three more times with deionized water and air 

drying for approximately 10 minutes. Stain was solubilized with 95% ethanol for 15 

minutes before optical density readings were taken at OD 500, OD 550 and OD 600. No 
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significant differences were found between the treated and non-treated biofilms, 

regardless of concentration. Biofilm integrity and structure appeared intact in all wells. 

Since biofilms formed on glass are different than those formed on plastic, biofilms 

established in plastic dishes lacking glass coverslips were examined in a similar fashion. 

Establishing biofilms directly on plastic did not yield different results (Figure 20).  As 

another control, attempts were made to grow biofilms in CDM lacking the L isomers of 

the amino acids being tested. The hypothesis behind these attempts is that if L-amino 

acids remain in the medium, the bacteria would use those preferentially. However, S. 

mutans was unable to grow in medium lacking any of the four amino acids tested. 
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Figure 18. Effect of D-amino acids on slow growth of gfp-expressing chains.  

Biofilms of strain SL15043 (Ppdh-gfp) were formed in CDM medium supplemented with 

3 mM sucrose and erythromycin in 24 well culture dishes on glass coverslips. The D-

amino acids D-leucine and D-tyrosine were introduced on day 4 following inoculation to 

a concentration of 1 mM each. 3, 4, or 5 days following D-amino acid addition, biofilms 

were harvested and observed for GFP-expressing chains via confocal microscopy. The 

presence of D-leucine and D-tyrosine did not influence the development of the pdh-

expressing chains of bacteria during the time period tested. There was no significant 

difference between the numbers and lengths of the chains whether D-amino acids were 

present in the culture medium or not. The development of GFP-expressing chains is an 

indication of slow growth of a cell subset that occurs in stationary phase. Each colmun is 

an average of 6 fields.  
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Figure 19. Effect of D-amino acids on biofilms formed in BHI broth.  

Biofilms of strain UA159  were inoculated in Brain-Heart Infusion Broth (BHI) in 

multiwall plates containing glass coverslips. Culture medium was supplemented with 3 

mM sucrose. At the indicated times, the biofilms were stained with crystal violet and 

optical density readings were determined at 500, 550, and 600 nm. No differences were 

observed between the control groups receiving no amino acids and those receiving the D-

amino acids. 

A. The D-amino acids D-tyrosine, D-leucine, D-methionine and D-tryptophan were 

introduced to the culture medium 8 hours after biofilm inoculation. All four 

amino acids were added at 500 uM or 1 mM concentrations. 45 hours after the 

addition of the amino acids to the biofilm supernatant, the biofilms were stained 

with crystal violet to determine structural integrity and cell density. Continued… 
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Figure 19 continued. 

B. The D-amino acids D-tyrosine, D-leucine, D-methionine and D-tryptophan were 

introduced to the culture medium 24 hours after inoculation of the multiwell 

plates, once a mature, stationary phase structure had developed. All four amino 

acids were added at 500 uM or 1 mM. 30 hours after the addition of the amino 

acids to the biofilm supernatant, the biofilms were stained with crystal violet to 

determine structural integrity and cell density. 
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Figure 20.  Effect of D-amino acids on biofilms formed in CDM or TH.  

Strain UA159 was inoculated into CDM or TH (both containing 3 mM sucrose) in 

multiwell plates with glass coverslips. Culture medium was supplemented with 3 mM 

sucrose. 18 hours after inoculation, D-amino acids were added alone or in combination to 

each well to the indicated concentrations. Biofilms were harvested 3 days later for staining 

with crystal violet. The biofilms were stained with crystal violet and optical density 

readings were determined at three wavelengths; 500, 550, and 600 nm. No differences 

were observed between the control groups receiving no amino acids and those receiving 

the D-amino acids. 

A. Biofilms in CDM received either 500 µM of D-leucine, D-tryptophan, D-tyrosine, 

or D-methionine alone, or combined at 500 µM or 1 mM 18 hours after inoculation. 

B. Biofilms in TH received either 500 µM of D-leucine, D-tryptophan, D-tyrosine, or 

D-methionine alone, or combined at 500 µM ar 1 mM 18 hours after inoculation.  
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Figure 21.  Effect of D-amino acids on biofilms formed on plastic culture dishes.  

Strain UA159 was inoculated in TH in multiwell plates not containing glass coverslips. 

Culture medium was supplemented with 3 mM sucrose. 18 hours after inoculation, D-

amino acids were added in combination to each well to the indicated concentrations. 

Some wells received the same volume of water alone as a control. The biofilms were 

stained with crystal violet and optical density readings were determined at 500, 550, and 

600 nm. No differences were observed between the control groups receiving no amino 

acids and those receiving the amino acids. Plastic substrate did not influence the effect of 

D-amino acids on biofilm integrity.  

 



95 
 

CHAPTER 4 

 DISCUSSION 
 

 The presence of Streptococcus mutans in dental plaque is highly correlated with 

dental caries. The ability of this species to survive in an acidic microenvironment and to 

produce lactic acid as a byproduct of sugar metabolism are the main virulence traits 

contributing to caries development (Chen, et al. 1998). The presence of S. mutans in the 

dental plaque helps create an acidic microenvironment, allowing further colonization by 

other acidogenic species (Napimoga, et al. 2005). Another factor that strongly contributes 

to this species long-term colonization within the plaque is the ability to survive long 

periods of sugar starvation (Renye, et al. 2004). In this study, monospecies biofilms of S. 

mutans undergoing varying degrees of nutrient limitation were examined. The main goal 

of this work is to determine how heterogeneity in gene expression contributes to overall 

fitness and survival of these biofilms, and how it influences the response to sugar 

starvation and restoration. 

To elucidate the mechanisms responsible for long term survival during nutrient 

limitation, microarray analysis was employed by our laboratory to study exponentially 

growing cells that were actively metabolizing readily-available glucose, and one-day old 

batch cultures that had exhausted exogenous sugars are in a stationary, non-growing state. 

It was hypothesized that certain genes would be differentially expressed between the 

states, and that these genes may play a role in survival of this species in the absence of 

exogenous sugar, as well as during long-term sugar starvation, as may be experienced 

between meals or deep within the dental crevices. Genes identified during microarray 
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analysis could then be used as markers to track individual cells in different states 

throughout all stages of biofilm formation and nutrient starvation. Mature biofilms are 

complex, heterogenic structures with respect to gene expression. Even in the 

monospecies static biofilms studied in our laboratory, depending on where an individual 

cell resides within a mature biofilm, different factors such as the cell’s access to nutrients, 

oxygen, intermediate metabolites and cell signaling will all influence the 

microenvironment and thus the gene expression profile of the cell.  

Microarray analysis revealed several potential genetic markers that were further 

confirmed via northern blot analysis (Figures 3 and 4). The genes rpsT, encoding small 

ribosomal protein S20, and rpmJ, encoding the large ribosomal protein RL36, were both 

strongly upregulated during exponential growth in batch cultures. Northern blot analysis 

indicated a larger than expected size of 2.2 kb for rpmJ. The adjacent genes if1 and rpoA 

were also probed via northern blot (Figure 4), and these genes were also detected in the 

2.2 kb band. It was hypothesized that rpmJ may be part of a multigene operon sharing a 

common promoter. This, in addition to the low level of expression detected in stationary 

phase for rpmJ, made rpsT a better candidate for use as a marker of exponential growth. 

Fluorescent reporter constructs were constructed for both genes, but further analysis 

focused on rpsT.  

The idea of using a ribosomal protein gene as a marker of actively growing cells 

seemed logical, since the rate of ribosome production would need to increase in cells that 

are growing. This is not the first time that ribosomal genes have been exploited for this 

purpose. For example, in E. coli, gfp was placed downstream of an rrn promoter, and 
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cells were sorted based on their expression of GFP, indicative of actively growing cells 

(Lewis 2006).  

In order to visually track actively growing cells within biofilms of S. mutans, 

fluorescent reporter constructs were made. The putative promoter for rpsT was subcloned 

into a pJAR2-derived plasmid containing gfpmut3b*, encoding a variant of GFP 

optimized for use in Streptococci. This plasmid was introduced to S. mutans and 

exponential and one-day stationary cultures were analyzed via confocal microscopy. The 

signal was first detected in mid-exponential phase as expected, and was extremely strong. 

In biofilms and batch cultures, fluorescent signal could be detected for weeks, even after 

much of the population was no longer viable (Figures 6 and 7b). All cells undergo 

growth, and once exogenous sugar is exhausted, the cells enter stationary phase. 

Presumably, cells do not need as many ribosomes during stationary phase because the 

total gene expression is greatly decreased. This correlates well with the northern blot 

analysis result, which has shown rpsT expression to be undetectable in one day stationary 

phase samples. The construct PrpsT-GFP was expressed in each cell during exponential 

growth, and was detected long after the gene was no longer being expressed. From these 

studies, it was determined that GFP was too stable to track genes fluctuating in 

expression level. To address this problem, derivatives of gfpmut3b* were constructed that 

encode unstable variants of GFP with the tmRNA proteolytic tag sequence at the C-

terminus. Similar attempts were made in other species, such as in E. coli (Lewis 2006) 

and in Pseudomonas putida (Sternberg C 1999).  The result was a form of GFP, that once 

expressed, was quickly degraded by cellular proteases. When the PrpsT promoter was 

inserted upstream, the degradation of the tagged GFP protein was extremely efficient, and 
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occurred too quickly to allow accurate assessment. To address this issue, attempts were 

made to alter the final codons in the tag sequence by using site-directed mutagenesis 

(Figure 7a). Several variations were constructed, producing varying degrees of stability in 

the resultant GFP protein. The one that was selected for further studies, containing the 

valine-serine-alanine sequence at the end of the tag, produced an appropriate level of 

stability to allow observation via confocal microscopy, but still degraded within several 

hours of expression.  

A culture inoculated with a strain carrying PrpsT-U-gfp fluoresces a green signal, 

which is almost totally degraded by 24 hours after inoculation (Figure 7). The main 

purpose for creating this strain was to be able to observe growing cells when sucrose is 

restored to starved biofilms. When sucrose was introduced to starved biofilms, a signal 

was observed, but never with the intensity of the initial fluorescent signal, even though 

the biofilms were clearly growing. It is possible that the GFP variant is more sensitive to 

the slightly acidic conditions that occur in aging static biofilms. When 10-day old static 

biofilms of strain SL 13717 (PrpsT-U-gfp) underwent 3 mM sucrose restoration, the U-

GFP signal returned at about 9 hours following sucrose restoration, indicating that growth 

had resumed. The signal intensified through 17 hours after sucrose restoration, but by 24 

hours had diminished greatly. 48 hours after sucrose restoration, the U-GFP signal had 

virtually disappeared (Figure 8). This result correlated well with results indicating that 

viability peaks at about 20 hours following sucrose restoration in starved static biofilms, 

with the fastest rate of growth occurring between 10 and 17 hours following sucrose 

restoration (Figure 5). The growing cells appeared to be concentrated within the largest 

microcolonies. Static biofilms that were starved for fresh nutrients and sucrose for many 
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days appeared dormant, but rapidly responded when sucrose was restored (Figure 5). It 

was hypothesized that some subpopulations within the biofilm adapted more quickly than 

others when the sucrose was restored.  

In addition to the exponential growth marker rpsT, previous work in our 

laboratory focused on characterizing the gene locus for pdh (pyruvate dehydrogenase) 

(Busuioc 2010).  When a multiwell plate was inoculated with strain SL15043 carrying the 

construct Ppdh-gfp, expression of pdh was first observed in starved static biofilms in a 

small subset of cells approximately 24 hours after inoculation. This pdh-expressing 

subpopulation appeared to grow slowly and in chains through 20 days following 

inoculation (Figure 9). The observed slow growth occurred as the overall viability of the 

biofilm decreased (Busuioc 2010). This result indicates that a subpopulation of cells 

forms and is capable of growth during long-term sugar starvation. Since this population 

appears to be capable of growth under nutrient-poor conditions, it was hypothesized that 

it may play an important role in the response to sucrose restoration. Construction of a 

dual-reporter plasmid that could track expression of the two genes was attempted several 

times. Various issues prevented the successful completion of this plasmid, and efforts to 

track subpopulations had to continue using single-reporter plasmids in static biofilms.  

To determine if the pdh-expressing subpopulation of cells grew in response to 

sucrose restoration, a biofilm of strain SL15013 (Ppdh-gfp) was inoculated in an optical-

grade glass-bottom petri dish containing CDM with 3 mM sucrose.  The dish was 

incubated for 20 days at 37ºC with 5% CO2. After 20 days, the biofilms were washed to 

remove planktonic cells and 3 mM sucrose was added to the spent medium. Since earlier 

experiments indicated that a substantial portion of the growth occurred after 12 hours 
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following sucrose restoration, microscopic imaging was begun at 12 hours. A pdh-

expressing chain was selected and time lapse-imaging was performed every 1.5 hours. 

The chain was tracked for any changes in response to sucrose restoration. Movement, 

shifting, or dispersal of the chain would all be indicative of a response. In addition, the 

surrounding area was observed for signs of growth. No changes were observed in the 

pdh-expressing chain during the time period observed, while the surrounding areas of 

biofilms filled in and increased in cell density (Figure 10). In addition, several other 

different time periods were observed from several hours following sucrose addition, 

through 24 hours. If cells originated from the chain, it was expected that as the cells grew 

and dispersed from the chain residual, weak GFP signal would be present in those cells 

even though they would likely not be expressing pdh any longer. This was not the case, 

as no cells appeared to be originating from the pdh-expressing chain.  

Similar experiments were performed for an earlier time frame following sucrose 

restoration (Figure 11). In addition, attempts were made to track chains in parental 

UA159 biofilms and assess their response to sucrose restoration. The purpose of this was 

to determine if the presence of the GFP reporter had somehow impaired the ability of the 

cells to respond. Since no gfp construct was present in these experiments, differential 

interference contrast (DIC) imaging was employed (Figure 12). A chain of cells was 

observed in a similar manner as before, and tracked for any change starting 10 hours after 

restoring sucrose. No changes were observed in the chain during 10 through 18 hours 

following sucrose restoration, while the surrounding area of biofilm filled in. It should be 

noted that following a single chain of cells that are not fluorescing is extremely difficult, 

and as the biofilm filled in, the chain quickly became obscured by the new growth. S. 
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mutans cells are small, averaging about 1 micron in length.  Even with a high power 

objective, single cells that are not fluorescing appear blurry and difficult to resolve. 

Taken together, the microscopy results indicate that pdh-expressing cells do not appear to 

directly respond to sucrose restoration. This conclusion was surprising, since previous 

work in our laboratory showed that both batch cultures and biofilms inoculated with the 

pdhD knockout strain were nonviable after 13 days and 10 days, respectively (Busuioc et. 

al. 2010). It was next hypothesized that although the pdh-expressing subpopulation does 

not appear to directly respond when sucrose is re-introduced to the medium, it is 

interacting with other non-expressing subpopulations to influence survival and growth, 

possibly through the secretion of a soluble factor, or through cell to cell contact.  

In order to determine if the pdh-expressing subset of cells is capable of interacting 

with other cell subsets either through cell contact or the secretion of soluble factors, the 

parental strain UA159 and the pdh knockout mutant were maintained in co-culture, and 

survival was assessed for each strain when cultured together or alone for over 35 days. 

When cultured alone, the knockout mutant was no longer viable after 12 days, while 

UA159 was still detected at about 103 CFU per ml after 35 days of incubation. When the 

two strains were cultured together, the knockout strain survived for over thirty days 

(Figure 13). To confirm the presence of the knockout strain, bacteria were plated on 

kanamycin-containing plates and colonies were checked by PCR for the presence of the 

resistance cassette in the chromosome. This observation supports the hypothesis that the 

pdh-expressing cells (UA159) were somehow interacting with the non-expressers 

(knockout) to extend survival.  
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To try to elucidate the nature of this interaction, transwell experiments were 

conducted in which the parental UA159 strain and the pdh knockout strains were cultured 

in separate compartments of the same well, divided by a semi-permeable membrane. This 

experimental setup allows for the free exchange of culture medium and soluble factors, 

while keeping the cells separate. The increased survival observed in the co-culture 

experiment was not replicated in the transwell setup (Figure 15). Additionally, 

supernatant switch experiments in which the culture supernatant was removed and 

switched between parental UA159 and pdh knockout cultures did not result in an 

enhancement of survival in the mutant cultures (Figure 14). These results indicate that the 

interaction is likely mediated by cell to cell contact, or by soluble factors that exert an 

effect over very short ranges.  

In a biofilm population that is experiencing nutrient starvation, it is possible that 

the small subset of pdh-expressing cells is interacting with other non-expressing cells in a 

similar manner resulting in an increase in overall survival. The formation of a bimodal 

population may be an organized adaptation of the biofilm community to survive harsh 

environmental conditions that would otherwise compromise the entire population. Having 

distinct surviving subpopulations may help the starved community respond more 

effectively to a range of environmental changes. 

An example of differentiation occurs in multicellular communities of the soil 

bacterium B. subtilis. In response to environmental cues, B. subtilis can form 

subpopulations by utilizing cell signaling pathways (Lopez and Kolter 2010). Through 

histidine kinases and response regulators, cells communicate to each other and trigger the 

differentiation of distinct subpopulations in multicellular communities. This type of 
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extracellular signaling can lead to specialized subpopulations capable of extracellular 

matrix production, sporulation, competence, exoprotease production, and cannibalism.  

The possibility that a small subset of S. mutans cells kept in long-term stationary 

phase cultures differentiates into a persister cell phenotype was tested using the 

antibiotics ampicillin, rifampicin, and kanamycin at low and high concentrations (Table 

4). Cultures kept for 12 days before being exposed to several concentrations of these 

antibiotics were not able to grow after exposure times varying from 24 to 96 hours. 

Conversely, UA159 cells that were not exposed to any antibiotics grew when plated on 

TH agar plates, and were present at approximately 103, typical numbers for cultures of 

that age. This result suggests that S. mutans does not form antibiotic-resistant persister 

populations typical of other biofilm-forming species, which is not surprising since, to my 

knowledge, no published accounts of such persisters in S. mutans have been reported. 

Recent studies have shown that even in supposedly homogeneous batch cultures, 

there exists a high level of physical heterogeneity throughout, which is reflected by gene 

expression at the level of the individual cell (Suel, et al. 2006). Therefore, it is not 

surprising that in a biofilm, where conditions are more varied and complex, that 

individual cells would exhibit high levels of variation. Nutrient limitation is often a 

trigger for the development of subpopulations, so it is not surprising that S. mutans is 

capable of forming heterogenic multicellular biofilm communities to cope with the stress 

of the nutrient and sugar limitation it typically encounters in its natural habitat. It is likely 

that in mature biofilms of S. mutans, numerous different subpopulations exist, and the 

interactions they have with one another are far more complex than previously thought. 
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APPENDIX 

Growth Media 

Luria Bertani Lysogeny Broth (LB)  

10 g Bacto-Tryptone  

5 g Yeast extract  

10 g Sodium Chloride 

Water was added to a final volume of one liter 

Autoclaved for 15 min at 121°C  

LB Agar 

LB 

1.5 % Bacto Agar  

Autoclaved for 15 min at 121°C  

Todd Hewitt Broth (THB) 1 L 

TH powder  30 g  

Autoclaved for 15 min at 121°C  

Todd Hewitt Agar 

TH 

Bacto agar  1.5 % 

Autoclaved for 15 min at 121°C  

CDM 

Na2HPO4  3.15 g 

NaH2PO4·H2O  2.05 g 

Sodium Acetate 6.0 g 

Water   400 ml 

Disolved and added the following stocks: 
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Stock   Stock Concentration (mg/ml)    ml stock 

1. KH2PO4    88.4 

    K2HPO4    61     5 

2. (NH4)2SO4    120     5 

3. L-Aspartic acid   5.0 

    L-Phenylalanine   5.0 

    L-Serine    5.0 

    L-Proline    10 

    L-Hydroxyproline   10     20 

4. L-Leucine    5.0     20 

5. L-Glutamic acid   30     10 

6. DL-Alanine    20     10 

7. L-Isoleucine   10     10 

8. L-Methionine   10     10 

9. L-Throenine   20     5 

10. L-Arginine·HCl   24.2     10 

11. L-Histidine·HCl·H2O  27     10 

12. L- Tryptophan   20     10 

13. L-Valine    20     5 

14. L-Lysine    27.6     5 

15. Riboflavin    0.08     5 

16. Nicotinamide   0.4 
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Stock   Stock Concentration (mg/ml)    ml stock 

     Panthotenic Acid   0.16 

     Thiamine-HCl   0.08 

     p-Aminobenzoic acid  0.016     5 

17. Biotin    0.01     1 

18. Folic acid    0.02     5 

19. Pyridoxamine Dihydrochloride 0.16     5 

20. L-Glutamine   0.5     10 

21. L-Cystine    10     20 

22. L-Tyrosine   10     20 

23. Adenine sulfate   0.87 

      Guanine·HCl·H2O  0.62 

      Uracil    0.5     60 

24. MgSO4·7H2O   40 

      NaCl    2.0 

      FeSO4·7H2O   2.0 

      MgSO4·H2O   1.5     5 

25. Sodium citrate   15     15 

26. Sodium bicarbonate*  125     10 

Water 
Adjust pH to 6.5 with 2.5 M NaOH 
*Sodium Bicarbonate and sugar (glucose or sucrose) added immediately before
use.  
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E. coli Competence Solutions 

RF 1 

RbCl      12 g 

MnCl2-4 H20     9.9 g 

1M Potassium Acetate pH 7.5  30 mL 

CaCl2-2 H20     1.2 g 

Glycerol     150 g 

Water was added to a final volume of 1000 mL, and the pH adjusted to 5.8 with 0.2 M 
acetic acid  

RF 2 

RbCl      1.2 g 

0.5 M MOPS pH 6.8    20 mL 

CaCl2-2H20     11g 

Glycerol     150 g 

Water was added to a final volume of 1000 mL.  

Both solutions were filter sterilized and stored at 4°C. 
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Northern Blot Solutions 

20X SSC 

Sodium Citrate 3 M 

NaCl   0.3 M 

Autoclaved for 15 min at 121°C  

Pre-hybridization Solution 

SSC   6X 

Denhardt’s (Sigma) 5X 

SDS    0.5 % 

Salmon Sperm DNA 100 μg/ml  

Washing Buffer 

Maleic Acid  0.1 M 

NaCl   0.15 M 

Final pH 7.5 with NaOH, add Tween 20 (Fisher Scientific) to 0.3 % 

Blocking Buffer 

Maleic Acid  0.1 M 

NaCl   0.15 M 

Final pH 7.5 with NaOH, dissolve 1 % of Blocking reagent (Roche) 

Buffer 3 

Tris   0.1 M 

NaCl   0.1 M 

MgCl2   0.05 M  

Final pH 9.5 with HCl 

RNA Lysis Solution 1 (with DEPC-treated water) 

Tris   20 mM, pH 8.0 with HCl 

EDTA   3 mM, pH 8.0 with NaOH 

NaCl   200 mM 
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Autoclaved for 15 min at 121°C 

RNA Lysis Solution 2 (with DEPC-treated water) 

     RNA Lysis Solution 1 

     SDS   1.0 % 

     Autoclaved for 15 min at 121°C 

10X MOPS (with DEPC-treated water) 

MOPS   200 mM 

Sodium Acetate 50 mM 

EDTA   10 mM 

Final pH 7.0 with Acetic acid 

Phosphate Buffer (100 ml), pH 7.0 

0.5 M KH2PO4 3.9 ml 

0.5 M K2HPO4 6.1 ml 

H2O   90 ml 
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Plasmid isolation solutions 

Cell Resuspension Solution 

 Tris:HCl  50 mM 

EDTA   10 mM 

Cell Lysis Solution 

 NaOH   200 mM 

 SDS   1% 

Neutralization Solution 

 Potassium acetate 1.32 M 

 pH 4.8 with Acetic acid 

Column Wash Solution 

 NaCl   200 mM 

 Tris:HCl  20 mM 

 EDTA   5 mM 

 Ethanol  550 ml 

Add water to total volume 1000 ml. 

 

 

 

 


