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ABSTRACT 

Mohammad Sharifian Gh. 

Doctor of Philosophy   

Temple University 2018  

Doctoral Advisor: Dr. Hai-Lung Dai 

Doctoral Advisory Committee Chair: Dr. Robert J. Stanley 

 

Understanding molecular interactions at the surfaces of cellular membranes, 

including adsorption and transport, is of fundamental importance in both biological and 

pharmaceutical studies. At present, particularly with respect to small and medium size 

(drug-like) molecules, it is desirable to gain an understanding of the mechanisms that 

govern membrane adsorption and transport. To characterize drug-membrane interactions 

and mechanisms governing the process of molecular uptake at cellular membranes in living 

organisms, we need to develop effective experimental techniques to reach quantitative and 

time-resolved analysis of molecules at the membrane surfaces. Also, we preferably want 

to develop label-free optical techniques suited for single-cell and live cell analysis.  

Here, I discuss the nonlinear optical technique, second-harmonic light scattering 

(SHS), for studying molecule-membrane interactions and transport of molecules at the 

membrane of living cells with real-time resolution and membrane surface-specificity. 

Time-resolved SHS can quantify adsorption and transport of molecules, with specific 

nonlinear optical properties, at living organisms without imposing any mechanical stress 

onto the membrane. This label-free and surface-sensitive technique can even differentiate 

molecular transport at individual membranes within a multi-membrane cell (e.g., bacteria). 

In this dissertation, I present our current research and accomplishments in extending 

the capabilities of the SHS technique to study molecular uptake kinetics at the membranes 

of living cells, to monitor bacteria membrane integrity, to characterize the antibacterial 
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mechanism-of-action of antibiotic compounds, to update the molecular mechanism of the 

Gram-stain protocol, to pixel-wise mapping of the membrane viscosity of the living cells, 

and to probe drug-induced activation of bacterial mechanosensitive channels in vitro. 
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CHAPTER ONE 

INTRODUCTION 

 

1.1. Second-Harmonic Light Scattering (SHS)  

1.1.1. Introduction to Nonlinear Optics 

Shortly after demonstration of the first working laser by Maiman in 1960 [1], the field 

of nonlinear optics (NLO) began by discovery of the first observation of second-harmonic 

generation (SHG) by Franken et al. in 1961 [2]. Nonlinear optics is the study of the 

interaction of an intense electromagnetic field (i.e., laser beam) with a material system 

which results in the modification of the optical properties of the material [3]. When intense 

light interacts with a medium, in addition to the linear polarization, higher order 

polarization terms are induced in the system. Indeed, the interaction of weak light field 

with matter is dominated by linear processes, whereas, with an intense field, higher order 

nonlinear terms become observable. 

The most usual procedure for describing the nonlinear optical phenomena is based 

on expressing the induced time-varying polarization in a material system, �̃�, in terms of an 

applied electric field, �̃� (i.e., the vector quantities are shown in bold and the tilde denotes 

that the quantity varies rapidly in time). The term ‘nonlinear’ refers to the manner in which 

a material system responds to an applied optical field. Indeed, in linear optics, the induced 

polarization in a system linearly depends on the external electric field strength, whereas, in 

nonlinear optics, the induced polarization in a system nonlinearly depends on the field 

strength. For example, in SHG process, the molecular response of a system scales 

quadratically with the strength of the applied optical field. As a result, the intensity of the 
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second-harmonic (SH) light tends to increase as the square of the intensity of the applied 

laser light [3]. 

The reason why the polarization plays a key role in the description of nonlinear 

optical phenomena is that �̃� can act as the source of new components of the electromagnetic 

field. Indeed, nonlinearity in the response of a dielectric material system to an intense laser 

field (i.e., oscillating electric field) can cause the polarization of the medium (i.e., charge 

oscillation) to develop new frequency components not present in the incident radiation 

field. 

To quantify the strength of an optical interaction, we use a quantity called the 

susceptibility, χ(n), in which the integer n denotes the order of the optical interaction (i.e., 

n = 1 denotes the linear and n > 1 denotes the nonlinear phenomena). Therefore, the 

induced polarization created in such a material system would be as follow [3]: 

 

�̃� = �̃�(1) + �̃�(2) + �̃�(3) +⋯ = ϵ0χ
(1)�̃� + ϵ0χ

(2)�̃�2 + ϵ0χ
(3)�̃�3 +⋯  ,            (1-1) 

 

where,  �̃�(n) is the nth-order polarization which is scaled to the permittivity of free space, 

ϵ0, the nth-order susceptibility of the system, χ(n), and the external electric field strength, 

�̃�. 

The tensor χ(n) decreases dramatically with increasing n, signifying that higher-order 

nonlinear responses are very weak, unless �̃� is very strong. The first-order susceptibility, 

χ(1) is often invoked to explain linear (i.e., one-photon) absorption and the index of 

refraction. SHG is governed by χ(2) along with the two closely related nonlinear processes, 

sum frequency generation (SFG) and difference frequency generation (DFG). The third-
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order susceptibility, χ(3), give rise to third-harmonic generation (THG), two-photon and 

three-photon absorption (i.e., resulting in, for example, two-photon excited fluorescence, 

TPEF), coherent anti-Stokes Raman scattering (CARS), and stimulated Raman scattering 

(SRS) [3], [4].   

 

1.1.2. Wave-Equation Description of Nonlinear Optical Interactions 

Maxwell’s four differential equations unify electricity, magnetism, and light. The 

first equation is Coulomb’s law which expresses the electric field in terms of its sources, 

the electric charge. The second equation, which is Gauss’s law, expresses the view that 

there are no magnetic charges in the world. The third equation, discovered by Faraday, 

shows that a time-varying magnetic field produces an electric field. The fourth equation 

shows that the magnetic field is related to its sources, the electric current, and the time 

varying electric field. Together, these four equations describe everything in our 

electromagnetic world. In the SI unit system, Maxwell’s equations have the form of 

following equations [3]: 

 

∇ · �̃� =  
ρ̃

ϵ0
                        (Maxwell’s 1st Equation)                   (1-2) 

 

∇ · �̃� =  0                      (Maxwell’s 2nd Equation)                   (1-3) 

 

∇ × �̃� =  −
∂�̃�

∂t
                       (Maxwell’s 3rd Equation)                  (1-4) 
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∇ × �̃� = μ0 (�̃� + ϵ0
∂�̃�

∂t
)                      (Maxwell’s 4th Equation)                 (1-5) 

 

where, �̃�, �̃�, ρ̃, and �̃� are the electric field, magnetic field, electric charge, and electric 

current, respectively. The ϵ0 and μ0 are the permittivity of free space (i.e., ϵ0 =

8.854 × 10−12
C2

J.m
) and the permeability of free space (i.e., μ0 = 1.257 × 10−6

J.s2

m.C2
) , 

respectively. The operator ∇ is described as following: 

 

∇ · V =  
∂V

∂x
+

∂V

∂y
+

∂V

∂z
,                                                  (1-6) 

 

∇ × V = (
∂Vz

∂y
−

∂Vy

∂z
) x̂ + (

∂Vx

∂z
−

∂Vz

∂x
) ŷ + (

∂Vy

∂x
−

∂Vx

∂y
) ẑ,                    (1-7) 

 

where, x̂ is a unit vector in the x direction. 

We consider the form of the wave equation for the propagation of light through a 

nonlinear optical medium [3]. In the case of SHG, the input field is at frequency ω. Because 

of nonlinearities in the molecular response of the molecule-of-interest, each molecule 

develops an oscillating dipole moment which contains a component at frequency 2ω. An 

isolated molecule would radiate at this frequency in the form of a dipole radiation pattern. 

However, any material sample, contains an ‘N’ number of molecular dipoles, each 

oscillating with a phase that is determined by the phases of the incident field, ω. If the 

relative phasing of these dipoles in the material is correct, the field radiated by each dipole 

at 2ω, will add constructively in the forward direction, leading to radiation in the form of 

a beam at 2ω. The system will act as a phased array of dipoles when a certain condition, 
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known as the ‘phase-matching condition’ (i.e., ∆k = 0) is satisfied. Under this condition, 

the electric field strength of the radiation emitted in the forward direction, �̃�x, will be N 

times larger (i.e., N is the number of molecules), and consequently the intensity will be N2 

times as large. 

Here, we show how Maxwell’s equations describe the generation of new components 

of the field (e.g., SHG) and how the various frequency components of the field become 

coupled by the nonlinear interaction of the light with a molecule. Indeed, we consider the 

form of the wave-equation in our calculations [3]. 

In general, to solve the Maxwell’s equations to obtain the wave equation for a photon, 

the primary assumptions we make would be as follows: 

a.) The space contains no free charges, ρ̃ = 0.  

b.) The space contains no currents, �̃� = 0. 

c.) There is no magnetic field; in the case of material system, the material is  

nonmagnetic, �̃� = μ0�̃�. 

 

To derive the optical wave equation, we start with Maxwell’s 3rd equation. We first 

take the curl of this equation, and then substitute Maxwell’s 4th equation into that, which 

gives the result: 

 

  ∇ × ∇ × �̃� = ∇(∇ · �̃�) − ∇2�̃� = −μ0ϵ0
∂2�̃�

∂t2
,                                 (1-8) 
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In the linear optics of isotropic source-free media (i.e., ρ̃ = 0, therefore, ∇. �̃� = 0), 

the ∇(∇ · �̃�) vanishes, and therefore the wave-equation of a photon would have the form 

of (i.e., ∇2�̃� =  
∂2�̃�

∂x2
+

∂2�̃�

∂y2
+

∂2�̃�

∂z2
 ): 

 

∇2�̃� = μ0ϵ0
∂2�̃�

∂t2
,                                                     (1-9) 

 

Now, we evaluate the interaction of light with a material system. Here, we will have 

a new term called ‘displacement field’, �̃�, which will be defined as: �̃� = ϵ0�̃� + �̃�. For the 

case of nonlinear optics (i.e., the contribution of ∇(∇ · �̃�) is still negligible), the 

polarization vector, �̃�, depends nonlinearly upon the local value of the electric field strength 

�̃�. Therefore, the wave-equation explaining the photon-matter interaction can be written as 

following: 

 

∇2�̃� = μ0ϵ0
∂2�̃�

∂t2
+ μ0

∂2�̃�

∂t2
,                                           (1-10) 

 

It is often convenient to split �̃� into its linear and nonlinear parts as; �̃� = �̃�(1) +

�̃�(2) + �̃�(3) +⋯ = �̃�(1) + �̃�NL. Thus, the wave-equation can be written as follow: 

 

 ∇2�̃� = μ0ϵ0
∂2�̃�

∂t2
+ μ0

∂2(�̃�(1)+�̃�NL)

∂t2
,                                    (1-11) 
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We should note that we also have the following equation (𝛜(1) is the dielectric tensor): 

 

ϵ0�̃� + �̃�(1) = ϵ0𝛜
(1) · �̃�,                                                  (1-12) 

 

Therefore, the wave equation will be rearranged into the following equation (i.e., by 

replacing μ0ϵ0 with 
1

c2
): 

 

 ∇2�̃� =
1

c2
∂2𝛜(1).�̃�

∂t2
+

1

ϵ0c2
∂2�̃�NL

∂t2
,                                        (1-13)  

 

For the case of isotropic material, the dielectric tensor vector, 𝛜(1), is reduced to a 

scalar quantity, ϵ(1). 

We note that the dielectric tensor is indeed a dimensionless quantity which is a 

frequency-dependent parameter. In fact, light propagates in a linear media with the velocity 

of V, in which ϵ(1) =
c2

V2
= n2, where n is the (linear) refractive index of the media. Indeed, 

for the case of a dispersive medium, we must consider each frequency component of the 

field separately. 

Considering the frequency dependency of all parameters, we will have the following 

equation which is valid for each frequency component of the field [3]:  

 

  ∇2�̃�n =
n2 

c2
∂2�̃�n

∂t2
+

1

ϵ0c2
∂2�̃�n

NL

∂t2
,                                     (1-14) 
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It is also worth to know that we can solve the differential form of the wave-equation 

to obtain the mathematical form of the wave-equation, as follows, where, k =
λ

2π
, and ω =

2πϑ (i.e., n is the linear refractive index of the media): 

 

�̃�n (𝐫, t) = En. sin(kn𝐫 − ωnt) = En. e
i(kn𝐫−ωnt),                                 (1-15) 

 

�̃�n
NL (𝐫, t) = Pn

NL. sin(kn𝐫 − ωnt) = Pn
NL. ei(kn𝐫−ωnt),                          (1-16) 

 

 

1.1.3. SHS Photophysics: Molecular and Bulk Relations 

Second-harmonic light scattering (SHS) is based on the nonlinear optical 

phenomenon second-harmonic generation (SHG), in which incident light of frequency ω 

induces a polarization of frequency 2ω in SHG-active matter, which serves as a source of 

the light scattered at 2ω. Shortly after the first observation of SHG by Franken et al. in 

1961 [2], SHG generated from the centrosymmetric calcite crystal [5], metal surfaces [6], 

[7], liquid-air interface [8], amino acid crystals [9], and collagen [10] were reported. 

Similar to most other nonlinear optical mechanisms, the theoretical prediction of harmonic 

generation can be tracked back to the theoretical work of Dr. Maria Gopper-Mayer in 1930s 

[11]. Efforts were done to make theoretical explanations of SHG, in parallel to experiments 

since 1962 [12]. Those first theoretical explanations were reported for homogeneous 

nonlinear media [12] as well as the boundary of two centrosymmetric media [13]. It was 

not until early 1980s that the basic SHG theory was sophisticated enough to relate the 

experimental observables to the surface molecular properties [14]–[16]. 
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Figure 1.1. Jablonski energy diagram of second-harmonic light scattering, SHS. The 

resonant (left) and non-resonant (right) SH responses are depicted. In SHS, two photons of 

frequency ω are destroyed, and a photon of frequency 2ω (i.e., ωSH) is simultaneously 

created in a single quantum-mechanical process. The solid lines in the figure represent the 

molecular real electronic and vibrational states, and the dashed line represents the so-called 

virtual state, VS. 

 

The photophysical process of second-harmonic light scattering (SHS) is shown in the 

Jablonski energy diagram in Figure 1.1. As depicted, in SHS, two incident photons of 

frequency ω induce a hyperpolarization of frequency 2ω in the molecule, which serves as 

a source of a coherent wave scattered at exactly twice the incident frequency, 2ω. [3]. In 

contrast to fluorescence processes which involve incoherent radiative emission, SHS does 

not arise from an absorptive process, but it is an optical phenomenon involving coherent 

radiative scattering. Indeed, the molecule plays role as a wavelength-converter system 

which changes the wavelength of the incident photon(s) through the process of changes in 

the molecular dipole moment. 

From the molecular scale point of view, the interaction of a photon with a molecule 

induces a dipole moment in the molecule. The induced dipole moment in the molecule, 

|𝛍ind|, is both linearly and nonlinearly dependent of amplitude of driving electric filed of 

the incident photon, 𝐄, as follow [3]: 
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|𝛍f| = |𝛍0| + |𝛍ind| = |𝛍0| + α. |𝐄| +
1

2
β. |𝐄 · 𝐄| +

1

6
γ. |𝐄 · 𝐄 · 𝐄| +  … ,            (1-17) 

 

where, 𝛍0 and 𝛍ind are the original (permanent) and induced dipole moments of the 

molecule in C.m, 𝐄 is the electric filed of the incident photon which is in 
J

C.m
 (i.e., or 

V

m
), α 

describes the linear optical polarizability, β describes molecular first hyperpolarizability, 

and γ describes molecular second hyperpolarizability. β is in 
C3m3

J2
 but it is usually reported 

in the unit of ‘esu’ in which 3.206 × 10−53  
C3m3

J2
= 8.641 × 10−33

cm5

esu
, where 

cm5

esu
 is 

usually referred to esu. The β for some SH-active molecules are roughly in the range of 

10−27 esu [17], [18]. Therefore, the SHS photon scattered from a molecule is produced by 

an induced dipole moment at 2ω, which would be: 
1

2
β. |𝐄 · 𝐄|.  

One strategy to increase the SHG intensity is to utilize resonant enhancement. As 

depicted in Figure 1.1, SHG can be viewed as a wave mixing process where two input 

photons are coupled to form one output photon via a virtual energy level. However, if the 

SHG excitation energy is resonant with a real excited state, the SHG intensity will be 

greatly enhanced. A simple two-state model indicates that the hyperpolarizability can be 

written as follows [19], [20]: 

 

β~
ωgefge∆μge

(ωge
2 −ω2)(ωge

2 −4ω2)
,                                                   (1-18) 

 

where, ωge is the frequency that corresponds to the energy gap between the ground state 

(g) and the upper state (e), fge is the oscillator strength that describes the optical transition 
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probability from state g to state e, and ∆μge denotes the dipole moment change upon the 

optical transition. Indeed, when the excitation energy, 2𝜔, matches the energy difference 

of the two states, ωge, maximum hyperpolarizability is achieved (i.e., the denominator goes 

to zero). 

It is worth to know that the probability that two photons with the same energy 

simultaneously hit the molecule, P2p
 , is determined by the molecule characteristics and the 

photon spatial-temporal density, as follows [21], [22]: 

 

P2p
 =

(N2p)τ
(Np)τ

≅ (0.0028 × π2) · σ ·
(Np)τ

wx
4.τ

  ,                                    (1-19) 

 

where, (Np)τ
 is the number of photons with frequency ω released in a laser pulse duration 

of τ, (N2p)τ
 is the number of photon pairs hit with a single molecule in a laser pulse 

duration of τ, wx is the laser spot diameter, and σ is the nonlinear molecule cross-section 

for SHS (or TPEF) process. Thus, as discussed previously, the interaction of weak light 

fields (i.e., with low spatial-temporal density of photons) with matter dominantly results in 

linear processes, while higher order nonlinear terms become observable in the presence of 

intense fields. 

The SHS cross-section, which is in 
m4

photon/s
, describes the tendency of a molecule to 

absorb the two incident photons simultaneously, which is dependent on the molecular 

hyperpolarizability and the photon wavelength, as follows [20], [22]–[26]: 

 

  σSH =  (
64π3

3

n2ω

nω2

h

ϵ03
1

λω
5) . β

2 ,                                            (1-20) 
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where, nω and n2ω are the refractive indexes of the media for the incident photon (i.e., 

with frequency ω) and the SH photon (i.e., with frequency 2ω), respectively, ϵ0 is the 

permittivity of free space (i.e., 8.854 × 10−12  
C2

J.m
), λω is the wavelength of the incident 

photon, and β is the 1st hyper-polarizability of the molecule in 
C3m3

J2
 (i.e., β is usually 

reported in the unit of ‘esu’ in which 3.206 × 10−53  
C3m3

J2
= 8.641 × 10−33

cm5

esu
, where 

cm5

esu
 is usually referred to esu. β is roughly in the range of 10−27 esu for SH-active 

molecules [17], [18]). The SH cross-section of molecules are orders of magnitudes smaller 

than their TPEF cross-section  [20], [22]–[26]. Typically, the σSH of dyes are in the range 

of ca. 10−61 
m4

photon
s⁄
, whereas the σTPEF is in a range of ca. 30 × 10−58 

m4

photon
s⁄
. Thus, the 

(N2p)τ
 can get the values of ca. 0.04 and 1200 photon pairs per molecule per pulse for SH 

and TPEF, respectively. 

SHG is closely related to hyper-Rayleigh scattering (HRS). HRS is an incoherent 

second-order light scattering process generating a new wavelength at 2ω in isotropic bulk 

solutions with random molecular orientation. Indeed, SHG is the coherent version of HRS. 

In both cases, molecules exposed to the electric field need to possess a permanent dipole 

moment, which ensures that a harmonic optical wave component can be produced as a 

result of the nonsymmetrical oscillation of the electrons in response to the symmetrically 

oscillating driving wave [3], [4].  
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Of significance, the efficiency of HRS is characterized by the molecular first 

hyperpolarizability, β, which relates to the second-order induced dipole moment of the 

molecule as follow: 

 

𝐝(2) = β�̃�2,                                                         (1-21) 

 

The second-order nonlinear polarizability response (i.e., �̃�(2)) of a material is simply 

the bulk representation of 𝐝(2), and the emitted SHG is a coherent addition of the HRS 

emission from the local molecular ensemble. The bulk property, χ(2), can be related to the 

molecular-level property, β, as below, where Ns is the number of molecules involved for 

the coherent SHG generation and 〈β〉 is the orientation average of β [22], [24], [26]–[28]:  

 

χ(2) = Ns〈β〉,                                                     (1-22) 

 

We note that �̃�, �̃�, and 𝐝(2) are all vectors, whereas, β and χ(2) are tensors. Thus, 〈β〉 

is zero for randomly oriented molecules such as in liquid solution. Together, effective SHG 

requires that the molecules of the medium have a permanent dipole moment and nonzero 

hyperpolarizability, and at the bulk level (i.e., in the focal volume), the dipole moments be 

aligned as an organized array.  

 

Therefore, the Eq. (1-17) can be written as follows in a macroscopic version [3]: 

 

|𝐏f| = |𝐏0| + |𝐏ind| = |𝐏0| + ϵ0χ
(1)|𝐄| + ϵ0χ

(2)|𝐄 · 𝐄| + ϵ0χ
(3)|𝐄 · 𝐄 · 𝐄| +  … ,    (1-23) 
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Figure 1.2. Surface-specific characteristics of SHS phenomena. (a.) The 2ω optical fields 

generated by individual molecular polarization which are randomly oriented in a media 

(e.g., a solution) add to zero and no SHS signal can be detected (b.) SHS signal is produced 

from adsorption of SHG-active molecules on a surface (e.g., colloidal particle or biological 

membrane). The optical fields generated by the aligned molecules add constructively and 

allow production of a coherent SH signal. 

 

Figure 1.2 depicts the surface-specific characteristics of the SHS phenomena. Given 

that the induced polarization in the molecules and the electric fields of the resulted SH 

signals are both vectors quantities, and because the molecule diameter is orders of 

magnitude smaller than the SH wavelength, the 2ω wave vectors from an isotropic 

distribution of dipole moments in a centrosymmetric sample (e.g., randomly oriented 

molecules in a solution) would sum to zero [22], [27]. Therefore, the major constraint of 

the SHS is the requirement of a ‘noncentrosymmetric environment’ (e.g., molecules 

adsorbed on the surface of a biological membrane) to obtain a nonzero second-order 

susceptibility of the media, χ(2) ≠ 0, through the coherent summation of the first 
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hyperpolarizability of the molecules. Indeed, for a material that is centrosymmetric (i.e., 

possesses inversion symmetry), each element of the χ(2) must vanish and no SHG can be 

induced. This can be explained by changing the sign of the electric field applied for the 

second-order nonlinear polarizability. Indeed, if the sign of the electric filed is changed, 

the sign of the induced polarization also has to be changed, and therefore:  

 

−�̃�(2) = ϵ0χ
(2)(−�̃�)2 = ϵ0χ

(2)�̃�2 = �̃�(2),                              (1-24) 

 

For the −�̃�(2) to be equivalent to �̃�(2), the χ(2) must vanish, that is: χ(2) = 0 [3], [4].   

The SH signal intensity from an assembly of molecules in a noncentrosymmetric 

environment can be obtained from the following equation: 

 

〈ISH
 〉 ≅ {χ(2)}

2
. 〈Iω(t)

 2
〉,                                              (1-25)  

 

As shown in the equation above, the SHS signal depends on the average squared 

intensity of the incident light at the focal spot as well as the square of the surface density 

of oriented molecules, N2. 

By substituting the Eqs. (1-20) and (1-22) into Eq. (1-25), we will have 1: 

 

〈ISH
 〉 α Ns

2. σSH. 〈Iω(t)
 2

〉,                                             (1-26) 

 

                                                           
1 The TPEF intensity, on the other hand, is proportional to N, as following: 〈ITPEF

 〉 α Ns. σTPEF. 〈Iω(t)
 2

〉 
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Another consequence of the coherent nature of SHG is the ‘emission directionality’. 

Neither single- nor multi-photon excited fluorescence has a phase relationship to the 

excitation laser and the signals are emitted in all directions. In contrast, SHG has a phase 

relationship with the laser and a well-defined emission directionality which is explained in 

terms of ‘phase-matching conditions’. Indeed, in SHG, there is a requirement of 

momentum conservation of optical waves (i.e., ∆𝒌 = 𝒌2𝜔 − 2𝒌𝜔 = 0), in addition to the 

energy conservation requirement by which the second-harmonic has photon energy twice 

that of the fundamental [3], [4]. This mandates that the second-harmonic (2ω) follows the 

‘forward’ direction of the fundamental wave (𝜔) in the limit of perfect phase matching. Of 

significance, the SHG signal varies as follows, where m is an integer and L is the coherence 

length [3], [4]: 

  

〈ISH
 〉 𝛼 sin (

𝑚∆𝑘L

2
),                                                (1-27) 

 

While the SHG conversion efficiency decreases for nonzero ∆𝒌, ‘backward’ SHG 

signal is also produced. Moreover, because a laser beam focused by an objective 

experiences a phase anomaly at the focus, this reduces the effective optical momentum 

along the propagation direction which more complicates the phase-matching conditions 

[4]. 
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1.2. Cellular Membranes: Structures and Functions 

Cellular membranes are crucial to the life of the cell. Specifically, the cytoplasmic 

membrane (CM) encloses the cell, defines its boundaries, and maintains the essential 

differences between the cytosol and the extracellular environment. The ‘fluid mosaic 

model’ for biomembrane organization was proposed first by Singer et al. in 1972 [29] 

which says the CM is a dynamic and fluid thin-film structure composed of lipid and protein 

molecules which are held together mainly by noncovalent interactions [30]–[32]. CM plays 

key roles in permeability, transport, and energy conservation of the cell. Although there 

are some chemical differences, the overall structure of the CM is similar in both 

prokaryotes and eukaryotes [30], [31], [33] which is a complex structure composed mainly 

of lipids and proteins [29], [34]. For a brief history of biomembrane models, see ref. [35]. 

In the cellular membranes, lipid molecules are arranged as a continuous double layer 

with about 5-8 nm thickness, called ‘lipid bilayer (LB)’. The LB provides the basic fluid 

structure of a biological membrane [31], [36], [37]. The LB also serves as a relatively 

impermeable barrier to the passage of most water-soluble molecules. There are 

approximately 5 × 106 lipid molecules in a 1 μm2 area of a LB [31]. All the lipid 

molecules in the CM are ‘amphiphilic’: they have a hydrophilic head and hydrophobic 

tails. The lipid composition of biological membranes regulates the fluidity and 

permeability of the LB [38]. The lipid rafts (i.e., lipid domains) are present in both the inner 

and the outer leaflets of the asymmetric cell membrane and form functional platforms for 

the regulation of cellular processes [39]. 

There are three major classes of membrane lipids: ‘phospholipids’, ‘glycolipids’, and 

‘sterols’  [30], [31], [40]. The biological membranes, including the CM, have different lipid 
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compositions of the inner and outer leaflets which reflects the different functions of the 

two faces of the membrane. For instance, phosphatidylserine (PS) lipids are mostly present 

in the inner leaflet while most of the phosphatidylcholine (PC) lipids are in the outer leaflet 

[41]. As depicted in Figure 1.3, phospholipids contain both hydrophobic tails (i.e., fatty 

acid) and hydrophilic head (i.e., glycerol–phosphate) components and can be of many 

different chemical forms as a result of variation in the groups attached to the glycerol 

backbone [30], [31]. The tails are usually fatty acids which can differ in length (i.e., 

normally contain 14-24 carbon atoms). One tail typically has one or more cis-double bond 

which creates a small kink in the tail. Differences in the length and saturation of the fatty 

acid tails influence how phospholipid molecules pack against one another in the membrane 

and hence affect the fluidity of the membrane  [30], [31]. In a LB, the fatty acids point 

inward toward each other to form a hydrophobic environment, and the hydrophilic portions 

remain exposed to the external environment or the cytoplasm. 

It is now accepted that the cell membrane is highly heterogeneous, accommodating 

protein and lipid clusters which modulate the bioactivity of these components. Specifically, 

lipid raft domains are usually defined as small, highly dynamic and transient plasma 

membrane entities that are enriched in saturated phospholipids, sphingolipids, glycolipids, 

cholesterol, lipidated proteins and glycosylphosphatidylinositol (GPI)-anchored proteins. 

Lipid raft domains show higher lipid packing and order, and lower fluidity [34], [42]–[45]. 

Specifically, lipid rafts are heterogeneous, dynamic (i.e., in terms of both lateral mobility 

and association–dissociation), cholesterol and sphingolipidenriched membrane 

nanodomains of 10-200 nm size that have the potential to form microscopic domains of 

>300 nm upon clustering induced by protein–protein and protein–lipid interactions [46], 
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[47]. Furthermore, it is likely that membrane organization is not binary (i.e., being highly 

distinct raft and non-raft regions), but instead membranes consist of various raft-like and 

non-raft domains with distinct compositions and properties [34].  

The direct mechanistic effects of lipid rafts on cell function and dysfunction (i.e., 

physiological functions of rafts) are unclear because there are inherent difficulties in 

defining raft composition and properties and also in achieving specificity when perturbing 

their function [34]. However, the main function of raftlike domains is thought to be 

segregation of specific elements to regulate their interactions with other membrane 

components and hence regulate their activity. In addition, interactions with raftophilic 

lipids (i.e., cholesterol or glycosphingolipids) or with the distinct biophysical environment 

of rafts, may change the conformation of a raftresident protein and thus its activity [48], 

[49]. In the following chapters, we will discuss the possible roles of lipid rafts in 

determining the cell membrane viscosity and also in antibiotic induced changes to 

membrane properties of bacteria. 
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Figure 1.3. Molecular structure of phospholipids in cellular membranes. The negatively- 

and positively-charged groups are shown in red and blue, respectively. The backbone of 

glycero-phospholipids and sphingo-lipids are shown with a gray background. 

 

In addition to phospholipids, the LB in many cell membranes contain glycolipids and 

sterols. In eukaryotic, cholesterol (i.e., a sterol molecule) contains a rigid ring to which is 

attached a single polar hydroxyl group and a short nonpolar hydrocarbon chain. Cholesterol 

enhances the permeability-barrier properties of the bilayer by inserting into the bilayer with 

its hydroxyl group close to the polar head groups of the phospholipids; its rigid and plate-

like steroid ring partially immobilize those regions of the hydrocarbon chains closest to the 

polar head groups [31]. It is reported that the CM contain half the phospholipid and 90% 

of the cholesterol and sphingomyelin in cultured human fibroblasts [40]. The CM of some 

bacteria are strengthened by molecules called hopanoids (e.g., diplopterol) [30], [50], [51]. 

These somewhat rigid planar molecules are structural analogs of sterols of eukaryotic cells. 
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The protein molecules embedded in the LB are called ‘membrane proteins’ which 

mediate almost all the other functions of the membrane, for example, transport of specific 

molecules across the membrane, catalyzing membrane-associated reactions (e.g., ATP 

synthesis), detecting and transducing chemical signals from the cell’s environment, etc. 

The major proteins of the CM have hydrophobic surfaces in their regions that span the 

membrane and hydrophilic surfaces in their regions that contact the environment (i.e., 

exoplasm) and the cytoplasm [30], [31]. 

Many membrane proteins are firmly embedded in the membrane and are called 

‘integral’ membrane proteins. Other proteins have one portion anchored in the membrane 

and extra-membrane regions that point into or out of the cell. There are also ‘peripheral’ 

membrane proteins which typically interact with integral membrane proteins in important 

cellular processes such as energy metabolism and transport. It is estimated that nearly 30% 

of the proteins encoded in an animal cell’s genome are membrane proteins [30]. 

 

1.2.1. Bacterial Cell Envelopes 

The schematic diagrams of the cell walls of two major species of bacteria, Gram-

negative (Gram–) and Gram-positive (Gam+) bacteria, are shown in Figure 1.4. As 

depicted, the lipid composition and morphology of membranes from Gam+ bacteria (e.g., 

Bacillus (B.) subtilis, Lactobacillus (L.) rhamnosus) [52] are fundamentally different from 

those of Gram– bacteria (e.g., Escherichia (E.) coli) [30], [52], [53]. Gram– bacteria are 

surrounded by two membranes, the cytoplasmic membrane (CM) and the outer membrane 

(OM). The outer leaflet of the OM contains lipopolysaccharide (LPS) as the major lipid 

component [54]. 
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Figure 1.4. Schematic diagrams of the cell walls of two major species of bacteria, Gram– 

and Gam+ bacteria. General membrane structures of Gram-negative (i.e., Gram–) and 

Gram-positive (i.e., Gram+) bacteria species. (a.) Gram– bacteria contain a pair of 

lipoprotein membranes (OM and CM) separated by a rigid mesh (PM). The outer surface 

of the OM is coated with lipopolysaccharide (LPS) hairs and is physically bound to the PM 

via peptidoglycan associated lipoproteins (PaL). (b.) Gram+ cells have a significantly 

thicker PM and a single lipoprotein membrane (CM) (with permission from Ref. [55]). 

 

The OM also consists of proteins and lipoproteins. The outer membrane proteins 

(Omp) are called porins which allow for permeability across the OM. 

Although Gam+ bacteria do not have the additional OM layer which Gram– bacteria 

do, both Gam+ and Gram– bacteria have a cell wall surrounding their CM which is 

comprised of peptidoglycan. Peptidoglycan mesh (PM) is a polysaccharide consisting of 

an alternating repeat of N-acetylglucosamine and N-acetylmuramic acid [56]. One to 

several sheets of peptidoglycan can be present, depending on the bacteria species (i.e., the 

thickness of the PM is much greater for Gam+ than for Gram– bacteria) [57]. Also, the cell 

wall of Gam+ bacteria contains teichoic acids. The gap between the OM and CM is called 

the periplasm and contains proteins involved in transport, sensing chemicals, and other 

important cell functions [30]. 
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The major lipid components of the inner leaflet of the OM in Gram– bacteria, as well 

as both inner and outer leaflets of the CM of both types of bacteria include 

phosphatidylglycerol (PG), phosphatidylethanolamine (PE) and cardiolipin (CL) lipids 

[58], [59]. The proportions of these three lipids are different for different species of 

bacteria. Some bacterial species also have significant amounts of glycosyl diglycerides in 

addition to a number of other minor lipid components [60], [61].  

Table 1.1. compares the lipid composition of Gram+ and Gram– bacteria membranes 

with the human cell membrane. 
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Table 1.1. Comparison of the lipid composition of bacteria membranes (i.e., Gram+ and 

Gram–) with the human cell membrane. 

 E. coli B. subtilis Human Fibroblasts 

Phospholipid 

(%) 

PG 20 50 - 

PE 75 20 32 

CL 5 20 - 

PC - - 44 

SP - - 14 

PS - - 6 

PI - - 2 

PA - - 2 

LPG, 

GPL, 

GL 

- 10 - 

Fatty Acid  

C16:0 

C16:1 

C18:1 

C15:0 

C17:0 

C16:0 

C18:1 

C18:2 

C20:4 

References  [62]–[66] [62], [66]–[70] [71]–[73] 

 

PG, phosphatidylglycerol; PE, phosphatidylethanolamine;  

CL, cardiolipin; PC, phosphatidylcholine; SP, sphingolipid;  

PS, phosphatidylserine; PI, phosphatidylinositol;  

PA, phosphatidic acid; LPG, lysyl- phosphatidylglycerol;  

GPL, glycophospholipid; GL, glycolipid. 
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1.3. SHS for Real-Time Quantification of Molecular Interactions and Transport at 

Living Cellular Membranes 

Understanding molecular interactions at the surfaces of cellular membranes (i.e., cell 

and organelles membranes) including adsorption and transmembrane transport is a central 

issue for both fundamental and applied (pharmaceutical) biology, such as understanding 

the functions and cycles of the cells [74], [75], investigation of rational drug design and 

efficient drug delivery systems [76]–[80], and cancer treatment [81]. To characterize drug-

membrane interactions and mechanisms governing the process of molecular uptake at 

cellular membranes in living organisms, particularly with respect to small and medium size 

(i.e., drug-like) molecules, we need to develop effective experimental techniques to reach 

quantitative and time-resolved analysis. To study the kinetics and thermodynamics of the 

adsorption and transport processes, and how membrane characteristics, permeant 

properties, and the extracellular environment affect these mechanisms, we need to develop 

label-free optical techniques which are surface-specific and suited for single-cell and live 

cell analysis. 

Beyond the variety of fluorescence-based techniques [82]–[85], the patch clamp 

technique [86]–[88] is currently the popular method for quantifying molecular transport 

across membranes which allows characterization of channel activity with high temporal 

resolution of millisecond (ms) and small ion flux of picoampere (pA) [87], [89]. However, 

it has some drawbacks including:  

a.) It is limited to monitoring transport of charged species across well-defined 

channels.  

b.) It measures the total charge transported, and therefore lacks molecular specificity. 
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c.) It is challenging for studying living cells in vitro where the mechanical stress 

imposed on the membrane likely influences the deduced kinetics.  

d.) It is not applicable for complex membrane systems with more than one membrane 

(e.g., Gram-negative bacteria). 

Recently, time-resolved second-harmonic light scattering (SHS), a surface-sensitive 

technique, has been established for quantification of cellular uptake of drug-like molecules 

in liposomes [90]–[95] and living cells [96]–[98] with real-time resolution and membrane 

surface-specificity. SHS has been extensively validated as an experimental method for 

characterizing the kinetics and thermodynamics of the membrane surface processes. In 

contrast to the patch clamp technique, SHS has molecular specificity, and is able to 

quantify adsorption and transport of molecules at living organisms without imposing any 

mechanical stress onto the membrane. Moreover, it has been shown that the time-resolved 

SHS technique is capable of quantifying membrane-specific molecular transport in 

biological systems with more than one membrane (e.g., Gram– bacteria) [55], [96], [98]–

[102]. 

As discussed in the previous sections, SHS is based on the nonlinear optical 

phenomenon called second-harmonic generation (SHG) [2]. In a typical experiment, a 

sample of a molecule-of-interest is exposed to an incident laser beam of frequency ω 

supplied by a mode-locked Ti:Sapphire laser which delivers pulses of typically 50 fs at a 

repetition rate of 80 MHz with ~ 4 nJ pulse energy. If the molecule-of-interest is SH-active 

(i.e., possessing detectable first hyper-polarizability), the incident electromagnetic field of 

frequency ω induces a polarization with frequency 2ω in the molecule that serves as the 

source of optical irradiation at 2ω. A SH-active molecule is a molecule which doesn’t have 
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a center of inversion symmetry and preferably has electronic transition which is resonant 

with the SH frequency, 2ω [26], [27]. 

As depicted in Figure 1.2, the 2ω optical fields generated by individual molecular 

polarization which are randomly oriented in a media (e.g., a solution) add to zero and no 

SHS signal can be detected (see Figure 1.2a). But, once these molecules adsorb on the 

surface of colloidal particles or a biological membrane, they align with the membrane, due 

to membrane-molecule interactions (i.e., electrostatic), and therefore, the optical fields 

generated by them add constructively and allow production of a coherent SH signal (see 

Figure 1.2b). 

Figure 1.5. presents an overview of SHS for monitoring molecular transport across 

cellular membranes. As depicted, no SHS signal is produced from a strongly SH-active 

molecule, for example, malachite green (MG) that is randomly oriented in a solution. When 

MG molecules adsorb on the surface of a biological membrane (e.g., bacteria membrane), 

they align with each other due to membrane-molecule interactions (i.e., electrostatic) , and 

therefore the optical fields generated by MG molecules add constructively. Given that the 

thickness of the lipid bilayers of biological membranes is much smaller than the 

wavelength of the SH signal (i.e., 5-8 nm of biological membrane thickness vs. 400 nm 

wavelength of SH signal), the resulting SH fields produced by the molecules adsorbed on 

the opposing leaflets of the membranes (i.e., having opposite orientations) cancel with one 

another which results in decaying the SH signal. Consequently, the intensity of the signal 

over time relates to the molecular density at the membrane and the decay rate of the signal 

correlates to the transport rate of the molecules across the membrane.  
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Figure 1.5. (a.) Characteristic time-resolved SHS response for adsorption and transport of 

a SH-active molecule at a phospholipid bilayer membrane. (b.) Molecular structure and 

UV-Vis absorption spectra of MG. (c.) Energy level diagram of MG depicting the resonant 

SH responses (along with the TPEF responses) from MG. 

 

The effectiveness of the time-resolved SHS technique for real-time molecular uptake 

and membrane-specific transport of some medium-size molecules at membranes of living 

bacteria has been demonstrated [98] and verified by time-resolved bright-field optical 

microscopy [96]. 
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1.3.1. Langmuir Adsorption Isotherm Assay 

SH signals resulting from adsorption of a molecule-of-interest onto bacteria 

membranes are proportional to the square of the coverage of the molecule on the membrane 

surface  [97], [103]: 

 

ISH ~ γ + (βcell + βmol. θcell
mol × eiφ)2,                                       (1-28) 

 

where γ, βcell, and βmol represent, respectively, all background contributions, the first 

hyper-polarizability associated with uncoated membrane, and the unit first hyper-

polarizability from the surface-adsorbed molecule-of-interest. The θcell
mol represents the 

molecular surface coverage, and eiφ considers the relative phase difference (i.e. φ) 

between the interfering first hyper-polarizability from the bare membrane surface and the 

molecule on the surface. In the case of bacteria membrane, the first hyper-polarizability of 

the bare membrane has been shown to be effectively zero [100].  

Subsequently, in experiments with bacteria and MG, the surface-bound molecules are 

the sole source of the first hyper-polarizability, hence equation (1-28) can be simplified as: 

 

ISH ~ γ + (βmol. θcell
mol)2,                                             (1-29) 

 

where the phase difference term can be dropped as there is effectively only a single source 

of first hyper-polarizability. By assuming that the surface adsorption of the molecules 

follows Langmuir kinetics, we then can apply the pH-adjusted modified Langmuir 

isotherm model as follow [97]: 
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θcell
mol =

Cmol+Nmax
mol+

55.5

αKD
−√(Cmol+Nmax

mol+
55.5

αKD
)2−4CmolNmax

mol

2Nmax
mol ,                       (1-30) 

 

where Cmol, Nmax
mol , Ka

mol, and KD represent, respectively, the total concentration of 

molecules, the maximum number density of the surface adsorbed molecules, the acidic 

ionization constant of the molecule, and the adsorption equilibrium constant of the 

molecule. The quantity α is: α =
[H+]

[H+]+Ka
mol.  

The Langmuir isotherm is constructed by plotting the maximum intensity of SHS 

signal as a function of concentration of a molecule-of-interest. The isotherm can be 

analyzed by fitting it to the Eq. (1-29), which yields the first hyper-polarizability of the 

molecule (i.e., βmol) as one of the fitting variables. As an example, Figure 1.6 depicts the 

adsorption isotherm for MG molecule at the outer leaflet of the outer-membrane (OM) in 

E. coli. We note that molecular surface orientation effects have not been considered here. 

 

Figure 1.6. SHS measured Langmuir adsorption isotherms of MG adsorbed onto the 

outer leaflet of E. coli outer-membrane [100].  
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1.3.2. Kinetic Model of Molecular Uptake at Bacteria Membranes 

The E. coli bacteria has been used as a model system to propose a kinetic model of 

molecular uptake at the bacteria membranes [96], [98]. The bacterial cell envelope 

structure is discussed in detail in the section 1.2.1. Briefly, E. coli bacteria membrane, as a 

Gram– bacteria, is composed of the OM, PM, and the CM. Figure 1.7 presents an overview 

of SHS for monitoring MG transport across the membranes of E. coli bacteria. As depicted, 

the sequential rise and decay of the signal is the characteristic SHS response to surface 

adsorption and membrane transport at the OM and CM, with the decay rate of the 

corresponding SHS signal peak being proportional to the membrane crossing rate. This 

behavior has been confirmed in the previous reports [55], [96], [98]–[102]. 

In the proposed kinetic model of molecular uptake at bacteria membranes, the term 

Di defines the concentration of MG (i.e., the molecule-of-interest) in region i, where D0, 

D1, D2, and D3 will be the MG concentration in the extra-cellular space, in the periplasmic 

space bound by the OM and the PM, in the periplasmic space bound by the PM and the 

CM, and within the cytosol, respectively. Nj,k  is the surface concentration of the kth 

surface of the jth membrane, where N1,o, N1,i, 𝑁2,𝑜, and 𝑁2,𝑖 refer to the outer leaflet of the 

OM, the inner leaflet of the OM, the outer leaflet of the CM, and the inner leaflet of the 

CM, respectively. Ej,k denotes free surface sites which is defined by the maximum number 

of surface sites, Nj,k
max, as: Ej,k = Nj,k

max − Nj,k. 
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Figure 1.7. Characteristic time-resolved SHS response for adsorption and transport of MG 

(the green dots) at a membranes of E. coli bacteria. Time is in logarithmic scale to clearly 

show both OM and CM signals.  

 

Prior to MG occupation, surface sites are never empty, but rather saturated with 

water. Subsequently, adsorption of MG to a membrane surface site results in the release of 

a bound water molecules. Using these definitions, a series of kinetic equations describing 

molecular uptake can be generated by consideration of the followings: 

 

D0 + E1,o  
k−1
←  

k1   
→  N1,o + H2O,      Adsorption/desorption from the outer leaflet of the OM     (1-31) 

 

D0  
k−2
←  

k2   
→  D1,                                       Transport across the OM through porin channels     (1-32) 
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N1,o + E1,i  
k−3
←  

k3   
→  N1,i + E1,o,                     Transport across the OM through lipid bilayer     (1-33) 

 

D1 + E1,i  
k−4
←  

k4   
→  N1,i + H2O,          Adsorption/desorption from the inner leaflet of the OM     (1-34) 

 

D1  
k−5
←  

k5   
→  D2,                                                                        Diffusion through the PM     (1-35) 

 

D2 + E2,o  
k−6
←  

k6   
→  N2,o + H2O,       Adsorption/desorption from the outer leaflet of the CM     (1-36) 

 

N2,o + E2,i  
k−7
←  

k7   
→  N2,i + E2,o,                     Transport across the CM through lipid bilayer  (1-37) 

 

D3 + E2,i  
k−8
←  

k8   
→  N2,i + H2O,       Adsorption/desorption from the inner leaflet of the CM     (1-38) 

 

Given the passive nature of MG uptake by E. coli, it is reasonable to assume that 

transport across the porin channels in OM, the PM, and the lipid membranes are completely 

reversible (i.e., k2 = k−2, k3 = k−3, k5 = k−5, and k7 = k−7). Additionally, it is assumed 

that direct transport across the OM occurs with a rate similar to transport across the CM 

(i.e., k3 = k7). Further, we assume that adsorption and desorption to the inner leaflet of the 

OM and both leaflets of the CM occur with a common rate (i.e., adsorption: k4 = k6 = k8, 

desorption: k−4 = k−6 = k−8), however the adsorption and desorption rates need not be 

equal, kj ≠ k−j. Applying these simplifying assumptions, Eqs. (1-31)-(1-38) can be used 
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to generate a series of coupled differential equations which describe the time varying 

evolution of the bulk concentrations, D0, D1, D2, D3: 

 

dD0

dt
= −k1D0(N1,o

max −N1,o) − k2(D0 − D1) + k−1N1,o[H2O],                            (1-39) 

 

dD1

dt
= −k4D1(N1,i

max −N1,i) + k2(D0 − D1) − k5(D1 − D2) + k−4N1,i[H2O],    (1-40) 

 

dD2

dt
= −k4D2(N2,o

max − N2,o) + k5(D1 − D2) + k−4N2,o[H2O],                            (1-41) 

 

dD3

dt
= −k4D3(N2,i

max − N2,i) + k−4N2,i[H2O],                                                       (1-42) 

 

Then, the series of coupled differential equations which describe the time varying 

evolution of the MG concentrations on the surface, N1,o, N1,i, N2,o, N2,i, would be: 

 

dN1,o

dt
= k1D0(N1,o

max − N1,o) − k3(N1,i
maxN1,o − N1,o

maxN1,i) − k−1N1,o[H2O],        (1-43) 

 

dN1,i

dt
= k4D1(N1,i

max − N1,i) + k3(N1,i
maxN1,o − N1,o

maxN1,i) − k−4N1,i[H2O],          (1-44) 

 

dN2,o

dt
= k4D2(N2,o

max − N2,o) − k3(N2,i
maxN2,o − N2,o

maxN2,i) − k−4N2,o[H2O],       (1-45) 

 

dN2,i

dt
= k4D3(N2,i

max −N2,i) + k3(N2,i
maxN2,o − N2,o

maxN2,i) − k−4N2,i[H2O],          (1-46) 
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The solutions to Eqs. (1-39)-(1-46) yield the base components (i.e., D1, D2, D3, N1,o, 

N1,i, N2,o, N2,i) which describe the time-dependent responses observed in the SHS 

experiments. 

Specifically, the time-resolved SHS response can be described as the square of a 

combination of the surface concentrations: 

 

ISHG ~ (N1,o − N1,i + N2,o − N2,i)
2
,                                       (1-47) 

 

Subsequently, the time-resolved SHS results can be used as constraints to obtain a 

physically meaningful solution to Eqs. (1-39)-(1-46) for obtaining the diffusion rate 

constants, and hence a fit of the measured data. 

 

1.4. Aim and Scope of this Dissertation 

The core focus of my PhD research was development of a new system for 

characterizing surface-specific processes occurring at the cellular membranes in living 

organisms. SHS as a surface-sensitive experimental methodology is capable of probing 

molecular behaviors at the membrane surfaces, including the adsorption and membrane 

transport. In this dissertation, we report the development of the time-resolved SHS as a 

label-free nonlinear optical technique for probing drug-membrane interactions and 

molecular transport at the membrane of living cells. We believe the information presented 

here would open a new window into the various molecular mechanisms occurring at the 

cellular membrane surfaces. 



 

36 
 

CHAPTER TWO 

EXPERIMENTAL METHODS 

 

2.1. SHS Spectroscopy Setup and Experiments 

The setup for our SHS experiment has been described in detail previously [96], [103]. 

Briefly, and as depicted in Figure 2.1, the 800 nm output from a mode-locked Ti:Sapphire 

laser (Coherent, Micra V, oscillator only) was employed as a fundamental excitation 

source. The laser light parameters include the pulse duration, τ (e.g., 100 fs), repetition 

rate, f (e.g., 80 MHz), and pulse energy, Eω
pulse

 (e.g., 5 nJ). Typically, the average output 

power of the laser, Pω
laser, is ca. 400 mW (i.e., 80 MHz × 5 nJ). 

 

 

Figure 2.1. The setup used for our SHS experiments. The 800 nm output from a mode-

locked Ti:Sapphire laser was employed as a fundamental excitation source. Legends: 

BPF1, band-pass filter centered at ω; L1, focusing lens; L2, collection lens; L3, other 

focusing lens; BPF2, band-pass filter centered at 2ω; MC, monochromator; PMT, 

photomultiplier tube. 
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SHS was measured while the sample circulated in a liquid flow system (i.e., to 

minimize laser absorption losses and multiple scattering effects), which was formed by 

pumping the sample through a circular stainless-steel nozzle (1/16” inner diameter). 

Nalgene tubing (Nalge Nunc, Inc.) was used both to connect the sample reservoir with the 

inlet of a motorized liquid pump (Micropump, Inc.), as well as to recollect the sample back 

into the reservoir. 

To avoid collection of SH signal from the surfaces of preceding optics, a long-pass 

filter (Schott, RG695) was placed in front of the focusing lens immediately before the 

sample flow jet. Further, as both fundamental (800 nm) and SH light (400 nm) are scattered 

from the sample, a BG39 band-pass filter and monochromator (1 mm entrance and exit 

slits, 400±1 nm bandwidth) were used to selectively collect the SH signal. The signal was 

detected with a photomultiplier (Hamamatsu, R585), amplified (Stanford Research 

Systems, SR 440), and processed through a single photon counting system (Stanford 

Research Systems, SRS SR400). 

To isolate the coherent SHG response from the hyper-Rayleigh background 

scattering (HRS) of the bulk dye solution, SHS was first measured from the dye solution 

alone. The concentrated cell stock solution was then added to the reservoir, which allowed 

SHS to be measured as a perturbation to the baseline HRS signal. To ensure efficient 

mixing, the contents of the sample reservoir were continuously stirred using a magnetic 

stirring system (Spectrocell, Inc). 

We added a small amount of bacteria stock suspension (0.50 mL) into the flowing 

solution of a molecule-of-interest at t=0 s to achieve the appropriate final concentration of 

5µM MG and 108 cfu/ml of bacteria (i.e., OD600=0.1). All solutions were allowed to 
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equilibrate to room temperature (ca. 293 K) for about 30 minutes prior to experiments. The 

SH light at 400 nm was collected in the forward scattering direction. SH signals were 

collected in 1 second intervals, with a gate time of 0.5 seconds.  

 

2.2. SHG Microscopy Setup and Experiments 

All SHG imaging was performed on an LSM 780 upright multiphoton microscope 

(ZEISS). The laser source was a Coherent Chameleon Vision 2 mode-locked Ti:Sapphire 

laser (tunable from 680-1080 nm, average power of 3.75 W at 800 nm, pulse width of 140 

fs, and a repetition rate of 80 MHz). Experimental parameters were chosen as follows: 

excitation wavelength of 800 nm, 2% laser power (ca. 9.8 mW at the front objective), W 

Plan-Apochromat 20× objective lens (water immersion lens) with NA=1.0, pixel dwell 

time of 0.79 µs/pixel, image size of 1024×1024 pixels, pixel size of ca. 539 nm, z-scan 

interval of ca. 3-5 µm (i.e., 3 stacks were scanned in z-axis), and a delay time of 60 seconds 

between consecutive images. The 400 nm SH response of MG was recorded in the forward 

propagation direction using a narrow bandpass filter (400±10 nm), and collected using a 

water condenser with NA=1.2. SHG signal was detected using a single element, non-

descanned detection (NDD) PMT detector (QE=22%). Imaging in this microscope (i.e., 

laser scanning microscope, LSM) is carried out by Galvo scanning mirrors. All data were 

saved in 16-bit format. 

On the day of experiment, the solution of spent complete media was removed and the 

adherent cells on the MatTek glass bottom culture dish were gently washed with 1×PBS. 

Complete media was then replaced by 1 mL of 1×PBS to keep the cells hydrated, and the 

dish was placed on the microscope sample stage. The objective lens was directly focused 
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onto the sample from above without using a cover slip. For typical experiments, 1 mL of 

200 µM MG (prepared in 1×PBS) was added into the dish to achieve a final concentration 

of 100 µM MG.   
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CHAPTER THREE 

MONITORING CHEMICALLY INDUCED CHANGES  

TO MEMBRANE PERMEABILITY IN LIVING CELLS 

Note: Contents of this chapter are reprinted from the following article with permission from 

ACS: Wilhelm, M. J., Sharifian Gh., M., and Dai, H.-L., "Chemically Induced Changes to 

Membrane Permeability in Living Cells Probed by Nonlinear Light Scattering", 

Biochemistry (2015), Volume 54, Pages 4427-4430. 

 

3.1. Introduction 

Antimicrobial resistance is an ever-present worldwide threat that demands the 

continual identification of new and distinct viable classes of antibiotic drugs to quell the 

pandemic spread of microbial pathogens [104]–[106]. One successful strategy for inducing 

antimicrobial activity is to increase the permeability of the microbial membrane, thereby 

weakening the cell’s first line of defense [105], [107], [108]. For example, a number of 

antimicrobial peptides are polycationic species and initially interact with cells by 

electrostatically binding to the anionic membrane surfaces [107]–[112]. Above a critical 

concentration, the surface-bound peptides begin constructing passive transport channels 

into the cell, thereby enhancing the membrane permeability [107]–[112]. While the 

potency of a potential antimicrobial candidate is easily tested (it either does or does not kill 

the cell), the surface-specific molecular-level interactions, which are necessary for 

understanding and subsequently optimizing the antimicrobial efficacy, are not as easily 

quantified. To address this, it is prudent to establish a protocol capable of surface-specific 

characterization of antimicrobial-membrane interactions. 
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Membrane-specific molecular transport can be characterized in real time using SHS 

(also see Chapter 1) [55], [96]–[98]. This approach is based on the nonlinear optical 

phenomenon, SHG, in which a fraction of a probe laser is scattered at twice the frequency 

of the original source by interacting with matter [27]. In general, molecules that lack 

inversion symmetry are capable of producing SHG. However, disordered ensembles of 

SHG-active molecules (e.g., molecules dissolved in a liquid colloidal suspension) produce 

no coherent SHG, as SH fields generated by isotropically oriented molecules cancel one 

another. Nevertheless, when SHG-active molecules align on the surface of a colloidal 

object (e.g., biological cell), the SH fields constructively interfere and generate a coherent 

SH response. SHS can be detected in real time, and the generated signal is proportional to 

the square of the molecular concentration on the surface of the colloidal object (see Chapter 

1) [113]–[118]. 

 

3.2. Experiments 

3.2.1. Chemicals  

All chemicals and reagents were analytical grade and were used without further 

purification. Malachite green (MG) oxalate was purchased from Sigma Aldrich (Cat. No. 

M9015). A stock solution of MG with a typical concentration of 500 µM was prepared in 

distilled deionized water (Millipore, 18.2 MΩ.cm) and stored in the dark at 4°C for future 

use. Adenosine 5’-triphosphate (ATP) disodium salt hydrate was purchased from Sigma 

Aldrich (Cat. No. A1852). A stock solution of ATP with a typical concentration of 500 µM 

was prepared in distilled deionized water (Millipore, 18.2 MΩ.cm) and stored in the dark 

at 4°C for future use (i.e., up to a week). For each SHS experiment, an appropriate amount 



 

42 
 

of each stock was used to achieve the appropriate final concentration of the molecules in 

the liquid flow jet.  

 

3.2.2. Bacteria Strain and Cell Growth 

The E. coli bacteria (mc4100 strain, ATCC 35695) was used in this work. Bacteria 

was cultivated aerobically on Lauria Broth agar medium plates at 37°C for ca. 24 hours 

and then stored at 4°C for future use (i.e., for up to 4 weeks). To prepare the Lauria Broth 

agar medium plates, 35 g LB Broth with agar (Lennox) powder (Cat. No. L2897, Sigma-

Aldrich) was suspended in 1 L deionized water (Millipore, 18.2 MΩ.cm), autoclaved for 

20 min at 121°C, and then poured into sterile petri dishes and allowed to solidify. 

For each SHS experiment, a discrete colony of E. coli was grown aerobically at 37°C 

in 50 mL Terrific Broth (TB) solution in a shaking flask at 150 rpm for ca. 8-10 hours (i.e., 

to middle-to-late log phase). To prepare the TB solution, 47.6 g Terrific Broth powder (Cat. 

No. T0918, Sigma-Aldrich) was suspended in 1 L deionized water (Millipore, 18.2 

MΩ.cm) containing 8 mL glycerol and autoclaved for 20 min at 121°C. The harvested cells 

were centrifuged in sterile 15-mL tubes (1500×g, 2 min, room temperature) and then 

washed with sufficient phosphate-buffered saline (i.e., 1×PBS), two times to remove waste 

and residual TB. For each washing step, we used a Rotamix (10101-RKVSD, ATR Inc.) 

rotator (ca. 20 rpm) to re-suspend the pellet of cells in 1×PBS. The 1×PBS solution 

consists of 0.01 M phosphate buffer, 0.0027 M potassium chloride and 0.137 M sodium 

chloride, with pH 7.4. After washing, the pellets were combined and suspended in 1×PBS 

to an appropriate optical density at 600 nm (i.e., OD600) to be ca. 0.25 in an SHS experiment 



 

43 
 

(i.e., it is estimated that the OD600~0.1 is equivalent to the bacteria density of ca. 108 

cfu. mL−1). 

 

3.2.3. The SHS Setup and Experiments 

The setup for our SHS experiment is described in detail in Chapter two, section 2.1, 

and it is depicted in Figure 2.1. 

 

3.2.4. Liposome Preparation   

Liposomes of E. coli total extract phospholipid (i.e., 57.5% phosphatidyl 

ethanolamine, 15.1% phosphatidylglycerol, 9.8% cardiolipin, and 17.6% other, Avanti 

Polar Lipids Inc.) were produced using an extrusion method [119]. Dynamic light 

scattering measurements showed that the liposomes were monodisperse and ca. 122.0±10 

nm in diameter (i.e., large unilamellar vesicles). Typical liposome sample densities were 

ca. 2× 1013 liposomes. mL−1.  

 

3.2.5. Kinetic Model of Molecular Uptake 

The kinetic model for MG uptake at E. coli membranes is described in detail in 

Chapter one, section 1.3.2. 
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3.3. Results and Discussion 

3.3.1. Extracellular ATP Induces a Significant Enhancement of the Permeability of 

the Bacterial Cytoplasmic Membrane 

As shown in Figure 3.1, SHS is capable of monitoring molecular transport across a 

membrane and is therefore sensitive to membrane permeability, by taking advantage of the 

opposite orientations of the opposing leaflets in a membrane bilayer. Specifically, as SHG-

active molecules adsorb onto the outer surface of a membrane, a coherent SHS signal with 

an increasing magnitude can be detected. Over time, molecules traverse the membrane and 

begin adsorbing onto the opposing membrane surface.  

Significantly, molecules adsorbed on the opposing sides of a membrane exhibit 

opposite orientations. Subsequently, as SH fields generated from oppositely oriented 

molecules are necessarily out of phase, the overlapping fields destructively interfere, which 

results in an attenuation of the SHS signal. Overall, this sequential rise and decay of the 

signal is the characteristic SHS response to surface adsorption and membrane transport, 

with the decay rate of the corresponding SHS signal peak being proportional to the 

membrane crossing rate (see Figure 3.1b). In a qualitative sense, the membrane transport 

rate is inversely proportional to the full width at half-maximum (FWHM) of the SHS 

transport peak (i.e., narrow peaks suggest fast transport, and broad peaks suggest slow 

transport). This behavior was confirmed previously in experiments performed on 

liposomes [90]–[92] and living cells [55], [96]–[98]. 
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Figure 3.1. SHS characterizing MG uptake in living cells in the presence and absence of 

ATPe. (a) Cartoon schematic of the general cellular ultrastructure of Gram-negative 

bacterial cells, consisting of an outer membrane (OM), a peptidoglycan mesh (PM), and a 

cytoplasmic membrane (CM). (b) Characteristic SHS response of malachite green (5 µM 

MG) uptake in E. coli, exhibiting fast transport (narrow peak) across the OM and slow 

transport (broad peak) across the CM. (c) Perturbations to the MG SHS signal due to the 

co-presence of increasing concentrations of ATP, along with associated best fit results 

(dashed lines). (d) Cropped SHS signals, renormalized to the slow transport peak maxima, 

highlighting the ATP-induced contraction of the CM transport peak [101].  

 

In addition to its role as an intracellular energy source, ATP is now well-recognized 

as a key extracellular signaling molecule [120], [121]. Of significance, it has been 

established that the addition of extracellular ATP (ATPe) results in an increase in the 

passive permeability of membranes in a variety of cell types [122]–[126]. For instance, in 
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mammalian cells, ATPe activates the so-called P2 family of nucleotide receptors, which 

triggers the opening of pores and permits the free flow of ions across the membrane [120], 

[121]. Conversely, the relative permeabilizing effect of ATPe, and associated mechanism 

of action, on bacterial membranes has yet to be characterized. This is particularly 

significant as ATPe, with its demonstrated effect on mammalian cell membrane 

permeability, could be viewed as potentially antimicrobial (i.e., as it increases the 

permeability of the bacteria CM). Here we report a study establishing SHS as an effective 

time-resolved probe of chemically induced changes to membrane permeability by 

examining the effect of ATPe on molecular transport in living bacteria. 

In this chapter, we quantify the ATPe-induced permeabilizing effect on the 

membranes of the Gram– bacteria, E. coli. Figure 3.1a depicts the general membrane 

ultrastructure of Gram– bacteria, which is composed of two distinct anionically charged 

lipoprotein membranes (also see Chapter one, section 1.2.1, Bacterial Cell Envelopes): (1.) 

A lipopolysaccharide-coated OM, which contains water-filled integral membrane protein 

channels (porins), and (2.) An inner CM, which acts as a protective barrier for the genetic 

material enclosed within the cytosol. The two membranes are separated by a thin 

peptidoglycan mesh (PM), which is covalently bound to the OM and acts as a diffusion 

barrier for transport across the periplasmic space. 

As discussed previously [55], [96], [98] (also see Chapter 2), Figure 3.1b highlights 

the characteristic time-resolved SHS signal that reveals molecular uptake of the SH-active 

cationic dye, MG, across the dual membranes of living E. coli. Note that the porin channels 

in the OM allow rapid transport of MG, which gives rise to a narrow SHS peak with fast 

decay. Conversely, direct transport of the MG cation across the lipid bilayer of the inner 
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CM is a comparatively slower process because of the diffusion limiting effect of the PM 

and the lack of passive transport channels in the CM. Here the SHS peak is significantly 

broader with a slower rise and decay. A nonlinear least-squares fit of the time-resolved 

SHS signal, based upon the model of molecular uptake discussed in section 1.3.2 allows 

direct quantification of the membrane-specific transport rates. 

Panels c and d of Figure 3.1 show the effect of ATPe on the uptake kinetics of MG 

in living E. coli. Because of the high efficiency of transport across the OM porin channels, 

the addition of ATPe has no measurable effect on the kinetics of uptake of MG across the 

OM (Figure 3.1c, early time portion). However, there is a clear increase in the secondary 

rise of the SHS signal associated with adsorption of MG onto the CM. This suggests that 

the presence of ATPe allows a faster buildup of MG density on the CM outer surface. 

Conversely, the presence of increasing concentrations of ATPe has a remarkable influence 

on the transport of MG across the CM (Figure 3.1c,d). Note that laser irradiation (i.e., 

which is applied identically in all experiments) does not induce a measurable change in 

permeability. If this were not so, the measured SHS signals in panels c and d of Figure 3.1 

would be indistinguishable. 

Addition of ATPe results in two notable changes in the SHS peak relevant to transport 

across the CM: 1.) A concentration-dependent narrowing of the FWHM, which is more 

apparent in the renormalized signal depicted in Figure 3.1d, and 2.) An overall attenuation 

of the SHG signal. Both changes are indicative of an increase in the transport rate. As the 

kinetic model illustrates (see Chapter one, section 1.3.2), an increase in the signal decay 

rate causes a decrease in the overall magnitude of the detected signal [55], [96], [98]. 

Specifically, faster transport across the membrane simultaneously depletes the number of 
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molecules on the outer leaflet of the membrane and increases the number of molecules 

adsorbed onto the inner leaflet of the membrane, resulting in a faster cancellation of the 

signal (i.e., due to destructive interference). Likewise, the faster transport rate is mimicked 

by a faster signal decay, which results in a narrowing of the measured transport peak [55], 

[90], [92], [96], [98]. Attenuation of the signal and the narrowness of the CM transport 

peak become more prominent because of the diffusion-limited transport of the molecules 

through the PM. Specifically, as opposed to the outer surface of the OM that is, on the time 

scale of our measurement, instantaneously coated following the addition of MG, diffusion 

across the PM significantly reduces the initial concentration of MG that reaches the CM, 

therefore slowing the rate of surface adsorption. Subsequently, as the permeability of the 

CM increases, molecular transport across the membrane begins to compete against 

accumulation of adsorbed molecules on the membrane surface. 

A previously described comprehensive kinetic model, which has been shown to be 

effective in describing molecular adsorption at the membrane surfaces and transport into 

the cell, can be used for a nonlinear least-squares fit analysis of the time-resolved SHS data. 

This model considers adsorption and desorption from available membrane surfaces; 

transport across the OM, PM, and CM; and time-dependent molecular concentrations 

within the extracellular space, the periplasmic space, and the cytosol. This model analysis 

allows experimental quantification of the ATP-induced changes in the permeability of the 

bacterial CM [55], [96], [98].  

Best fit results for the time-dependent SHS signal are depicted in Figure 3.1c as 

dashed lines. The deduced variations in MG transport rates at the CM are plotted in Figure 

3.2 and listed in Table 3.1.  
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Figure 3.2. MG crossing rates at the CM in the presence of increasing concentrations of 

ATPe, deduced from fittings of the SHS results (Figure 3.1c). The gray dashed line 

represents a fitting of the rates to a simple power function as a guide for the eye [101]. 

 

Significantly, we observe that the co-addition of equivalent concentrations of ATP 

and MG (i.e., 5 μM) effectively triples the MG transport rate at the CM. This enhancement 

is further increased to nearly an order of magnitude following the addition of 100 μM 

ATPe. 

 

Table 3.1. Measured CM crossing rates for 5.0 μM MG in E. coli, deduced from fittings 

of the SHS results (Figure 3.1c). Deduced rates obtained from experiments with three 

independent cell cultures and expressed as means ± the standard deviation [101]. 

[ATP], µM 𝐤𝐂𝐌(× 𝟏𝟎−𝟒𝐬−𝟏) 

0 2.2 ± 0.11 

5 6.0 ± 0.09 

50 12.5 ± 0.11 

100 15.7 ± 0.13 
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3.3.2. Control Experiments on Liposome Membranes Composed of Phospholipids 

Isolated from E. coli  

To understand how ATPe may change the membrane permeability, a set of control 

experiments were performed with liposome (i.e., large unilamellar vesicle) membranes 

constructed from phospholipids isolated from E. coli. As shown in Figure 3.3, even high 

concentrations of 100 μM ATPe are unable to change the permeability of the liposome 

membranes, which are ideal protein-free biomimetic surrogates of the CM. This 

observation suggests that the permeabilization of the bacterial membrane is protein-

mediated. It is unclear, however, whether the protein-facilitated effect stems from the 

opening of an ATPe-activated passive transport channel, i.e., similar to that of the P2 

receptors in mammalian cells [120], [121], or from a change in the electrostatic interaction 

as a result of transport of ATP into the cytosol through nucleotide selective protein 

receptors. ATP is polyanionic; hence, its transport into the cytosol would result in a net 

reduction of the electrostatic potential of the cell’s interior domain and aid in the transport 

of the cationic MG.  

 

Figure 3.3. Invariant SHS for MG (5 μM) traversing a membrane of a unilamellar liposome 

(∼122 ± 10 nm diameter), in the presence and absence of ATPe (100 μM) [101]. 
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Note that Eisenthal and coworkers have previously demonstrated the effect of the 

electrostatic potential change on the transport of hydrophobic ions across liposome 

membranes [127]. In that case, as the electrostatic potential increased following transport 

of cations into the liposome, the membrane crossing rate of the cations decreased because 

of the growing electrostatic repulsion. Conversely, a 4-fold increase in the rate of transport 

of MG in liposomes was observed following addition of the small-cation exporter, 

gramicidin A [127]. In our case, a reduction in the net electrostatic potential in the bacterial 

cytosol due to excess ATP would likely balance out the accumulating MG cationic charge 

during transport and increase the transport rate via electrostatic attraction. 

 

3.4. Conclusion 

Even though our initial study focused solely on the membrane permeabilizing 

interaction of ATPe with bacterial cells, it should be noted that time-resolved SHS is 

generally applicable for quantifying permeability. In principle, provided a known SH-

active molecule (e.g., MG) being able to cross the membrane(s) in a cell-of-interest, either 

before or after administration of a permeabilizer, time-resolved SHS can be used to 

quantitatively characterize any permeability change. Given the inherent surface sensitivity, 

SHS is ideally suited for deducing the mechanism of action of antimicrobial peptides in 

living cells. 

 

3.5. Summary 

In summary, we observed that the addition of ATPe induces a significant 

enhancement of the permeability of the bacterial cytoplasmic membrane [101]. 
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Specifically, we used time-resolved SHS to directly quantify the enhanced permeability of 

the CM in living E. coli. Enhanced membrane permeability results in notable changes to 

the characteristic SHS transport peak. Specifically, a narrowing of the SHS peak and an 

overall attenuation of the total signal have been observed and are indicative of faster 

transport through the CM. Enhanced transport rates were quantified through a nonlinear 

least-squares fit analysis of the measured signals. Significantly, it was shown that the 

transport rate for MG at the CM can be increased by nearly an order of magnitude. Further, 

the complete absence of an ATPe-enhanced permeability in liposomes strongly suggests 

that the induced effect on bacterial membranes is protein-mediated, like that in mammalian 

cells. Nevertheless, the exact mechanism is still to be determined. Finally, while we have 

focused specifically on bacteria and ATPe, the described methodology is fully amenable 

for the real-time quantitative characterization of membrane permeability in any 

combination of cells and membrane permeabilizers. 
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CHAPTER FOUR 

AZITHROMYCIN-INDUCED CHANGES TO BACTERIAL  

MEMBRANE PROPERTIES MONITORED IN VITRO 

Note: Contents of this chapter are reprinted from the following article with permission from 

ACS: Sharifian Gh., M., Wilhelm, M. J., and Dai, H.-L., "Azithromycin-Induced Changes 

to Bacterial Membrane Properties Monitored In Vitro by Second-Harmonic Light 

Scattering", ACS Medicinal Chemistry Letters (2018), Volume 9, Pages 569-574. 

 

4.1. Introduction 

Antimicrobial resistance is a ubiquitous and ongoing problem that diminishes the 

effectiveness of even the most efficient bactericidal compounds [128]. This worldwide 

threat demands continued development of new and increasingly innovative pharmaceutical 

drugs capable of selectively targeting microbial pathogens. To be effective, antimicrobial 

compounds require the ability to either cross or increase the permeability of the bacteria 

membrane. In the interest of efficiently optimizing viable antimicrobial targets, it is 

desirable to develop methodologies capable of monitoring changes to membrane properties 

in living bacteria. 

We have previously demonstrated the utility of second-harmonic light scattering 

(SHS) for measuring the adsorption and transport rates of molecules at the membranes of 

living cells [55], [96]–[98], [100], [101]. This real-time and surface-sensitive technique has 

been used for monitoring chemically induced changes to membrane permeability in living 

cells [101]. SHS is based on the nonlinear optical phenomenon, second-harmonic 

generation (SHG), in which a fraction of an incident light of frequency ω is scattered at 2ω 

after interacting with SHG-active matter (also see Chapter one). 
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The fundamental principles of SHS have already been described [95], [129], [130]. 

SHS is applicable to molecules that exhibit second-order nonlinear polarizability (i.e., first 

hyper-polarizability, 𝛽), hereafter denoted as SH-active, which include molecules lacking 

inversion symmetry. The basic mechanism by which SHS can be used to monitor molecular 

transport across a membrane is discussed in Section 1.3 and also depicted in Figure 1.5. 

This interpretation has been extensively validated following numerous studies in which 

SHS has been used to study molecular adsorption and transport across membranes in 

biomimetic liposomes [90], [93], [131], [132] and living cells [55], [96]–[98], [100], [101]. 

Macrolides form a general class of antibiotic compounds whose structure contains a 

large macrocyclic lactone ring. As a group, they have been effectively used in clinical 

treatments, primarily against Gram-positive based infections, for well over 50 years [133]. 

The proposed mechanism-of-action is rooted in the inhibition of bacterial protein synthesis 

due to binding of the macrolide to the 50S ribosomal subunit of the bacterial 70S ribosomes 

[133]. Azithromycin (AZM) is one of the more recently developed macrolides with 

improved antimicrobial effectiveness that extends even to Gram-negative species due to 

the addition of a methyl-substituted nitrogen in the azalide ring [134]–[136]. Given the 

bulky nature of macrolides, as well as the fact that they must travel to the cytoplasm before 

they can induce an antimicrobial effect, there has been considerable interest in 

characterizing macrolide-membrane interactions. 

AZM has a molecular weight of 749 Da, well over the exclusion limit (∼600 Da) for 

passive diffusion across the outer membrane protein (Omp) porin channels located in the 

outer membrane (OM) of Gram-negative bacteria [134]–[136].  Nevertheless, it has been 

suggested that AZM can rapidly traverse the OM through the so-called “self-promotion 
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uptake route” by disrupting the lipopolysaccharide (LPS) chains, resulting in enhanced 

permeability of the outer leaflet of the OM [134]–[136]. Several studies have examined the 

interaction of AZM with biomimetic membrane systems [137]–[140] and provided insight 

into how AZM may interact with a bacterial cytoplasmic membrane (CM). The current 

consensus is that macrolides alter phospholipid organization and membrane fluidity [137]–

[140]. 

In this chapter, we show that [141] antibiotic-induced changes to membrane 

permeability can be quantitatively discerned through real-time monitoring of the transport 

rate of an SH-active probe molecule. Specifically, the transport of the probe molecule is 

first characterized in a sample containing healthy viable bacteria. The experiment is then 

repeated, but with the addition of the antibiotic, within proximity of the minimum 

inhibitory concentration (MIC), and for a variety of incubation times, to induce changes in 

the properties of the bacterial membrane(s). For instance, an increase in membrane 

permeability allows transport of the SH-active probe to occur at a faster rate, which can be 

quantitatively verified through analysis of the time-dependent SHS measurement. 

We report here the application of time-resolved SHS to quantitatively monitor the 

concentration- and time-dependent interactions of AZM with the two phospholipid 

membranes of the Gram-negative bacteria, Escherichia coli (E. coli) [141]. Specifically, 

we measure the time-dependent uptake of the SHG-active cation, malachite green (MG), 

in colloidal suspensions of living E. coli that have been treated with increasing 

concentrations of AZM for durations of either 0 or 1 h. Quantitative analysis of the time-

resolved SHS signals reveals AZM-induced changes to bacterial membrane permeability. 
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4.2. Experiments 

4.2.1. Chemicals  

All chemicals and reagents were analytical grade and were used without further 

purification. A 1 mM stock solution of malachite green (MG) oxalate (Cat. No.: M9015, 

Sigma Aldrich) was prepared in distilled deionized water (Millipore, 18.2 MΩ.cm). A 1024 

µg/ml stock solution of azithromycin, AZM (Cat. No.: 75199, Sigma Aldrich) was 

prepared in a solution composed of 1:1 v/v of ethanol : distilled deionized water and stored 

at 4 oC. For each SHS experiment, an appropriate amount of each stock was used to achieve 

the appropriate final concentration of the molecules in the liquid flow jet.  

 

4.2.2. Bacteria Strain and Cell Growth 

Escherichia coli (E. coli, mc4100 strain, ATCC 35695) was cultivated on Lauria 

Broth agar (LB Broth with agar Lennox, Cat. No.: L2897, Sigma-Aldrich) medium plates 

at 37 oC for ca. 24 hours and then stored at 4 oC for future use. The bacteria culture and 

preparation procedure is explained in detail in Chapter two, section 3.2.2. 

 

4.2.3. The SHS Setup and Experiments  

The setup for our SHS experiment is described in detail in Chapter two, section 2.1, 

and it is depicted in Figure 2.1. Specifically, for each SHS experiment, an appropriate 

amount of each stock was used to achieve the final concentration of 25 µM MG, and either 

0, 18.7, 56.2, or 112.4 µg/ml AZM (i.e., 0, 25, 75, and 150 µM AZM) in the liquid flow 

jet. All solutions were allowed to equilibrate to room temperature prior to initiating the 

experiments. SHS was measured while the sample circulated in a liquid flow system (i.e., 
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to minimize laser absorption losses and multiple scattering effects), which was formed by 

pumping the sample through a circular stainless-steel nozzle (1/16" inner diameter). 

Nalgene tubing (Nalge Nunc, Inc.) was used both to connect the sample reservoir with the 

inlet of a motorized liquid pump (Micropump, Inc.), as well as to recollect the sample back 

into the reservoir. 

For instantaneous (0 hour) exposure experiments, an aliquot of the bacteria stock 

suspension (with a final cell density of ca. 108 cfu.mL-1) was added into the flowing MG 

or MG+AZM solutions (at t=0 s) to achieve the appropriate final concentration of 25 µM 

of MG and 0 to 150 µM of AZM. For the 1 hour exposure experiments, we first treated the 

bacteria with 0 to 150 µM of AZM for 1 hour, then added sufficient volume of the treated 

bacteria stock suspension (with a final density of ca. 108 cfu.mL-1) into the flowing MG or 

MG+AZM solutions (at t=0 s) to achieve the appropriate final concentration of 25 µM of 

MG and 0 to 150 µM of AZM. The second harmonic light was collected in the forward 

scattering direction after passing through a collective lens, a BG39 band-pass filter, and 

finally a monochromator. A photomultiplier tube (Hamamatsu, R585) was used to detect 

the second-harmonic photons. The second-harmonic signal passed through a preamplifier 

(Stanford Research System, SR440), and was processed through a correlated photon 

counting system (Stanford Research System, SRS SR400). Signal was collected in 1 

second intervals, with a gate time of 0.5 seconds. The second-harmonic signal was recorded 

at 400 nm. 
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4.2.4. Broth Dilution Experiments for MIC Measurements   

To obtain statistical results for MIC analysis, four separate single-colonies of E. coli 

were grown aerobically at 37 oC in 4 mL of Terrific Broth (TB) culture media in a shaking 

flask at 150 rpm for ca. 6 hours. The TB media was composed of 9.52 g TB (Cat. No.: 

T0918, Sigma-Aldrich) and enriched with 1.6 mL glycerin (Cat. No.: G31-1, Fisher 

Scientific, USA) in 200 mL distilled deionized water (Millipore, 18.2 MΩ.cm), then 

autoclaved at 121 oC for 20 min. For each sample, 1 ml of the cultured bacteria was 

transferred to a UV-Vis spectrometer to measure the optical density of the bacteria 

suspensions at 600 nm. Two bacteria stock samples, with cell densities of ca. 5×105 and 

5×108 cfu/ml, were prepared (i.e., OD600=0.1 is equivalent to 108 cfu/ml) from each 

cultivated colony to be used for MIC assessment. To measure the MIC for AZM, a series 

of AZM solutions with final concentrations ranging from 0 to 512 µg/ml (i.e., 0, 0.25, 0.5, 

1, 2, 4, 8, 16, 32, 64, 128, 256, and 512 µg/ml) were prepared in a 96-well microtiter plate 

by combining 50 µl AZM (of various concentrations) and 50 µl of the bacteria stock 

suspensions. An identical preparation was also performed to deduce the MIC for MG. The 

last well in each series contained 100 µl of pure TB media (i.e., no bacteria, AZM, or MG), 

and was used as a control experiment. The 96-well plate was then placed on the shaker to 

allow the bacteria to grow aerobically at 37 oC at 150 rpm for ca. 18 hours. To prevent 

solvent evaporation in the wells, a distilled deionized water bath was also placed in the 

shaker. To estimate the number of cultivated bacteria in each well, we performed flow 

cytometry (FC) measurements by using a BD Accuri C6 Flow Cytometer. In order to 

reduce the effect of debris in the FC analysis, thresholds for forward scattering (FSC) and 

side scattering (SSC) signals were set to 10,000 for FSC-H (i.e., -H denotes the signal 



 

59 
 

height) and 100 for SSC-H. FC experiments were carried out with a medium flow rate and 

a limited total volume of 10 µl of sample. The FSC signals describe the relative size of the 

particles (i.e., bacteria or debris) passing through the laser beam.  

 

4.3. Results and Discussion 

4.3.1. MIC Measurements 

Minimum inhibitory concentration (MIC) was deduced using the broth dilution 

method [142], and quantified with flow cytometry. In order to do single-cell analysis (i.e., 

remove doublets from our calculations), we exploited an FSC-A (i.e., -A denotes the 

integrated signal) versus FSC-H (i.e., -H denotes the signal height) counter plot (Figure 

4.1a) in which doublets appear as a separate population toward higher FSC-A values. 

Figure 4.1b depicts the FSC-H plots of the singlet region for untreated E. coli (black) and 

E. coli treated with 64 µg/ml AZM (low cell density of 105 cfu.mL-1, blue signal) and 256 

µg/ml AZM (high cell density of 108 cfu.mL-1, red signal). The healthy untreated control 

sample of bacteria showed a well-resolved high population (centered around ca. 105) in the 

FSC-H histogram.  

Conversely, in the above MIC AZM-treated samples, there is no apparent population 

of bacteria, only a disperse population at very small values of FSC-H signal, which 

corresponds to debris. Figure 4.1c depicts the same analysis but for MG. As shown, in the 

E. coli sample treated with 32 µg/ml MG (high cell density of 108 cfu.mL-1, red signal), 

there is no significant population of bacteria, only a disperse population of debris. 
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Figure 4.1. Representative flow cytometry signals collected after broth dilution 

experiments. (a.) Contour plot profiles of untreated E. coli depicting two distinct 

populations corresponding to doublet and singlet bacteria populations. (b.) The FSC 

histograms of samples of low (105 cfu.mL-1, blue signal) and high (108 cfu.mL-1, red signal) 

cell densities, treated with 64 and 256 µg/ml AZM, respectively. The histogram of 

untreated E. coli is shown in black. (c.) The FSC histograms of samples of high cell density 

(108 cfu.mL-1, red signal) treated with 32 µg/ml of MG (100 µM) [141]. 

 

As shown in Figure 4.2a, for the standard protocol cell density of 105 cfu.mL-1, our 

E. coli exhibit a MIC of ca. 0.5 µg/ml of AZM. It must be noted, however, that our SHS 

experiments require higher cell densities (ca. 108 cfu.mL-1) to yield sufficient signal. 

Consequently, a MIC assessment was also performed for higher cell density (Figure 4.2b). 

In general, as cell density increases, it is reasonable that the MIC should also increase 

[142]. As expected, for the elevated cell density, the MIC increased to ca. 128 µg/ml. 

Nevertheless, for both high and low cell density conditions, the ratios of the MIC to the 

cell density were observed to be roughly equal, ca. 109 AZM molecules per bacteria cell. 

In other words, the same number of molecules per cell are required in order to induce the 

antibiotic effect.  
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Figure 4.2. MIC determination for AZM with different cell densities of E. coli (mc4100) 

(a) Typical cell density for MIC determination, 105 cfu.mL-1. (b) Typical cell density for 

SHS, 108 cfu.mL-1 [141]. 

 

This strongly suggests that the same mechanism is at play for both conditions. 

Therefore, any information garnered in the high cell density conditions of the SHS 

experiment is equally representative of the low density case. 

In addition to AZM, MG is known to act as an antibiotic, but only at relatively high 

concentrations. Subsequently, in order to be certain that observed antibiotic effects stem 

solely from AZM, an identical MIC analysis was repeated for MG. For the elevated cell 

densities (ca. 108 cfu.mL-1) required for our SHS experiments, the MG MIC for our strain 

of E. coli was deduced to be roughly 100 µM. Consequently, in order to avoid potential 

MG-induced antibiotic effects, the maximum MG concentration of our experiments was 

set to 25 µM. 

 

4.3.2. AZM Compete with MG for Anionic Surface Adsorption Sites on Bacteria 

Membrane 

We first demonstrated that our strain of E. coli is susceptible to the antibiotic effects 

of AZM. The MIC was deduced using the broth dilution method [142] and quantified with 

flow cytometry technique. It must be noted, however, that our SHS experiments require 
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higher cell densities (ca. 108 cfu.mL-1) to yield measurable signal. Consequently, a MIC 

assessment was also performed for higher cell density. In general, as cell density increases, 

the MIC also increases [142]. As expected, for the elevated cell density, the MIC increased 

from 0.5 to 128 μg/mL. Nevertheless, for both high and low cell densities, the ratio of the 

MIC to the cell density was roughly equal, ca. 109 AZM molecules per bacteria, suggesting 

that the same mechanism is at play for both conditions.  

Figure 4.3 shows representative time-resolved SHS traces recorded after living E. 

coli was added to solutions containing 25 μM MG and increasing concentrations of AZM. 

At high concentrations (ca. 100 µM), MG can act as an antibiotic. Hence, the static MG 

concentration (i.e., 25 µM) was set to be well below the MIC but sufficiently high to 

provide strong signal at increased AZM concentrations. 

 

 

 

Figure 4.3. (a) Cartoon schematic of adsorption/transport of MG (green) and AZM (red) 

with respect to the ultrastructure of Gram-negative bacteria. (b) Time-resolved SHS signal, 

plotted in log time, monitoring uptake of MG by E. coli in increasing concentrations of 

AZM. SHS intensities are in units of photon counts [141]. 
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A schematic of molecular uptake in Gram-negative bacteria is shown to illustrate the 

process that SHS is monitoring. The ultrastructure of Gram-negative bacteria consists of 

dual phospholipid membranes (Figure 4.3a): an OM coated with anionic LPS and 

perforated with water-filled Omp channels that permit passive diffusion of small molecules, 

and an inner CM. The two membranes are separated by a thin peptidoglycan mesh (PM) 

that acts as a diffusion barrier. Due to the presence of the two membranes, the time-resolved 

SHS signal exhibits two distinct sequential transport events (Figure 4.3b, black trace). Note 

that time has been plotted on a logarithmic scale to simultaneously display both fast and 

slow events. The initial fast event, with a rise and decay spanning 0.1 to 10 s, is assignable 

to MG adsorption onto the outer surface of the OM, and then rapid transport across the 

OM. This is followed by a much slower secondary transport event spanning 10 to >1000 s. 

The slow second rise near 10 s stems from hindered diffusion of MG across the PM and 

subsequent adsorption onto the outer surface of the CM. Likewise, the slow second decay 

starting at ∼200 s stems from transport of MG across the CM and adsorption onto the 

interior surface of the CM. 

MG and AZM are both cationic and compete for anionic surface adsorption sites. As 

the concentration of AZM increases, less MG is able to adsorb onto the membrane surface. 

Under the current experimental conditions, AZM does not produce a measurable SHS 

signal. As a result, competitive adsorption of AZM onto the membrane results in a 

reduction in the total SHS signal measured. Specifically, compared to the 0 μM AZM case 

(Figure 4.3b, black trace), addition of 5 μM AZM results in a 60% reduction in the 

measured SHS signal from the OM (Figure 4.3b, red trace). As the AZM concentration 

continues to increase, less signal is observed at the OM. For equivalent concentrations of 
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MG and AZM (25 μM, 0.2×MIC), the OM signal effectively disappears (90% reduction, 

Figure 4.3b, blue trace). This suggests that AZM, which is polycationic (+2 charge), 

successfully competes against cationic MG (+1 charge) for anionic surface adsorption sites. 

Notice that a less-pronounced competition-induced reduction of SHS is also observed for 

the CM (∼30% reduction for 5 μM AZM, Figure 4.3b). Consequently, despite the fact that 

AZM is too large to traverse the Omp channels [134]–[136], our results strongly suggest 

that it is still able to rapidly cross the OM (and PM) and arrives at the CM with a rate 

similar to MG. 

Figure 4.4 highlights the effects of increasing concentrations of AZM (0 to 150 µM) 

on bacterial membrane properties. AZM was exposed to the cells for either 0 (Figure 4.4a) 

or 1 hour (Figure 4.4b) prior to initiating the SHS experiments. For all measurements, the 

concentration of MG was maintained at 25 µM. 

 

 

Figure 4.4. Square root of the measured SH signal following uptake of 25 µM MG in E. 

coli for (a) 0 hour or (b) 1 hour exposure to 0 (black), 25 (green), 75 (blue), or 150 (purple) 

µM AZM [141]. 
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Figure 4.4 contains the same information conveyed in Figure 4.3, but time has been 

plotted on a linear scale and the y-axis is presenting the squared root of the SH signals. 

Based upon Figure 4.3b (25 µM AZM + 25 µM MG), we know that AZM successfully 

competes against MG for surface adsorption sites. In this example, for equal concentrations 

of MG and AZM, we observe almost no signal at the OM, suggesting that there is 

comparatively little MG adsorbed on the OM (i.e., in the absence of any sort of diffusive 

hinderance, AZM will out-compete MG for surface adsorption sites). Further, examination 

of the signal intensity at the CM in the sqrt plot (see Figure 4.4a) shows that going from 

the 0 µM AZM case to the 25 µM AZM case (i.e., equal to MG concentration), the signal 

intensity drops by only ca. 25%. If AZM crossed the OM and PM at a similar rate to MG, 

we would expect the signal level to drop by at least half (if not more). Consequently, the 

fact that ca. 75% of the signal at the CM persists in the 25 µM AZM case suggests that 

transport of AZM across the OM and PM is significantly hindered compared to MG (see 

Figure 4.5, left panel). This is reasonable given that AZM, under our experimental 

conditions, exists solely as a cation (i.e., as compared to MG which exists as a mixture of 

a cation and a neutral species). Consequently, similar to the purely cationic CV (see chapter 

six), it is reasonable that AZM may exhibit a strong interaction with the bacterial PM. 

Additionally, we know from the MIC analysis that, for the cell densities used in our SHG 

experiments (i.e., 108 cfu/mL), AZM starts to affect our E. coli at concentrations near 75 

µM. It is reasonable to hypothesize that at 75 µM, AZM starts to significantly compromise 

the OM. There is support of this idea in the existing literature  (i.e., AZM attacks the LPS 

hairs, eventually increases the permeability of the OM) [134]–[136], [143]. At this onset 

concentration, if AZM affects only the OM, but not the PM, the result would be an increase 
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in the concentration of MG that arrives at the outer surface of the CM prior to the onset of 

transport across the CM (see Figure 4.5, middle panel). However, if the PM was indeed 

unaffected at this lower AZM concentration, the PM would still act as a permeability 

barrier for AZM (but not MG). As a result, due to increase in MG surface coverage, we 

should expect an increase in the total SHG signal at the CM. Further, by continuing to 

increase the AZM concentration to 150 µM, it is feasible that we eventually start to 

compromise the PM, in addition to the OM. Once both these barriers (OM and PM) have 

been eliminated, AZM can then arrive at the outer surface of the CM on a time scale similar 

to MG. Under these conditions, AZM would once again successfully compete against MG 

for surface adsorption sites, and hence result in a reduced measured SHG signal (see Figure 

4.5, right panel). 

 

 

Figure 4.5. Cartoon schematic of adsorption/transport of MG (green) and AZM (red) with 

respect to the ultrastructure of Gram-negative bacteria, E. coli, for three concentrations of 

AZM. The fast and slow transports are shown with the solid and dotted arrows, 

respectively, and for the corresponding molecules. 
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4.3.3. AZM-Induced Changes to Bacterial Membrane Properties Monitored In Vitro 

by SHS 

AZM was added to the system simply as a means of perturbing this very complicated 

system. Indeed, the addition of AZM induces a number of significant changes in the 

bacteria. One such change is that AZM is known to affect the permeability of the bacterial 

membranes. Consequently, this was a fruitful system with which to test our assertion that 

time-resolved SHS could be used to monitor antimicrobial-induced changes in the 

membrane permeability of bacteria. Specifically, for all experiments, we monitored the 

uptake kinetics of 25 µM MG, but in the presence of different concentrations of AZM. It 

is important to note, the measured SH signal stems solely from MG which has adsorbed 

onto the various surfaces of the bacterial membranes. Adsorption of AZM to the membrane 

does not yield a measurable SH signal, but actually reduces the amount of total SH signal 

that can be produced by competing for adsorption sites (i.e., preventing MG from adsorbing 

and producing signal). Consequently, similar to the numerous prior works of Eisenthal and 

colleagues, examining the transport of MG across different membranes in liposomes, the 

MG transport rate can be deduced simply by considering the decay rate of the signal. 

Figure 4.6 highlights the effects of increasing concentrations of AZM (0 to 150 μM, 

0 to 1×MIC) on bacterial membrane properties. AZM was exposed to the cells for either 0 

(Figure 4.6a) or 1 h (Figure 4.6b) prior to initiating the SHS experiments. For all 

measurements, the concentration of MG was maintained at 25 μM. As discussed above, for 

high AZM concentrations, we no longer observe the OM SHS transport peak due to 

competitive or hindered adsorption of MG in the presence of AZM (Figure 4.6b). Note, 

this is not evidence of an AZM-induced enhancement in OM permeability. Rather, 
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competition for surface adsorption sites reduces the adsorption rate of MG. Under these 

conditions, MG crosses the OM before it has a chance to adsorb onto the outer surface of 

the OM, and hence, no SHS signal is produced. In contrast, we still observe the SHS 

transport event at the CM. This is because the MG transport rate across the CM is orders 

of magnitude slower (compared to the OM), and so saturation of the CM surfaces still 

occurs sequentially in time (i.e., outer surface first, then inner surface following transport). 

Given the complete loss of the OM transport event for high AZM concentrations, all 

information regarding AZM-induced variations in either the OM or CM properties must 

therefore be inferred from changes to the measured MG adsorption and transport rates at 

the CM. 

For the instantaneous exposure cases (Figure 4.6a, AZM added at t=0), the adsorption 

(signal rise) and transport (signal decay) rates of MG at the CM are nearly identical for all 

AZM concentrations. For ease of comparison, the measured SHS signals have been 

normalized to the CM transport peak. 
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Figure 4.6. Representative time-resolved SHS signal collected during bacterial uptake of 

MG following (a) 0 h or (b) 1 h exposure to 0 (black), 25 (green), 75 (blue), or 150 μM 

(purple) AZM. SHS intensities have been normalized to the CM transport peak. Dashed 

lines represent best fit results. Fit deduced rate constants corresponding to (c) adsorption 

onto the outer surface of the CM and (d) transport across the CM, as a function of AZM 

concentration. The relative fraction of fast (blue) and slow (red) transport are annotated 

above the corresponding markers in (d). Error bars depict standard deviation of the rates 

from minimally n=3 trials for each AZM concentration [141]. 
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The invariance of the observed kinetics in the instantaneous exposure cases suggests 

that while both AZM and MG are present at the CM following transport across the OM 

and PM, AZM has not yet had sufficient time to alter the membrane properties. In contrast, 

for the 1 h exposure cases (Figure 4.6b), higher concentrations of AZM induced significant 

variations in the membrane permeability of both the OM and CM. Specifically, for 25 μM 

AZM (0.2×MIC, green trace), there is no significant change in the adsorption or transport 

properties. However, for 75 μM (0.5×MIC, blue trace) and 150 μM AZM (1×MIC, purple 

trace), the rate of MG adsorption onto the outer surface of the CM, and the transport rate 

across the CM have increased substantially. 

As shown in Figure 4.6a,b, for instantaneous exposure or low AZM concentrations 

(≤25 μΜ, 0.2×MIC), the CM transport event is well described by a single slow exponential 

decay. However, for higher AZM concentrations (≥0.5×MIC) over longer durations, the 

CM transport event clearly consists of at least two decay processes. In order to 

quantitatively analyze the AZM-induced changes to membrane properties, the measured 

SHS signals in Figure 4.6 were fit to a phenomenological model, consisting of a sequential 

exponential rise and multiple decays of signal. The key observable for the current study is 

the relative change of the transport rate of the CM. Under the condition that the OM 

transport rate is orders of magnitude faster than that of the CM, the later can be deduced as 

the exponential decay of the SHS signal. Specifically, the time-dependent SHS signal, 

which is proportional to the square of the MG surface density [95], [129], [130], was 

modeled as: 
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√SHS (t)
 

= φ0 + φ1[1 − exp(−kriset)][χfast exp(−kdecay
fast t) +

χslow exp(−kdecay
slow t)],                       (4-1 ) 

 

where φ0 is a baseline offset; φ1 is an intensity scaling factor; krise, kdecay
fast , and kdecay

slow  are 

rate constants for surface adsorption and fast and slow membrane transport, respectively; 

and χfast and χslow are proportionality constants describing the relative fraction of fast and 

slow transport across the CM. 

The MG adsorption and transport rate constants at the CM for increasing 

concentrations of AZM, obtained from nonlinear least-squares fits using Equation (4-1), 

are summarized in Figure 4.6c,d. For low AZM concentrations (≤25 μΜ, 0.2×MIC) and 

instantaneous exposure, there is no variation in the adsorption (Figure 4.6c, black markers) 

or transport rates (Figure 4.6d, black markers). However, for higher AZM concentrations 

(>25 μM) and longer exposure times, the CM surface adsorption rates increase by an order 

of magnitude. This suggests an increase in the permeability of the OM (i.e., a higher 

concentration of MG is now able to cross the OM and arrive at the outer surface of the 

CM). Further, the dual decay behavior observed in Figure 4.6b for CM transport events 

following 1 h exposure to either 75 μM (0.5×MIC) or 150 μM (1×MIC) AZM were fit to 

determine the rate constants of the fast and slow transport processes. The rate of the slow 

transport process (Figure 4.6d, red markers) was shown to be effectively identical to the 

unperturbed rates (black markers). Conversely, the fast transport process (blue markers) 

exhibited significantly enhanced rates. Further, the relative efficiency of the fast transport 

process (χfast) was observed to increase with AZM concentration. Overall, the fast decay 

process was not observed in the 25 μΜ (0.2×MIC) AZM case, but it accounted for 13% of 
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the 75 μΜ (0.5×MIC) AZM case and increased to 62% for 150 μΜ (1×MIC) AZM. This 

suggests that accumulation of increasing concentrations of AZM creates an efficient 

secondary transport route across the CM. 

 

4.4. Conclusion 

All prior studies examining AZM−membrane interactions can be categorized into one 

of two groups focusing on interactions with either (1.) the bacterial OM in living cells 

[134]–[136] or (2.) CMs in model membrane systems [137]–[140]. The interaction of AZM 

with the OM of Gram-negative bacteria has been extensively studied using a time-resolved 

fluorescence-based assay employing the chromophore, 1-N-phenyl-naphthyl-amine (NPN) 

[143]. Of significance, transitioning from a hydrophilic to a hydrophobic environment 

increases the fluorescence intensity of NPN four-fold. Experiments in which AZM was 

added to solutions containing Gram-negative bacteria and NPN showed an immediate 

increase in fluorescence intensity that could not be repeated in either liposome-based or 

LPS-compromised systems [134]–[136]. This hinted at a rapid interaction between AZM 

and the bacterial LPS, which allowed for efficient shuttling of NPN into the hydrophobic 

interior of the OM. The resulting interpretation was that exposure to AZM yields an 

instantaneous increase in the permeability of the outer leaflet of the OM. 

The majority of studies have probed the interaction of AZM with model membrane 

systems [137]–[139], [144], [145]. For example, 31P nuclear magnetic resonance 

spectroscopy has been used to characterize AZM-induced variations in interactions 

between nearest neighbor phospholipid head groups [137], [144], [145]. In particular, 

membrane-inserted AZM electrostatically binds to anionic phospholipids [137], [145]. 
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This reduces the mobility of the phospholipid head but increases the fluidity of the 

hydrophobic acyl chains [145]. Similarly, complementary studies using atomic force 

microscopy revealed AZM-induced variations in the phospholipid organization of the 

membrane [137], [138]. It has been suggested that AZM inserts itself into the bilayer at the 

interface between the phospholipid head groups and the fatty acyl chains [139], thereby 

disrupting the phospholipid organization. 

While all prior studies dealt with either a single component of the complex bacterial 

membrane system or biomimetic model membranes and provided useful insights on the 

macrolide-membrane interactions, our approach illustrates the ability to concurrently 

examine the effects of macrolides on the permeability of all bacterial membranes. Our 

current results are fully consistent with all prior experimental studies. Specifically, even 

though AZM is too large to traverse the bacterial Omp channels, time-resolved SHS reveals 

that AZM is able to rapidly diffuse across the OM. However, even at high concentrations, 

instantaneous exposure to AZM is not sufficient to induce changes in the permeability of 

either the OM or CM. It is only after sufficiently high concentrations of AZM are allowed 

to interact with the cells for a prolonged duration that the membrane properties begin to 

change. Of significance, our observations reveal that accumulation of AZM, even for sub-

MIC conditions, creates an efficient secondary transport route across the CM, the 

propensity of which increases with AZM concentration. This behavior is reminiscent of the 

so-called carpet disruption mechanism [107] for cell-penetrating peptides. While it is 

speculative to suggest that AZM is creating well-defined pores across the membrane, it is 

also feasible to consider that, similar to the proposed carpet disruption mechanism [107], 

AZM induces localized thinning of the membrane. The density of such regions would scale 
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with AZM concentration and would allow for comparatively rapid transport across the 

membrane. We present these speculations with the hope that our observations will inspire 

other experimental or computational studies to further investigate this phenomenon. 

 

4.5. Summary 

In summary, we have demonstrated that time-resolved SHS, with MG as an SHG-

active probe, can be used to quantify the concentration- and time-dependent interactions of 

AZM with the dual membranes of living E. coli [141]. The fact that MG passively 

transports across bacterial membranes (even in the absence of antibiotic attack) means it is 

an excellent reporter of membrane properties. In this way, time-resolved SHS (using MG 

as a probe) is universally applicable for sequentially monitoring antimicrobial-induced 

changes in individual membranes of living bacteria. It is observed that prolonged treatment 

with sub-MIC AZM induces a dramatic increase in the rate of transport of the SHG-active 

probe across both the OM and CM of the bacteria. Regardless of concentration, 

instantaneous treatment with azithromycin showed no significant changes in membrane 

permeability. However, 1 h pretreatment with subminimum inhibitory concentrations of 

azithromycin induced an order-of magnitude enhancement in the permeability of both the 

outer membrane and, through facilitation of a new transport mechanism, the cytoplasmic 

membrane of the bacteria as well. Our observations suggest that the observed fast transport 

route through the CM is likely facilitated by the creation of a new mechanism induced by 

the interaction of AZM with the CM. This study illustrates SHS as a novel tool for 

monitoring antimicrobial-induced changes to membrane properties in living bacteria. 
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CHAPTER FIVE 

MONITORING DRUG-INDUCED ACTIVATION OF BACTERIAL 

MECHANOSENSITIVE CHANNELS IN LIVING ORGANISMS 

 

5.1. Introduction 

Mechanosensitive (MS) channels are membrane gated proteins which are responsible 

for preserving the integrity of the cytoplasmic membrane (CM) in response to 

environmental shifts in osmolarity in a variety of cell types [89], [146], [147]. In 

eukaryotes, MS channels are involved in diverse processes such as embryonic 

development, touch, pain, hearing, lung growth, and muscle homeostasis [148]–[150]. In 

bacteria, MS channels are fundamental components of the cell membrane and play a critical 

role as ‘safety valves’. They sense acute changes in lateral tension in the lipid bilayer 

generated by rapid diffusion of water into the cytosol, and transiently create large pores in 

a controlled manner to release the pressure and protect cells from hypo-osmotic shock (also 

known as downshock) [151]–[153]. Bacterial MS channels are primarily categorized by 

function and consist of two major families distributed across bacteria, including: MS 

channel of small conductance (MscS) [154]–[156] and MS channel of large conductance 

(MscL) [157]–[162]. 

The lack of comparable homologues in the human genome renders MscL channels as 

potentially novel antimicrobial targets [163]. Of significance, it has been proposed that 

MscL activators could exhibit antibacterial properties, in which they provide a passive 

transport route for otherwise membrane impermeable species into the cytosol [164]–[168]. 
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In this way, MscL activators could act synergistically as a pharmaceutical cocktail with 

known antimicrobial compounds to increase their efficacy [169], [170]. 

Our understanding of the spatial and temporal activity of MS channels can be 

improved by applying new techniques capable of monitoring the activity of the channels 

in their native environment. In addition to several in silico studies [171], [172], various 

experimental approaches have been employed to study the kinetics and thermodynamics 

of MS channels behavior, including patch clamp electrophysiology [147], [173], 

fluorescence based approaches [174], [175], and electron paramagnetic resonance 

spectroscopy [159]. We should note that, none of those methods has studied the MS 

channels in their native environment. Moreover, for fluorescence based techniques, 

incorporation of a fluorescent label can induce nontrivial changes in the interaction. 

Furthermore, the patch clamp methodology is not capable of probing living cells in a non-

destructive manner. 

Time-resolved second-harmonic light scattering (SHS) is a real-time and surface-

sensitive technique, and has been well-established for monitoring molecular transport 

kinetics across membranes in liposomes [90], [91], [94] and living cells [96], [176]–[179], 

and for characterizing chemically induced permeability changes in membranes [101], 

[141]. The theoretical basis for SHS has already been described in detail [27], [95], [129]. 

Briefly, SHS is based on the nonlinear optical phenomenon, second-harmonic generation 

(SHG), in which a fraction of an incident light of frequency 𝜔 is scattered at frequency 2𝜔 

after interacting with SHG-active matter. An important class of SHG-active matter is 

molecules that lack center-of-inversion symmetry.  
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Activation of MS channels, whether chemically or physically induced, results in the 

transient opening of portals into the cell. For molecules that are sufficiently small to 

traverse these channels, such activation events provide new low-energy routes across the 

membrane, and should therefore increase the corresponding transport rates. Given that 

time-resolved SHS is capable of measuring molecular transport kinetics across bacterial 

membranes, it is therefore ideally suited to monitoring chemical activation of MS channels 

in living cells. Specifically, the transport kinetics of an SHG-active molecule are first 

measured in the absence of the channel activator. The experiment is then repeated, but with 

the addition of the activator. If the channels have indeed been activated, the deduced 

transport rates will have increased. 

Figure 5.1 depicts simulations of time-resolved SHS signals characterizing molecular 

transport of an SH-active molecule across the dual membranes of a Gram-negative bacteria 

in which the MS channels are in either the closed or activated state. Specifically, Figure 

5.1a highlights the general membrane ultrastructure of a Gram-negative bacteria, and 

uptake of an SH-active molecule in which OM, PM, and CM refer to the outer-membrane, 

peptidoglycan mesh, and cytoplasmic membrane, respectively. Figure 5.1b shows the 

characteristic time-resolved SHS molecular transport response for scenarios in which the 

MscL channels are either absent or closed. Notice that time has been plotted on a 

logarithmic scale to show both fast and slow transport events across the OM and CM, 

respectively (also see section 1.3). Of significance, disordered ensembles of SH-active 

molecules in solution produce no coherent SHS signal, as SH fields generated by 

isotropically oriented molecules cancel one another. Nevertheless, when SH-active 
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molecules adsorb onto the outer leaflet of the OM, they align with one another due to 

similar molecule-membrane interactions. 

 

 

Figure 5.1. Simulation of MG uptake kinetics at membranes of living WT E. coli 

characterizing the closed and activated states of MS channels in CM. (a.) Schematic 

representation of molecular transport of MG across the WT E. coli membranes. OM, PM, 

and CM refer to the outer-membrane, peptidoglycan mesh, and cytoplasmic membrane, 

respectively. The MscL channel in closed and activated states are shown in the CM. (b.) 

Simulation of time-resolved SHS signal characterizing molecular transport of MG across 

living E. coli membranes. Time is plotted on a logarithmic scale to show both fast OM and 

slow CM transport events. (c.) Perturbations to the MG CM transport response due to the 

activation of MscL channels is simulated in the red plot. 
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The SH fields scattered from these molecules constructively interferes and produces 

SHS signal which is proportional to the square of the molecular concentration on the 

membrane surface [113], [114]. Due to the presence of the outer membrane protein (Omp) 

channels, the SH-active molecules quickly traverse the OM and begin adsorbing onto the 

interior leaflet of the OM [96], [176]–[179]. Consequently, as SH fields generated from 

oppositely oriented molecules are necessarily out of phase, the overlapping fields 

destructively interfere, which results in an attenuation of the SHS signal. Indeed, fast 

transport across the OM results in a narrow SHS peak at the beginning of the transport 

process. Conversely, direct transport across the hydrophobic interior of the bacterial CM is 

a comparatively slower process due to the lack of passive transport channels in the CM. 

Consequently, the CM SHS peak is significantly broader with a slower rise and decay 

compared to the OM transport peak. The assignment of the rise/decay of the two peaks to 

adsorption/transport of MG at the two membranes was previously confirmed through time-

resolved bright-field transmission microscopy experiments [96]. This sequential rise and 

decay of signal is the characteristic SHS response for molecular surface adsorption and 

transport at bacterial membranes, in which the decay of the SHS signal is proportional to 

the membrane crossing rate. As noted above, any perturbation in the CM permeability (e.g., 

activation of MS channels) can be deduced from changes observed in the molecular 

transport kinetics at the CM.  

Figure 5.1c shows a simulated comparison of the expected time-resolved SHS 

responses for an SH-active molecule diffusing across the membranes in Gram-negative 

bacteria in which the MscL channels are either closed (blue signal) or activated (red signal). 

Typical bacterial MscL channels in the CM have estimated open pore diameters of ca. 3 
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nm [161]. Consequently, activation of these channels provides an efficient secondary 

transport route across the CM for any species that is sufficiently small, which should result 

in an increase in the overall transport rate. 

In this chapter, we demonstrated the first application of time-resolved SHS to monitor 

the drug-induced activation of MS channels in living cells. As proof-of-concept, we study 

the molecular uptake kinetics of a cationic triphenylmethane (TPM) dye, malachite green 

(MG), across the cytoplasmic membranes of wild-type (WT) and MscL knock out (KO) 

strains of Escherichia (E.) coli. The SHS results reveal that MG at concentrations >5 µM 

(i.e., >1.7 µg/ml) successfully activate the MscL channels in living bacteria. Application 

of time-resolved SHS as a new experimental paradigm for examination of MS channels 

activators in living microorganisms is discussed. 

 

5.2. Experiments 

5.2.1. Chemicals  

Stock solutions of malachite green (MG) oxalate (Cat. No.: M9015, Sigma Aldrich) 

was prepared in distilled deionized water (Millipore, 18.2 MΩ.cm) and stored in the dark 

at 4°C for future use. For each SHS experiment, an appropriate amount of the stock was 

used to achieve the appropriate concentration of MG in the liquid flow jet. All solutions 

were allowed to equilibrate to room temperature (ca. 293 K) prior to the SHS experiment. 

 

5.2.2. Bacteria Strains 

The E. coli wild-type (WT) strain, AW405 [180], and the E. coli MscL knock-out 

(KO) strain, PB104, were generous gifts from Sergei Sukharev (University of Maryland). 
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The MscL KO strain was generated from AW405 which contains native copies of mscS, 

mscK and other small channels, but not MscL. PB104 is PB102 [181], [182] bearing a 

complete substitution of a chloramphenicol cassette for the mscL gene; first by knocking 

out mscL and then made RecA-, which prevents homologous recombination.  

 

5.2.3. Bacteria Preparation 

A sterile loop of each bacteria strain was taken from its stab to streak a Luria Broth 

agar plate (LB Broth with agar (Lennox) powder, Cat. No. L2897, Sigma-Aldrich) and let 

it colonizes aerobically for ~24 hours at 37°C. A single colony from the agar plate was 

grown aerobically at 37°C in 2 ml LB Broth, Miller solution (Cat. No. L3522, Sigma-

Aldrich) in a shaking tube at 150 rpm for ~12 hours. 1 ml of the culture was perfectly mixed 

with 1 ml of 50% of sterile glycerol to have the final glycerol concentration of 25%, 

transferred to a sterile 2 ml cryovial with screw caps (greiner bio-one, Cryo.sTM), freezed 

immediately in dry ice, and then placed at -80°C for future use. Each time, a sterile loop of 

frozen material was used to streak a new Luria Broth agar plate (i.e., grown aerobically at 

37°C for ~24 hours) and then stored at 4°C for future use (i.e., for up to 3 weeks). 

For each SHS experiment, a discrete colony of each bacteria strain was grown 

aerobically at 37°C in 50 ml Terrific Broth (TB) culture media in a shaking flask at 150 

rpm for ~8 hours (i.e., at middle-to-late exponential phase). The TB culture media was 

made of 9.52 g Terrific Broth (Cat. No.: T0918, Sigma-Aldrich) and 0.8 ml glycerin (Cat. 

No.: G31-1, Fisher Scientific, USA) in 200 ml distilled deionized water (Millipore, 18.2 

MΩ.cm) and was autoclaved at 121°C for 20 min. The next morning cultures were lightly 

pelletized by centrifugation (i.e., 1500xg, 2 min, room temperature) and washed twice in 
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enough amount of phosphate buffer saline (i.e., 1xPBS; pH = 7.3) to remove waste and 

residual TB. For each washing step, we used a Rotamix (10101-RKVSD, ATR Inc.) at 20 

rpm to resuspend the pellet bacteria cells in 1xPBS with no biomechanical forces applied 

to bacteria during the resuspensions. After washing with enough 1xPBS, the supernatant 

was removed and the pellets were collected for preparing the E. coli samples in 1xPBS. 1 

ml of each sample was transferred to a UV-Vis spectrometer to measure the optical density 

of the bacteria suspensions at 600 nm (i.e., OD600). For each sample, a bacteria stock was 

prepared to have appropriate final densities in the SHS experiments (i.e., OD600=0.1 is 

equivalent to 108 cfu/ml). 

 

5.2.4. The SHS Setup and Experiments  

The setup for our SHS experiment is described in detail in Chapter two, section 2.1, 

and it is depicted in Figure 2.1. Specifically, for each SHS experiment, we added a small 

amount of bacteria stock suspension into the flowing MG solution at t=0 s to achieve the 

appropriate final concentration of MG (e.g., 5 µM) and bacteria cell density (e.g., 

OD600=0.25±0.01). Signal was collected in 1.54 second intervals with a gate time of 1.0 

seconds. To isolate the coherent SHG response from the hyper-Rayleigh background 

scattering (HRS) of the bulk dye solution, SHS was first measured from the MG solution 

alone. 

 

5.2.5. Broth Dilution Experiments for MIC Measurements   

To measure the MIC for MG antibacterial activity toward the WT and MscL KO E. 

coli bacteria strains, we performed the broth microdilution protocol [142]. To obtain 
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statistical results, three separate single-colony of each bacteria strain were grown 

aerobically at 37oC in 4 ml of TB culture media in a shaking flask at 150 rpm for ~6 hours. 

1 ml of the harvested bacteria originated from each colony was transferred to a UV-Vis 

spectrometer to measure the optical density of the bacteria suspensions at 600 nm (i.e., 

OD600). Bacteria stocks with the densities of ca. 5 × 108 cfu/ml were prepared (i.e., 

OD600 = 0.1 is equivalent to 108 cfu/ml) from each cultivated colony to be used for the 

broth microdilution experiments. In a 96-well microtiter plate, for each bacteria stock, a 

series of MG with final concentrations from 0 to 128 µg/ml (i.e., 0, 0.25, 0.5, 1, 2, 4, 8, 16, 

32, 64, and 128 µg/ml) were prepared by adding 50 µL MG of various concentrations and 

50 µL of the bacteria stock suspensions. The last well in each series containing 100 µL TB 

media (i.e., no bacteria and MG) was used as a control experiment. The 96-well plate was 

then placed on the shaker to allow bacteria grow aerobically at 37oC at 150 rpm for ~18 

hours. To prevent the solvent evaporation in the wells, a di-water bath was placed on the 

shaker. To estimate the number of cultivated bacteria in each well, we performed the flow 

cytometry (FC) measurements by using a BD Accuri® C6 Flow Cytometer. The FC 

experiments were carried out with a medium fluid rate and a limit of measuring 10 µL of 

samples. To reduce the effect of debris in our FC analysis, we set thresholds of 10,000 for 

forward angle scatting (FSC) and 100 for side angle scattering (SSC) signals.  

The FC data were collected and analyzed by the BD Accuri® C6 Software. For FC 

data analysis, we used the FSC signals which are depicting the size of the particles (mainly 

bacteria cells) passing through the FC laser beam. Of significance, the debris and bacteria 

populations are located at low values (ca. <105) and high values (ca. >105) of the FSC 

signals, respectively. To do single-cell analysis (i.e., to remove doublets from our 
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calculations), we used FSC-A versus FSC-H counter plot in which the doublets show a 

separate population toward higher FSC-A values.  

 

5.3. Results and Discussion 

5.3.1. MG Activates MscL Channels in Living Bacteria 

To examine whether or not MG is a MscL channel activator, we applied time-

resolved SHS to characterize transport of MG across the membranes of living E. coli. Of 

significance, we studied the uptake kinetics of increasing concentrations of MG at the CM 

of living WT and MscL KO E. coli strains. The KO strain of 𝛥mscL (i.e., MscL KO) was 

generated from a WT E. coli strain containing native copies of mscS, mscK and other small 

channels, but not MscL [181], [182]. All experiments were run at room-temperature (ca. 

293 K) and under conditions of consistent osmolarity. Note that MG was purposely chosen 

for two reasons: 1.) It is an SH-active molecule [90], [179] and 2.) It has previously been 

suggested that antimicrobial dyes containing at least one TPM functional group can likely 

act through the highly conserved MscL channel in bacteria [167], [183]. 

Figure 5.2a depicts representative time-resolved SHS signals comparing the 

molecular transport kinetics of 5 µM (1.7 µg/ml, blue trace) and 20 µM (6.8 µg/ml, red 

trace) MG across the membranes of living WT E. coli. Note that the measured SH 

responses have been normalized to the maximum of the CM transport peak in order to 

better compare the transport kinetics of MG at the CM. Specifically, following addition of 

a WT E. coli suspension into a solution of 5 µM MG, the measured SHS signal exhibits 

two sequential transport peaks corresponding to the interactions of MG with the dual 

surfaces of the OM and CM. The first transport peak (OM interaction) is characterized by 
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an initial rapid rise within a few seconds, resulting from MG adsorption onto the outer 

surface of the OM.  

 

 

 

Figure 5.2. Time-resolved SHS signals characterizing molecular transport of various 

concentrations of MG across the CM of living WT (a) and MscL KO (b) E. coli strains. 

The overlaid black lines represent nonlinear least-squares fits based upon our kinetic model 

of molecular uptake. The fit analysis allows a quantification of the MG transport rates 

across the CM (i.e., ktrans.) which are plotted as a function of the MG concentration in (c). 

As depicted, an increase in the concentration of MG results in higher values of ktrans. only 

for WT E. coli strain. The error bars are obtained from three separate experiments. 
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This is followed by a rapid decay reflecting fast transport across the OM (due to 

efficient diffusion across the outer membrane protein channels) and adsorption onto the 

interior surface of the OM. The second transport peak (CM interaction) begins around 30 

s, and is characterized by a slow secondary rise resulting from MG adsorption onto the 

outer surface of the CM, followed by an even slower decay (starting around 150 s) 

corresponding to direct MG transport across the hydrophobic core of the CM, and 

adsorption onto the inner surface of the CM. In general, for the 5 µM MG case, it takes 

roughly 500 s for the measured SH signal to decay to 50% of the original maximum CM 

intensity. In comparison, increasing the MG concentration to 20 µM results in a clear 

enhancement in the MG transport rate at the CM, which is indicated by the faster decay 

rate in the measured CM transport response (Figure 5.2a, red trace). Of significance, the 

onset of MG transport across the CM occurs at earlier time (staring around 100 s), and 

proceeds with a significant faster decay rate. Consequently, for the 20 µM MG case, it 

takes only 240 s for the CM SH signal to decay to 50% of the original maximum CM 

intensity. 

In order to quantify the MG transport rates at the CM, the measured SH responses 

were analyzed using a nonlinear least-squares fit to a general kinetic model of molecular 

uptake in Gram-negative bacteria. Representative best fit results have been overlaid (black 

traces) in Figure 5.2a and b. 

A kinetic model of MG uptake by E. coli bacteria has been previously described in 

Chapter one [55], [96], [98]. Here, we have slightly modified the previous model to also 

consider transport of MG through the MscL channels in the CM. In the proposed kinetic 

model, the term Ci defines the concentration of MG in region i, where C0, C1, C2, and C3 



 

87 
 

will be the MG concentration in the extra-cellular space, in the periplasmic space bound 

by the OM and the PM, in the periplasmic space bound by the PM and the CM, and within 

the cytosol, respectively. Nj,k is the surface concentration of the kth surface of the jth 

membrane, where N1,o, N1,i, N2,o, and N2,i refer to the MG surface concentration at outer 

leaflet of the OM, the inner leaflet of the OM, the outer leaflet of the CM, and the inner 

leaflet of the CM, respectively. Ej,k denotes empty surface sites which is defined by the 

maximum number of surface sites, Nj,k
max, as: Ej,k = Nj,k

max − Nj,k. 

Prior to MG occupation, membrane surface sites are saturated with water molecules. 

Subsequently, adsorption of MG to a membrane surface site results in the release of a bound 

water molecule. Using these definitions, a series of kinetic equations describing molecular 

(i.e., MG) uptake can be generated as follows: 

 

C0 + E1,o  
k−1
←  

k1   
→  N1,o + H2O,           Adsorption/desorption from the outer leaflet of the OM (5-1) 

 

C0  
k−2
←  

k2   
→  C1,                                             Transport across the OM through porin channels (5-2) 

 

N1,o + E1,i  
k−3
←  

k3   
→  N1,i + E1,o,                      Transport across the OM through lipid bilayer (5-3) 

 

C1 + E1,i  
k−4
←  

k4   
→  N1,i + H2O,           Adsorption/desorption from the inner leaflet of the OM (5-4) 

 

C1  
k−5
←  

k5   
→  C2,                                                                         Diffusion through the PM (5-5) 
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C2 + E2,o  
k−6
←  

k6   
→  N2,o + H2O,          Adsorption/desorption from the outer leaflet of the CM (5-6) 

 

N2,o + E2,i  
k−7
←  

k7   
→  N2,i + E2,o,                       Transport across the CM through lipid bilayer (5-7) 

 

N2,o + E2,i  
k−MSC
←      

kMSC   
→     N2,i + E2,o,                 Transport across the CM through MS channels (5-8) 

 

C3 + E2,i  
k−8
←  

k8   
→  N2,i +H2O,           Adsorption/desorption from the inner leaflet of the CM (5-9) 

 

Given the passive nature of MG uptake by E. coli, it is reasonable to assume that 

transport across the porin channels in OM, the PM, and the lipid membranes are completely 

reversible (i.e., k2 = k−2, k3 = k−3, k5 = k−5, and k7 = k−7). Moreover, direct transport 

across the lipid bilayer in OM likely occurs with a rate similar to transport across the lipid 

bilayer the CM (i.e., k3 = k7). Further, adsorption and desorption to the inner leaflet of the 

OM and both leaflets of the CM likely occur with a common rate (i.e., adsorption: k4 =

k6 = k8, desorption: k−4 = k−6 = k−8), however the adsorption and desorption rates need 

not be equal, kj ≠ k−j. The kMSC denotes the transport rate of MG across the MS channels 

in the CM. 

Applying those simplifying assumptions, Eqs. (5-1)-(5-9) can be used to generate a 

series of coupled differential equations which describe the time varying evolution of the 

MG bulk concentrations: 
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d

dt
C0 = −k1C0(N1,o

max − N1,o) − k2(C0 − C1) + k−1N1,o[H2O],                          (5-10) 

 

d

dt
C1 = −k4C1(N1,i

max − N1,i) − k5(C1 − C2) + k2(C0 − C1) + k−4N1,i[H2O],   (5-11) 

 

d

dt
C2 = −k4C2(N2,o

max − N2,o) + k5(C1 − C2) + k−4N2,o[H2O],                          (5-12) 

 

d

dt
C3 = −k4C3(N2,i

max − N2,i) + k−4N2,i[H2O],                                                    (5-13) 

 

Then, the series of coupled differential equations which describe the time varying 

evolution of the MG concentrations on the membrane surfaces would be: 

 

d

dt
N1,o = −k3(N1,i

maxN1,o − N1,o
maxN1,i) − k−1N1,o[H2O] + k1C0(N1,o

max − N1,o), (5-14) 

 

d

dt
N1,i = +k3(N1,i

maxN1,o − N1,o
maxN1,i) − k−4N1,i[H2O] + k4C1(N1,i

max − N1,i),  (5-15) 

 

d

dt
N2,o = −k3(N2,i

maxN2,o − N2,o
maxN2,i) − k−4N2,o[H2O] + k4C2(N2,o

max − N2,o) 

−kMSC(N2,i
maxN2,o − N2,iN2,o) + k−MSC(N2,o

maxN2,i − N2,oN2,i),                 (5-16) 

 

d

dt
N2,i = +k3(N2,i

maxN2,o − N2,o
maxN2,i) − k−4N2,i[H2O] + k4C3(N2,i

max − N2,i) 

+kMSC(N2,i
maxN2,o − N2,iN2,o) − k−MSC(N2,o

maxN2,i − N2,oN2,i),                   (5-17) 
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The solutions to Eqs. (5-10)-(5-17) yield the base components (i.e., C1, C2, C3, N1,o, 

N1,i, N2,o,N2,i) which describe the time-dependent responses observed in the SHS 

experiments. 

The time-resolved SHS response can be described as the square of a combination of 

the surface concentrations, as follow: 

 

ISHS ~ (N1,o − N1,i + N2,o − N2,i)
2
,                                    (5-18) 

 

Subsequently, the time-resolved SHS results can be used as constraints to obtain a 

physically meaningful solution to Eqs. (5-10)-(5-17) for obtaining the diffusion rate 

constants, and hence a fit of the measured data. 

Figure 5.2c (filled circles) depicts fit-deduced transport rates for MG crossing the 

CM in WT E. coli, plotted as a function of MG concentration. Of significance, the transport 

rate is observed to increase (approximately linearly) as a function of MG concentration. 

Specifically, for 20 µM MG, the deduced transport rate is ca. 20 times larger than that of 

the 5 µM case (i.e., 4 ms-1 for 20 µM vs. 0.2 ms-1 for 5 µM). 

 

5.3.2. Control Experiments on MscL Knock-Out Bacteria Confirms the MG-Induced 

Activation of the Channels 

In order to experimentally isolate the possible role of the MscL channels on the 

deduced transport rates, a series of complementary SHS experiments were performed using 

the MscL KO strain of E. coli. Specifically, the time-resolved SH responses for 5 µM (blue 

trace) and 20 µM (red trace) MG interacting with the MscL KO strain are shown in Figure 
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5.2b. As compared to experiments using the WT strain (Figure 5.2a), the resulting SHS 

responses for the KO strain (Figure 5.2b) are qualitatively very different. Regardless of 

MG concentration, transport across the CM appears to occur with a constant rate. Indeed, 

as shown in Figure 5.2c (open circles), increasing the concentration of MG does not result 

in a significant change in the CM transport rate in the MscL KO strain. Given that the sole 

difference in two bacteria strains is the lack of MscL channels in the KO strain, these results 

strongly suggest that the MscL channels play a significant role in the transport of MG 

across the CM in the WT strain, but only for concentrations >5 µM (>1.7 µg/ml). 

As shown in Figure 5.2a, increasing concentrations of MG results in a dramatic 

increase in the molecular transport rate across the CM in the WT strain. At first glance, this 

is perhaps not that surprising. After all, sequentially increasing concentrations of MG 

should result in larger concentration gradients across the CM, which in turn should result 

in enhanced passive diffusion rates. However, as shown in Figure 5.2b, this enhancement 

is completely turned off when the experiments are repeated using MscL KO strains. Given 

that the sole difference between the WT and KO strains is the relative presence of the MscL 

channels, this suggests that the MscL channels are responsible for the observed 

enhancements in transport rate. This alone, however, does not definitively indicate that MG 

is activating the channels. This only shows that the channels must be present in order for 

the rate to exhibit a concentration-dependent enhancement. 

 

5.3.3. Antibacterial Activity of MG 

It has been well established that triphenylmethanes (TPM), such as MG, can induce 

antibiotic effects. The primary antibacterial mechanism-of-action (MoA) for MG, and 
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TPM dyes in general, has been proposed to be through disruption of respiratory chain 

proteins in the bacterial cytosol [184]–[187]. In light of the fact that our current results 

reveal that MG is capable of activating the MscL channels, it is of interest to examine what 

effect, if any, MscL activation has on the antibacterial MoA. For instance, given that 

channel activation increases the transport rate across the CM, it is reasonable that channel 

activation could help dictate the minimum inhibitory concentration (MIC). 

To obtain statistical results for MIC analysis, four separate single-colonies of the WT 

and MscL KO E. coli were grown aerobically at 37 oC in 4 mL of Terrific Broth (TB) 

culture media in a shaking flask at 150 rpm for ca. 6 hours. For each sample, 1 ml of the 

cultured bacteria was transferred to a UV-Vis spectrometer to measure the optical density 

of the bacteria suspensions at 600 nm. Two bacteria stock samples, with cell densities of 

5×108 cfu.mL-1, were prepared (i.e., OD600=0.1 is equivalent to 108 cfu.mL-1) from each 

cultivated colony to be used for MIC assessment. To measure the MIC for MG for the two 

bacteria strains, a series of MG solutions with final concentrations ranging from 0 to 512 

µg.mL-1 (i.e., 0, 0.25, 0.5, 1, 2, 4, 8, 16, 32, 64, 128, 256, and 512 µg.mL-1) were prepared 

in a 96-well microtiter plate by combining 50 µl MG (of various concentrations) and 50 µl 

of the bacteria stock suspensions. The last well in each series contained 100 µl of pure TB 

media (i.e., no bacteria or MG), and was used as a control experiment. The 96-well plate 

was then placed on the shaker to allow the bacteria to grow aerobically at 37 oC at 150 rpm 

for ca. 18 hours. To prevent solvent evaporation in the wells, a distilled deionized water 

bath was also placed in the shaker. To estimate the number of cultivated bacteria in each 

well, we performed flow cytometry (FC) measurements by using a BD Accuri C6 Flow 

Cytometer. In order to reduce the effect of debris in the FC analysis, thresholds for forward 
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scattering (FSC) and side scattering (SSC) signals were set to 10,000 for FSC-H and 100 

for SSC-H. FC experiments were carried out with a medium flow rate and a limited total 

volume of 10 µl of sample. The FSC signals describe the relative size of the particles (i.e., 

bacteria or debris) passing through the laser beam. 

Figure 5.3. presents the FSC plots for the two bacteria strains, untreated and treated 

with 32 µg.mL-1 MG. As depicted, the well-grown untreated samples of both bacteria 

strains show a district high population at FSC-H values of > 105 (gray signals). However, 

in the MG-treated samples (green signals), there is no significant population of bacteria, 

but a disperse population below the FSC-H values of <105 which are corresponding to the 

debris. Given that all samples were measured for the constant volume of 10 µL, the ratio 

of the bacteria counts (i.e., the singlets) of each MG-treated sample to that of the untreated 

sample represents the activity of MG for that concentration. 

 

 

Figure 5.3. Representative flow cytometry signals collected after the broth dilution 

experiments. The FSC histograms of the wild-type (a) and MscL KO E. coli treated without 

(gray signals) and with 32 µg.mL-1 of MG (green signals). 
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For the bacteria strains used in the current study, susceptibility measurements of MG 

revealed a common MIC of 32 µg.mL-1 MG (i.e., ~100 µM MG). The fact that the same 

MIC value was obtained for both WT and MscL KO strains suggests that the MscL 

channels do not play a significant role in the antibacterial mechanism. Specifically, 

regardless of the presence of the MscL channels, MG is able to passively diffuse across the 

hydrophobic interior of the CM and equilibrate within the bacterial cytosol. Having said 

that, it is curious that the deduced MIC concentration is well above the threshold for 

activation of the MscL channels. 

 

5.4. Conclusion 

Prior studies have suggested that MscL activators may affect the channel activity by 

directly biding to the channel complex [168], [170]. For instance, it has been reported that 

the antibiotic dihydrostreptomycin directly binds to the MscL channel and subsequently 

modifies the conformation of specific sites on the channel pore vestibule, thereby providing 

a path for the antibiotic to access the cytoplasm [164], [165].  

As discussed above, our time-resolved SHS results reveal that the interaction of MG 

with the MscL channels likewise provides an efficient secondary route for MG to cross the 

CM. It is important to note, however, at the pH employed in the SHS experiments 

(pH=7.3), both neutral and cationic MG were present in appreciable concentrations. As a 

result, it is feasible that either form of MG could be responsible for activating the MscL 

channels, and driven by either by hydrophobic or electrostatic interaction, respectively. 

Furthermore, in contrast to dihydrostreptomycin, for which the presence of MscL channels 

are mandatory for the molecule to cross the CM [164], MG readily transports across the 
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hydrophobic interior of the CM. Consequently, while dihydrostreptomycin is necessarily 

limited to a front-side attack of the channel, it is just as feasible that MG activation could 

stem from either a front- or rear-side attack of the channel, if not both.  

 

5.5. Summary 

In summary, we have demonstrated proof-of-principle application of time-resolved 

SHS for monitoring chemical activation of MscL channels in the membranes of living 

bacteria. Specifically, using a combination of WT and MscL KO strains of E. coli, our SHS 

results revealed significant (and concentration-dependent) enhancement of the molecular 

transport rate of MG across the CM in only the WT strain. These observations suggested 

that, above a critical concentration, the cationic TPM dye, MG, is able to activate the MscL 

channels. Additionally, comparison of the associated MIC for both the WT and MscL KO 

strains revealed that channel activation has little to no effect on the antimicrobial MoA of 

MG. Overall, time-resolved SHS is presented as a generally applicable experimental 

technique capable of characterizing chemical activation of MS channels in living cells. 
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CHAPTER SIX 

MONITORING MEMBRANE-SPECIFIC TRANSPORT OF GRAM’S STAIN IN 

LIVING BACTERIA: AN UPDATED MOLECULAR MECHANISM OF THE 

GRAM-STAIN PROTOCOL 

Note: Contents of this chapter are reprinted from the following article with permission from 

ACS: Wilhelm, M. J., Sheffield, J. B., Sharifian Gh., M., Wu, Y., Spahr, C., Gonella, G., 

Xu, B., and Dai, H.-L., "Gram's Stain Does Not Cross the Bacterial Cytoplasmic 

Membrane", ACS Chemical Biology (2015), Volume 10, Pages 1711-1717. 

 

6.1. Introduction 

The Gram-stain [188], [189] is a classic biological protocol that is still actively used 

to differentiate bacteria into two possible classifications [190]–[198]: Gram+ cells, in 

which the stain is retained, and Gram– cells, in which the stain is lost. The bacterial 

response to the Gram-stain method, however, is not uniform, as some bacteria exhibit so-

called Gram-variability in which cells of seemingly identical composition yield a mixed 

stain response [199], [200]. Nevertheless, concerted experimental efforts have deduced that 

Gram+ and Gram− bacteria differ principally in their cellular ultrastructure [199]. 

Specifically, as depicted in Figure 6.1 (also see Chapter one, section 1.2.1, Bacterial Cell 

Envelopes), Gram– cells are composed of a pair of distinct lipoprotein membranes: a 

lipopolysaccharide (LPS) coated outer membrane (OM) and an inner cytoplasmic 

membrane (CM), which are separated by a peptidoglycan mesh (PM) that is bound to the 

OM through a series of peptidoglycan-associated lipoproteins (PaL) [199], [201].  
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Figure 6.1. Cartoon schematic of the currently accepted molecular mechanism of the 

Gram-stain protocol, based upon the work of Davies and colleagues [202], [203], for cross-

sections of (a.) Gram+ and (b.) Gram– bacteria. The addition of CV and mordant results 

in the generation of a precipitate (ppt.) in the cytosol. Following the destructive alcohol 

wash, the intact PM of the Gram+ cell retains the ppt. within the cell while the perforated 

PM of the Gram– cell allows the ppt. to be washed away [55]. 

 

Conversely, Gram+ cells are comparatively simpler and possess only a single 

lipoprotein membrane (i.e., the CM), though their PM is typically ca. 10−20+ times thicker 

than that found in Gram– cells [199]. 

The modern Gram-stain protocol [200] consists of a series of time-sensitive steps, as 

follows (see Figure 6.1):  

(1.) Staining heat-fixed cells with a solution of crystal violet (CV), where the 

positively charged CV molecules passively diffuse into the cell and electrostatically bind 

to available anionic surfaces. 

(2.) Introduction of a mordant, typically a solution of iodine and potassium iodide, to 

react with cationic CV, yielding a CV-mordant precipitate. 

(3.) An alcohol wash to remove stain from Gram– cells (i.e., decolorization).  

(4.) Counter staining of the Gram– cells, typically using the red dye, safranin O. 

(5.) Differentiating stained cells using optical microscopy. 
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Numerous variations to this protocol, specifically using either a modified CV or 

mordant, have been introduced to permit alternative methods of characterization. For 

example, Davies et al. introduced a mordant which allowed characterization by scanning 

transmission electron microscopy (STEM) and energy dispersive X-ray analysis (EDS) 

[202], [203]. More recently, Budin et al. introduced a chemically modified CV containing 

a magnetic fluorescent nanoparticle, allowing characterization with either fluorescence or 

magnetic resonance [204]. 

Figure 6.1 depicts the currently accepted molecular mechanism of the Gram-stain 

which stems predominantly from Davies and co-worker’s STEM-EDS experiments [199], 

[202], [203]. Specifically, it has been proposed that both CV and the mordant freely cross 

the three main cellular barriers (i.e., OM, PM, and CM), resulting in accumulation of the 

CV precipitate within the periplasm and the cytosol. Next, as alcohol denatures proteins 

and dissolves lipid membranes [205], the subsequent decolorization step therefore attacks 

the structural integrity of both the OM and CM. Of significance, as the OM is covalently 

bound to the PM, the PM of Gram− species is significantly disrupted when the OM is torn 

away. Conversely, the thick PM of Gram+ species is only slightly perturbed, resulting in 

local bulges and deformations, but remains largely preserved. Subsequently, the CV 

precipitate stain is readily washed out of the perforated PM of the Gram− species but 

retained by the intact PM of the Gram+ species.  

We now demonstrate that [55], in contrast to the conventional understanding that CV 

crosses all cellular barriers, the Gram-stain method actually works because CV slowly 

diffuses across the PM and does not penetrate the cytoplasmic membrane. 
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6.2. Experiments 

6.2.1. Chemicals  

All chemicals and reagents were analytical grade and were used without further 

purification. Malachite green (MG) oxalate (Cat. No. M9015), crystal violet (CV) chloride 

(Cat. No. C0775), and propidium iodide (PI) (Cat. No. P4170) were purchased from Sigma 

Aldrich. Stock solutions of MG, CV, and PI with a typical concentration of 500 µM were 

prepared in distilled deionized water (Millipore, 18.2 MΩ.cm) and stored in the dark at 4°C 

for future use. Final sample concentrations were maintained at 10 µM of MG and 50 µM 

CV. 

  

6.2.2. Bacteria Strain and Cell Growth 

The E. coli bacteria (mc4100 strain, ATCC 35695) was used in this work. The 

bacteria culture and preparation procedure is explained in detail in section 3.2.2. 

 

6.2.3. The SHS Setup and Experiments 

The setup for our SHS experiment is described in detail in Chapter two, section 2.1, 

and it is depicted in Figure 2.1. 

 

6.2.4. Bright-Field Transmission Microscopy Imaging  

Images were collected in bright-field transmission (TM) mode using a Leica DMRXE 

microscope with a 100× PlanApo objective lense coupled to a digital image capture system 

(Tucsen model TC-3), software controlled with TSView (OnFocus Laboratories, ver. 7). 

Images, covering a field of view (FOV) of ca. 60 × 50 μm2, were collected in 2 s 
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increments, typically over a total duration of 10 min, with a fixed resolution of 

2048 × 1536 pixels (ca. 31 nm/pixel), and saved using the tagged image file format 

(TIFF). Sample slides were prepared as follows: Transparent masking tape was used to 

construct a ‘U’ shaped sample reservoir with approximate physical dimensions of 

12 × 25 × 0.1 mm3. The reservoir was loaded with 0.015 mL of a solution of bacteria 

suspended in 1×PBS (ca.6 × 106 cfu.mL−1) and covered with a glass coverslip. 

Immobilization of cells was achieved via one of three methods: 1.) Native electrostatic 

interactions between the anionic bacteria surface and the cationic glass slide, 2.) Enhanced 

electrostatic interactions between the bacteria and a poly L-lysine treated slide, and 3.) 

Gentle heat fixation of cells dried on the slide, followed by rehydration with an equal 

volume of distilled water.  

After mounting the slide onto the microscope, image acquisition was started. After ca. 

10 s of acquisition, a 0.015 mL aliquot of dye (e.g., CV or MG) was added at the edge of 

the coverslip, which then diffused beneath and began staining the bacteria cells. Image 

analysis, including image inverse and quantification of the mean and standard deviation of 

regions-of-interest (ROI) signal intensity, was performed in ImageJ (National Institutes of 

Health, 1.43u). The average time-resolved TM signal was determined as the mean of a 

series of ROI average inverted intensities, sampled over 10 bacteria, spanning three 

separate experiments. 

 

6.2.5. Fluorescence Microscopy for Viability Measurements 

Sample slides of bacteria (either heat fixated or poly-L-lysine prepared slides) were 

incubated with 20 µM PI for 15 min in the dark at room temperature, enclosed by a glass 
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coverslip, and mounted on the fluorescence microscope stage. Epi-fluorescence images of 

at least 15 filed-of-view (FOV) were recorded for each glass slide (i.e., each sample) and 

more than 2,000 cells were counted in each experiment. A Nikon ECLIPSE TE200 

microscope with a 40×/0.60 Plan Flour (Nikon) objective lens coupled to a digital image 

capture system (Hamamatsu C11440) was used to record images by the NIS Elements (ver. 

4.20) software. An EXFO X-cite 120 Fluorescence Illuminator system was utilized as the 

light source and the red fluorescence emissions were recorded through a filter cube with 

excitation and detection wavelengths centered at 560 and 630 nm. Image analysis was 

performed by using ImageJ software (National Institutes of Health, 1.43u). 

 

6.3. Results and Discussion 

6.3.1. Both MG and CV Cross the OM, but Only MG Crosses the CM 

We have previously characterized the molecular uptake of MG into living bacteria 

using the complementary methods SHS [96], [98] and TM [96]. Real-time TM shows that 

MG saturates the bacteria over the course of roughly 8 min, in which individual TM images 

are shown to grow progressively darker as transmission of broadband visible light is 

attenuated by increasing local concentrations of MG within the cell (Figure 6.2a).  
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Figure 6.2. Time-resolved TM and SHS results depicting uptake of MG and CV by living 

E. coli. (a.) Representative TM images of uptake. Dashed circles represent typical ROIs 

used for image analysis. Scale bars depict 0.5 μm. (b.) Time-resolved TM responses for 

MG and CV, measured as mean ROI absorption intensity. The signals are the average TM 

signal of at least 20 bacteria shown by signal±SD. Inset shows the structure of MG and 

CV. (c.) Time-resolved SHS response for MG and CV. The signals are Shaded gray bar 

indicates early time detail highlighted in the inset. The blue arrow near 40 s indicates the 

point at which, for the Gram-stain protocol, the mordant would be added to precipitate the 

CV. (d.) Schematic representation of molecular uptake kinetics of MG (green molecule) 

and CV (violet molecule) at the membranes of E. coli [55]. 
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ROI average absorption from each of the TM images, plotted as a function of time, 

reveals a monotonic increasing response followed by a late-time plateau (Figure 6.2b, blue 

curve), suggesting equilibrium of MG at accessible cellular surfaces and within sampled 

internal domains. Similarly, membrane-specific SHS reveals two distinct transport events 

(Figure 6.2c, green curve), where transport is characterized as a sequential rise and decay 

of the SHS signal. Recall that Gram− bacteria, such as E. coli, are composed of dual 

membranes (i.e., OM and CM). Subsequently, the observation of two discrete transport 

events (Figure 6.2c, green curve), coupled with the corroborating TM deduced ca. 8 min 

saturation delay (Figure 6.2b, blue curve), suggests MG traverses both the OM and CM 

and equilibrates within the cytosol. 

In contrast to MG, uptake of the structurally similar Gram’s stain dye, CV, displays 

remarkable differences. Like MG, time-resolved TM shows that CV also saturates the 

bacteria, but in a mere 2 min (i.e., four times faster than MG, Figure 6.3a,b). Further, SHS 

from CV reveals only a single transport peak (Figure 6.3c, purple curve), identical to the 

fast transport peak observed for MG (Figure 6.3c, inset), and is suggestive of rapid 

transport across the water filled porin channels embedded in the OM. However, following 

fast transport across the OM, CV exhibits significantly slower PM diffusion-limited 

adsorption onto the outer leaflet of the CM, as indicated by the comparatively slow 

secondary rise of the SHS signal. Further, following adsorption onto the CM, the SHS 

signal simply exhibits a late time plateau (Figure 6.3c). Recall that attenuation of the SHS 

signal is indicative of transport across the membrane, as adsorption onto the opposite leaflet 

of the membrane results in the cancellation of the emitted SH fields. Subsequently, the SHS 

plateau indicates that CV does not cross the CM. This interpretation is confirmed by the 
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time-resolved TM results, which suggests that CV equilibrates within the bacteria roughly 

4 times faster than MG. This is reasonable if the uptake of CV is limited to sampling only 

the periplasmic space between the OM and CM, but not the cytosol. Subsequently, as 

opposed to MG, CV is observed to slowly diffuse through the PM and is unable to traverse 

the CM. 

Figure 6.2d compares the molecular transport kinetics of MG and CV at the 

membranes of E. coli bacteria. For the sake of simplicity, five snapshots at the times 1, 10, 

100, 200, and 400 seconds of the kinetics are represented here. As depicted, both MG and 

CV adsorb onto and transport through the OM (i.e., Omp-assisted transport) with a similar 

rate (i.e., it typically takes ~10 s for the molecules to pass across the OM). However, it 

takes longer time for CV to reach the outer membrane of the CM. Specifically, while it 

takes only about 100 seconds to observe the highly coverage of the CM by MG molecules, 

no CV molecules reach the CM surface at the 100 seconds. At the time 200 seconds, some 

portion of the MG molecules have already passed across the CM and adsorbed onto the 

inner leaflet of the CM (i.e., which results in the decay in SH signals at the CM). However, 

because of a very slow transport of CV through the PM, only a few CV molecules reach 

the outer surface of the CM at time 200 seconds. At time 400 seconds (or longer), more 

MG molecules have passed across the CM and reached the inner leaflet of the CM which 

result in more decay in the CM peak (see Figure 6.2c, green signal). However, the barrier 

characteristics of the PM doesn’t allow a high concentration of CV to reach the CM 

(compared to MG). Also, because the CM is impermeable to CV, no CV molecules passes 

across the CM, which altogether, result in a weaker SH signal at the CM and a signal 

plateau (no decay in SH signal is observed). 
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6.3.2. Heat Fixation Does Not Alter CM Permeability 

It is important to consider the relative role that heat fixation plays in the Gram-stain 

protocol. Of significance, the addition of a sufficient quantity of heat to a living cellular 

sample could eventually lead to denaturation of proteins, resulting in perforated 

membranes due to proteins falling out of place, and hence an artificial enhancement of 

membrane permeability. We note that the SHS experiments employed here used a 

continuously flowing liquid jet of the bacterial suspension. Subsequently, to ensure 

identical samples for both SHS and TM experiments, neither of the samples were heat 

fixed. In order to establish the validity of comparing our sample preparation against a 

traditional heat fixed sample, we characterized the relative variation of membrane 

permeability (i.e., following heat fixation) using a propidium iodide (PI) fluorescence test 

[206]. Specifically, PI is known to exhibit enhanced fluorescence following intercalation 

with DNA. As bacterial DNA is found exclusively within the cytosol, and as PI is unable 

to traverse the CM of viable cells, fluorescence is only observed for cells with compromised 

membranes (e.g., dead cells). Subsequently, if heat fixation does enhance the permeability 

of the CM (i.e., due to denatured membrane proteins), PI stained samples would exhibit a 

dramatic increase in the number of fluorescing cells.  
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Figure 6.3. Characterization of the relative effect of heat fixation on membrane 

permeability, using bright-field and fluorescence microscopy with PI stained E. coli. (a.) 

Typical images for a heat fixed sample, exhibiting ca. 24.4 ± 5.2% fluorescing cells. (b) 

Typical images for an unheated sample, exhibiting ca. 27.4 ± 3.3% fluorescing cells. Scale 

bars depict 5 μm [55]. 

 

Figure 6.3 depicts typical bright-field and fluorescence images for heat fixed and 

unheated samples. Of significance, both sample preparations exhibit roughly 25% 

fluorescing cells. This suggests that heat fixation does not notably influence the 

permeability of the bacterial CM. Therefore, it is reasonable to directly compare results 

from our unheated samples against traditional heat fixed Gram-stain preparations. 

 

6.3.3. PM Diffusion Is the Rate Limiting Step in Bacterial Uptake of CV  

The SHS and TM results describe distinct aspects of the same system response, e.g. 

uptake of CV into E. coli via adsorption and transport across the cellular barriers, and can 

therefore be quantitatively described by a common kinetic model that describes the process. 
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This model can thus be used as a basis for nonlinear least-squares fitting analysis of both 

SHS and TM observations in real time.  

Briefly, a series of kinetic equations describing the molecular uptake of CV can be 

generated as follows: 

 

CVext + Eouter
OM   

kdes
OM
←   

kads
OM

→   Nouter
OM + H2O,  Adsorption/desorption from the outer leaflet of the OM (6-1) 

 

where CVext is the extracellular CV concentration, Eouter
OM  and Nouter

OM  are empty and filled 

surface sites on the outer leaflet of the OM, and kads
OM and kdes

OM are rate constants for CV 

adsorption/desorption at the outer leaflet of the OM. 

 

  CVext  
k−1
porin
←     

k 
porin

→     CVPM
OM,                                          Porin-assisted transport across the OM (6-2) 

 

where CVPM
OM is the CV concentration in the volume spanning the OM and PM and k 

porin 

and k−1
porin

 are the forward and reverse crossing rates for the OM porin channels. 

 

CVPM
OM + Einner

OM   
kdes
 ←   

kads
 

→   Ninner
OM + H2O, Adsorption/desorption from the inner leaflet of the OM (6-3) 

 

where Einner
OM  and Ninner

OM  are empty and filled surface sites on the inner leaflet of the OM 

and kads
  and kdes

  are rate constants for CV adsorption/desorption at the inner leaflet of the 

OM.  
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CVPM
OM  

k−1
PM
←   

k 
PM

→    CVCM
PM,                                                             Diffusion across the PM (6-4) 

 

where CVCM
PM is the CV concentration in the volume spanning the PM and CM and k 

PM  and 

k−1
PM are the forward and reverse crossing rates for the PM.  

 

CVCM
PM + Eouter

CM   
kdes
 ←   

kads
 

→    Nouter
CM +H2O,       Adsorption onto the outer leaflet of the CM (6-5) 

 

where Eouter
CM  and Nouter

CM  are empty and filled surface sites on the outer leaflet of the CM 

and kads
  and kdes

  are the same rate constants for CV adsorption/desorption at the inner 

leaflet of the OM. 

Given the passive nature of CV uptake by E. coli, it is reasonable to assume that 

transport across the porin channel (Eq. 6-2) and the PM (Eq. 6-4) are completely reversible 

(i.e., k 
porin = k−1

porin
→ k 

porin and k 
PM = k−1

PM → k 
PM ). Additionally, given that the 

interaction of CV with the membrane surfaces is dictated predominantly by electrostatic 

interactions, it is likewise reasonable to assume that adsorption and desorption to the inner 

leaflet of the OM and the outer leaflet of the CM occur with a common rate. Nevertheless, 

it should be noted that the adsorption and desorption rates need not be equal (kads
 ≠ kdes

 ).  

Applying these simplifying assumptions, Eqs (6-1)-(6-5) can be used to generate a 

series of coupled differential equations whose solutions describe the time-dependent 

evolution of the concentration of CV within accessible cellular compartments (i.e., CVetx, 

CVPM
OM, and CVCM

PM) as: 
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dCVetx

dt
= k 

porin(CVPM
OM − CVetx) − kadsCVetx([Nouter

OM ]
max

− Nouter
OM ) + kdesNouter

OM [H2O],   

(6-6) 

 

dCVPM
OM

dt
= k 

porin(CVetx − CVPM
OM) + k 

PM(CVCM
PM − CVPM

OM) 

−kadsCVPM
OM([Ninner

OM ]
max

− Ninner
OM ) + kdesNinner

OM [H2O],                                                                                                     

(6-7) 

 

dCVCM
PM

dt
= k 

PM(CVPM
OM − CVCM

PM) − kads([Nouter
CM ]

max
− Nouter

CM ) + kdesNouter
CM [H2O],  (6-8) 

 

and on available surfaces (i.e., Nouter
OM , Ninner

OM , and Nouter
CM ) as: 

 

dNouter
OM

dt
= kadsCVetx([Nouter

OM ]
max

− Nouter
OM ) − kdesNouter

OM [H2O],                    (6-9) 

 

dNinner
OM

dt
= kadsCVPM

OM([Ninner
OM ]

max
− Ninner

OM ) − kdesNinner
OM [H2O],                 (6-10) 

 

dNouter
CM

dt
= kadsCVCM

PM([Nouter
CM ]

max
−Nouter

CM ) − kdesNouter
CM [H2O],                 (6-11) 

 

As shown previously, time-resolved SHS and TM provide complementary measures 

of uptake, hence the resulting signals can be simultaneously analyzed using the series of 

coupled equations. Indeed, the solutions to Eqs. (6-6)-(6-11) yield the base components 
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(i.e., CVetx, CVPM
OM, CVCM

PM, Nouter
OM , Ninner

OM , and Nouter
CM ) which describe the time-dependent 

responses observed in the SHS and TM experiments.  

Specifically, the time-resolved SHS response can be described as the square of a 

combination of the surface concentrations, as following: 

 

ISHG ~ (Nouter
OM − Ninner

OM + Nouter
CM )

2
,                               (6-12) 

 

whereas the TM response is linearly proportional to the sum of the bulk intracellular and 

surface adsorbed CV concentrations, though the latter is comparably negligible: 

 

ITM ~ (CVetx + CVPM
OM + CVCM

PM),                                     (6-13) 

 

Subsequently, the time-resolved SHS and TM results can be used as constraints to 

obtain a physically meaningful solution to Eqs. (6-6)-(6-11) (i.e., diffusion rate constants), 

and hence a fit of the measured data. The Global Fit analysis package in Igor Pro 

(WaveMetrics, 6.32A) was used to simultaneously fit the SHS and TM data to Eq. (6-12) 

and Eq. (6-13), respectively, by numerically solving Eqs. (6-6)-(6-11) using the backwards 

differentiation formula (BDF) method. 

Figure 6.4a depicts the simultaneous fits for the TM and SHS responses of CV 

interacting with E. coli, along with a schematic (Figure 6.4b) comparing uptake rates for 

MG and CV.  
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Figure 6.4. Kinetic model of MG and CV uptake by Gram− bacteria. (a.) Simultaneous fit 

analysis of TM and SHS responses for CV uptake into E. coli. (b.) Schematic of CV 

(purple) and MG (green) uptake into E. coli with deduced transport rate constants [55]. 

 

The deduced transport rates for MG and CV crossing the OM, PM, and CM are 

tabulated in Table 6.1. As shown in Figure 6.4b and Table 6.1, both CV and MG traverse 

the OM with effectively identical rates (within error), likely through the OM porin 

channels. Conversely, CV is shown to traverse the PM roughly 50 times slower than MG. 

 

Table 6.1. Kinetic Parameters for Uptake of MG and CV by E. coli. Deduced values 

expressed as mean ± SD, obtained from experiments with n = 3 independent bacterial 

cultures [55]. MG kinetic parameters are deduced from [96]. 

Dye 𝐤𝐩𝐨𝐫𝐢𝐧
𝐎𝐌 × 𝟏𝟎−𝟐 𝐬−𝟏 𝐤𝐏𝐌

 × 𝟏𝟎−𝟐 𝐬−𝟏 𝐤𝐂𝐌
 × 𝟏𝟎−𝟒 𝐬−𝟏 

MG 4.3 ± 0.7 7.2 ± 0.4 2.2 ± 0.11 

CV 4.7 ± 0.5 0.14 ± 0.03 − 



 

112 
 

6.3.4. Updated Molecular Mechanism of the Gram-Stain Protocol 

In this chapter, we used the complementary methods of SHS and TM to quantitatively 

characterize the real-time bacterial uptake of CV as a direct test of the currently accepted 

molecular mechanism of the Gram-stain protocol. In stark contrast to the currently accepted 

description, our results clearly demonstrate that CV is unable to cross the bacterial CM. 

Furthermore, we demonstrate that, on the time-scale of the Gram-stain protocol, CV is 

barely able to diffuse beyond the comparatively thin PM of Gram− bacteria. Given the 

substantially thicker PM of Gram+ cells, CV is invariably kinetically trapped within the 

PM. 

In light of the revelation that CV does not cross the CM, a re-examination of the 

results of Davies et al. [202], [203] is in order. It must be pointed out that the signal detected 

in their STEM-EDS experiments was sensitive solely to the Pt in the mordant, and not the 

CV. Specifically, it was simply assumed that the detected Pt signal originated from mordant 

that had reacted with CV and precipitated out of solution. However, there is no reason to 

preclude the possibility that the mordant alone was capable of traversing the CM and 

therefore produced the observed signal. In light of the fact that control experiments testing 

the uptake of the mordant in the absence of CV were not performed, this possibility cannot 

be ruled out. Nevertheless, the observations regarding perforation of the OM, PM, and CM 

of Gram− species, and minor perturbations to the Gram+ PM, remain valid and useful for 

garnering insights into the Gram-stain mechanism. Specifically, as corroborated by our 

current SHS results, CV diffuses surprisingly slow through the PM (e.g., 50 times slower 

than MG). Subsequently, on the time-scale of the Gram-stain protocol, CV is trapped 

within the PM. Therefore, given that the Gram− PM is violently perforated in the 
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decolorization step, it makes perfect sense that the CV-mordant precipitate is lost. 

Conversely, as the Gram+ PM is only slightly perturbed, it is likewise fitting that the CV-

mordant precipitate is retained. 

An updated molecular mechanism of the Gram-stain protocol is presented in Figure 

6.5. It should be noted that our model does not negate the utility of the protocol nor 

invalidate prior applications of the stain. Rather, our model provides new insight into why 

the protocol actually works, and therefore how it can be improved. As distinct from the 

currently accepted model (Figure 6.1), our results demonstrate that the differential behavior 

of the Gram-stain protocol originates from the diffusion limiting interaction of CV with the 

PM. Of significance, this suggests that CV is uniquely suited for this purpose and that 

structurally similar dyes, such as MG (i.e., which rapidly traverse the PM), are ineffective 

substitutes. Subsequently, the development of modified dyes/mordants to allow differential 

characterization via alternative methodologies [202]–[204] must conserve the slow PM 

diffusion rate. Furthermore, our results hint that the Gram-variable response likely 

originates from variations of the PM. 

 

Figure 6.5. Cartoon schematic of the ‘updated’ molecular mechanism of the Gram-stain 

protocol for cross-sections of (a.) Gram+ and (b.) Gram− bacteria. The addition of CV and 

mordant results in the generation of a precipitate (ppt.) which is largely isolated in the PM. 

Following the destructive alcohol wash, the intact PM of the Gram+ cell retains the ppt. 

within the cell while the perforated PM of the Gram− cell allows the ppt. to be washed 

away [55]. 
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6.4. Conclusion 

Finally, given the structural similarity of the two TPM dyes, it is worth examining 

the molecular properties which give rise to the remarkably different membrane transport 

responses. In addition to their similar size and mass, both CV and MG possess three large 

phenyl rings and should presumably be capable of existing within the hydrophobic interior 

of a phospholipid membrane. Further, both exhibit a singular cationic charge, thought to 

be localized on the central carbon. However, as depicted in the inset of Figure 6.2b, the CV 

cation is of slightly higher symmetry than MG (i.e., C3v vs C2v). Correspondingly, whereas 

the two main resonance structures of cationic MG yield a permanent nonzero dipole 

moment, the three identical structures for CV do not. Subsequently, our results highlight 

the possible necessity of a permanent dipole for the passive membrane transport of 

molecular ions. Nevertheless, further experiments are necessary before such a 

generalization can be established. 

 

6.5. Summary 

For well over a century, Hans Christian Gram’s famous staining protocol has been 

the standard go-to diagnostic for characterizing unknown bacteria. Despite continuous and 

ubiquitous use, we now demonstrate that the current understanding of the molecular 

mechanism for this differential stain is largely incorrect. Using the fully complementary 

time-resolved methods: SHS and TM, we present a real-time and membrane-specific 

quantitative characterization of the bacterial uptake of CV, the dye used in Gram-stain 

protocol. 
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Here, we have used the real-time complementary methods of SHS and TM to 

quantitatively characterize the membrane specific uptake of the Gram’s stain. In contrast 

to the previously accepted molecular mechanism, we definitively demonstrate that CV is 

unable to cross the bacterial CM. Moreover, on the time-scale of the Gram-stain protocol, 

we show that CV is effectively trapped within the PM. Subsequently, the differentiability 

of the Gram-stain resides predominantly in the stability of the PM: i.e., if the PM is 

destroyed, the stain is lost; if the PM is preserved, the stain is retained. Our results indicate 

that CV, rather than dyes which rapidly traverse the PM, is uniquely suited as the Gram’s 

stain. 
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CHAPTER SEVEN 

A GENERAL LABEL-FREE OPTICAL METHOD FOR QUANTIFYING 

MOLECULAR TRANSPORT ACROSS CELLULAR MEMBRANES IN VITRO 

Note: Contents of this chapter are reprinted from the following article with permission from 

ACS: Sharifian Gh., M., Wilhelm, M. J., and Dai, H.-L., "Label-Free Optical Method for 

Quantifying Molecular Transport Across Cellular Membranes In Vitro", The Journal of 

Physical Chemistry Letters (2016), Volume 7, Pages 3406-3411. 

 

7.1. Introduction 

Following a series of careful studies over the last two decades, second-harmonic light 

scattering (SHS) has been extensively validated as an experimental method for 

characterizing transport of molecules with specific nonlinear optical properties across 

phospholipid bilayers in liposomes [90]–[95] and living cells [55], [96]–[102]. The 

theoretical basis for SHS is described in detail in Chapter one. Briefly, SHS is based on the 

nonlinear optical phenomenon second-harmonic generation (SHG), in which an incident 

light of frequency ω induces a nonlinear polarization of frequency 2ω in SH-active matter, 

which serves as a source of the light scattered at 2ω. 

As discussed in the previous chapters, an important class of SH-active matter is 

molecules that lack center-of-inversion symmetry [27], and preferably possess an 

electronic transition in resonance with the scattered SH frequency. As depicted in Figure 

1.2, for an ensemble of SH-active molecules randomly oriented in solution, the 2ω light 

generated from this ensemble destructively add to zero, hence no SHS signal is detectable. 

Nevertheless, if these molecules adsorb on the surface of a biological membrane, they align 

with each other due to specific membrane molecule interactions. The optical fields 
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generated by these oriented molecules add constructively and produce a coherent SH signal 

which scales quadratically with the molecular concentration at the membrane surface [55], 

[95]–[98], [113], [114]. For lipid bilayers, molecules adsorbed on opposing sides have 

opposite orientations, hence the resulting SH fields destructively interfere [96], [98]. 

A critical limitation for using SHS to characterize transport across a cell membrane 

is that the molecule-of-interest must be SH-active. This constraint significantly limits the 

utility of this method as numerous biologically relevant molecules are SH-inactive, or only 

weakly active. To circumvent this issue and expand the general applicability of SHS, we 

demonstrate here an approach for measuring the transport of SH-inactive molecules using 

the principle of competition. 

Our approach requires two separate sets of experiments [100]. In the first, the 

transport kinetics of an SH-active ‘reference’ molecule crossing the membrane are 

characterized as described previously [55], [96], [98], [101]. Next, the transport rate of the 

reference molecule is remeasured in the presence of an SH-inactive ‘target’ molecule-of-

interest. Competition to cross the membrane results in a reduced crossing rate for both 

molecules. 

 

7.2. Experiments 

7.2.1. Chemicals 

All chemicals and reagents were analytical grade and were used without further 

purification. Malachite green (MG) oxalate (Cat. No. M9015) and propidium (Pro) iodide 

(PI) (Cat. No. P4170) were purchased from Sigma Aldrich. Stock solutions of MG and PI 

with a typical concentration of 500 µM were prepared in distilled deionized water 
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(Millipore, 18.2 MΩ.cm) and stored in the dark at 4°C for future use. For each SHS 

experiment, an appropriate amount of each stock was used to achieve the final 

concentration of 5 µM MG, and either 5, 50, 100, 150, or 200 µM Pro in the liquid flow 

jet. 

 

7.2.2. Bacteria Strain and Cell Growth   

The E. coli bacteria (mc4100 strain, ATCC 35695) was used in this work. The 

bacteria culture and preparation procedure is explained in detail in section 3.2.2. 

 

7.2.3. The SHS Setup and Experiments 

The setup for our SHS experiment is described in detail in Chapter two, section 2.1, 

and it is depicted in Figure 2.1.  

 

7.3. Results and Discussion 

7.3.1. Measuring Transport Rate Through Competition with a Reference Molecule 

Conceptually, transport of the SH-inactive target molecule induces a perturbation in 

the transport kinetics of the SH-active reference molecule, and the target transport rate can 

be deconvoluted from the perturbed reference transport rate. Here, we describe a proof-of-

concept study establishing competitive transport as a means of extending SHS to measure 

the membrane transport rate of any molecular species, including SH-inactive molecules. 

Using E. coli bacteria as a model organism and the strongly SH-active cation, MG, as the 

reference, we characterize the transport of the well-known viability stain, propidium (Pro), 

a weakly SH-active dication, across the bacterial outer membrane protein (Omp) channels.  
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Figure 7.1. Molecular structures, energy level diagrams, UV−Vis absorption spectra, and 

Langmuir adsorption isotherms of MG and Pro. (a.) Molecular structures and energy level 

diagrams depicting the resonant and nonresonant SH responses from MG (left) and Pro 

(right). (b.) Comparison of the UV−Vis absorption spectra (left), and the SHS measured 

Langmuir adsorption isotherms (right) of MG (green) and Pro (purple). The nonlinear 

polarizability of Pro is determined to be 1/25 of that of MG [100]. 

 

Pro was purposely chosen as its comparatively weak first hyper-polarizability, 𝛽, 

does not interfere with the strong 𝛽 of MG (Figure 7.1). Nevertheless, even though the 𝛽 

of Pro is relatively weak, it still permits a direct characterization of the transport rate 

through its own measurable SHS response. In this way, the competition deduced Pro 

transport rate can be validated against the directly measured rate. 

We have previously characterized the transport of MG across the Omp channels in 

living E. coli [96], [98]. The Omp channels allow passive diffusion of low molecular weight 

species across the bacterial OM [207]–[211]. Also known as porin channels [212]–[214], 

Omps regulate uptake and exchange of metabolites, and are essential for importing 
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nutrients and signaling molecules, motility, and ultimately the continued survival of the 

bacteria [215]–[217]. 

The transport rate of Pro traversing a bacterial Omp has not yet been quantified, but 

like MG, Pro is sufficiently small and readily capable of crossing an Omp channel. 

However, as shown in Figure 7.2b, compared to MG, E. coli adsorbed Pro produces a 

negligible SHS signal. For the ensemble of molecular surface orientations on E. coli, 

analysis of Langmuir adsorption isotherms reveals that Pro has a ca. 25× weaker 𝛽. 

Subsequently, SHS detected from a mixture of comparable concentrations of MG and Pro 

originates predominantly from MG. 

Figure 7.2a shows the typical membrane ultrastructure of Gram– bacteria, as well as 

a model of competitive transport for MG and Pro across an Omp channel. As discussed in 

Chapter one, the bacteria cell has two anionically charged lipoprotein membranes, that is, 

the lipopolysaccharide coated OM and the inner CM, which are separated by a thin PM 

[56], [209]. Typical time-resolved SHS responses reflecting MG uptake into living E. coli, 

in the absence and presence of Pro, are shown in Figure 7.2b. As detailed previously [96], 

upon addition of 5μM MG into a solution containing E. coli, the measured SHS signal 

exhibits two distinct peaks reflecting adsorption onto and transport through the two 

membranes. Specifically, there is an initial rapid rise within a few seconds resulting from 

MG adsorption onto the outer surface of the OM, followed by a rapid decay reflecting MG 

transport across the OM and adsorption onto the inner surface of the OM. Later, around 

30s, there is a slower secondary rise resulting from MG adsorption onto the outer surface 

of the CM, followed by a slower decay reflecting MG transport across the CM and 

adsorption onto the inner surface of the CM.  
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Figure 7.2. Time-resolved SHS signals characterizing competitive molecular transport of 

MG and Pro across Omps in living E. coli. (a.) Schematic representation of competitive 

molecular transport of MG (green) and Pro (red) across E. coli membranes. (b.) Time-

resolved SHS response for the bacterial uptake of MG (5μM) in the presence (purple curve) 

and absence (black curve) of an equal concentration of Pro. (c.) Perturbations to the MG 

SHS transport response at the OM due to the presence of increasing concentrations of Pro. 

(d.) Pro-perturbed MG transport rate, determined from the fit analysis of the SHS responses 

in (c), plotted as a function of [Pro]/[MG]. [100] 

 

Note that the time axis is plotted on a logarithmic scale to simultaneously depict both 

the fast and slow transport kinetics at the OM and CM, respectively. The assignment of the 

rise/decay of the two peaks to adsorption/transport of MG at the two membranes was 
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previously confirmed through time-resolved bright-field transmission microscopy (TM) 

experiments [96]. Complementary time-resolved TM experiments were performed as a 

control test to verify the absence of laser-induced damage to the bacterial cell membranes.  

All experiments were run at room-temperature (ca. 293 K). The adsorption 

concentrations and transport rates through the OM, the PM, and CM can be extracted from 

analysis of the SHS signal [96]. 

As shown in Figure 7.2b, addition of an equal concentration of Pro results in two 

notable changes in the first transport peak of the measured MG SHS signal: Attenuation of 

the maximum signal, and a reduced decay rate. Both changes result from competition 

between MG and Pro to traverse the OM. Specifically, adsorption of Pro reduces the 

number of available surface sites, hence a smaller density of MG adsorbs onto the 

membrane, resulting in a smaller SHS intensity. Further, the reduced signal decay rate 

suggests a reduction of the MG transport rate across the OM. Overall, both MG and Pro 

can cross the Omps. However, due to geometric restrictions of the channel lumen, only a 

single molecule can cross at a time. Consequently, the presence of Pro competing to 

transverse the channel reduces the transport rate of MG. In contrast, there are no 

measurable changes in the transport behavior of MG at the CM. 

Figure 7.2c depicts variations of the MG transport kinetics at the OM in the presence 

of increasing concentrations of Pro. As more Pro is added, the density of surface bound 

MG is reduced, resulting in further attenuation of the SHS signal. The overlaid dashed lines 

represent nonlinear least-squares fits based upon a previously described kinetic model of 

molecular uptake [96], [98]. The fit analysis allows a quantification of the Pro convoluted 

MG transport rates, k→
MG{Pro}

, which are plotted as a function of the concentration ratio, 
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[Pro]/[MG], in Figure 7.2d. As predicted, an increase in the relative concentration of Pro 

results in a decrease of k→
MG{Pro}

. 

 

7.3.2. Control Experiments to Check the Absence of Photoinduced Damage   

For molecules which absorb in the visible light (i.e., dyes), time-resolved optical 

bright-field transmission microscopy (TM) permits a complementary means to measure 

molecular uptake kinetics [96] without application of a scattering laser; and can therefore 

be used as a controlled test for photo-induced damage to the cell membrane. Specifically, 

if the scattering laser used in the SHS experiments induces damage to the cell membrane(s), 

the measured transport rate(s) will be artificially increased relative to the rate(s) measured 

by time-resolved TM. Figure 7.3 depicts a direct comparison of the deduced uptake kinetics 

for Pro by living E. coli measured using both time-resolved TM and SHS. 

 

Figure 7.3. Comparison of the measured Pro uptake kinetics into living E. coli deduced 

with time-resolved TM (blue open circles) and SHS (grey filled circles) [100]. 
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We note that in live cells, Pro is unable to cross the CM, and for Gram– bacteria is 

therefore restricted to sampling the periplasmic space bound by the cell’s OM and the CM. 

Correspondingly, the SHS signal shows a rise and decay indicative of adsorption onto the 

outer surface of the OM (rise), transport across the Omp, and adsorption onto the inner 

surface of the OM (decay). Conversely, the TM signal, deduced as the resulting ensemble 

average signal (i.e., n=20 live cells), which were individually measured from the set of TM 

images as the total absorption signal from circular regions-of-interest (ROI) centered in 

representative live cells, shows a monotonic rise of signal as Pro diffuses into and 

concentrates within the periplasmic space of the bacteria cell (i.e., Beer’s law). 

Subsequently, the rate of the signal rise in the TM experiment, and the rate of the signal 

decay in the SHS experiment are complementary measures of the rate of saturation (ksat) 

of Pro within the periplasmic space of E. coli. Analysis of the measured signals reveals 

deduced values of ksat corresponding to: 0.0090 ± 0.0002 s−1 (TM) and 0.0100 ± 0.0010 

s−1 (SHS), which show excellent agreement. It is therefore reasonable to conclude that 

there is little to no laser-induced damage to the bacterial cell membranes in the SHS 

experiments. 

 

7.3.3. One-Site Channel Model Enables Deduction of the Target Molecule Transport 

Rate 

Figure 7.2c,d reflect the effect of competition on the measured transport rate of MG. 

As suggested above, the perturbation to the MG rate caused by the competing transport of 

Pro can be used for deducing the Pro transport rate. In order to achieve this goal, we 
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developed a single-site competitive transport model, based on the one-site channel model 

of Zilman et al. [218], to decouple the rates. 

 

Figure 7.4. Experimental characterization of the transport rate of Pro crossing an Omp. 

(a.) Schematic diagram of a competitive model of molecular transport across an Omp 

channel. The Omp monomer (β-barrel) is represented by an hourglass structure, 

representing a one-site channel. Molecules enter the channel with rate Ri and exit with rate 

ri. (b.) Time-resolved SHS response of the bacterial uptake of Pro without MG. (c.) 

Comparison of the directly measured (black line) and competition deconvoluted (colored 

circles) values of k→
Pro as a function of [Pro]/[MG]. The gray area depicts the standard 

deviation obtained from five separate direct measurements. The black dotted line represents 

the average of the four competition deduced transport rates above the concentration 

threshold [100]. 
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Briefly, by combining the time-dependent probability states of the channel (i.e., the 

channel is either occupied with the ‘reference’ species, the ‘target’ species, or it is empty), 

the perturbed transport rate of the reference species crossing from the exoplasmic to the 

periplasmic space in the co-presence of the target species, k→
Ref{Target}

, can be expressed 

as: 

 

k→
Ref{Target}

=
r→
RefR→

Ref

r→
Ref+r←

Ref+R→
Ref+(

r→
Ref+r←

Ref

r→
Target

+r←
Target)R→

Target
,                        (7-1) 

 

where r→ and r← are the forward and reverse rates for exiting the channel, and R→ is the 

forward rate for entering the channel (see Figure 7.4a).  

Similarly, the unperturbed transport rates for the reference and target species can be 

expressed as: 

 

k→
Ref =

r→
RefR→

Ref

r→
Ref+r←

Ref+R→
Ref,                                                       (7-2) 

 

k→
Target

=
r→
Target

R→
Target

r→
Target

+r←
Target

+R→
Target,                                      (7-3) 

 

Under the initial non-equilibrium conditions of our experiment, the concentrations of 

the reference and target molecules in the exoplasmic space are much greater than in the 

periplasmic space, subsequently it is reasonable to assume that the forward exit rate out of 

the channel is much faster than the reverse exit rate, i.e., r→
x ≫ r←

x . Eqs. (7-1)-(7-3) can 

therefore be simplified as: 
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k→
Ref{Target}

≅
r→
RefR→

Ref

r→
Ref+R→

Ref+(
r→
Ref

r→
Target)R→

Target
,                                  (7-4) 

 

k→
Ref ≅

r→
RefR→

Ref

r→
Ref+R→

Ref,                                                                     (7-5) 

 

k→
Target

≅
r→
Target

R→
Target

r→
Target

+R→
Target,                                                        (7-6) 

 

Ultimately, it is of interest to develop an expression for the forward transport rate of 

the target species, k→
Target

, with respect to relevant experimental parameters. By combining 

Eqs. (7-4)-(7-6), and following some simple rearrangement, we obtain: 

 

k→
Target

≅
k→
Refk→

Ref{Target}
R→
Ref

(k→
Refk→

Ref{Target}
)+(k→

Ref− k→
Ref{Target}

)R→
Ref

(
R→
Target

R→
Ref ),                           (7-7) 

 

Further, for large concentration ratios (i.e., [target]/[reference]), it is reasonable to 

assume that R→ ≫ R← (i.e., due to the diffusion gradient) and that  k→
Ref{Target}

 approaches 

zero (i.e., maximum possible perturbation). Subsequently, Eq. (7-7) can be further 

simplified to: 

 

k→
Target

≅
k→
Refk→

Ref{Target}

(k→
Ref− k→

Ref{Target}
)
(
R→
Target

R→
Ref ),                                  (7-8) 
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Both k→
Ref and k→

Ref{Target}
 are directly measurable quantities. Further, the ratio of 

rates in Eq. (7-8), can be directly related to experimental parameters: 

 

R→
Target

R→
Ref = (

dRef

dTarget
) (

dOmp−d
Target

dOmp−dRef
)

qTarget[target]

qRefα[reference]+(1−α)[reference]
,              (7-9) 

 

where dRef, dTarget, and dOmp are the short-axis diameters of the reference molecule, the 

target molecule, and the channel lumen, respectively; qRef and qTarget are the charges of 

the reference and target molecules; and [reference] and [target] are the concentrations of 

the reference and target molecules, respectively. In general, the first term on the right-hand 

side of Eq. (7-9) is the ratio of the corresponding diffusion constants, the second term 

compares the cross-sectional area of the channel and the diffusing molecule, and the third 

term accounts for Coulombic repulsion between the reference and target species. Note that 

when MG is used as the reference molecule, given that MG is pH sensitive, only a fraction 

of MG exists in cationic form - and so only α[MG] contributes to the repulsive interaction, 

as: 

 

α =
[H+]

[H+]+Ka
,                                                        (7-10) 

 

Conversely, under the applied experimental conditions, Pro exists purely as a 2+ 

cationic species. However, if the target molecule exhibited pH sensitivity, a similar 

correction factor would need to be applied. Nevertheless, regardless of the charge state, if 

both neutral and cationic species can cross the channel, both would contribute to the overall 
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competitive transport rate. Subsequently, the total concentration must be considered in the 

rate expression. 

Figure 7.4a shows a schematic molecular transport model for both target and 

reference molecules competing to cross the same Omp channel. The model explicitly 

assumes that the channel can host only one molecule at a time. Briefly, the time dependent 

probability of each species occupying the channel lumen, the one site through which all 

transport occurs, depends on the entrance and exit rates of the two species. These 

probabilities are used to derive the transport rate constants for the individual molecular 

components. In this model, we apply the condition that the forward rate for exiting the 

channel (r→
i ) is much faster than the reverse rate (r←

i ) (i.e., r→
i ≫ r←

i , because the MG/Pro 

concentrations in the periplasmic space are initially much smaller than in the exoplasmic 

space). Subsequently, the deconvoluted Pro transport rate, k→
Pro, can be expresses as: 

 

k→
Pro ≅

[Pro]

[MG]
(

qPro

qMGα+(1−α)
)(

dMG

dPro
)(

dOmp−d
Pro

dOmp−dMG)
2 (

k→
MGk→

MG{Pro}

k→
MG− k→

MG{Pro}),              (7-11) 

 

where, α =
[H+]

[H+]+Ka
MG; k→

MG is the transport rate for MG; [MG], [Pro], and [H+] are 

respectively the concentrations of MG, Pro, and H+; dMG, dPro, and dOmp are the mean 

diameters of MG, Pro, and the Omp channel lumen; qMG and qPro are the ionic charges of 

MG and Pro; and Ka
MG is the acid dissociation constant of MG. 

Figure 7.4c shows the transport rates of Pro deduced using Eq. (7-11), plotted as a 

function of the concentration ratio [Pro]/[MG]. For higher concentration ratios, the 

deconvoluted rates converge to a constant value. This higher Pro concentration behavior 
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stems from the fact that, under these conditions, the assumptions applied in the model are 

more robust. Specifically, at higher concentrations, there are non-negligible interactions 

(e.g., electrostatic) between the bulk extracellular molecules and a molecule sitting in the 

channel lumen. Thus, the net forward rate out of the channel becomes much larger than the 

reverse rate. Conversely, for low concentration ratios, the interactions between the bulk 

extracellular molecules and a molecule in the channel lumen are attenuated, hence the 

forward and reverse channel exit rates are more comparable. Correspondingly, in the low 

concentration regime, the assumptions (and therefore the one-site model) are no longer 

rigorously valid, and the predicted rates exhibit significant deviation. Averaging the Pro 

rate constants deduced for concentration ratios > 10, the concentration threshold above 

which the forward exit rate assumption is valid, we obtain an average Pro transport rate of: 

⟨k→
Pro⟩ = (1.86 ± 0.15) × 10−2 s−1. Note that the deduced rate is roughly half that of MG 

[96], which is reasonable given the larger size of Pro. 

 

7.3.4. Validation of the Competition-Model Approach 

Recall that Pro was specifically chosen because it produces a weak but measurable 

SHS signal. As depicted in Figure 7.5b, we can directly measure the SHS response for the 

uptake of Pro in E. coli. Though comparatively weak, the first SHS peak (assigned as OM 

transport) is sufficiently well-defined to allow a nonlinear least-squares fit to the transport 

kinetic model [96], [98]. Consequently, the directly measured Pro transport rate is deduced 

to be k→
Pro = (1.90 ± 0.15) × 10−2 s−1. This value is in excellent agreement with the 

competition-model deduced Pro transport rate: (1.86 ± 0.15) × 10−2 s−1. Overall, this 
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comparison offers quantitative validation of the one-site channel model and, most 

importantly, the competition approach in general. 

For competitive transport to be effective, the magnitude of the induced perturbation 

must be sufficiently large to cause measurable variations in the transport rate of the 

reference molecule, k→
Ref{Target}

, over the sampled concentration ratios. For instance, if the 

reference transport rate, k→
Ref, and the target transport rate, k→

Target
, differ by orders of 

magnitude, do we still expect a measurable perturbation in k→
Ref{Target}

? In the interest of 

validating general applicability, it is crucial to quantitatively characterize the magnitude of 

the perturbation in the reference molecule transport rate due to the simultaneous transport 

of the target molecule. Here we examine the behavior of the one-site model (Eq. (7-11)) 

for the three limiting cases: (1.) k→
Target

> k→
Ref, (2.) k→

Target
= k→

Ref, and (3.) k→
Target

<

k→
Ref. 

Figure 7.5 depicts simulated variations of k→
Ref{Target}

 for different values of k→
Target

. 

Of significance, regardless of the ratio of k→
Target

 and k→
Ref, there is always a nonzero 

perturbation. Specifically, the smaller the value of k→
Target

, the larger the perturbation. And, 

as should be expected, the perturbation grows with the relative target concentration. For 

each of the three limiting cases, k→
Ref{Target}

 decreases exponentially as the concentration 

ratio increases. The smaller perturbation for the case of k→
Target

> k→
Ref can be understood 

as the target molecule rapidly traverses the membrane and hence spends less time blocking 

the channel. Conversely, the larger perturbation for k→
Target

< k→
Ref occurs as the target 

spends more time blocking the channel lumen. Overall, this analysis yields two key points:  
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Figure 7.5. Representative simulations of k→
Ref{Target}

 for different values of k→
Target

. 

[100] 

 

(1.) It is preferable to work with a reference molecule that exhibits a fast transport 

rate so that the competition effect of the target molecule is more prevalent.  

(2.) In the limit of a comparably fast k→
Target

, it is necessary to explore higher 

concentration ratios to achieve a larger perturbation. 

 

7.4. Conclusion 

As discussed above, following implementation of the competitive transport approach, 

time-resolved SHS is now significantly more applicable for monitoring molecular transport 

kinetics across cellular membranes. Nevertheless, some experimental constraints persist, 

and it is prudent to discuss them here. First and foremost, the SH-active reference and the 

target molecule must follow the same pathway into the cell, otherwise there will be no 
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competition. Consequently, when designing a competition experiment, it is crucial to know 

a priori how the target molecule enters the cell. Once the dominant transport route is 

known, an appropriate SH-active reference can then be chosen. This is invariably easiest 

for passive transport scenarios (e.g., Omps, transient pores from cell-penetrating peptides 

[108], carbon nanotubes [219]) in which there are relatively few specific interactions 

between the molecules and the channel. Such is the case for most pharmaceutical or 

otherwise exogenous molecules that lack well-defined active transport routes into the cell. 

Conversely, this is a much more severe constraint for instances of active transport, in which 

the target molecule binds onto a specific protein and is then shuttled into the cell following 

a conformational change. If an appropriate SH-active reference cannot be found (i.e., that 

is capable of binding to the same protein), competitive transport would not be a viable 

option. Though not impossible, given the limited catalogue of available SH-active 

molecules, such experiments are currently improbable. Nevertheless, it is our hope that this 

methodology will help inspire the synthetic design of new SH-active species. Further, it 

must be noted that, for any substantial change in the nature of the transport system, an 

appropriate model would need to be developed for describing the competitive transport in 

order to deconvolute the unperturbed rates. 

Finally, though these initial proof-of-principle experiments utilized a weakly SH-

active molecule (Pro) transporting across bacterial Omp channels, it is important to stress 

that this methodology is not limited to either SH-active species nor bacteria specific protein 

channels (Omps). Ultimately, provided the SH-active reference and target molecule 

transport along the same route, an SHS competition experiment can be used to deduce the 

rate of the SH-inactive species. Further, though membranes in nonbacterial cells (e.g., 
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mammalian, yeast, etc.) certainly differ in their protein and lipid composition, provided an 

appropriate SH-active reference can be identified, an SHS competition experiment can be 

designed to deduce the transport kinetics of an SH-inactive species of interest. 

 

7.5. Summary 

In summary, we have shown that [100] competitive transport can generalize the 

utility of time-resolved SHS for quantifying transport rates of most small/medium-sized 

molecules into living cells. We characterized the competitive transport of a weakly SH-

active target molecule against a strongly SHG-active reference molecule across the Omp 

channels in living bacteria. The target transport rate was deconvoluted from the perturbed 

reference rate using an analytical model, and the accuracy of the deduced rate was validated 

by comparison with the directly measured target transport rate. Finally, though we used a 

weakly SHG-active target species as proof-of-principle, it must be stressed that competitive 

transport is readily amenable for characterizing real-time membrane transport of nearly any 

molecule, regardless of its first hyper-polarizability. 
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CHAPTER EIGHT 

MAPPING MEMBRANE VISCOSITY IN LIVING CELLS WITH  

SECOND-HARMONIC GENERATION MICROSCOPY 

 

8.1. Introduction 

Viscosity is a critical physical property of plasma membranes which helps to maintain 

and control a variety of cell processes, including mitigating mechanical stress, diffusion of 

metabolites and reactive species, interactions of macromolecules, and various signaling 

mechanisms. Local membrane viscosity is dictated by chemical composition, and is 

actively regulated by the cell in order to permit proper functioning of embedded proteins, 

and is known to vary across different regions of the cell [220]. This gives rise to the so-

called lipid raft hypothesis, in which the membrane is segregated into discrete regions of 

liquid-ordered (Lo) and -disordered (Ld) phases [220]–[223]. Aberrations to membrane 

viscosity are characteristic of a number of pathologies, including type 2 diabetes, 

Huntington’s disease, and sickle cell anemia [224]–[227]. A comprehensive understanding 

of these processes and diseases therefore requires a sensitive technique capable of 

interrogating local membrane viscosity in living cells. Historically, this has been an 

experimentally challenging task. 

A number of experimental methods have recently been developed in order to 

quantitatively measure membrane viscosity in living cells [228]–[233]. The most 

prominent rely primarily upon fluorescence based techniques, including fluorescence 

recovery after photobleaching (FRAP) [234], [235]. For instance, in FRAP experiments, 

diffusion within the membrane is deduced from a recovering fluorescence response as fresh 
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fluorophores diffuse back into an area that was intentionally photobleached [234]. More 

recently, considerable efforts have focused on application of so-called molecular rotors, 

which exhibit viscosity-dependent fluorescence quantum yields [233]. While all of these 

techniques provide elegant solutions to a challenging problem, they are not without 

limitations. As with any optical resonance-based method, repeated photobleaching has the 

potential to damage membranes and therefore compromise cell viability. Further, isolation 

of molecular rotors solely within the membrane is a nontrivial task. Diffusion of rotors out 

of the membrane would result in a convolution of different viscosities. As a result, there is 

utility in continued development of complementary techniques for characterizing 

membrane viscosity.  

In the current study, we explore the feasibility of experimentally quantifying cell 

membrane viscosity by measuring spatially-dependent variations in the passive transport 

rate of a molecule crossing a membrane. The premise of our technique is as follows: Local 

viscosity is inversely proportional to the rate of molecular diffusion. As local viscosity 

increases, the rate of passive transport across that region of the membrane decreases. 

Likewise, as membrane viscosity decreases, the rate of passive transport increases. 

Consequently, by mapping regional-specific molecular diffusion rates across a membrane 

we simultaneously obtain a measure of local membrane viscosity. Such a measurement 

requires two things: 1.) A means of monitoring passive molecular transport across a 

membrane, and 2.) A molecule capable of freely diffusing across a membrane. 

Time-resolved second-harmonic light scattering (SHS) has recently been developed 

as a label-free method for measuring rates of molecular surface adsorption and, more 

importantly, passive transport across membrane bilayers in living cells (also see Chapter 
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one) [55], [96], [100], [101], [141], [176], [177]. For the purpose of measuring membrane 

viscosity, one such relevant SH-active molecule is malachite green (MG), which is a small 

(ca. 330 Da) organic ion that is structurally similar to triphenylmethane dyes (see Figure 

8.1a). In addition to being a small SH-active ion, MG exhibits considerable hydrophobicity 

due to its three peripheral phenyl rings. As validated in numerous prior bacterial and 

liposome studies, MG is known to passively diffuse across the hydrophobic interior of 

phospholipid bilayers (also see Chapter one) [55], [90], [94], [96], [100], [101], [141], 

[176], [177], [236]–[240]. Given this innate ability to cross plasma membranes, coupled 

with the fact that it is highly SH-active, MG is an ideal molecule for mapping membrane 

viscosity in living cells using SHS. 

 

 

Figure 8.1. Monitoring surface adsorption and molecular transport across cellular 

membranes using time-resolved SHG. (a) Molecular structure of malachite green and 

corresponding energy level diagram for SHS. (b) Absence of coherent SH produced from 

randomly oriented SHG-active molecules. (c) Cartoon schematic describing measured SH 

signal produced (inset) following MG surface adsorption and membrane transport as a 

function of time. 
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As depicted in Figure 8.1, it is the strict symmetry requirements that make time-

resolved SHS a sensitive technique for measuring molecular transport across membranes. 

In general, and as discussed in Chapter one, when an ensemble of SH-active molecules are 

randomly distributed in solution, no SH light is detectable due to destructive interference 

of SH fields emitted from oppositely oriented neighboring molecules (Figure 8.1b). 

However, if the molecules adsorb onto the outer surface of a membrane, they can align 

with one another due to similar molecule-membrane interactions. The SH fields emitted 

from neighboring adsorbed molecules constructively interfere and can be detected with an 

intensity that scales as the square of the molecular surface concentration (Figure 8.1c). As 

the molecules diffuse across the bilayer and adsorb onto the interior surface of the 

membrane (i.e., with an orientation opposite that at the exterior surface), the resulting SH 

signal is attenuated due to destructive interference of fields emitted from molecules on 

opposing sides of the bilayer. Consequently, the time-dependent rise and fall of the SH 

signal is directly proportional to the molecular density on the outer and inner surfaces, and 

can be quantitatively analyzed to reveal the rates of molecular adsorption and transport 

across the membrane, respectively. This interpretation has been extensively demonstrated 

in numerous SHS studies quantifying molecular interactions at the membranes of living 

cells [55], [96], [100], [101], [141], [176], [177] and biomimetic model liposomes [90], 

[92], [94], [236], [237], [239], [240], and subsequently validated by complementary studies 

using time-resolved bright-field transmission microscopy [55], [96]. 

All prior SHS measurements of membrane transport have been on high-density (ca. 

108 cells.ml-1) ensemble systems dispersed in colloidal suspension. The results of such 

studies yield ensemble average rates which could certainly be converted to membrane 
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viscosities. However, the utility of these viscosities would be limited in that they would 

represent the average membrane viscosity over the entire cell. Further, high-density cell 

suspensions contain mixed populations of healthy, dead, and dying cells, all of which 

should exhibit distinct membrane viscosities. Given the known spatial variability of 

membrane viscosity, particularly in eukaryotic cells, it is therefore significantly more 

desirable to implement such a measurement in an imaging-based study, capable of 

analyzing single cells with sub-cellular spatial resolution. This requires translating the 

well-established SHS ensemble molecular transport experiment to an imaging modality. 

Application of SHS as an imaging modality has actually been around for nearly 50 

years [241]. The first reported study in 1974 by Hellwarth and Christensen revealed the 

microstructure of polycrystalline ZnSe [241]. A decade later, Freund and Deutsch 

presented the first biological application in their study of the collagen fiber structure of 

excised rat tail tendon [242]. Since then, SH microscopy has been adopted for 

characterization of a variety of biological samples, including endogenous SH-active 

protein networks of collagen [242]–[251] and neural cells stained with polarization-

sensitive SH-active dyes [251]–[255]. More recent implementations of SH microscopy 

include monitoring drug binding interactions at planar model membrane surfaces [256], 

mapping water surface potential in glass micro-capillaries and on model lipid membranes 

[257], [258], and development of super-resolution techniques for SH microscopy [259]. 

Despite these advances, time-resolved SHS microscopy has not yet been implemented to 

measure molecular transport in living cells. 

In this report, we demonstrate the preliminary proof-of-principle application of time-

resolved SH microscopy to quantify the real-time rates of surface adsorption and passive 
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molecular transport across plasma membranes in living cells, with sub-cellular spatial 

resolution. Specifically, we monitor the interaction between the small hydrophobic organic 

ion MG and living human dermal fibroblast (HDF) cells grown in culture. The resulting 

time-resolved SH images are analyzed to quantify the regional-specific MG adsorption and 

membrane transport rates, and revealed that passive transport varies from region to region 

within a single cell, due primarily to local variations in membrane viscosity. Subsequent 

conversion of the measured transport rates to diffusion coefficients permits generation of 

a regional mapping of membrane viscosity through application of the Stokes-Einstein 

relation. 

 

8.2. Experiments  

8.2.1. Chemicals 

All chemicals and reagents were analytical grade and were used without further 

purification. Malachite green (MG) oxalate (Cat. No. M9015) was purchased from Sigma 

Aldrich. A stock solution of MG with a typical concentration of 500 µM was prepared in 

distilled deionized water (Millipore, 18.2 MΩ.cm) and stored in the dark at 4°C for future 

use. The stock solution of propidium iodide (PI) and SYTO9 (Molecular ProbesTM), for the 

cells viability measurements, were prepared in 1×PBS. 

 

8.2.2. Human Dermal Fibroblast Cell Culture 

Human dermal fibroblast (HDF) cells were used as a primary cell culture. A vial of 

HDF cells was removed from liquid N2 storage and warmed for about 5 min in a 37oC 

water bath to be revived. A 1 mL aliquot of the cells was mixed with 4 mL of complete 
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media and centrifuged for 5 minutes at 150×g. The complete media was made of 440 mL 

Dulbecco’s modified Eagle medium, 1×DMEM (Cat No.: 10-013-CV, Corning) 

supplemented with 5 mL L-glutamine (Cat No.: 25-005-CI, Corning), 5 mL 

penicillin/streptomycin (Cat No.: 30-002-CI, Corning), and 50 mL fetal bovine serum (Cat 

No.: SH30071.03, Fisher Scientific). The media above the cell pellet was then removed, 

and the cells were re-suspended into 1 mL of complete media and mixed well. The 

suspended cells were then added into a tissue culture treated flask (Cat No.: 353108, Fisher 

Scientific) with 5 mL, 10 mL, or 20 mL of complete media for T-25, T-75, or T-150 flask, 

respectively. All procedures were performed in a sterile biological safety cabinet (BSC) to 

minimize the propensity for chemical or biological contamination. The flask was then 

swayed to homogenously coat the bottom surface with cells, and the cells were then 

checked using bright-field transmission microscopy (TM) to make sure that they were 

spherical and swimming freely. The flask was again swayed and placed into an incubator. 

The cells were grown at 37oC in a humidified atmosphere enriched with 5% CO2. The 

health, morphology, and confluency of the adherent HDF cells were checked daily using 

TM. 

Every 2-3 days, the cells were passaged by removing the media from the flask. 

Afterwards, the adherent cells were gently washed with 1×PBS (without Ca or Mg) of pH 

~7.4 (Cat No.: 70011-044, Fisher Scientific). To detach the cells from the flask bottom 

(i.e., to transfer the cells to larger flasks and/or to freeze them), the trypsinization process 

was accomplished by adding 0.5 mL, 1 mL, or 2 mL of 0.25% trypsin EDTA 1× (Cat No.: 

25-053-CI, Corning) into the T-25, T-75, or T-150 flask, respectively, and letting trypsin 

coat the bottom surface of the flask, and placing the flask back into the incubator for ca. 5 
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min. The trypsinization process was then stopped by adding 2 mL, 4 mL, or 8 mL of 

complete media into the detached cells (i.e., for T-25, T-75, or T-150, respectively) and 

repeatedly pipetting the mixture to collect all of the cells. The collected cells were then 

centrifuged for 5 minutes at 150×g, the media above the cells was removed, and the cells 

were then re-suspended into 1 mL of fresh complete media. 

To prepare the HDF cells for SHG imaging experiments, the cells from specific 

passages were transferred from a tissue culture treated flask (e.g., T-25 flask) into a MatTek 

glass bottom culture dish (Part No.: P35G-1.0-14-C, MatTek Corporation) and allowed to 

adhere onto the glass surface for ca. 24 hours while they were covered in 2 mL of complete 

media. 

 

8.2.3. The SHS Imaging Setup and Experiments 

The SHS imaging setup and experiments are explained in detail in Chapter two, 

section 2.2. 

 

8.2.4. Viability Staining Measurements 

Following each SHG imaging experiment, the HDF cells were stained for 10 minutes 

with 10 µM PI and 5 µM SYTO9. Both dyes were prepared in 1×PBS solution. In order to 

avoid effects of phototoxicity and photobleaching, the samples were maintained under dark 

conditions prior to image acquisition. Single-photon fluorescence images were then 

acquired for both PI (561 nm excitation / 620 nm detection) and SYTO9 (488 nm excitation 

/ 535 nm detection). 
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8.3. Results and Discussion 

8.3.1. Time-Resolved SH Imaging 

Figure 8.2 depicts a representative series of time-resolved SHS images resulting from 

the interactions of a micro-molar ensemble of MG with a single living HDF cell in culture. 

Images were acquired over a period of 80 minutes. Every minute, a set of three equally 

spaced images were collected, ca. 3-5 µm apart, and stacked along the z-axis (hereafter 

referred to as the z-stack).  

The three z-stack image planes were chosen in order to completely sample the 

exposed membrane surface of the HDF cell (Figure 8.2a: z3 = top of the nuclear bulge; z2 

= middle bulk of the cell; z1 = the filapodia, the thin peripheral cellular protrusions). For 

each time point, the three z-stack images were summed into a single representative 2D 

projection image (Figure 8.2a). As shown in Figure 8.2b (t = 0 min image), prior to 

introducing MG into the sample dish, the measured SHS image showed only incoherent 

background noise. This demonstrates that, under the applied experimental conditions (see 

section 8.2.3), the HDF cells are not significant sources of SHS signal. However, once MG 

was added into the sample dish, and as MG adsorbed onto the outer surface of the HDF 

plasma membrane, an SHS image of the cell began to rise above the background noise. 

Over the course of the experiment, the SHS intensity was observed to continuously rise, 

reflecting increasing MG coverage on the plasma membrane, until about 30-40 minutes. 

Afterwards, as MG diffused across the membrane and began to adsorb onto the inner leaflet 

of the phospholipid bilayer, the image intensity decreased (i.e., due to destructive 

interference from MG adsorbed on the opposing membrane surfaces). Around 80 minutes, 

the measured SHS intensity decayed back to the level of the noise. Following each time-
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resolved experiment, viability assays consisting of SYTO9 and propidium iodide (PI) 

stained single-photon fluorescence images were collected to test for effects of cellular 

phototoxicity. As shown in Figure 8.2c, the cell was readily stained by SYTO9 (top panel), 

but not PI (bottom panel), indicating that the cell was still alive (i.e., the membrane was 

still intact) following the 80-minute long imaging session. 

 

Figure 8.2. Time-resolved SHS images. (a) Cartoon schematic of a single HDF cell 

showing a height profile and typical z-stack image sampling planes along the z-axis. For 

each time-point, a set of three images at distinct heights along the z-axis (z1, z2, and z3) 

are collected and summed into a single representative image. (b) Representative time-

resolved SHS images of MG interacting with a single HDF. Scale bar represents 100 µm. 

(c) shows the results of viability staining assays conducted after SHS imaging using 

SYTO9 (top) and PI (bottom) staining.   

 



 

145 
 

8.3.2. Quantifying Adsorption and Transport Rates 

An important advantage of time-resolved SHS imaging, compared to ensemble 

scattering experiments, is the ability to examine the adsorption and transport rates at 

different locations on the membrane of individual cells. Figure 8.3a depicts a representative 

image, collected 40 minutes following addition of MG into the HDF sample dish. Three 

distinct square (25×25 pixel2) regions-of-interest (ROI) are annotated here: 1.) On the main 

cell body (green ROI), 2.) On one of the cell’s filapodia (violet ROI), and 3.) On a region 

away from the cell depicting the background noise (white ROI). Figure 8.3b highlights the 

time-dependence of the integrated signal intensity from each of the three ROI’s shown in 

Figure 8.3a. Aside from a slight positive slope, the integrated intensity of the white ROI 

exhibits typical characteristics of background noise over the full-time course of the 

experiment. Conversely, the integrated signal from each of the two ROI’s over the cell 

body exhibit time-dependencies that can be generally described as a monotonic rise over 

the first 30 minutes, followed by a brief plateau (30-40 minutes), and a monotonic decay 

thereafter.  

These signals were subjected to a nonlinear least-squares fit (solid lines) using a 

phenomenological model consisting of a sequential exponential rise and decay, wherein 

the SHS intensity was treated as being proportional to the square of the MG density on the 

plasma membrane surface [95], [129], [130]: 

 

√SHG(t)
+

= φ0 + φ1[1 − exp(−kriset)] × exp(−kdecayt),       (8-1) 
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Figure 8.3. Kinetics of adsorption and transport for MG interacting with a single HDF. (a) 

Representative MG + HDF SHG image (t=40 min) with three distinct ROI’s (area = 25×25 

pixel2, green square on the main cell body, violet square on a filapodia, and white square 

on background noise). (b) Normalized time-dependent kinetic traces (colored circles) and 

best fits (lines) for the total signal measured in each of the three ROI’s shown in (a). (c) 

Comparison of SHS deduced rates for MG transport across plasma membranes via well-

defined membrane-embedded protein channels (Chn), protein-free model membranes in 

liposomes (Lip), bacterial cytoplasmic membranes (Bac), and the HDF membranes 

examined in the current study. 

 

where φ0 is a baseline offset, φ1 is an intensity scaling factor, and krise and kdecay 

correspond to rate constants for the signal rise and decay, respectively. The exponential 

rise can be assigned as the molecular adsorption rate, while the decay is associated with 

the rate of passive transport across the HDF plasma membrane, which is consistent with 

prior liposome-based SHS studies [90], [92], [94], [236], [237], [239], [240]. 

We note that the two ROI’s over the cell body exhibit nearly identical rates of signal 

rise (ca. 7×10-3 s-1). Examination across multiple experiments, over different regions of 

individual cell membranes, shows that the rate of molecular adsorption is largely uniform, 

and completely independent of the cells or specific membrane regions examined. 
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Importantly, the signal decay rates for these two ROI’s are very different, roughly 4 times 

faster on the main cell body (green ROI, ca. 8×10-4 s-1) compared to the filapodia (violet 

ROI, ca. 2×10-4 s-1). This observation indicates that passive diffusion of MG across the 

HDF plasma membrane occurs with rates that vary according to the specific region on the 

cell body.  

Figure 8.3c depicts a comparison of SHS deduced rates for MG transport across 

plasma membranes via specific routes, including: well-defined membrane-embedded 

protein channels (Chn), protein-free model membranes in liposomes (Lip), bacterial 

cytoplasmic membranes (Bac), and the HDF membranes examined in the current study 

(HDF). Protein-assisted transport, for instance, across the outer-membrane protein 

channels of Gram-negative bacteria, exhibit the most efficient transport rates (ca. 10-2 s-1). 

This is followed sequentially by direct transport across the hydrophobic interior of model 

membranes in liposomes (ca. 10-3 s-1), and the more complex cytoplasmic membranes in 

bacteria (ca. 10-4 s-1), respectively. This trend is reasonable given that model membranes 

are known to be less viscous than those in living cells [233]. Of significance, the transport 

rates measured for the HDF cells are in close quantitative agreement with the rates deduced 

for direct transport across the cytoplasmic membrane in living bacteria. This comparison 

further supports the claim that MG passively diffuses across the hydrophobic interior of 

the HDF plasma membrane (i.e., and is not shuttled by a yet-undetected protein-mediated 

transport route).  
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8.3.3. Region-Specific Molecular Transport 

In order to better quantify the propensity for regional specificity of molecular 

transport across the HDF cell membrane, fit analysis using Eq. (8-1) was performed pixel-

wise for all collected SHS image sets. Specifically, the time-dependent fit analysis was 

repeated for each pixel within an image set, and the deduced rate constants (i.e., krise and 

kdecay) from each pixel were then used to construct individual heat map images 

characteristic of the rates for surface adsorption (krise) and passive transport across the 

plasma membrane (kdecay), respectively.  

Figure 8.4 depicts a series of representative adsorption (top panel) and transport 

(bottom panel) heat map images characterizing the interaction of MG with a series of 

individual HDF cells. Fully consistent with the sparse fit samplings shown in Figure 8.3, 

MG surface adsorption appears to occur with a constant uniform rate (Figure 8.4 top panel). 

Furthermore, the density of available surface adsorption sites, which depend upon the 

presence of anionic functional groups at the plasma membrane surface (i.e., based on the 

understanding that the dominant driving force for adsorption is electrostatic interaction 

between cationic MG and the negatively charged phospholipid head groups), appear to be 

homogeneously distributed. As shown in Figure 8.4 (top), the uniformity of the adsorption 

rate is highly repeatable and was observed to be effectively constant (ca. 7×10-3 s-1) across 

different experiments. 

Overall, the adsorption images are largely featureless, and generally just label the 

spatial location of the cell body. In contrast, the transport images are comparatively rich 

with structural detail (Figure 8.4 bottom panel).   
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Figure 8.4. Regional specific rate maps corresponding to (top) surface adsorption and 

(bottom) molecular transport for MG interacting with individual HDF cells, derived from 

pixel-wise image analysis using Equation (8-1). Membrane viscosity, deduced from the fit 

derived transport rates are correspondingly shown as well. 

 

Specifically, the transport images clearly reveal the location of the nucleus (red 

arrow) as well as spatial distinctions between the main cell body and the filapodia (white 

arrows). The transport images further highlight that MG transport rates are heavily 

influenced by the specific location of the membrane on the cell body (Figure 8.4 bottom). 

Similar to the adsorption maps, the characteristics and specific rates observed in the 

transport maps were faithfully repeated across different experiments.  

In general, the membrane covering the nucleus and filapodia are shown to exhibit the 

slowest passive transport rates (blue regions, ca. 2×10-4 s-1). However, for membrane 

surrounding the nuclear bulge and the main cell body up to the start of the filapodia, 

transport rates are shown to be considerably faster (yellow regions, ca. 8×10-4 s-1). 
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8.3.4. Quantifying Local Membrane Viscosity 

Membrane viscosity (ηm) can be deduced directly from the MG diffusion coefficient 

(DMG) using the well-known Stokes-Einstein relation: 

 

ηm = 
kBT

6πrHDMG
 ,                                       (8-2) 

 

in which kB is Boltzmann’s constant, T is the temperature, and rH is the hydrodynamic 

radius of MG. Additionally, the diffusion coefficient can be derived from the permeability 

(ϵ) of MG as: 

 

ϵ =  
Kc,wDMG

dm
 ,                                                   (8-3) 

 

where Kc,w is the chloroform-water partition coefficient and dm is the thickness of the 

plasma membrane [260]. However, due to the overall symmetry of the current system, in 

which MG transports from an external aqueous phase, into the hydrophobic interior of the 

HDF membrane, and then into an internal aqueous phase, we actually require a reduced 

permeability (ϵred). Specifically, we consider the sequential permeability of MG from an 

aqueous to hydrophobic environment, and then from a hydrophobic to aqueous 

environment, the product of which yields the reduced permeability: 

 

ϵred = 
2DMG

dm
 (

Kc,w

1+Kc,w
2),                                (8-4) 
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Experimentally, the reduced permeability is directly proportional to the product of 

our measured transport rates (kdecay) and the membrane thickness (dm). Combining this 

with Equations (8-2)-(8-4), we obtain an inverse expression relating local membrane 

viscosity (ηm) to the measured molecular transport rate (kdecay): 

 

ηm = 
2ln(2)kBT

6πrH(dm)2
 (

Kc,w

1+Kc,w
2)

1

kdecay
 ,                           (8-5) 

 

Using Eq. (8-5), it is possible to quantitatively convert the molecular transport heat 

maps (Figure 8.4, bottom) into viscosity maps (Figure 8.4, bottom, right scale bar). Of note, 

the imaged cells exhibit well-defined regions of high- and low-viscosity. In general, 

portions of the membrane exhibiting high stress/strain (e.g., the membrane covering the 

filapodia and the nuclear bulge) are shown to be areas of high viscosity (ca. 940 cP). 

Conversely, more relaxed portions of the membrane exhibit comparatively lower viscosity 

(ca. 250 cP). 

It is worth to know that the values for membrane viscosities obtained from our study 

is comparable with previous reports which were obtained by the fluorescence techniques. 

For instance, the membrane viscosities of E. coli CM [261] and bovine aortic endothelial 

cells [262] are reported to be ca. 940 and 737 cP, respectively. 

This study successfully demonstrates translation of the nonlinear optical technique, 

second-harmonic light scattering, as an imaging modality capable of measuring real-time 

molecular surface adsorption and passive transport of molecules across membranes in 

living cells. As distinct from prior ensemble studies, in which transport is simultaneously 

monitored as an average response from a dense (ca. 108 ml-1) cellular suspension (i.e., 
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composed of a complex mixture of living, dead, and dying cells), application of SHS as an 

imaging modality permits single cell analysis with sub-cellular spatial resolution. 

Furthermore, by relating passive molecular transport rates to diffusion coefficients, and 

then invoking the Stokes-Einstein relation, we now introduce time-resolved SHS 

microscopy as a new experimental method for mapping local membrane viscosity in living 

cells. Consistent with expectation, membrane viscosity in adherent HDF cells is not 

homogeneous. Indeed, our deduced maps reveal that local viscosity varies significantly 

over different regions of the cell. However, in stark contrast to expectation, our maps 

appear to indicate that membrane viscosity scales directly with membrane stress/strain. 

That is, portions of the membrane under constant stress/strain exhibit the highest membrane 

viscosities. A definitive understanding of this apparent contradiction is beyond the scope 

of this initial proof-of-principle study. Nevertheless, it is fruitful to briefly examine the 

various possibilities which could account for such an effect. 

It is well established that application of mechanical forces, including physical 

stretching and fluid shear stress, induce significant effects on membrane properties [235], 

[263]–[266]. In particular, studies have indicated an appreciable increase in membrane 

permeability [263]–[265] and fluidity (i.e., viscosity) [235], [266] following the onset of 

an applied mechanical stress. For instance, Berthiaume  and Frangos examined the effects 

of fluid flow (i.e., shear stress) on membrane permeability in human endothelial cells [265]. 

Their results showed an increase in the uptake of the amphipathic molecule, merocyanine, 

but not the membrane impermeable molecule, Lucifer yellow, indicating a stress-induced 

increase in membrane permeability (which did not involve either endocytosis or perforation 

of the membrane) [265]. Similarly, Yamamoto and Ando employed FRAP to examine 
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effects of shear stress on cultured human pulmonary artery endothelial cells [266]. Their 

results likewise revealed a stress-induced increase in membrane fluidity (i.e., decrease in 

viscosity) as well as an overall transition from Lo to Ld phases in the membrane [266]. In 

addition to endothelial cells, they also repeated their experiments using artificial liposomes, 

which likewise displayed changes in fluidity and transition to Ld phases [266]. However, 

when they enriched the liposomes with cholesterol, a known membrane rigidifying agent, 

the stress-induced changes were ‘abolished’ [266]. 

The relationship between passive molecular transport and membrane rigidity has 

been previously investigated. Specifically, Yan and Eisenthal used time-resolved SHS to 

monitor molecular transport in ensembles of liposomes whose membranes were enriched 

with increasing concentrations of cholesterol [92]. Indeed, it was observed that as the 

concentration of cholesterol in the membrane increased, the deduced molecular transport 

rate decreased. Their observations established that the rate of passive molecular transport 

is inversely proportional to membrane rigidity. This observation is consistent with our 

interpretation that the regional specificity of the observed passive molecular transport rate 

reflects variations in the local viscosity of the membrane. 

Based upon the discussion above, while stress and strain are known to reduce 

membrane viscosity, such effects can be completely counteracted by local enrichment with 

membrane rigidifiers, such as cholesterol. Given this insight, we now return to the apparent 

contradiction in our deduced membrane viscosity maps (Figure 8.4, bottom), namely that 

membrane regions characterizable by high stress exhibit the highest viscosities. In the 

interest of simplicity, it is reasonable to speculate that the HDF cells may automatically 

enrich local regions of high stress with rigidifiers as part of a self-preservation routine. 
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After all, HDF cells are adherent cells that bind onto one another, hence their natural state 

is one of continued stress and strain. It seems reasonable then that a mechanism should be 

in place to mitigate the adverse effects of such mechanical forces. An alternative 

explanation, though equally speculative, could involve the actin cytoskeleton. Specifically, 

in addition to plasma membranes, eukaryotic cells (such as the HDF cells used here) also 

possess an inner actin cytoskeleton. The plasma membrane is physically bound to the actin 

cytoskeleton via glycosyl-phosphatidyl-inositol (GPI) anchored proteins [220]. Of 

significance, it is now known that regions of the plasma membrane containing these GPI 

anchored proteins exhibit characteristics of Lo phases, and are significantly enriched with 

cholesterol [220] and should therefore exhibit locally increased membrane viscosities. 

Nevertheless, these theories are purely speculative and will require additional study before 

a definitive conclusions can be drawn. 

 

8.4. Conclusion 

We now consider the validity of deriving membrane viscosity from time-dependent 

SHS measurements. As described by Eq. (8-5), membrane viscosity is deduced as a 

function of the measured MG passive transport rates. However, recall that the measured 

SHS signal is actually a convolution of responses stemming from three sequential events: 

adsorption onto the extracellular membrane surface, followed by transport across the 

hydrophobic interior of the membrane, and finally adsorption onto the cytoplasmic 

membrane surface. Given the prominence of surface adsorption in this process (i.e., it 

begins and ends with an adsorption event), it is prudent to question the sensitivity of SHS 

measurements with respect to the transport rate. Fortunately, support for this claim is 
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conveniently highlighted in Figures 8.3 and 8.4. Specifically, the deduced adsorption rates 

(Figure 8.4 top), which are derived from the initial adsorption event, are shown to be 

effectively constant across different cells and different regions of each cell. Consistent with 

prior liposome and living cell SHS ensemble measurements [55], [90]–[102], this suggests 

that the main driving force for surface adsorption is electrostatic attraction. While 

membrane composition is known to be asymmetric across the bilayer, both surfaces possess 

anionic phospholipid head groups. It is therefore reasonable to suggest that surface 

adsorption will occur with a reasonably constant rate, regardless of whether it occurs on 

the exterior or interior membrane surfaces. That is, all variability in the measured SHS 

signal stems solely from differences in the transport rate. Furthermore, examination of the 

transport map (Figure 8.4, bottom) reveals that the measured transport rates are all at least 

an order of magnitude slower than the adsorption rates. Consequently, for the coupled 

sequence of events (i.e., adsorption, transport, adsorption), transport across the membrane 

is the rate limiting step. Given these considerations, it becomes clear that SHS is indeed 

sensitive to the passive transport rate, and therefore it is a reasonable source from which to 

deduce membrane viscosity. 

 

8.5. Summary  

In summary, we have demonstrated successful translation of second-harmonic light 

scattering to an imaging modality for monitoring real-time molecular surface adsorption 

and passive membrane transport in individual living cells with sub-cellular spatial 

resolution. The kinetics of adsorption of the small organic cation, MG, to the anionic 

phospholipid head groups of the membrane were found to be reasonably uniform over the 
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entirety of the HDF cell body. Conversely, passive molecular transport rates across the 

membrane were found to be regionally specific and varied as a function of local membrane 

viscosity. By converting passive transport rates to diffusion coefficients, and applying the 

Stokes-Einstein relation, regional molecular transport rates were used to construct 

membrane viscosity maps. In an apparent contradiction, it was observed that regions of 

high membrane stress/strain exhibited the highest membrane viscosities, which may 

indicate local enrichment of membrane rigidifiers. 

  



 

157 
 

CHAPTER NINE 

SUMMARY 

 

In this dissertation, I discussed our current research and accomplishments in 

developing the nonlinear optical technique, second-harmonic light scattering (SHS), as a 

quantitative, time-resolved, label-free, and surface-specific method for studying 

interactions and transport of drug-like molecules at the membrane of living cells. 

Capabilities of the SHS technique to study molecular uptake kinetics at the membranes of 

living cells, to monitor the bacteria membrane integrity, to characterize the antibacterial 

mechanism-of-action of antibiotic compounds, to update the molecular mechanism of the 

Gram-stain protocol, to pixel-wise mapping of viscosity of the human cell membrane, and 

to probe drug-induced activation of bacterial mechanosensitive channels were discussed. 

In Chapter 1, the fundamentals of SHS was described along with how the time-

resolved SHS can be applied for real-time quantification of molecular interaction and 

transport at the membrane of living cells. Chapter 2 discussed the experimental methods 

used for those studies, including the SHS spectroscopic set up and SHG imaging technique.  

In Chapter 3, we demonstrated [101] the use of time-resolved SHS for quantifying 

chemically induced enhancements in membrane permeability. As proof-of-concept, we 

examined the enhanced permeability of the cytoplasmic membrane (CM) in living E. coli 

bacteria following addition of extracellular adenosine triphosphate (ATPe). Enhanced 

transport rates were quantified through a nonlinear least squares fit analysis of the measured 

SH signals. The transport rate of the hydrophobic cation, malachite green (MG), increases 

nearly an order of magnitude following addition of 100 µM ATPe. The absence of an 
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ATPe-enhanced permeability in liposomes strongly suggested the induced effect is protein-

mediated. 

In Chapter 4, we presented [141] the time-resolved SHS for monitoring, with real-

time resolution and membrane specificity, changes in molecular adsorption, and transport 

at bacterial membranes induced by an antimicrobial compound. Specifically, SHS was used 

to quantify azithromycin (AZM) induced changes to bacterial membrane permeability in 

colloidal suspensions of living E. coli. Variations in membrane properties were monitored 

through changes in the adsorption and transport rates of MG. Regardless of concentration, 

instantaneous treatment with AZM showed no significant changes in membrane 

permeability. However, 1 h pretreatment with subminimum inhibitory concentrations of 

AZM induced an order-of-magnitude enhancement in the permeability of both the outer 

membrane (OM) and, through facilitation of a new transport mechanism, the cytoplasmic 

membrane (CM) of the bacteria as well. Our observations suggested that the observed fast 

transport route through the CM is likely facilitated by the creation of a new mechanism 

induced by the interaction of AZM with the CM. This study illustrated SHS as a novel tool 

for monitoring antimicrobial-induced changes to membrane properties in living bacteria. 

In Chapter 5, we demonstrated proof-of-principle application of time-resolved SHS 

for monitoring chemical activation of mechanosensitive (MS) channel of large 

conductance (MscL) in the membranes of living bacteria. Specifically, using a combination 

of wild-type (WT) and MscL knock-out (KO) strains of E. coli, our SHS results revealed 

significant (and concentration-dependent) enhancement of the molecular transport rate of 

MG across the CM in only the WT strain. These observations suggested that, above a 

critical concentration, MG is able to activate the MscL channels. Additionally, comparison 
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of the associated minimum inhibitory concentration (MIC) for both the WT and MscL KO 

strains revealed that channel activation has little to no effect on the antimicrobial MoA of 

MG. Overall, time-resolved SHS was presented as a generally applicable experimental 

technique capable of characterizing chemical activation of MS channels in living cells. 

In Chapter 6, we used [55] the real-time complementary methods of SHS and bright-

filed transmission microcopy (TM) to quantitatively characterize the membrane specific 

uptake of the Gram’s stain, crystal violet (CV). We demonstrated that the current 

understanding of the molecular mechanism for this differential stain is largely incorrect. 

Our observations contradict the currently accepted mechanism which depicts that, for both 

Gram-negative and Gram-positive bacteria, CV readily traverses the peptidoglycan mesh 

(PM) and CM before equilibrating within the cytosol. We found that not only is CV unable 

to traverse the CM but, on the time-scale of the Gram-stain procedure, CV is kinetically 

trapped within the PM. Our results indicate that CV, rather than dyes which rapidly traverse 

the PM, is uniquely suited as the Gram’s stain. 

In Chapter 7, we discussed [100] that although the SHS technique permits surface-

specific characterization of transport across membranes, because most biologically 

relevant molecules are SH-inactive, it’s application is restricted to a small number of 

molecules. In the interest of extending this methodology for characterizing transport of any 

molecule, we monitored the SHS produced from an SH-active reference molecule, in the 

presence of an SH-inactive target molecule-of-interest as both molecules compete to cross 

a membrane. Of significance, the SH-inactive target transport rate can be deduced as a 

perturbation in the measured transport rate of the reference. As proof-of-principle, we 

examined competitive transport of the strongly SH-active cation, MG, in the presence of a 
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weakly SH-active dication, propidium (Pro), across the outer-membrane protein (Omp) 

channels in living bacteria. The target transport rate was deconvoluted from the perturbed 

reference rate using an analytical model, and the accuracy of the deduced rate was validated 

by comparison with the directly measured target transport rate. Though we used a weakly 

SH-active target species as proof-of-principle, we stressed that competitive transport is 

readily amenable for characterizing real-time membrane transport of nearly any molecule, 

regardless of its first hyper-polarizability. 

In Chapter 8, we reported preliminary application of time-resolved second harmonic 

generation (SHG) microscopy as a new experimental probe for mapping regional 

membrane viscosity in living cells, with subcellular spatial resolution. Specifically, we 

measured the interaction of the small hydrophobic organic ion, MG, with living human 

dermal fibroblast (HDF) cells grown in culture. MG is known to passively diffuse across 

the hydrophobic interior of plasma membranes. Variations in the passive transport rate are 

dictated by local viscosity. Consequently, monitoring molecular transport provides a 

surrogate measure of membrane viscosity. Analysis of the resulting time-resolved SHG 

images reveal spatially dependent variations in membrane viscosity in living HDF cells. 
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